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Chromosome evolution and mechanisms of speciation in the Anopheles gambiae complex 

Jiangtao Liang 

ABSTRACT 

Malaria is a life-threatening disease caused by Plasmodium parasites that are transmitted 

through the bites of infected females of a few Anopheles mosquito species. Understanding the 

chromosome evolution and mechanisms of speciation can shed light on developing novel 

ecological-friendly vector control techniques. Sibling species of the An. gambiae complex provide 

an excellent model system for these topics.   

To understand the mechanisms of speciation, we investigated the cellular basis and 

phenotypes of hybrid male sterility in species crosses of the An. gambiae complex. By performing 

inter-species crosses of An. coluzzii/An. gambiae and An. merus lab strains, we found an 

asymmetric pattern of hybrid male sterility existed in sons from reciprocal interspecies crosses. 

Compared with pure species, hybrid males from crosses of ♀An. merus  ♂An. gambiae/An. 

coluzzii were normal in the morphology of male reproductive tracts; however, the testes of which 

that process the reductional meiotic division failed to produce primary spermatocytes and were 

accompanied with unpaired and insufficiently condensed chromosomes. As a result, primary 

spermatocytes undergo a mitosis-like anaphase division, producing nonmotile and malfunctional 

diploid sperm with two tails. However, individuals can mate with females normally and form the 

mating plug to induce the female monogamy. In contrast, hybrid males from the opposite crosses 

manifest severely underdeveloped reproductive tracts and a premeiotic arrest of germline stem 

cells in the testis, accompanied by a strong suppression of premeiotic and meiotic genes. In 

addition, hybrid males from this cross suffered from a shorter copulation time and failed to form 

mating plugs to induce female monogamous behaviors, albeit the expression of male accessory 

gland specific genes were similar between hybrids and pure species. 

To figure out chromosome evolution in the An. gambiae complex, we studied the molecular 

organization of heterochromatin and investigated the spatial organizations of autosomal regions of 

polytene chromosomes in soma and germline cells. We found that molecular composition of 

pericentrometric autosome and sex chromosome repetitive DNA differs among sibling species of 

An. gambiae complex with highly similarity between An. coluzzii and An. arabiensis. In addition, 

heterochromatin blocks of chromosomes have distinct compositions of satellite DNA sequences. 

Next, in order to address the relationship between inter-chromosomal (Chr-Chr) contacts and 

chromosome-nuclear envelope (Chr-NE) attachments during the development of the organism, we 

conducted microscopic analyses of the 3D organization of polytene chromosome in An. gambiae, 

An. coluzzii, and An. merus. Our quantitative study on chromosome territories in larval salivary 

gland cells and adult ovarian nurse cells showed that, compared with autosomal arms, the X 

chromosome has a significantly smaller volume and occupies more compact territories. The 

number of Chr-Chr contacts and the percentage of Chr-NE attachment were conserved among the 

species within the same cell type. Our data also demonstrated that there is a significantly and 

consistently inverse relationship between the frequencies of Chr–NE and Chr–Chr attachments on 

autosomes of two cell types in all tested species. 
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GENERAL AUDIENCE ABSTRACT 

Malaria is a life-threatening disease caused by Plasmodium parasites that are transmitted 

through the bites of infected females of a few Anopheles mosquito species. Despite being treatable 

and preventable, malaria is estimated to cause large numbers of deaths every year. Since 2015, the 

malaria elimination program has stalled largely due to increased insecticide resistance. Novel 

transgenic techniques have a huge potential in reducing malaria transmission more effectively. 

However, there are large concerns about the potential negative effects of releasing genetically 

modified mosquitoes, such as a possibility of accidental spread to non-target species with 

incomplete reproductive barriers and unpredicted ecological damage. Understanding the 

mechanisms of speciation about how reproductive isolation occurred and developed as well as 

chromosome evolution can not only empower the development of ecologically friendly vector 

control techniques but also improve our basic knowledge. 

To study mechanisms of speciation, we mated males and females from different closely 

related species in the Anopheles gambiae complex to investigate the fecundity of hybrid 

generations.  Our study identified two different types of reproductive abnormalities leading to 

hybrid male sterility. Hybrid males from female An. merus and male An. gambiae or An. coluzzii 

have normal appearing testes and male accessary glands but the testes produce abnormal sperms, 

which cannot move and have two tails. Hybrid males from female An. gambiae or An. coluzzii and 

An. merus have severely underdeveloped testes and male accessary glands. The sperm producing 

process stops unusually very early in their tiny underdeveloped testes. 

We also investigated chromosome evolution in species of An. gambiae complex. We found 

that chromosomal parts containing repetitive DNA, the sequence in the genome not producing 

proteins, evolve rapidly in An. coluzzii, An. arabiensis, An. quadriannulatus, and An. merus. In 

contrast, chromosome territories of gene rich regions in giant polytene chromosomes from larval 

salivary gland cells and adult ovarian nurse cells of An. gambiae, An. coluzzii, and An. merus, were 

relatively conserved within the same cell type among different species. However, the chromosomal 

3D distribution pattern is different among various cell types in these species. 
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Chapter 1: Literature Review 

1.1 The Malaria burden  

Malaria is one of the most globally life-threatening diseases. Since first documented, 

malaria continues to take away millions of peoples’ life across Africa, Asia and South America. 

According the World Health Organization (WHO) malaria report [1], in 2018 alone, there were an 

estimation of 228 million cases globally, leading to approximately 405,000 deaths. Around 94% 

of all malaria deaths occurred in the WHO African Region and nearly 67% of all deaths are 

children aged under five years. Even though millions of dollars were invested in Malaria control 

program, this disease still caused huge burdens on the economy and public health in areas of 

extreme poverty.  

Malaria transmission depends highly on factors associated with parasites, vectors, the 

human host and their environments. Malaria is caused by Plasmodium parasites, which are 

transmitted by the bites of infected female Anopheles mosquitoes. The deadliest Plasmodium 

species is P. falciparum [2], which caused nearly all malarial deaths in Africa [1]. It has been 

approved that controlling the mosquito vectors is an effective means to eliminate malaria.  

1.1.1 Vector control and limitations  

Given the lack of effective vaccines against malaria pathogens at present, disease control 

programs heavily rely on the use of insecticides to reduce mosquito populations to prevent parasite 

transmission [3]. Even though chemical dependent vector-control methods - e.g. indoor residual 

spraying (IRS) and long lasting insecticidal nets (LLINs) - have been successful for a period of 

time, the progress has stalled since 2015 [1], largely due to emergence and rapid spread of 

insecticide resistance genes between different mosquito populations [4]. For example, the 

frequency of pyrethroid resistance increased 32% and 13% in An. funestus and An. gambiae, 
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respectively, from 2010 to 2016 [5]. Moreover, IRS and LLINs mainly target indoor mosquitoes, 

which increased the outdoor species biting proportions [6] and induces insecticide-avoidance 

behaviors of indoor-biting species [7]. In addition, insecticides commonly produce burdens on 

local ecosystem because they do not discriminate between pest mosquitoes and non-target species 

[8].  

Improvements on understanding mosquito biology and genetics provide a great opportunity 

to develop novel vector control strategies [9]. The principle methods may include reducing the 

vectorial abilities through introduction of anti-pathogen molecules (e.g. anti-pathogen genes) and 

creating sterile directly (e.g. sterile insect technique, SIT) or genetic modified mosquitoes (e.g. 

gene drive) to replace and crash the wild population under the disease transmission capacity [10-

13]. However, there are still some limitations and concerns about the effects of releasing 

genetically modified mosquitoes, such as possibility of accidental spread to non-target species with 

incomplete reproductive barriers between sibling species [14, 15] and unpredicted ecological 

damage [16]. In addition, applications of transgenic techniques may be precluded by the 

suppression of expression of gene drive elements, such as meiotic sex chromosome inactivation 

(MSCI) [17], a process occurs during the spermatogenesis about transcriptional silencing of 

meiotic sex chromosomes by epigenetic modifications [18].   

1.1.2 Malaria vectors 

There are more than 400 different Anopheles mosquito species worldwide, among them, 

only around 40 of them are major malaria vectors [19]. Their vectorial capacity largely depends 

on life history, which is decided by geographic locations and ecological conditions, behaviors, and 

immunity to the Plasmodium malaria parasite [20]. Albeit large numbers of malaria vectors are 

distributed around the world, a meta-analysis suggests approximate 95% of infectious bites can be 
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mainly attributed to only two species complexes, An. gambiae and An. funestus, in regions of sub-

Saharan Africa [21].  

1.1.3 The mosquito life cycle 

Four distinct phases exist in the life cycle of an Anopheles mosquito: three aquatic phases 

- including egg, larva, and pupa - and one terrestrial phase, the adult (Fig 1.1 [22]). There are two 

main changes (metamorphoses) through its life cycle, from larva to pupa and from pupa to adult. 

Eggs can be laid on either fresh or brackish water, such as pools, pond, riversides, and lakes. One 

female mosquito can give birth to a batch of 50-200 eggs each time. The eggs are extremely 

sensitive to desiccation and have to stay in contact with water for the entire development period, 

which takes approximately two to three days in 30 ℃ before they hatch into larvae. Within the 

water, larvae lay parallel to water surface to breathe using siphons and feed on organic matter and 

microorganisms using “mouth brushed” on the head. They develop through four larval instars (L1 

to L4 in Figure 1.1) over the 5-10 days in normal tropical temperatures and then metamorphose 

into pupae. The shape of pupae is like a comma. They do not eat and usually stay at the surface of 

the water, but they can also move to respond to stimuli. It takes about 2-5 days from the beginning 

of the pupal stage to final metamorphosis into the adult form. After emergence from the pupa, the 

adult mosquitoes rest for a short time to wait for the outer cuticle to harden, before taking flight to 

find plant nectar for energy and a mate. Male adults become sexually mature about two days after 

emergence. They form large swarms in great numbers, usually at dusk, to attract females fly into 

to mate. In the wild, males usually do not survive more than seven days, and most of them will die 

once mated. One female will usually mate only one time in her life (monogamy) [23, 24] and the 

sperm will be stored in female spermatheca for future egg fertilization over her remainder life [25]. 

Unlike male mosquitoes, females require protein and energy from animal or human blood for the 
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production of eggs.  After 2-3 day ovary development, females will seek suitable water resource 

to lay their eggs and the life cycle continues. 

1.1.4 Reproductive organs of Anopheles mosquitoes  

Most sterile techniques of mosquito control are produced by interfering with the normal 

functions and structures of male and/or female reproductive organs (Figure 1.2). The male 

reproductive organ (Figure 1.2A) mainly contains three parts, the testis, the male accessary gland 

(MAG) and the ejaculatory duct (ED). The testis is the factory that produces mature sperm. The 

MAG produces seminal fluids essential for fecundity of both males and females. The female 

reproductive organ (Figure 1.2B) mainly includes ovaries, the atrium and the spermatheca. The 

ovaries are the organs that produce eggs. The spermatheca is used for sperm storage and Anopheles 

mosquitoes only have one. During mating, the males transfer sperm and MAG seminal secretions 

through ED into female bodies. In the atrium of some Anopheles mosquitoes, including major 

malaria vectors, these secretions are coagulated into a gelatinous structure, called a mating plug 

(Mp) [26]. MAG secretions have been approved to produce multiple proteins, carbohydrates, and 

lipids important for modulating female post-mating behaviors, such as monogamy and oviposition 

[27, 28].   

1.1.5 Spermatogenesis in the testis of Anopheles mosquitoes 

There are five cell types that exist in the testis of Anopheles mosquitoes, including germline 

stem cells, spermatogonia, spermatocytes, spermatids, and mature spermatozoa [29, 30]. Similar 

to other insects, e.g. Drosophila melanogaster [31], spermatogenesis starts from stem cell 

divisions. After multiple mitotic cell divisions, including gonial cell amplifications, growth and 

gene expression, spermatogonia cells are ready for meiosis, an important cellular progress to 

produce haploid gametes. During meiosis in spermatocyte cells, chromosomes duplicate at 
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interphase and homologous chromosomes exchange their genetic information by chromosomal 

crossover through the first division, meiosis I. Later, the daughter spermatocyte cells divide again 

in meiosis II by splitting up sister chromatids to form round haploid gametes, called spermatids 

(for review see [32]). Then spermatids elongate and transform into mature motile spermatozoa 

with long tail.  

1.2 The Anopheles gambiae complex 

As mentioned above, the An. gambiae complex is one of the species complexes responsible 

for majority of malaria cases in Sub-Saharan Africa.  Over several decades, members in the An. 

gambiae complex have been subjects of extensive research. They were initially recognized as one 

cryptic species with several subpopulations because of the indistinguishable morphology. Later, 

with the help of crossing experiments [33] and fixed polytene chromosome variation [34], this 

species complex was uncovered. Recently, more species have been clarified or recognized by 

whole-genome analyses [35, 36]. Nine species are included into this complex now: An. gambiae, 

An. coluzzii, An. arabiensis, An. merus, An. melas, An. quadriannulatus, An. amharicus, An. 

bwambae and An. fontenillei [34-36]. Difference in behaviors, such as water resource choice and 

host preferences, makes them exhibit varieties of epidemiological capacity. Among those 

relatively well-studied species [37], An. gambiae (the original S form), An. coluzzii (the original 

M form) and An. arabiensis are three major malaria vectors because of their broad distributions 

across the Africa continent and their anthropophillic (preferring humans) features. In addition, An. 

merus and An. melas are two minor vectors because they dwell in brackish water of eastern and 

western coastal areas. Besides, An. quadriannulatus is considered as a non-human malaria vector 

because they are zoophilic (preferring animals), despite its vectoral abilities for P. falciparum. 

Those evolutionary closed species in the An. gambiae complex provide excellent materials for 

investigations on speciation and chromosome evolution.  
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1.3 Speciation and reproductive isolation 

There are no doubts that evolution in nature is an ongoing progress, with new species 

originating and old species dying. Nevertheless, how to delimit a “species” is still contentious for 

biologists [38], even though multiple species concepts have been proposed after, even before, the 

publication of Darwin’s famous book “On the origin of species” Charles Darwin (1809–1882). 

Among those concepts, the most quoted species definition is “biological species concept” by Mayr 

[39], who stated species as ‘‘groups of actually or potentially interbreeding natural populations 

which are reproductively isolated from other such groups”. This concept is well applied onto 

sexual organism but inapplicable on asexual organisms and impractical on allopatric population 

[40, 41].  

There are two main types of reproductive isolation in sexually producing species, 

prezygotic and postzygotic isolation [42, 43]. Prezygotic isolation can include ecological isolation 

(e.g. habitat differences), behavioral isolation (e.g. different mating rituals), mechanical isolation 

(e.g. incompatible genitals), gametic isolation, and difference in pollinator use or time of 

reproduction. Postzygotic isolation includes extrinsic and intrinsic [44, 45]. Intrinsic postzygotic 

isolation is associated with F1 hybrid sterility or inviability due to the genetic hybrid 

incompatibility and gains more attentions as the easiness of observation and analysis. 

1.3.1 Rules of intrinsic postzygotic isolation 

There are multiple empirical rules on intrinsic postzygotic isolation of early stages of 

speciation. The most general one is described by J.B.S. Haldane in 1922, which is called Haldane’s 

Rule. Haldane’s Role refers to the observation that, when two different species cross with each 

other, if only one sex of their hybrids is sterile or inviable, the hybrid sterility or inviability is 

commonly seen in heterogametic sex [46]. Heterogametic sex includes the heterogametic males 

(XY-type, e.g. mammals, flies) and heterogametic females (ZW type, e.g. bird, butterflies). Vast 
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majorities of animal taxa obey this pattern [47, 48]. As summarized by Presgraves [49],  it showed 

that around 95% (n=131) of Drosophila, 100% (n=26) of mammalian, 97% (n=87) of bird and 

96% (n=114) of butterfly species crosses followed Haldane’s rule in cases of unisexual hybrid 

sterility or inviability [49]. Haldane’s rule also applied to plants with sex chromosomes [50].  

In addition to Haldane’s rule, there are two other mutually related common findings on 

postzygotic reproductive isolation, “the large-X effect” [51] and “the asymmetric hybrid 

incompatibility” or “Darwin’s corollary” [52].  “The large-X effect”, also known as “Coyne’s rule” 

(or “large Z-effect”), refers to the observation that, compared to autosomes, the X or Z 

chromosomes has a conspicuously larger impact on causing dysfunctional hybrids [53, 54]. The 

most direct evidence of large X effect came from research on D. pseudoobscura subspecies, 

showing the X has a disproportionally large effect on the sterility of backcross hybrid males [49, 

55, 56]. It is still unclear about how often “the large X effect” is involved in hybrid inviability 

albeit popular in hybrid male sterility [43]. Another observation, “Darwin’s corollary”, was first 

proposed by Darwin, who said “The degree of sterility does not strictly follow systematic affinity, 

but is governed by several curious and complex laws. It is generally different, and sometimes 

wildly different, in reciprocal crosses between the same two species”. Later, Turelli and Moyle 

[52] was theoretically approved this phenomenon and named it as “Darwin’s Corollary”. As other 

two popular rules, the hybrid asymmetry has been observed in mammals [54], fish [57], Toads 

[58], insects [59-61], nematodes [62], plants [63] and fungi [64]. 

1.3.2 Theories of the hybrid incompatibility  

Multiple theories have been proposed to explain the causes for rules of intrinsic postzygotic 

isolation and almost all of them are linked to factors on sex chromosomes, especially X, which is 

by the nature hemizygous and evolved in sex determination [43]. Based on those mutual related 
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theories, hybrid incompatibilities can be caused by different gene action on a hemizygous X (the 

“dominance” theory or the “recessivity” theory) [65]; by a strong bias of gene movement on the X 

chromosome [66]; by the faster evolution of genes on the X (the “faster-X” theory) [67]; by 

interruption on special characters of sex chromosomes, such as dosage compensation [68], meiotic 

sex chromosome inactivation [49] and sex chromosome degeneracy [69]; and by the faster 

evolution of genes associated with special traits of males than females (the “faster male” theory) 

[53]. What’s more, with the increasing knowledge of the genomic “black hole”, the repetitive 

noncoding DNA sequence, more and more evidence showed that the reproductive isolation is 

associated with these rapidly evolving elements [70]. In addition, hybrid malfunction can be 

caused by polyploidy [42]. However, the unsatisfactory fact is that, not like physics, there is no 

unitary explanation for causes, developments, and completeness of hybrid incompatibilities by 

now.  

1.3.3 Genetic mechanisms of hybrid incompatibility  

The genetic explanation on hybrid incompatibilities was described by Bateson in 1909 [71], 

Dobzhansky in 1937 [72], and Muller in 1942 [73], independently. People usually call this hybrid 

incompatibility model as the Dobzhansky-Muller model (or Bateson-Dobzhansky-Muller model, 

abbreviated D-M). The D-M model states that at least incompatible epistatic interactions between 

two complementary factors contribute to hybrid sterility and inviability [74]. These changed 

factors include divergence in DNA sequences, structures, and locations of protein-coding genes 

and in noncoding repetitive elements [75]. In details, genetic cause of hybrid incompatibilities can 

come from DNA sequence divergence with no genic effects, random epistatic interactions, changes 

in gene expression, the epigenetic silencing and imprinting failure, and other asymmetric parental 

contributions (elements of uniparental inheritance). Once two populations evolved into two 

reproductive isolated species, the inter-species genetic conflicts accumulated quickly and the 
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initial incompatible factors may disappear or be purged from the host [75]. Since genetic conflicts 

between two species are transitory, genetic bases of hybrid incompatibilities are complicated and 

it is usually impossible to clarify how these incompatible factors evolve and affect hybrid sterility 

or inviability along the whole history of two species.  Even though multiple D-M genes from 

different organisms have been found [75], it is also difficult to figure out which factors contribute 

to speciation progress directly and which are just byproducts of speciation development. In other 

words, we can only figure out hybrid incompatibility factors responsible for the current level of 

hybrid malfunction. Hence, investigating “young species” and comparing them with “old species” 

may provide us some hints. Interestingly, evidence from comprehensive investigations on crosses 

of Drosophila and other organisms in plants, fungi, insects (including mosquitoes), and 

vertebrates, showed that a positive relationship manifests between the genetic distance of two 

parent species and severity of hybrid fitness problem and that hybrid sterility tends to evolves 

before hybrid inviability [74]. This observation implies that the extent of intrinsic postzygotic 

isolation may accumulate gradually from zero to complete and that the accumulation of difference 

in certain specific (not random) genetic factors and/or corresponding cellular progresses may cause 

hybrid incompatibilities gradually. Hence, more studies on young species group, like the An. 

gambiae complex, may give us more answers about speciation and hybrid incompatibility.  

1.3.4 Phenotypes of hybrid incompatibility 

Phenotypes of hybrid incompatibilities can guide us to define causes for infertility and 

search or filter genes responsible for hybrid abnormality. It is usually hard to follow phenotypes 

of hybrid lethality directly because hybrid individuals often died during embryo stages. Genetic 

loci contributing to hybrid male sterility in animals and plants are often identified by quantitative 

trait loci (QTL) mapping [42], which needs large amount of time and species crossing work. 
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Phenotypes used for defining hybrid male sterility in animals are usually restricted in testis 

morphologies (e.g. testis shape, size or weight) and sperm characters (e.g. sperm morphology, 

density or motility). However, other important cellular phenotypes are rarely investigated. 

Cytological evidence from spermatogenesis in sterile hybrid males indicate that underlying 

mechanisms are diverse; for example, sterile hybrid males between two subspecies of mouse, Mus 

musculus domesticus and M. m. musculus, manifested an arrested spermatogenesis in early meiosis 

I, with disruption of both pairing of homoeologous chromosomes and the meiotic sex chromosome 

inactivation [76]. Studies of the spermatogenesis failure between different Drosophila crosses 

observed that the sperm producing progress arrests at different stages, including the arrested 

premeiotic stage [77], problems during meiosis I [78], abnormal spermatids [79], and errors in 

sperm bundling and motility [80].  

1.4 Speciation and the hybrid incompatibility in the An. gambiae complex 

Phylogenomic analyses estimated that the An. gambiae complex originates from 1.85 [14] 

to 0.526 million years [81] ago. Based on coalescent analysis of phylogenomic data, the recent 

popular accepted species phylogeny is (An. merus, ((An. melas, (An. arabiensis, An. 

quadriannulatus)), (An. gambiae, An. coluzzii))), with An. merus as the earliest branching species 

[81]. Naturally occurring interspecies hybridization was shown by evidence from genomic 

introgression [14]. Early studies on multiple crosses of sibling species in this complex usually 

produce F1 sterile hybrid males and fertile hybrid females, which is consistent with Haldane’s rule 

[60, 82-84]. Investigations on hybrid male phenotypes have found that various degrees of atrophy 

of testis morphology and underdevelopment of sperms [83, 85]. Backcrossing experiments of An. 

gambiae and An. arabiensis using a single X-linked white-eye marker demonstrated a potential 

large effect of the X chromosome on the male hybrid sterility [86], which was supported by QTL 

mapping [82]. Later, an interesting study on introgression of the An. gambiae Y chromosome into 
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a An. arabiensis genetic background has shown that no obvious effect on the fertility, fitness and 

gene expression of Y-replaced males [87]. 

1.5 Heterochromatic repeats and chromosome evolution 

The eukaryotic genome usually includes two types of chromatin, transcriptionally active 

euchromatin and inactive heterochromatin. The intensely chemical (DAPI or Hoechst) stained 

heterochromatin can be mainly categorized into two types, facultative heterochromatin (e.g. the 

mammal inactive X chromosome) and constitutive heterochromatin (e.g. pericentromeric 

heterochromatin) [88, 89]. More precisely, heterochromatin types can be distinguished by special 

histone post-translational modifications. For example, constitutive heterochromatin in many 

eukaryotes can be defined by epigenetic marks, histone H3 lysine 9 methylation (H3K9me), which 

can be “read” by heterochromatin protein 1 (HP1). Constitutive heterochromatin can protect the 

genome stability and integrity, take part in transcriptional regulation, and maintain 

centromere/telomere function [88, 90]. Constitutive heterochromatin mainly consists of highly 

repetitive sequence, including satellite DNA, transposable elements (TEs), and ribosomal DNA 

(rDNA), which are largely embedded in specific chromosomal regions, such as sub-chromosomal 

regions (centromeres and telomeres) and specific chromosomes (sex chromosomes and B 

chromosomes). These repetitive sequences were previously recognized as ‘junk’, ‘selfish’, or 

‘parasitic’ elements, and now have been approved to be functional important, such as genome 

function [91], centromere and sex chromosomes evolution [92], and reproductive isolation [93]. 

Even though the development of sequencing techniques has largely improved our knowledge, roles 

of these repetitive sequence are still far away from clearness.   

Centromeres refer to the chromosomal regions for the attachment of spindle microtubules 

to ensure correct chromosome disjunction during cell divisions[94]. Multiple studies have showed 
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that in many eukaryotes, including plants, insects, mammals and human, metazoan 

(peri)centromere regions mainly contain kilobase- to megabase-sized arrays of species-specific 

tandem repeats interspersed with transposable elements [95-99]. Pericentromeric satellites were 

also approved to be of functional importance in genome packaging with the help of  DNA binding 

proteins in cells of Drosophila melanogaster and mouse [100]. The evolution of centromeres are 

highly dynamic. Both centromeric repetitive DNA and the special centromeric histone protein, 

cenH3, vary among different species [101]. Centromere repeats can act as selfish genetic elements 

through driving meiotic non-Mendelian chromosome transmission and induce rapid coevolution 

of centromeric proteins to restore normal chromosome segregation [101, 102]. In addition, 

centromere position along the chromosomes also varies among different species, resulting in 

karyotypes divergence and evolution [103], driven by either chromosomal rearrangement (e.g. 

pericentric inversions) or evolutionary centromere repositioning (e.g. neo-centromere formation) 

[104-106]. A recent whole genome study on multiple D. obscura group species provide a direct 

evidence on the relationship between rapid turnover of centromere-associated repeats and 

karyotype evolution, indicating repetitive DNA in centromere regions plays an critical role in new 

species formation and reproductive isolation evolution [107]. 

Under the canonical model, the evolution of sex chromosomes (XY and ZW) initiates from 

a sex-determining element on an autosome. Lack of recombination within and near the sex-

determining regions lead to genetic degeneration on Y with reduced size [68, 108-111]. As a result, 

sex chromosomes are often morphologically heteromorphic, with the Y (or W) being largely 

heterochromatic and occupying with a large proportion of repetitive DNA [109] in both animals 

[112, 113] and plants [114, 115]. Research on Drosophila have showed that repetitive sequence 

may be involved in important cellular progress such as chromosome pairing, epigenetic 
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modification and tissue specific gene expression [112]. The localization of repetitive DNA on sex 

chromosome, especially the nonrecombining regions of the Y chromosome, has been approved 

different from that of autosomes, reflecting different repeat dynamics between sex chromosome 

and autosomes [92]. A recent genomic research on the heteromorphic sex chromosomes in 

Seabuckthorn has found that certain satellites accumulated specifically on X and Y chromosomes 

and some satellites are shared in both of them, indicating different roles of satellites [116].  

However, it is still unclear how exactly rapid repeat turnover on sex chromosomes contributes to 

speciation, but they do contribute to reproductive isolation in different ways. 

1.6 Repetitive DNA and the hybrid incompatibility 

Among genetic factors on the whole genome, the noncoding repetitive DNA usually 

evolves faster than genes. This was the basis of a hypothesis that repetitive DNA, as well as 

heterochromatin, may contribute to hybrid incompatibilities largely than we imaged. A review 

from Ferree and Prasad summarized the potential roles of satellite DNA in the hybrid 

incompatibility and reproductive isolation [70] in three ways: by disrupting chromosome pairing, 

by changing chromatin structures, and by participating in meiotic or post-meiotic chromosome 

drive.  

The potential role of satellite divergence in hybrids have been cytogenetically tested in few 

mammals [117, 118] and plants [119]. However, there are no direct evidences to link the repetitive 

sequence divergence with disturbed meiotic hormonology pairing in hybrids.  In mice, male 

hybrids from M. musculus and M. poschiavinus showed normal homolog pairing with high 

nondisjunction despite substantial difference in genome-wide repetitive DNA [117], but male 

hybrids from M. domesticus and M. spretus displayed a defective X-Y pairing [118] with only a 

single pairing site evolved. In plants, similar incomplete homolog pairing exists in several different 
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combinations of Paeonia species, but potentially caused by divergence of pairing genes. In 

contrast, compelling evidence for the role of repetitive DNA in alteration of hybrid chromatin 

structure were revealed by studying Odysseus-site homeobox (OdsH) protein [120] in sterile 

hybrid males from D. simulans males × D. mauritiana females [93] and by studying Zygotic hybrid 

rescue (Zhr) locus [121, 122] in lethal hybrid female embryos between D. melanogaster and D. 

simulans [123]. Studies on OdsH in hybrids showed that this protein interacted with satellites and 

lead to heterochromatin condensation. In hybrid males from D. mauritiana × D. simulans, OdsH 

proteins from D. mauritiana additionally bond with the heterochromatic Y chromosome of D. 

simulans as a sterilizing factor [93]. In crosses from D. melanogaster and D. simulans, the hybrid 

female lethality is caused by widespread mitotic defects during early embryogenesis. The defect 

is associated with the lagging chromatin containing a 359-bp satellite block in Zhr locus inherited 

from D. melanogaster X chromatids and this satellite block is absent in An. simulans. For the role 

of post-meiotic chromosome drive, no exact satellite was found, but research on F1 hybrids 

between two subspecies of D. pseudoobscura found a gene called overdrive, which can cause both 

male sterility and segregation distortion [124]. The product of overdrive may target certain 

satellites diverged between species and function as Segregation Distorter (SD) system in D. 

melanogaster [70].  

1.7 Heterochromatin and repetitive DNA in the An. gambiae complex 

Early studies on fluorescent banding patterns of mitotic chromosomes have showed that 

the morphology of heterochromatin on the sex chromosomes are significantly different within and 

between species [125, 126]. The Cot analysis on An. gambiae showed that repetitive DNA occupied 

around 33% of the genome [127]. Later, heterochromatin regions on polytene chromosomes were 

characterized by chromosomal morphologies and immunostaining using heterochromatin protein 
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1 (HP1) [128]. In addition, a series of studies have been done to investigate highly repetitive 

sequences on sex chromosomes and centromeres in An. gambiae [129-132]. In detail, two groups 

of satellites with high copy numbers have been found in the genome of An. gambiae: AgY477-

like, including AgY477, AgY377 and AgX367, as well as 53bp satellites, including AgY53A, 

AgY53B and Ag53C [129]. Further research on the Y chromosome satellites has shown that rapid 

turned over of repetitive DNA exist in An. gambiae complex [130]. Besides, differences in the 

structure and size of the X chromosome heterochromatin in An. gambiae complex were also 

identified [131]. In addition, considering the most abundant tandem repeats as centromere DNA, 

researcher found multiple candidate satellites in An. gambiae and An. merus [132]. 

1.8 Chromosome territory and function 

It has been shown that chromosomes in interphase nuclei organized in special patterns and 

play critical roles in the epigenetic regulatory process [133, 134]. Chromosomes are organized in 

territories by occupying distinct spatial regions of the nucleus. Theses territories can be observed 

through either giant polytene chromosomes [135] or florescence labeled non-polytene 

chromosomes [136]. In addition, physically closed territories can increase chromosome-

chromosome (Chr-Chr) interactions [137] and avoid the chromosomal entanglement probably by 

specific topological constraints [138].  Intra- and inter-chromosome interaction can be predicted 

by cross-ling techniques, such as Hi-C [139], and mapped by fluorescent in situ hybridization 

(FISH). Besides, the attachment frequency between certain chromosomal loci and the nuclear 

envelope are significantly high. Observations on polytene chromosomes of D. melanogaster [135] 

and Anopheles mosquitoes [140] have directly found the chromosome-nuclear envelop (Chr-NE) 

attachments, which were also inferred in interphase chromosomes by transmission electron 

microscopy [141] or DamID [142]. The 3D position of chromosome territories have also been 

approved to be associated with gene transcription. FISH and Hi-C techniques have demonstrated 
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that active genes, from either the same or different chromosome territory inside the nucleus, locate 

at specific spatial regions in cluster [137, 143-145]. For example, transcriptionally active genes, 

phosphorylated RNA polymerase II and regulatory histone modifications have been found 

enriching in the intermingled regions between two heterologous chromosomes [145]. In addition, 

it has showed that Chr-NE attachments between chromosome and nuclear lamina [142] can 

suppress the movement of anchored genomic loci, which are usually gene-poor and 

transcriptionally repressed regions in human cells [146].  

Relationships between Chr-Chr and Chr-NE spatial interaction have been addressed with 

both computational and experimental methods [147-150], which demonstrate Chr-NE attachment 

may affect the chromosomal 3D organization in many ways. For example, the computational 

analysis showed that, compared to chromosomes without Chr–NE attachments, those with Chr–

NE attachments can form more distinct territories, which contact with each other less frequently 

[148, 150], predicting that Chr–NE attachments may affect Chr–Chr contacts biologically. In 

agreement with this prediction, depletion of lamin in the D. melanogaster S2 cell line reduces the 

interphase chromosome stretching, resulting in the enhanced interactions between active and 

inactive nuclear chromatin. However, we still know little about the variation of relationships 

between Chr–Chr and Chr–NE interactions in cell types from different developmental stages and 

tissues of the same organism. 

Polytene chromosomes provide a new view on studying chromosome spatial architecture 

as the correspondence of topological associated domains (TADs) between polytene and diploid 

cells [151, 152]. Early observations on polytene cells using confocal microscopy in different 

tissues of D. melanogaster demonstrated their unique 3D chromosome organizations [135, 153, 

154], including the chromosome territory, Chr-Chr interactions, and Chr-NE attachments. Early 
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research on the polytene nuclei of soma cells and germline nutrient nurse cells in Eurasian malaria 

mosquitoes An. maculipennis complex also demonstrated cell type specific features of the Chr-NE 

attachment [155]. Besides, specie-specific patterns of Chr-NE attachments in nurse cells were also 

described among sibling species of the An. maculipennis complex [156].  
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Figure 1.1 Stages of the Anopheles mosquito life cycle. There are seven life steps through the 

life of Anopheles mosquitoes. They start from egg stage by hatching into water and develop 

through four laval stages before pupating and eventually, emerging as adults [22]. 
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Figure 1.2 Male and female reproductive organs in An. gambiae. [27] (A) The male 

reproductive organ includes the testis (T), the male accessory gland (MAG), and the ejaculatory 

duct (ED). (B) The reproductive organ of a freshly mated female, including the ovaries (Ov), the 

atrium (A) containing a mating plug (Mp), and the spermatheca (Sp) that stores sperm inside.  
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Figure 1.3 Spermatogenesis in a testis of Anopheles mosquito. The Cartoon on the left was 

drawn on a gray scale image of DAPI-staining testis (More detailed information can be found in 

[157]). 
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2.1 Abstract  

Hybrid male sterility contributes to speciation by restricting gene flow between related 

taxa. Detailed cytological characterizations of reproductive organs in hybrid males is important 

for identifying phenotypes that can help guide searches of speciation genes.  To investigate 

possible cellular causes of hybrid male sterility, we performed crosses between closely related 

species of the Anopheles gambiae complex: An. merus with An. gambiae or An. coluzzii. We 

demonstrate that hybrid male sterility in African malaria mosquitoes involves two defects in the 

reciprocal crosses: a premeiotic arrest of germline stem cells in degenerate testes and a failure of 

the reductional meiotic division of primary spermatocytes in normal-like testes. The premeiotic 

arrest in degenerate testes of hybrids is accompanied by a strong suppression of meiotic and 

postmeiotic genes. Unlike pure species, sex chromosomes in normal-like testes of F1 hybrids are 

largely unpaired during meiotic prophase I and all chromosomes show various degrees of 

insufficient condensation. Instead of entering reductional division in meiosis I, primary 

spermatocytes prematurely undergo an equational mitotic division producing nonmotile diploid 

sperm. Thus, our study identified cytogenetic errors in interspecies hybrids that arise during the 

early stages of postzygotic isolation.  

 

Keywords: Anopheles, chromosome pairing, hybrid male sterility, meiosis, speciation, 

spermatogenesis. 

 

  



 
 

39 
 

2.2 Introduction  

When species diverge, hybrid offspring that are produced can suffer from reduced fitness. 

Hybrid male fertility is usually one of the first of these postzygotic phenotypes affected [1, 2]. 

Therefore, the genetic factors, cellular basis, and molecular mechanisms of hybrid male sterility 

(HMS) are of considerable interest, as they inform our understanding of both speciation and normal 

fertility function. Studies in animals commonly assess testis shape, size, or weight, as well as sperm 

morphology, density, or motility to define male sterility phenotypes. However, the cellular basis 

of HMS is rarely investigated. Available cytological studies of spermatogenesis in sterile hybrids 

indicate that multiple mechanisms of functional sterility are possible. Sterile hybrids between Mus 

musculus domesticus and M. m. musculus have spermatogenic arrest in early meiosis I with 

disrupted homoeologous chromosome pairing and meiotic sex chromosome inactivation [3, 4]. 

Studies of failed spermatogenesis in different Drosophila hybrids observed arrests at the 

premeiotic stage [5], reduced chromosome pairing, unequal chromosome segregation in meiosis 

[6, 7], characteristic spermiogenic arrests [5], spermatid abnormalities [8], and problems in sperm 

bundling and motility [9, 10]. Detailed analyses of cellular phenotypes in testes of various hybrid 

organisms could help to establish the order of origin of postzygotic isolating barriers and to guide 

the identification of speciation genes. 

The Anopheles gambiae complex consists of at least nine morphologically nearly 

indistinguishable sibling species of African malaria mosquitoes [11-13]. Genome-based 

estimations of the age of the An. gambiae complex vary from 1.85 [14] to as young as 0.526 million 

years [15]. Genomic introgression is prevalent in autosomal regions of several species indicating 

naturally occurring interspecies hybridization [14, 15]. Experimental crosses of species from the 

An. gambiae complex often produce sterile F1 hybrid males, conforming to Haldane’s rule of 
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sterility or inviability of the heterogametic sex [16-20]. Early crossing experiments between 

members of the complex have found that HMS is associated with various degrees of testes atrophy 

and underdevelopment of sperm [18]. A large effect of the X chromosome on HMS has been 

demonstrated for crosses between An. gambiae and An. arabiensis [16, 21]. However, an 

introgression of the Y chromosome from An. gambiae into the background of An. arabiensis has 

shown no apparent influence on male fertility, fitness, or gene expression [17]. Because of the 

recent evolution and ease of hybridization, sibling species of the An. gambiae complex offer great 

opportunities to provide insights into the cellular basis and molecular mechanisms of HMS.  

Here, we investigate possible cellular causes of male sterility in hybrids between sibling 

species of the An. gambiae complex. We asked three specific questions: (i) What cellular processes 

are involved in causing infertility in hybrid mosquito males? (ii) Are the defects leading to HMS 

premeiotic, meiotic, or postmeiotic? and (iii) What cytogenetic errors trigger spermatogenic 

breakdown? We demonstrate that HMS in malaria mosquitoes involves two cellular defects in 

reciprocal crosses: premeiotic arrest in germline stem cells and the failure of the reductional 

meiotic division in primary spermatocytes. Our data suggest that meiotic abnormality in hybrid 

males stems from the unpairing of the sex chromosomes and insufficient chromatin condensation. 

Thus, our study identifies cytogenetic errors in hybrids that arise during the early stages of 

postzygotic isolation. 
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2.3 Material and Methods  

2.3.1 Mosquito strains and crossing experiments  

Laboratory colonies of An. gambiae ZANU (MRA-594), An. coluzzii MOPTI (MRA-763), 

An. coluzzii MALI (MRA-860), and An. merus MAF (MRA-1156) were obtained from the 

Biodefense and Emerging Infections Research Resources Repository (BEI). To perform 

interspecies crosses, male and female pupae were separated to guarantee virginity of adult 

mosquitoes. After the emergence of adults, crossing experiments were performed by combining 

30 females and 15 males in one cage. At least two blood meals were fed to females and at least 

three repeats of each cross were conducted. Male gonads were photographed using an Olympus 

phase contrast microscope BX41 and UC90 digital camera (Olympus, Tokyo, Japan). We observed 

the testes of 30 males and took pictures of the testes of five males from each cross. A movie of 

sperm motility for five hybrid males from each cross and five males of pure species was recorded 

using a UC90 digital camera (Olympus, Tokyo, Japan). 

2.3.2Chromosome preparation and fluorescence in situ hybridization (FISH) 

Preparations of chromosomes, DNA probe labeling, and FISH were performed as 

previously described [22, 23]. Five DNA probes were used for FISH in this study (supplementary 

material, table S1). Cytogenetic analyses were performed on at least 10 male individuals of each 

pure species and of each hybrid. Lengths of well-spread metaphase I chromosomes of each species 

and of each hybrid were measured using the ruler tool in Adobe Photoshop CS6 (Adobe Inc., San 

Jose, CA, USA) (supplementary material, table S2). For whole-mount FISH and analysis of 

chromosome pairing, testes from one-day-old adults of pure species and hybrids were dissected in 
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1PBS solution and fixed in 3.7% paraformaldehyde in 1PBS with 0.1% tween-20 (PBST) for 

10 min at room temperature. After adding labeled DNA probes, testes were incubated at 75 ºC for 

5 min (denaturation) and then at 37 ºC overnight (hybridization). Testes from 6 individuals of pure 

species and of hybrids were scanned with a Zeiss LSM 880 confocal laser scanning microscope 

(Carl Zeiss AG, Oberkochen, Germany) to analyze pairing and unpairing of the sex chromosomes. 

A total of 418 and 489 nuclei at the early stages of meiotic prophase I were analyzed in pure species 

and hybrids, respectively (supplementary material, table S3). The percentage of cells with pairing 

and no pairing of sex chromosomes was used to compare parental species and hybrids. Since the 

variances for both groups were equal (smax/smin < 2), a statistical two-sample pooled t-test was 

performed using the JMP 13 software (SAS Institute Inc., Cary, NC, USA). For more details, see 

the supplementary material and methods. 

2.3.3 RNA extraction and reverse transcription polymerase chain reaction (RT-PCR) 

We dissected reproductive organs, which include both testes and male accessary glands 

(MAGs), from 30 males, only testes or only MAGs from 20 males, and ovaries from 30 females. 

These mosquitoes were 0-12-hour-old virgin adults of An. coluzzii MOPTI, An. merus MAF, and 

interspecies hybrids from crosses ♀An. coluzzii MOPTI  ♂An. merus and ♀An. merus  ♂An. 

coluzzii MOPTI. Total RNA was extracted using a Direct-ZolTM RNA MiniPrep Kit (Zymo 

Research, Irvine, California, US). Two-step RT-PCR was performed to analyze gene expression. 

cDNA for selected genes (supplementary material, table S1) was generated in a 20-μl reaction 

containing 2 μl of 10 RT buffer, 2 μl of 0.1-M dithiothreitol (DTT), 1 μl of 50 μM oligo(dT)20 

primer, 1 μl of 10 mM dNTP mix solution, 1 μl of 25mM MgCl2, 1 μl of RNaseOUTTM(40 U/μl), 

1 μl of SuperScriptTM III RT (200 U/μl), 2 μl of RNA, and 6 μl of DEPC-treated water using the 

SuperScriptTM III First-Strand Synthesis System for RT-PCR (Invitrogen, Carlsbad, CA, US). 
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Amplification products were visualized in a 2% agarose gel and photographed under the same 

parameters for each gene. 

2.4 Results  

2.4.1 HMS phenotypes at the cellular level 

To obtain interspecies hybrids, we performed reciprocal crosses between An. merus MAF 

and An. gambiae ZANU or An. coluzzii MOPTI and MALI. Backcrossing of F1 males to parental 

females resulted in induction of the laying of eggs that did not hatch, which confirmed mating of 

sterile F1 hybrid males since seminal fluids but not sperm are required to induce oviposition [24]. 

The observed sterility of hybrid males agrees with Haldane’s rule [20] for the majority of 

interspecies crosses in the An. gambiae complex except for crosses between An. gambiae and An. 

coluzzii, which produce fertile hybrids of both sexes [16-19, 25, 26].  To investigate the 

developmental phenotypes involved in hybrid sterility, we dissected testes from adult males 

obtained from interspecies crosses and from pure species. Normal testes of pure species have a 

spindle-like shape (supplementary material, figure S1A). We found obvious differences between 

testes morphology/size in one interspecies cross versus its reciprocal. Hybrid males from crosses 

between female An. merus and male An. gambiae or An. coluzzii display normal-like testes 

(supplementary material, figure S1B). In contrast, F1 males from crosses between female An. 

gambiae or An. coluzzii and male An. merus show severely underdeveloped (degenerate) testes 

(supplementary material, figure S1C). We then tested whether normal-like and degenerate testes 

of interspecies hybrids produce any sperm. Sperm reach maturity within two days after emergence 

of Anopheles adult males. In squashed testes of 2-5-day-old adults of pure species, large amounts 

of mature spermatozoa with long tails can be seen. After we crushed the testes, spermatozoa with 

vibrant motility escaped from the ruptures (supplementary material, figure S1A, movie S1). 
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However, mature sperm or sperm motility could hardly be seen in squashed or crushed normal-

like testes of 2-5-day-old adult hybrids from crosses when An. merus was the mother. Instead, we 

see fewer spermatids and mostly nonmotile spermatozoa with large heads and often two short tails 

growing from opposite ends of the head (supplementary material, figure S1B, movie S2). Staining 

with DAPI identified extended premeiotic and spermatogenic stages that cause delay of 

spermatogonia amplification, spermatocyte divisions, and spermatid differentiation in the normal-

like testes (supplementary material, figure S2). Only undifferentiated round cells could be seen in 

degenerate testes of hybrids from reciprocal crosses when An. merus was the father (supplementary 

material, figure S1C). Given the small size of the degenerate testes, these round cells may represent 

germline stem cells. Thus, neither normal-like nor underdeveloped testes of the interspecies 

hybrids produce mature motile spermatozoa.   

2.4.2 The progress of meiosis in males of pure species 

Here, we provide the first description of chromosome behavior during meiosis of pure 

Anopheles species. The chromosome complement of Anopheles males consists of three 

chromosome pairs: two autosomes (2 and 3) and X and Y sex chromosomes.  With the help of sex-

chromosome-specific fluorescent probes (supplementary material, table S1), we followed the 

progress of meiosis in An. gambiae, An. coluzzii, and An. merus. Figure 2.1 shows normal activities 

of meiotic chromosomes in the testes of An. gambiae ZANU. In primary spermatocytes, all 

homologous autosomes and sex chromosomes pair and display chiasmata in diplotene/diakinesis 

of prophase I, they align with each other at the cell equator in metaphase I, and then move from 

each other in anaphase I. In secondary spermatocytes, sister chromatids of each chromosome align 

with each other at the cell equator in metaphase II and go to opposite poles of the cell during 

anaphase II. Meiotic divisions produce spermatids that contain a haploid set of autosomes and 
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either a Y or X chromosome.  An. coluzzii and An. merus males show similar behaviors of 

chromosomes during meiosis (supplementary material, figures S3, S4).  

2.4.3 Meiotic and premeiotic failures in F1 males of interspecies hybrids  

To determine possible cytogenetic mechanisms of HMS, we analyzed chromosome 

behavior in normal-like testes of hybrids from the ♀An. merus  ♂An. coluzzii/An. gambiae 

crosses (Figure 2.2). In primary spermatocytes, homoeologous autosomes pair and form chiasmata 

in prophase I as in pure species. Unlike pure species, X and Y chromosomes do not pair or display 

chiasmata in diplotene/diakinesis of prophase I in these hybrids. We found this pattern consistent 

in all analyzed hybrid males. Metaphase chromosomes in hybrids are visibly longer than at the 

same stage in pure species, indicating insufficient chromatin condensation. Besides, 

homoeologous chromosomes in hybrids do not segregate during anaphase. Instead, sister 

chromatids move to opposite poles of the dividing cell. Because reductional division does not 

occur in hybrid males, both X and Y chromatids move to the same pole during anaphase. As a 

result, haploid secondary spermatocytes are not present in these males. Our FISH analysis 

demonstrated that spermatids in testes of pure species normally contain either an X or Y 

chromosome. In contrast, we found both X and Y chromosomes present in spermatids of the 

hybrids (supplementary material, figure S5). Moreover, the abnormal spermatids are larger in size 

due to insufficient chromatin condensation and the double chromosome content. Thus, we 

discovered that chromosomes in normal-like testes of hybrid males start with meiotic behavior in 

prophase and then prematurely switch to mitotic behavior in anaphase, thus, skipping the 

reductional division. The equational division of primary spermatocytes results in dysfunctional 

diploid sperm in hybrids when An. merus is the mother. Degenerate testes of F1s from the 

reciprocal ♀An. coluzzii/gambiae  ♂An. merus crosses have only undifferentiated round germline 
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stem cells. To visualize sex chromosomes, we performed whole-mount FISH with labeled 18S 

rDNA (Cy3) and satellite AgY53B (Cy5) to mark the sex chromosomes of the hybrid 

(supplementary material, figure S6). Only interphase sex chromosomes in the nuclei of germline 

stem cells are detected indicating that meiosis does not start in the underdeveloped testes of F1 

hybrids if An. merus is the father. Thus, premeiotic arrest in degenerate testes is the reason for the 

lack of spermatids in these hybrids. 

2.4.4 Gene expression in pure species and interspecies hybrids 

To test if the aforementioned premeiotic or meiotic failures are associated with gene 

misexpression, we analyzed the transcript profile of the premeiotic and meiotic vasa [27], SMC2, 

and SMC4 genes [28, 29], as well as the meiotic and postmeiotic Spo11, Msh4, SMC3β [28, 29], 

β2-tubulin [30, 31], Ams, mts, and Dzip1l [32] genes in F1 hybrid males (supplementary material, 

table S1). The RT-PCR results show that all these genes express in the reproductive tissues of An. 

coluzzii, An. merus, and F1 hybrids from the ♀An. merus  ♂An. coluzzii cross. A slight but 

noticeable increase was observed for the vasa, SMC2, SMC4, and SMC3β transcripts in normal-

like testes of these hybrids compared with testes of any of the parental species (Figure 2.3A). This 

expression profile was consistent between two independent RT-PCR experiments that involved 

testes combined with MAGs and testes without MAGs. A separate experiment using MAGs only 

shows no vasa, SMC2, SMC4, or SMC3β transcripts in this tissue. Although vasa, SMC2, and 

SMC4 express in degenerate gonads of ♀An. coluzzii MOPTI  ♂An. merus F1 hybrids, transcripts 

of all tested meiotic and postmeiotic genes are virtually absent in these hybrids (Figure 2.3A) 

supporting our observation that meiosis does not occur in degenerate testes (supplementary 

material, figure S6). Expression of vasa indicated the development of germline stem cells even in 

degenerate testes of these interspecies hybrids. To test whether gene misexpression occurs in fertile 
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female hybrids, we performed RT-PCR for the same genes using ovaries of pure species and hybrid 

females (supplementary material, figure S7). Our results show that, unlike males, all analyzed 

genes have similar transcript profiles in females of pure species and hybrids from the reciprocal 

crosses.  

2.4.5 Chromosomal abnormalities in interspecies hybrids 

Here, we performed quantitative analyses of chromatin condensation and X-Y 

chromosome pairing in pure species and their hybrids. To determine the extent of chromatin 

condensation in normal-like testes of interspecies hybrids compared with pure species, we 

measured the lengths of metaphase chromosomes (supplementary material, table S2). The results 

of statistical analysis with a two-sample pooled t-test show that chromosomes in F1 hybrids are 

typically longer than chromosomes in An. coluzzii, An. gambiae, or An. merus (supplementary 

material, figure S8). For example, chromosomes of the An. merus origin in a hybrid background 

always show significant (P<0.001) elongation by at least 1.3 times compared to pure An. merus. 

The X chromosome of An. merus suffered the most serious undercondensation in hybrids, 

exceeding the length of the X chromosome in the pure species background by 1.6-1.9-fold.  

In our cytogenetic study of interspecies hybrids from the crosses ♀An. merus  ♂An. 

coluzzii/An. gambiae, the X and Y chromosomes do not show pairing or chiasmata in 

diplotene/diakinesis of prophase I (Figure 2.2). We hypothesized that sex chromosome pairing is 

affected in early prophase I when individual chromosomes cannot be distinguished by direct 

visualization. To analyze the X-Y chromosome pairing at the pachytene stage of prophase I, we 

performed a whole-mount FISH and examined spatial positions of the X- and Y-specific 

fluorescent signals in confocal optical sections of nuclei in testes of pure species and their hybrids 

(supplementary material, figure S9). We recorded the number of nuclei with X and Y fluorescent 
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signals colocalized versus X and Y fluorescent signals located separately (Figure 2.3B, 

supplementary material, table S3). The results of a statistical analysis with a two-sample pooled t-

test demonstrate that X and Y chromosomes pair in more than 90% of primary spermatocytes in 

An. coluzzii, while they pair in less than 30% of primary spermatocytes in F1 hybrids of ♀An. 

merus  ♂An. coluzzii (Figure 3C).  

2.5 Discussion  

In this study, we performed the first detailed cytological analysis of spermatogenesis in 

pure species and hybrids of mosquitoes. We demonstrate that premeiotic and meiotic defects are 

involved in HMS in reciprocal crosses (Figure S10). This observation is at odds with the 

commonly accepted view that hybrid males suffer postmeiotic sterility problems more often than 

premeiotic or meiotic sterility problems  [1, 33]. Although many postmeiotic defects seen in 

Drosophila hybrids are indeed related to problems in sperm bundling and motility [5, 9, 33], some 

sperm abnormalities may stem from meiotic failures. For example, our data shows that sperm 

abnormalities such as nonmotility, two-tailed heads, and chromatin decompaction in sperm heads 

can result from impaired meiosis I (Figure 2). Additional studies of interspecies hybrids of various 

organisms should determine whether the first meiotic division commonly fails when fertility is 

affected. 

Our cytogenetic investigation of meiosis in Anopheles species demonstrates that the X and 

Y chromosomes pair with each other throughout prophase I (Figure 1, 3BC, supplementary 

material, figures S3, S4). Unlike pure species, meiotic prophase I in F1 mosquito hybrids shows 

cytogenetic anomalies—low percentages of X-Y chromosome pairing and insufficient chromatin 

condensation (Figure 3BC, supplementary material, figure S8). The interplay between these two 

phenotypes may result in failing a reductional meiotic division and prematurely proceeding to an 
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equational mitotic division (Figure 4). All chromosomes must achieve synapsis in pachynema, 

complete DNA repair, and disassemble their synaptonemal complexes in diplonema as 

homologous chromosomes prepare to segregate [34]. The presence of chiasmata and tension 

exerted across homologs ensures that cells undergo reductional segregation [35]. Asynapsis of 

chromosomes almost invariably triggers pachytene checkpoint and meiotic breakdown [36].  

Haldane’s rule predicts that meiosis would be aberrant in males but may be normal in 

females [20]. This could be due to differences in the mechanisms of X-Y and X-X pairing. For 

example, in D. melanogaster,  X and Y chromosomes pair through specific pairing sites located in 

heterochromatin [37], which could be relatively quickly altered during evolution. In contrast, the 

X-X and autosome-autosome pairing capacity is widely distributed along the chromosome arm 

[38] and is likely more robust to evolutionary changes.  A study of introgression of the Y 

chromosome from An. gambiae into An. arabiensis suggests that the Y chromosome does not cause 

sterility [17].  This runs counter to our findings that X-Y unpairing underlies sterility in male 

hybrids. Identification and analysis of X-Y pairing sites in species of the An. gambiae complex 

may shed light on this problem.   

Reciprocal crosses in malaria mosquitoes and other organisms usually produce hybrids 

with sterility phenotypes of different degrees of severity [6, 18, 39].  This observation indicates 

that malfunction of multiple stages of spermatogenesis can be involved in postzygotic isolation. 

At the early stages of speciation, premeiotic, meiotic, and postmeiotic genes still express in hybrids 

and meiotic errors are characterized by decreased pairing between sex chromosomes, insufficient 

chromatin condensation, and skipping reductional division. These phenotypes are seen in sterile 

hybrids from the ♀An. merus  ♂An. coluzzii/An. gambiae crosses (Figures 2, 3, 4).  Higher 

expression levels of the vasa, SMC2, and SMC4 genes (Figure 3A) are consistent with our 
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observation of extended premeiotic and meiotic stages in these hybrids (Figure S2). It is possible 

that the observed overexpression of SMC3β in the hybrid males may contribute to abandoning 

homologous chromosome segregation in favor of sister-chromatid cohesion, recombination, and 

premature segregation. This is because the SMC1 and SMC3 proteins function together with other 

proteins to control cell cycle transitions by participating in sister-chromatid cohesion, 

recombination, and faithful segregation [29, 40, 41]. To support crossover formation between 

homologous chromosomes and their subsequent segregation in meiosis, repair from the more 

readily available homologous sequences on the sister chromatid must be suppressed [34]. 

As species continue to diverge, meiotic errors become more prominent, and new hybrid 

phenotypes appear as has been seen, for example, in sterile male hybrids from the ♀D. 

pseudoobscura  ♂D. persimilis cross [6, 7]. At this stage of postzygotic isolation, meiosis is 

manifested by the unpairing of most of the chromosomes and by malfunction of the abnormally 

elongated spindle, resulting in spermatids with unbalanced chromosome content in sterile male 

hybrids [6, 7]. In mice hybrids, spermatogenic arrest occurs in early meiosis I when homoeologous 

chromosomes fail to pair and meiotic sex chromosome inactivation is disrupted, resulting in 

increased apoptosis of spermatocytes [3, 4, 42]. Disruption of synapsis between heterospecific 

chromosomes in prophase I has been proposed as a recurrently evolving trigger for the meiotic 

arrest of interspecific F1 hybrids [3, 43]. Finally, spermatogenic abnormalities in hybrids can 

happen before meiosis starts. A spermatogenic arrest at the premeiotic stage is characterized by 

the repression of meiotic and postmeiotic genes and by the lack of spermatocytes in degenerate 

testes of hybrid males. These phenotypes have been observed  in sterile hybrids from the ♀D. 

mauritiana  ♂D. sechellia cross [5] and in sterile hybrids from the ♀An. coluzzii/An. gambiae  

♂An. merus crosses (our study).  
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Charles Darwin, in the chapter on "Hybridism" in his book, the Origin of Species, rightly 

argued that hybrid sterility ‘‘is not a specially endowed quality, but is incidental on other acquired 

differences [44].’’ Identification of the germ-line-specific cellular and molecular differences 

acquired during the early stages of postzygotic isolation between species is crucial to explaining 

both speciation and normal fertility function. Our study suggests that meiotic abnormalities in 

hybrid males stem from the unpairing of the sex chromosomes and insufficient chromatin 

condensation. Cytological analyses of spermatogenesis in interspecies hybrids from diverse groups 

of organisms may highlight general patterns and mechanisms in the origin and evolution of 

postzygotic isolation. Recently evolved members of the An. gambiae complex represent an 

excellent, new system for studying the genetic basis and molecular mechanisms of species 

incompatibilities at the early stages of postzygotic reproductive isolation. 
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Figure 2.1 Chromosome behavior during meiosis in testes of An. gambiae. X chromosomes 

are labeled with 18S rDNA (red); Y chromosomes are labeled with retrotransposon zanzibar 

(green). Chromosomes are counterstained with DAPI (blue).  Scale bar – 5 μm. 
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Figure 2.2 Chromosome behavior during meiosis in testes of interspecies hybrids. (A) ♀An. 

merus  ♂An. coluzzii MALI. (B) ♀An. merus  ♂An. coluzzii MOPTI. (C) ♀An. merus  ♂An. 

gambiae ZANU. X chromosomes are labeled with 18S rDNA (red) and Y chromosomes are 

labeled with retrotransposon zanzibar (green). Chromosomes are counterstained with DAPI (blue). 

Scale bar – 5 μm. 

 

  



 
 

55 
 

 

 

Figure 2.3 Molecular and chromosomal abnormalities in interspecies hybrids. (A) Gene 

expression in male reproductive organs of An. coluzzii MOPTI, An. merus, F1 hybrids of ♀An. 

merus  ♂An. coluzzii MOPTI (F1 MC), and F1 hybrids of ♀An. coluzzii MOPTI  ♂An. merus 

(F1CM) analyzed by RT-PCR. AgS7 – an endogenous control gene.  (B) Confocal images of 

primary spermatocytes with FISH showing pairing and unpairing of X (red) and Y (green) 

chromosomes in An. coluzzii MOPTI males and F1 hybrid males from the ♀An. merus  ♂An. 

coluzzii MOPTI cross. (C) Percentage of the X and Y chromosome pairing in primary 

spermatocytes of six An. coluzzii MOPTI males and six F1 hybrid males from the ♀An. merus  

♂An. coluzzii MOPTI cross. Statistical significance was assessed with a two-sample pooled t-test.  
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Figure 2.4 Scheme of male meiosis in pure species and interspecies hybrids of the An. gambiae 

complex. Unlike pure species, X and Y chromosomes in meiotic prophase I of hybrids are largely 

unpaired. The absence of chiasmata between the sex chromosomes and insufficient chromatin 

condensation reduce tension exerted across the homoeologous chromosomes, triggering premature 

sister chromatid segregation. As a result, instead of a reductional division, primary spermatocytes 

in interspecies hybrids undergo an equational mitotic division leading to diploid nonmotile sperm. 
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Chapter 3: Asymmetric hybrid male sterility between reciprocal inter-species crosses in the 

Anopheles gambiae complex 

Jiangtao Liang, Michael Hodge, and Igor V. Sharakhov 

3.1 Abstract 

Studying phenotypes of F1 hybrids between closely related species of mosquitoes can shed 

light on our knowledge of speciation and empowering mosquito control techniques. Inter-species 

crosses in the Anopheles gambiae complex often produce sterile F1 hybrid males. Nevertheless, 

the genetic basis and cellular mechanisms of hybrid male sterility in mosquitoes are still unclear. 

In order to investigate hybrid male sterility phenotypes in this complex, we performed crosses 

between laboratory strains of An. merus and either An. gambiae or An. coluzzii. Our results 

confirmed the fertility of hybrid females and the sterility of hybrid males. We detected mild sex 

ratio biases with an asymmetric pattern in F1 generations from inter-species crosses. Furthermore, 

an asymmetric pattern of hybrid male sterility exists in the sons from reciprocal inter-species 

crosses. Compared with pure species, hybrid males from crosses between female An. merus and 

male An. gambiae or An. coluzzii were normal in the morphology of male reproductive tracts. 

Besides, they can mate with females normally and produce the mating plug to induce the female 

monogamy. In contrast, the entire male reproductive tracts in hybrid males from crosses between 

female An. gambiae or An. coluzzii and male An. merus were severely underdeveloped. In addition, 

hybrid males with collapsed reproductive tracts suffered from a shorter copulation time and failed 

to form mating plugs to induce female monogamous behaviors, albeit the expression of tested 

genes in male accessary gland were similar between hybrids and pure species.  

Keywords: mosquito, Anopheles gambiae complex, asymmetric hybrid male sterility, 

Haldane’s rule, male accessary glands 
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3.2 Background 

Speciation is a fundamental evolutionary process that maintains the genetic and phenotypic 

distinctiveness of different populations (or species) by reproductive isolation [1]. Reproductive 

isolation between species can be divided into two forms, pre-zygotic isolation and the post-zygotic 

isolation. Among them, the intrinsic post-zygotic isolation, making speciation irreversible by 

producing reduced sterility or viability of F1 hybrid offspring from two closely related species, 

gains more attention [2]. The gradual accumulation of mutations taking part in the reproductive 

isolation plays important roles during the progress of speciation formation. The broadest accepted 

theoretical explanation about how the hybrid incompatibility evolves is called Dobzhansky-Muller 

model, which has been independently proposed by Dobzhansky [3], and Muller [2]. Dobzhansky-

Muller incompatibility states that postzygotic isolation often results from incompatible mutations 

at two or more interacting loci in hybrids. Several mutual-related comparative rules can apply to 

the evolution of intrinsic post-zygotic isolation [4]. First is that, with the divergence of two species, 

the strength of intrinsic post-zygotic isolation in hybrid F1s accumulates gradually from zero to 

complete [4, 5]. The most popular empirical rule during the early stage of speciation is Haldane’s 

rule, which says that the F1 hybrid sterility or inviability commonly manifests in the heterogametic 

sex (XY- or ZW- type) first [6]. Another widespread observation is that F1s from reciprocal inter-

species crosses are usually different in the degree of hybrid sterility and lethality, which is called 

as “Darwin’s corollary to Haldane’s rule” [7]. In addition, as the third common pattern of intrinsic 

post-zygotic isolation, “large X- (or Z-) effect” refers to the disproportionally large contribution 

of the X or Z chromosome on the F1 hybrid malfunction [5]. 

Since the majority of research on how the intrinsic postzygotic isolation evolves have 

focused on Drosophila, it is of necessity to investigate on broader taxa. Multiple studies have 
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showed that Anopheles mosquitoes followed Haldane’s rule and Darwin’s Corollary [4, 6]. In 

Africa, at least nine partially sympatric sibling species in An. gambiae complex, with nearly 

indistinguishable morphologies and different epidemiological capacities [8], provides a great 

opportunity to perform associated research. They diverged from each other around 1.85 [9] to as 

young 0.526 Myrs [10] ago. Research on those sibling species can improve our knowledge on 

speciation and reproductive isolation, such as finding genes (the key DMIs) directly contribute to 

the observed hybrid abnormality and figuring out the underlying genetic and molecular rules. 

What’s more, it can empower the mosquito control program; for example, the hybrid male sterility 

genes (DMIs) could be used to produce sterile or genetically modified male mosquitoes or stop 

the gene introgression between closely related vector and non-vector species.  

Facing the complexity of the process of speciation and the development of reproductive 

barriers, clarifying phenotypes associated with malfunction of hybrids accurately is the first step 

to discover hybrid incompatibility genes. When people investigated phenotypes of hybrid male 

sterility, the attention was usually on the testis, the factory of sperm, including malformation in 

testis shape, size or weight, sperm morphology or behavior, as well as cellular failure during 

spermatogenesis. However, the whole male reproductive tract of insects include not only testis, 

but also male accessary glands and the ejaculatory duct. All these structures can be regarded as 

phenotypes of hybrid male sterility. Indeed, a series of early studies (chapter 6) [11] have shown 

that hybrid male sterility with different degrees of atrophies of the whole reproductive system 

existed in all inter-species crosses of five sibling species in the An. gambiae complex. Later, 

consecutive mating experiments have showed that male hybrids from crosses ♀ An. gambiae 

(original species A)  ♂ An. merus or An. melas failed to induce female monogamy [12] but male 

hybrids from the reciprocal crosses succeeded. All those early research hint that asymmetry hybrid 
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male sterility exists in An. gambiae complex. Recently, our research on hybrid males from crosses 

between female An. coluzzii or An. gambiae and male An. merus shows a new X+Y bearing sperm 

phenotype resulting from abnormally chromosomal activities in meiosis and spermatogenesis 

arrested at a very early pre-meiotic stage [13], which can be considered another hybrid male 

sterility asymmetry.  

Based on studies mentioned above, the hybrid male sterility is associated with malfunctions 

of both spermatogenesis in testis and/or of male accessary glands as well as the ejaculatory duct 

in the An. gambiae complex. As a result, it is necessary to describe the asymmetry phenomenon 

of hybrid male sterility in this complex clearly and systematically to provide guide for either basic 

or applied research. Here, we performed crossing experiments using multiple lab strains of An. 

merus and An. gambiae or An. coluzzii. We recorded phenotypes potentially associated with the 

F1 hybrid abnormality, including the female to male sex ratio, egg to pupae development, the 

morphology of male reproductive tract, the effect of the male reproductive tract on male copulation 

behavior and on the male capability to induce female mating response, and the associated gene 

expressions. Our data demonstrated that a clear asymmetric hybrid male sterility of reciprocal F1s 

contributes to post-zygotic isolation in the An. gambiae complex.   
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3.3 Materials and Methods 

3.3.1 Mosquito strains 

Laboratory colonies for this study were provided by the Malaria Research and Reference 

Reagent Resource (MR4) at the Biodefense and Emerging Infections Research Resources 

Repository (BEI).  The strains we used in this paper included An. gambiae ZANU (MRA-594), 

An. coluzzii MOPTI (MRA-763), An. coluzzii MALI (MRA-860), and An. merus MAF (MRA-

1156).  Mosquitoes were reared at 27±1°C, with a 12-hour photoperiod and 70±5% relative 

humidity. Larvae were fed with fish food and adult mosquitoes were fed with 1% sugar water. 

Females were fed on defibrinated sheep blood using artificial blood-feeders for oviposition.  

3.3.2 Mosquito mating assay 

In order to perform inter-species crosses, we differentiated and separated male and female 

pupae using sex-specific differences in the morphology of their terminalia. The males and females 

were combined in one cage in a 30 female to 15 male ratio. After emergence, mass crossing 

experiments were performed.  After four to five days of random mating, the females were fed on 

defibrinated sheep blood artificially.  Two days later, an egg dish covered with moist filter paper 

was placed into the cage for the female oviposition. Pictures were taken of the eggs and the number 

of eggs was counted using Egg Counter 1.0 software [14]. To calculate female to male sex ratio, 

numbers of F1 pupae were counted every day. Backcrossing experiments were done using a similar 

method. Statistical analysis was performed using JMP Pro 13 (SAS Institute, Cary, USA). 

Isolation of mating couples and reinsemination experiments were done as described [15] 

with slight modifications. Briefly, we separated male and female pupae and keep them in different 

cages. After emergence, 2-3 day old virgin females were mixed with 4-6 day old virgin hybrid 

males into one big cage. Mating pairs were gently covered with a 1 oz plastic portion cup when 

they dropped to the ground and moved into another cage after they finished the copulation process. 
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Copulation time was also recorded. After mated females recovered for two days, they were placed 

into a cage by tube with five to ten folds excess of 4-6 day old virgin An. coluzzii males. Two days 

later, females were fed on defibrinated sheep blood. After one day, twenty females with half-

developed ovaries from each cross were put into small plastic tubes with moist filter paper inside 

to lay eggs individually. Egg numbers were counted manually and kept in water for four days to 

check the hatching. Videos were recorded using a camera from an iPhone 6s (Apple Technology 

company, Cupertino, USA).  

3.3.3 The male reproductive tract and mating plug observation 

Male reproductive tracts were dissected in 1 x PBS solution using a Leica E24 

stereomicroscope (Leica Camera, Wetzlar, Germany) and photographed by a Leica M165 FC 

fluorescent microscope with a LEICA DFC3000G digital camera (Leica Camera, Wetzlar, 

Germany). The length and width of testes as well as the male accessory glands (MAGs) from five 

to ten males were measured using the ruler tool in Adobe Photoshop CS6 (Adobe Inc., San Jose, 

CA, USA). Measurements were analyzed by JMP Pro 13 software (SAS, USA) using a two-sample 

pooled t-test method. In order to obtain mating plugs, females mated with males within two hours 

were dissected in 1 x PBS solution using an Olympus SZ61 stereomicroscope (Olympus, Tokyo, 

Japan) and photographed by an Olympus BX41 phase-contrast microscope with a UC90 digital 

camera (Olympus, Tokyo, Japan). Later, to observe autofluorescence of MAGs and mating plugs, 

we used a GFP filter from a Zeiss AXIO fluorescent microscope with an Axiocam 506 mono 

digital camera (Carl Zeiss AG, Oberkochen, Germany).  

3.3.4 RNA extraction and reverse transcribed polymerase chain reaction (RT-PCR)  

We dissected reproductive organs, which include both testes and male accessary glands (MAGs), 

from thirty 0-12-hour-old virgin male adults of An. coluzzii MOPTI, An. merus MAF, and 
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interspecies hybrids from the ♀An. coluzzii MOPTI × ♂An. merus and ♀An. merus × ♂An. coluzzii 

MOPTI crosses. Total RNA was extracted with a Direct-ZolTM RNA MiniPrep Kit (Zymo 

Research, Irvine, California, US) and diluted in 50 µl diethyl pyrocarbonate (DEPC)-treated water. 

Gene expression was tested using two-step RT-PCR. cDNA for selected genes (Table S3.6) was 

generated using a SuperScriptTM III First-Strand Synthesis System (Invitrogen, Carlsbad, CA, 

US). In detail, a 10 µl mixture (2 µl of total RNA, 1 µl of 50 µM oligo(dT)20 primer, 1 µl of 10 

mM dNTP mix solution, and 6 µl of DEPC-treated water) was incubated at 45°C for 5 min. After 

being chilled on ice for at least 1 min, 10 µl of cDNA synthesis mix containing 2 µl of 10× RT 

buffer, 1 µl of 25mM MgCl2, 2 µl of 0.1 M dithiothreitol (DTT), 1 µl of RNaseOUTTM (40 U/µl), 

and 1 µl of SuperScriptTM III RT (200 U/µl) was added into each RNA/primer mixture. After 

incubation at 50°C for 50min, reactions were terminated at 85°C for 5 min. Later, 1 µl of RNase 

H was added into each tube for a 20 min incubation at 37°C. Next, the synthesized cDNA was 

used for PCR. Each 20 µl PCR mix consisted of 1 µl cDNA, 10 µl 2X PlatinumTM II Hot-start 

PCR Master Mix (Invitrogen, Carlsbad, CA, US), 0.5 µl of 10-µM forward and reverse primers, 

and water. PCR was performed in the C1000 TouchTM thermal cycler platform (Bio-Rad 

Laboratories, Hercules, CA, US) starting with a 2 min incubation at 94°C followed by 32 cycles 

of 94°C for 15 sec, 60°C for 30 sec, 68°C for 10 sec, 68°C for 1 min, and a final hold at 4°C. 

Amplification products were visualized in a 2% agarose gel and photographed under the same 

parameters for each gene. 
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3.4 Results 

3.4.1 Haldane’s rule and Sex ratios in inter-species crosses 

To test Haldane’s Rule of crosses between our laboratory strains in An. gambiae complex, 

we performed crossing and backcrossing experiments between An. merus MAF and An. gambiae 

ZANU or An. coluzzii MOPTI and MALI. According to Haldane’s Rule, the sterility or lethality 

of inter-species F1 hybrids usually affects heterogametic sex (X and Y chromosome carrying males 

in Anopheles) [16]. Backcrossing experiments between F1 generations from inter-species crosses 

and parental species showed that most of the crosses between An. gambiae/coluzzii and An. merus 

produce sterile F1 males and fertile F1 females. The sterility of F1 males was manifested by the 

lack of hatching eggs laid by females from pure species mated with F1 hybrid males. However, 

one backcrossing experiment between female An. merus and F1 hybrid male from the cross ♀An. 

merus  ♂An. coluzzii MOPTI produced one son that survived to adulthood. Surprisingly, F1 

hybrid females from cross ♀An. gambiae ZANU  ♂ An. merus failed to produce any eggs after 

three repeated backcrosses with either male An. merus or male An. gambiae ZANU (Table 3.1). 

Thus, Haldane’s rule can be applied to most but not all inter-species crosses between our laboratory 

strains.  

To study if sex ratio distortion existed, we counted numbers of male and female pupae in 

the F1 generation of interspecific and intraspecific crosses. In total, we counted 1644 females and 

1809 males from our intra-species crosses and 2733 females and 2606 males from our inter-species 

crosses. Using a Chi-squared test, no significant sex ratio bias in intra-species crosses was 

observed except for one blood-feeding experiment with An. coluzzii MOPTI (2 = 6.04, df = 1, P 

= 0.01). By comparison, a mild but significant sex ratio bias existed in F1 generations from inter-

species crosses (p-value = 0.01). In addition, we observed an asymmetric pattern of sex ratio bias 
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when the reciprocal crosses were compared (Figure 3.1A). All inter-species crosses (13/13) of 

female An. coluzzii or An. gambiae with male An. merus produced more females than males 

(female to male sex ratio larger than 1). In contrast, most reciprocal inter-species crosses (12/14) 

produced more males than females (female to male sex ratio less than 1), which is similar to pure 

species (10/14). In order to figure out the reason of the sex ratio asymmetry in F1 hybrids, we 

further investigated the daily percentage of the number of male pupae in F1 generations from intra- 

and inter- species crosses. Interestingly, similar to pure species, male pupae in F1 generations from 

the cross ♀An. merus  ♂An. coluzzii usually tend to appear early (male percentage > 50%) on the 

beginning of two to three days, nevertheless, F1 generations from the cross ♀ An. coluzzii  ♂ An. 

merus showed the opposite pattern (male percentage < 50%) (Figure 3.1B). Here, we do not report 

crosses between An. gambiae and An. coluzzii because they are known for not having post-mating 

reproductive isolation [17-19]. 

 

3.4.2 Two types of the male reproductive tract exist in F1 male hybrids from reciprocal inter-

species crosses between An. coluzzii/gambiae and An. merus 

To investigate potential phenotypes associated with hybrid male sterility, we dissected 

male reproductive tracts including testes and male accessory glands (MAGs) using adults from 

intra- and inter- species crosses and recorded their lengths and widths. Normal MAGs are oval-

shaped bodies and normal testes have a spindle-like shape, connected with MAGs by vas deferens 

(Figure 3.2). We found an obvious asymmetric pattern in the morphology and size of MAGs and 

testes when reciprocal crosses were compared. Hybrid males from crosses between female An. 

merus and male An. gambiae or An. coluzzii display normal-like reproductive organs. In contrast, 

hybrid males from crosses between female An. gambiae or An. coluzzii and male An. merus show 
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severely underdeveloped reproductive organs with visibly smaller round-shaped MAGs and 

elongated pale testes (Figure 3.3). In order to simplify the comparison, we compared the length 

and width of MAGs and testes from the pure species and hybrids with the same father using a two-

sample pooled t-test. Both the length and width of MAGs in hybrids from the cross ♀An. 

coluzzii/gambiae  ♂ An. merus were significantly smaller than that in pure-species. In contrast, 

the length and width of MAGs in hybrids from the cross ♀An. merus  ♂ An. coluzzii/gambiae 

was slightly but significantly larger or similar to that from pure species (Figure 3.3A). Here, we 

classify hybrid males into two types based on the size of MAGs: normal-like MAGs from the cross 

♀An. merus  ♂ An. coluzzii/gambiae and collapsed MAGs from the cross ♀An. coluzzii/gambiae 

 ♂ An. merus. Our measurements and statistical analyses of the length and width of testes 

demonstrated that gonads of pure-species males are significantly larger than gonads of hybrid 

males from all interspecific crosses, especially hybrid males from the cross ♀An. coluzzii/gambiae 

 ♂ An. merus (Figure 3.3B).  Since we have investigated spermatogenesis in testes deeply before 

[20], in this paper, we focused on determining if and how MAGs contribute to the hybrid male 

sterility.   

3.4.3 Hybrid males with collapsed MAGs failed to induce female oviposition and monogamy 

Since MAGs play important roles in inducing the female behavior response including 

oviposition and monogamy, we conducted backcrossing experiments and the re-insemination 

assay to test F1 hybrid MAG functions. Our mass mating backcrossing experiment results 

demonstrated that F1 hybrid males with the normal-like MAGs can induce females to lay a similar 

number of eggs as males from pure species. In contrast, F1 hybrid males with collapsed MAGs 

induced females to lay significantly fewer eggs. However, a similar tendency was not observed in 

crosses involving An. merus and An. gambiae ZANU. Females mated with F1 males from the ♀An. 
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gambiae ZANU  ♂ An. merus cross produced a similar number of eggs as males from An. 

gambiae ZANU (t=-0.1035, df=4, P=0.9225).  

Later, we continued to investigate if there are differences between the two types of MAGs 

in inducing female monogamy. We used a similar mating assay as described [15]. Since there are 

no apparent differences between An. coluzzii (M form) and An. gambiae (S form) on seminal fluids 

from MAGs [21], we only conducted follow-up experiments on An. coluzzii and considered that 

the conclusion should also apply to An. gambiae. Two days after An. coluzzii females mated with 

hybrid males with different types of MAGs, they were re-mated with An. coluzzii males to check 

the egg hatching. When first-mated with F1 (CxM) hybrid males with collapsed MAGs and 

second-mated with An. coluzzii males, 15 of 20 An. coluzzii individual females laid eggs, and 

among them, eggs from 12 females hatched. By comparison, when first-mated with F1 (MxC) 

hybrid males with normal-like MAGs and second-mated with An. coluzzii males, 17 of 20 

individual An. coluzzii females laid eggs and none of them hatched (Figure 3.4A). The results 

demonstrated that, comparing with F1 males from pure species and the reciprocal crosses, hybrid 

males from crosses between female An. coluzzii and male An. merus failed to induce female 

monogamy. 

3.4.4 Males with collapsed MAGs failed to transfer the MAG substance into the atrium of 

the female reproductive tract 

To figure out the reason of the absolute failure of hybrid males with collapsed MAGs in 

inducing the female monogamous response, we tested if collapsed MAGs can produce essential 

seminal fluid. Since MAGs can produce strong autofluorescence under a GFP filter of the 

fluorescent microscope, we use autofluorescent signals as indicators for protein productions in 

MAGs. The results showed that, compared with pure species, MAGs of hybrid males from both 
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directions of inter-species crosses can produce strong autofluorescent signals, albeit collapsed 

MAGs have a smaller size (Figure 3.5A). Next, we asked if collapsed MAGs could produce 

important MAG substance by testing the expression of genes of 20E hormone formation, mating 

plug formation and MAG-specific acp. Surprisingly, RT-PCR results showed no apparent 

difference existed between pure species and hybrid males on the expression level of those genes 

(Figure 3.6), even though there are species-specific expression of some genes, such as 

AGAP006587 and AGAP009362. 

Since in Figure 3.2B and Figure 3.5A, we have noticed that hybrid male with collapsed 

MAGs also showed abnormal structures of ejaculatory organs, we next investigated if hybrid males 

with collapsed MAGs can transfer MAG substance into female atriums. Here, we used two criteria: 

1) if they can produce mating plugs in the atrium of females and 2) if they have normal copulation 

behaviors. Since mating plugs also have strong autofluorescence within 2 hours post-mating, we 

first tested if there are mating plugs and autofluorescent signals in female atriums by mating An. 

coluzzii females with males from An. coluzzii and inter-species hybrids. Our results showed that 

hybrid males with normal-like MAGs can produce normal mating plugs with strong 

autofluorescence in the female atrium, which is similar to mated females from pure species. In 

contrast, hybrid males with collapsed MAGs failed to produce mating plugs and no fluorescent 

signals have been detected in the atrium of mated females, which is similar to virgin females 

(Figure 3.5B).  The mating plug morphologies under the bright view also showed no evidence that 

hybrid males with collapsed MAGs can transfer any seminal fluid into females (Figure 3.5C). 

Then, we investigated if hybrid males have similar mating behaviors. Similar to pure species, our 

observation showed that both types of hybrid males have normal copulation behaviors (data not 

shown) but hybrid males with collapsed MAGs showed significant shorter copulating time (Figure 
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3.7). Average copulation time between An. coluzzii females and hybrid males with normal-like 

MAGs, 21.4 seconds, are similar to copulation time between An. coluzzii females and An. coluzzii 

males, 20 seconds. In contrast, the average copulation time between An. coluzzii females and 

hybrid males with collapsed MAGs is 10.5 seconds, which is significantly shorter than pure 

species. In addition, spermatheca content from mated females also supported the above 

observations that that mating between parental females and hybrid males occur in the backcrossing 

experiments. We found that rapid circular movements of mature sperms can be seen inside of an 

intact spermatheca isolated from a mated female (data not shown). After a spermatheca is crushed, 

a multitude of motile mature sperms is released and can be easily observed in intra-species crossing 

experiments (data not shown). In contrast, no circular movements of mature sperms can be seen 

inside of an intact spermatheca isolated from a mated female in inter-species crossing experiments 

(data not shown). However, few spermatozoa with large heads and short tails can be identified in 

a crushed spermatheca isolated from a female mated with a F1 hybrid male (Figure 3.7). 

Interestingly, we found an evidence by chance to show the failure of ejaculation behavior of a 

hybrid male with collapsed MAG. The autofluorescence in testis should come from failure of 

ejaculation and the seminal fluid went into the degenerated testis (data not shown). This 

observation is consistent with the short copulation time between An. coluzzii females and hybrid 

males with collapsed MAGs, which may be caused by the abnormal structure of ED (Figure 3.2). 
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3.5 Discussion 

The asymmetry of hybrid sterility or inviability has been first proposed by Darwin, who 

said “The degree of sterility does not strictly follow systematic affinity, but is governed by several 

curious and complex laws. It is generally different, and sometimes wildly different, in reciprocal 

crosses between the same two species” (Darwin 1859). Later, this phenomenon was theorized by 

Turelli and Moyle [7] and named as “Darwin’s Corollary”. Multiple evidences of hybrid 

asymmetry have been found across a wide range of taxa, including mammals [22], fish [23], Toads 

[24], insects [6, 25, 26], nematodes [27], plants [28] and fungi [29]. However, there are no popular 

accepted criteria to quantify the asymmetry phenotype. To be specific, it is easy to regard 

reciprocal F1s as asymmetry if one cross produce fertile F1 generations and the other cross produce 

sterile F1 males and fertile females, but how about those crosses all produce sterile F1 males. Is 

“Darwin’s corollary” as popular as Haldane’s rule? In this study, even though bidirectional crosses 

applied to Haldane’s rule, multiple evidences, including sex ratio, egg to pupae development, 

morphology of the whole male reproductive tract, and male mating behaviors, lead to the 

conclusion that a strong asymmetric hybrid male sterility exists in reciprocal crosses between An. 

gambiae/coluzzii and An. merus (summarized in Table 2). We found mild but opposite pattern of 

sex ratio bias existed in hybrid generations. Our results are similar with Davidson’s results [30] 

but Davidson showed that female An. merus by male An. gambiae always produced 100% sons. 

The speed of egg-to-pupae development difference may contribute to the asymmetric sex ratio 

pattern in hybrid generations. The slow speed of egg-to-adult development of F1 male hybrids 

from the cross of female An. coluzzii or An. gambiae and male An. merus may result either from 

the gain of benefits for hybrid females or from the loss of benefits for hybrid males from these 

crosses.  
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In addition, we found a similar asymmetry phenomenon as previous studies (chapter 6 in 

[11]). Compared with parental species, hybrid males from crosses of female An. coluzzii or An. 

gambiae and male An. merus suffered from a seriously morphological collapse of whole male 

reproductive tracts, including testis, male accessary glands (MAGs) and ejaculatory duct (ED), 

while the morphology of them from the reciprocal cross was almost normal. We have known that 

the collapsed testis resulted from few cells existed in it with spermatogenesis arresting at the early 

pre-meiotic stage [13]. However, we knew little about the contribution of MAGs and ED to the 

hybrid male sterility. Research on sperm-less males with very small testis and normal MAGs, 

induced by RNA interference, has confirmed that it is the MAG, not the sperm, that preserves 

normal male and female behavior of reproduction [15]. In addition, MAGs in An. gambiae are 

known to produce large amounts of the 20E steroid hormone [31] that is transferred to the female 

reproductive tract during copulation and triggers a series of molecular events leading to the 

increased egg production [32]. Mass mating backcrossing experiments showed that hybrid males 

with normal-like MAGs can induce females from pure species to lay a similar amount of eggs as 

males from pure species but hybrid males with collapsed MAGs failed (Figure S1). In addition, 

our results (Figure 4) of consecutive mating experiments are the same as research in the An. 

gambiae complex from Bryan [12], who used a forced or induced mating technique to show that 

male hybrids from crosses ♀ An. gambiae (original species A)  ♂ An. merus or An. melas failed 

to induce female monogamy. Bryan stated that “… the inability of these males to render female’s 

refractory to further copulation would seem to be due to impaired secretory activity of the 

accessory glands. The absence of accessory male gland substance in these males is also indicated 

by the behavior of the females with which they have mated.”(Page 519). To determine if this is 

the reason of their failure in inducing female behaviors, we further tested the formation of the 
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mating plug, a solid mass introduced into females and produced by MAGs in Anopheles 

mosquitoes [33].  

Our results showed that females mated by males with collapsed MAGs showed no mating 

plugs in the atrium, which is consistent with the observation of the failure in inducing female 

monogamy. Nevertheless, MAGs of hybrid males with normal-like and collapsed MAGs both 

showed strong autofluorescence. The failure in forming the mating plug may come from either the 

absence (or insufficiency) of MAG products or the unsuccessful mating. In order to test the first 

possibility, we investigated the expression of genes taking part in 20E hormone pathway [31], 

mating plug formation [34] and MAG acps [35]. Surprisingly, the expression of tested genes is 

similar between pure species and hybrids, even though some genes have species-specific 

expression (Figure 3.6). Based on the expression data and the presence of autofluorescence, we 

considered that the genes in collapsed MAGs could be functionally, at least partially, normal. Then 

we tested the second possibility. We found that male hybrids from cross between female An. 

gambiae/An.coluzzii and male An. merus can mate with females from pure species (Video S3.1 

and S3.2) but showed a decreased copulation time (Figure 3.7) and failed to ejaculate seminal fluid 

from MAGs to form mating plugs (Figure S2). The deduction of copulation time of the hybrid 

males with collapsed MAGs should be associated with failures of transferring mating plugs due to 

the abnormal structure of the ED, which male mosquitoes used to transfer seminal fluids. Based 

on all evidence above, we conclude that the unsuccessful mating was mainly caused by 

underdevelopment of ED, which forbids hybrid males with collapsed MAGs forming the mating 

plug during copulation. 

After almost 55 years, this asymmetry is still robust between An. gambiae/coluzzii and An. 

merus crosses of different lab strains, even though the potential genetic drifts happened. 
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Uniparentally inherited factors, such as sex chromosomes, mitochondria, and epigenetic 

programming or chromosome imprinting, could contribute to the asymmetric reproductive 

isolation [7]. Among those factors, at least the X chromosome disproportionately contribute to 

heterogametic hybrid sterility/lethality in multiple organisms, which is termed as “large X effect” 

[1]. Multiple genetic research on An. gambiae complex has approved the disproportionally effects 

of the X chromosome on hybrid sterility. Curtis [36] examined hybrid sterility in backcrossing of 

An. gambiae and An. arabiensis using an X-linked white-eye marker and demonstrated the large 

effect of X chromosome on male hybrid sterility. This opinion was examined and approved by a 

quantitative trait locus (QTL) mapping approach [37]. More recently, heterochromatin 

polymorphisms of X- and Y- chromosome has been found between different species in An. 

gambiae complex, which may show the possibly evolutionary connection between the 

heterochromatin of sex chromosome and speciation [38]. Later, an introgression of Y chromosome 

from An. gambiae into a background of An. arabiensis showed no apparent influence of Y 

chromosome on male fertility, fitness or gene expression [39]. Facing the fact that the X 

chromosome of An. merus evolves slower than An. coluzzii [10] and the genes on the autosomes 

evolve slower than the X chromosome [40], ignoring the effect of cytoplasm, the genes on the X 

chromosome of An. merus should tolerate more than An. coluzzii when interacting with the same 

hybrid autosome genetic background. We hypothesized that the asymmetry of hybrid male sterility 

in our case comes from multiple functionally ectopic interactions between unidirectional inherited 

genetic factors (e.g. X chromosome genes) and bidirectional inherited genetic factors (autosomes).  

In addition, another important implication of “Darwin’s collary” is that only a small 

number of large-effect DMIs play the main role in asymmetric sterility or inviability [2, 4, 7]. 

Evidences from reciprocal crosses in Drosophila have showed that closely related species tend to 
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produce sterile hybrid males and far related species usually produced inviable hybrid individuals 

[41], which means the Dobzhansky-Muller incompatibility (DMI) contributing to postzygotic 

isolation accumulate gradually and the hybrid sterility and hybrid inviability must controlled by 

different genetic factors [4]. Meanwhile, the theory also predicted that the hybrid male sterility 

evolves faster than hybrid female sterility and hybrid inviability [42]. Based on evidence from 

Drosophila and Anopheles mosquitoes, the general pattern of intrinsic postzygotic barriers 

development during the early stage of speciation is that, hybrid male sterility first only showed up 

in F1 males from one cross. When genetic incompatibilities accumulate, hybrid male sterility 

started to affect reciprocal F1 males with different extents. Then when divergence of species 

continues, the hybrid viability starts to show up in one cross and then both. However, to our 

knowledge, there is little evidence to show how hybrid sterility and lethality itself developed 

between closely related species. As the genetic basic of the hybrid incompatibility is complex, the 

practical guide for future direction to find the key HMS gene in Anopheles mosquitoes is to 

consider asymmetry of hybrid male sterility as an important trait. Obviously, detailed research on 

asymmetry hybrid male sterility with different degrees of atrophies of the whole reproductive 

system from reciprocal crosses of species in An. gambiae complex may give us important hints 

about genetic and molecular mechanisms.  
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Table 3.1 Fertility status of F1 inter-species hybrids of the laboratory strains. 

1 No eggs were obtained from F1 females in backcross experiments between ♀F1 (♀An. gambiae 

ZANU  ♂ An. merus) and ♂ An. merus or An. gambiae ZANU. 

2 One male individual from backcross experiments between ♀ An. merus and ♂ F1 (♀An. merus 

 ♂An. coluzzii MOPTI) was alive and developed into adult. 

  

Crosses Hybrid males Hybrid females 

♀An. merus  ♂An. gambiae ZANU Sterile Fertile 

♀An. gambiae ZANU  ♂An. merus Sterile ?
1
 

♀An. merus  ♂An. coluzzii MOPTI Sterile
2
 Fertile 

♀An. coluzzii MOPTI  ♂An. merus Sterile Fertile 

♀An. merus  ♂An. coluzzii MALI Sterile Fertile 

♀An. coluzzii MALI  ♂An. merus Sterile Fertile 



 
 

82 
 

Table 3.2 A summary of asymmetric inter-species hybrid male sterility in the An. gambiae 

complex 
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Figure 3.1 Female to male sex ratios and daily average percentage of male pupae from inter- 

and intra- species crosses. (A) Female-to-male sex ratios in the F1 generations from inter- and 

intra- species crosses. Each dot represents the value of sex ratio from a single generation. Colored 

dots indicate statistically significant differences compared with sex ratio of 1:1. A horizontal black 

line indicates a standard sex ratio of 1:1. C(G)×M, ♀An. coluzzii (An. gambiae)×♂ An. merus; 

M×C (G), ♀An. merus×♂An. coluzzii(An. gambiae); C×C, ♀An. coluzzii×♂ An. coluzzii; G×G, 

♀An. gambiae×♂ An. gambiae; M×M, ♀An. merus×♂ An. merus. (B) Daily average percentage 

of male pupae in the F1 generations from inter- and intra- species crosses. A horizontal line 

indicates a male percentage of 50%. M  C, ♀An. merus  ♂An. coluzzii MOPTI; C  M, ♀An. 

coluzzii MOPTI  ♂ An. merus. 
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Figure 3.2 Morphology of male reproductive tracts in pure species and hybrids. (A) 

Morphology of male reproductive tracts in male adults from pure species. (B) Morphology of male 

reproductive tracts in hybrid male adults from inter-species crosses A, accessary glands; V, vas 

deferens; T, testis. Scale bar – 0.5 mm. 
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Figure 3.3 Widths and lengths of the male accessary gland (MAG) and the testis in pure 

species and in inter-species crosses. (A) Widths and lengths of the male accessary gland (MAG) 

in pure species and in inter-species crosses. (B) Widths and lengths of the testis in pure species 

and in inter-species crosses. Green box plots represent measurements in pure species and blue and 

red box plots represent measurements in F1 hybrids. M  C, ♀An. merus  ♂An. coluzzii; M  G, 

♀An. merus  ♂An. gambiae; C  M, ♀An. coluzzii  ♂ An. merus; G  M, ♀An. gambiae  ♂ 

An. merus. *P≤0.05, **P≤0.01, and ***P≤0.001. Two-sample pooled t-test was used to calculate 

P-values. 
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Figure 3.4 Number of eggs laid by each of female individuals consecutively mated with males 

form inter-species hybrids and pure species. C  M, ♀An. coluzzii   ♂ An. merus; M  C, ♀ 

An. merus  ♂ An. coluzzii.  
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Figure 3.5 Autofluorescence in male accessary glands and the mating plug. (A) Male accessary 

glands with autofluorescence. (B) The mating plug in the atrium of female reproductive tract with 

autofluorescence and with bright view. The autofluorescence of MAG substance is showed in 

green color. MAG, male accessary gland; ED, ejaculatory duct; T, testis; Ov, ovary; A, atrium; 

MP, mating plug; Sp, spermatheca. Scale bar – 100 μm. 
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Figure 3.6 The RT-PCR analysis on expression of genes in male reproductive tracts. M×C, 

♀An. merus × ♂An. coluzzii MOPTI; C×M, ♀An. coluzzii MOPTI × ♂An. merus. 
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Figure 3.7 Copulation time between females from pure species and males from F1 hybrids 

and pure species. C  M, ♀An. coluzzii   ♂ An. merus; M  C, ♀ An. merus  ♂ An. coluzzii; s, 

seconds. Two sample pooled t-test was used to calculate the P-value.  
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Chapter 4: The repetitive DNA mapping deciphers chromosomal evolution in the Anopheles 

gambiae complex 

Jiangtao Liang and Igor V. Sharakhov 

4.1 Abstract 

Heterochromatin, chromosomal regions identified by histone H3 special epigenetic 

modifications and embedded with repetitive DNA sequences, play important roles in genome 

stability, transcriptional modifications and chromosome structures. Investigations of repetitive 

DNA will improve our understandings on heterochromatin evolution and function. Sibling species 

in the Anopheles gambiae complex provides an ideal model system to study these topics. To clarify 

the molecular organization of heterochromatin, we performed the first comprehensive 

investigation on karyotypes of males in species of the An. gambiae complex, An. coluzzii, An. 

arabiensis, An. quadriannulatus and An. merus. Using published and newfound highly repetitive 

sequences, we designed oligonucleotide probes and carried out fluorescence in situ hybridization 

(FISH) on mitotic/meiotic chromosomes from all these four species. The satellite mapping 

demonstrated that molecular composition of pericentrometric autosomal and sex chromosome 

repetitive DNA differs among sibling species of Anopheles gambiae complex and that 

heterochromatin blocks of chromosomes have distinct compositions of satellite DNA sequences. 

In addition, we discovered that the molecular organization of heterochromatin is more similar 

between An. coluzzii and An. arabiensis than An. quadriannulatus and An. merus, which partially 

agrees with previously published species phylogeny.  

Key words Anopheles gambiae complex, repetitive DNA, fluorescence in situ hybridization, 

oligonucleotide probes, centromere, sex chromosome, chromosomal evolution 
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4.2 Introduction 

Two types of chromatin exist in eukaryotic genome, transcriptionally active euchromatin 

and silent heterochromatin. Heterochromatin originally referred to chromosomal regions with 

condensed chemical staining. Accordingly, it can be mainly categorized into two types, facultative 

heterochromatin and constitutive heterochromatin [1, 2]. The facultative heterochromatin only 

exists in certain cells and special locus, such as mammal inactive X chromosome, and the 

constitutive heterochromatin keeps condensed consistently throughout the cell cycle, such as 

pericentromeric heterochromatin. To date, types of heterochromatin are mainly distinguished by 

special histone post-translational modifications. For example, molecular features of constitutive 

heterochromatin in many eukaryotes can be defined by epigenetic marks, histone H3 lysine 9 

methylation (H3K9me), which can be recognized by H3K9me readers, e.g. heterochromatin 

protein 1 (HP1). The central function of constitutive heterochromatin is to protect the genome 

stability and integrity by suppressing the activities of recombination and transcription of repetitive 

sequences. In addition, it also takes part in transcriptional regulation and centromere/telomere 

function [1, 3].  

Heterochromatic or repetitive DNA sequences, mostly tandem repeats (or satellite DNA) 

and transposable elements (TEs), usually occupied the eukaryotic genomes with a large 

proportions. They largely embed in the heterochromatin of sub-chromosomal regions (centromeres 

and telomeres) and specific chromosomes (sex chromosomes and B chromosomes). These 

previously recognized as ‘junk’, ‘selfish’, or ‘parasitic’ elements have been approved to play many 

critical roles, such as genome function [4], sex chromosomes evolution [5], and reproductive 

isolation [6]. However, our knowledge about them are still limited. One important reason is that, 

due to their repetitive nature, it is difficult to assembly and annotate them properly in the genome. 
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Hence, satellite mappings will improve our understanding of fundamental biological questions on 

repetitive elements and heterochromatin, such as genome structure, evolution, as well as function. 

The Anopheles gambiae complex now includes at least nine partially sympatric sibling 

species [7-9], with nearly indistinguishable morphologies and various epidemiological abilities. 

Phylogenomic analyses estimated species in this complex oriented from 1.85 [10] to 0.526 [11] 

Myrs ago, which makes them perfect materials to investigate evolutionary questions associated 

with satellites and heterochromatin. Early studies on fluorescent bandings of mitotic chromosomes 

have showed that the morphology of heterochromatin on the sex chromosomes are significantly 

different within and between species [12, 13]. The Cot analysis on An. gambiae showed that 

repetitive DNA occupied around 33% of the genome [14]. Later, heterochromatin regions on 

polytene chromosomes were characterized by chromosomal morphologies and immunostaining 

using heterochromatin protein 1 (HP1) [15]. In addition, a series of studies have been 

accomplished to investigate highly repetitive sequences on sex chromosomes and centromeres in 

An. gambiae [16-19]. In detail, two groups of satellites with high copy numbers have been found 

in the genome of An. gambiae, AgY477-like and 53bp satellites [16]. Further research on the Y 

chromosome satellites in the An. gambiae complex has shown that rapid turnover of repetitive 

DNA exist in An. gambiae complex [17]. Besides, differences in the size and structure of the X 

chromosome heterochromatin in An. gambiae complex were also identified [18]. In addition, 

considering the most abundant tandem repeats as centromere DNA, researchers found multiple 

candidate centromeric satellites in An. gambiae and An. merus [19].  

Mapping of repetitive DNA on mosquitoes can empower genome assembly, functional 

genomics, evolutionary biology, and finally boost vector controls. In this study, to decipher 

molecular organization of heterochromatin in the An. gambiae complex, we investigated four 
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species, An. coluzzii, a closest sister species of An. gambiae with no postzygotic isolation, An. 

arabiensis, An. quadriannulatus, and An. merus. We compared karyotypes of males with both 

mitotic metaphase chromosomes from 4th instar larvae imaginal discs and meiotic metaphase (Ⅰ) 

chromosomes from testes. Further more, we utilized multiple repetitive sequence data, including 

potential centromere repeats [19], unpublished contigs and tandem repeats of X chromosome, and 

previous published chromosome satellites and TEs [17], to design oligonucleotide probes, perform 

fluorescence in situ hybridization (FISH), and map them on the metaphase chromosomes. We 

successfully mapped two of potential centromeric tandem repeats, tandem-42345 (AG93) and 

tandem-44606 (AG113), on the meiotic metaphase chromosomes. We approved that AG93 served 

as pericentromeric satellites but AG113 was sex chromosomes specific. In addition, we recognized 

multiple X specific contigs in An. gambiae, which were shared between An.coluzzii and An. 

arabiensis. We also successfully clarified the precise chromosomal distributions of several 

previous published satellites, AgX367, AgY477 and AgY53B, indicating the advantage of 

oligonucleotide probes in satellite mappings. Based on the mapping results, we discovered that 

heterochromatin blocks of chromosomes have distinct compositions of satellite DNA sequences 

in Anopheles mosquitoes and that the molecular organization of heterochromatin is more similar 

between An. coluzzii and An. arabiensis than An. quadriannulatus and An. merus. 

4.3 Methods 

4.3.1 Mosquito strains and colony maintenance 

Laboratory colonies for this study were provided by the Malaria Research and Reference 

Reagent Resource (MR4) at the Biodefense and Emerging Infections Research Resources 

Repository (BEI). These colonies included An. coluzzii MOPTI (MRA-763), An. arabiensis 

DONGOLA 2Ra2Rb3R (MRA-1235), An. quadriannulatus SANGWE (MRA-1155), and An. 

merus MAF (MRA-1156). Mosquitoes were reared at 27±1°C, with 12-hour photoperiod and 
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70±5% relative humidity. Larvae were fed with fish food and adult mosquitoes were fed with 1% 

sugar water. Females were fed on defibrinated sheep blood (Colorado Serum Co., Denver, 

Colorado, USA) using artificial blood feeders for oviposition. 

4.3.2 Chromosome preparation 

Mitotic chromosome preparation were made from imaginal discs of leg and wing from 

early 4th instar larvae of lab colonies, as previously described [20]. Testes were dissected from 

male pupae in 0.075% potassium chloride (KCl) hypotonic solution on a frosted glass slide 

(Thermo Fisher Scientific, Waltham, MA, USA) under a Olympus SZ 61 dissecting microscope 

(Olympus, Tokyo, Japan) as described in [21]. Polytene chromosomes were dissected from 

Christopher’s Stage III ovaries from 28-h half-gravid mosquito females as described in protocol 

[22]. The best preparations with were chosen for further studies. 

4.3.3 Fluorescent in situ hybridization 

Oligonucleotide probes were designed based the sequence of satellites. Sequence of oligos 

were listed in Table S3. Fluorescence in situ hybridization (FISH) was performed following 

previous descriptions [20] with slight modifications. Specifically, slides with good chromosome 

preparations on it were treated for 30 min at 37 °C with 0.1 mg/ml RNase. After washing in 2× 

saline-sodium citrate (SSC) for 5 min twice, chromosomal slides were successively digested with 

0.01% pepsin and 0.037% HCl solution for 5 min at 37 °C. Then slides were washed twice in 1× 

phosphate-buffered saline (PBS) at room temperature (RT) for 5 min and then fixed in 3.7% 

formaldehyde at RT for 10 min. After washing in 1× PBS for 5 min, slides were dehydrated in a 

series of 70%, 90%, and 100% ethanol for 5 min at RT and air dried. Later, 10 μl of probes were 

mixed and added to the preparation locations on the slides. After treating at high temperature for 

a while, preparations were incubated at 37 °C overnight. Then slides were washed in 1× SSC for 

5 min at 60 °C and the 4× SSC/NP40 solution for 10 min at 37 °C, respectively. After washing in 
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1× PBS at RT for 5 min, chromosomes were stained with a DAPI-antifade solution (Life 

Technologies, Carlsbad, CA, USA). After treatment for at least 2 h in the dark, FISH signals were 

visualized with a fluorescence microscope. 

4.3.4 The recognition of X contigs and satellites  

The X contigs were designed based on the pipeline published before [23]. New satellites 

were found using unpublished data with Tandem Repeats Finders [24]. Sequence were compared 

using NCBI blastn tool [25, 26]. 

4.4 Results 

4.4.1 Chromosomal idiograms for sibling species of the An. gambiae complex 

In order to map repetitive DNA and compare their distribution on the chromosomes, we 

constructed chromosomal idiograms using DAPI banding patterns and measurements of both 

metaphase mitotic and meiotic chromosomes in males of An. merus, An. quadriannulatus, An. 

arabiensis and An. coluzzii. DAPI is a fluorescent dye preferentially staining AT-rich DNA. We 

inverted all fluorescence images to gray-scales (Figure 4.1A and 4.1B) to simply the chromatin 

comparison. The results showed that heterochromatin patterns on both sex chromosome and 

autosomes are significantly different between species in the An. gambiae complex but similar 

between mitotic and meiotic chromosomes in the same species. In detail, for autosomes of An. 

merus, there is one heterochromatin block with dark DAPI staining on each side of autosome 2 

and 3. Different from An. merus, centromeres of autosomes 2 and 3 of An. quadriannulatus were 

flanking with one strong DAPI staining and one moderate DAPI staining heterochromatin blocks. 

In comparison, the autosome centromeres were sandwiched by two heterochromatin blocks with 

moderate DAPI staining in both An. arabiensis and An. coluzzii. Compared with autosomes, the 

sex chromosomes are more polymorphic in the An. gambiae complex. In An. merus, the sex 

chromosomes are homomorphic. Long arms of both X and Y have one proximal and one distal 
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heterochromatin block, amid one ribosomal DNA (rDNA) block. In addition, there is one proximal 

heterochromatin block on the short arm of each sex chromosomes and an additionally distal 

euchromatin region on the X. In An. quadriannulatus, the sex chromosomes are moderately 

homomorphic with each other. On the short arm of both sex chromosomes, there is one 

heterochromatin block with moderate DAPI staining. On the long arms of X and Y, both of them 

have two heterochromatin blocks with one rDNA block in the middle. Compared with X, the Y of 

An. quadriannulatus has a larger distal heterochromatin block but a smaller rDNA locus. Besides, 

the euchromatin locates on the distal end of the long arm of X. In An. arabiensis, the X and Y are 

heteromorphic. From the proximal to distal ends of the X located one heterochromatin block with 

moderate DAPI staining, one heterochromatin block with strong DAPI staining, rDNA locus, and 

euchromatin. The whole Y chromosome was stained moderately with DAPI. Similarly, sex 

chromosomes in An. coluzzii are heteromorphic. However, the X chromosome has one strong 

DAPI stained heterochromatin block proximally, followed by one rDNA locus, one moderate 

DAPI strained heterochromatin, and one distal euchromatin. The whole Y chromosome was 

stained strongly with DAPI. The positions of rDNA loci in tested species were based on published 

FISH data [17, 18].  

We constructed the idiograms (Figure 4.1C) mainly depending on the chromosome length 

and banding patterns of meiotic metaphase Ⅰ chromosomes and modified them using several 

published idiograms [12, 18]. The heterochromatin bands in black and dark gray were 

characterized by either strong or moderate DAPI staining and the euchromatin bands in light-gray 

regions were recognized by light DAPI staining. Even though the chromosomal morphologies are 

similar between mitotic and meiotic chromosomes in the same species, we still found some 

difference. For example, compared with mitotic chromosomes, meiotic chromosomes showed 
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some special characters. In detail, meiotic metaphase chromosomes displayed more clearly 

constricted centromere regions. Besides, euchromatin arms on sister chromatids of mitotic 

metaphase chromosomes separated from each other, while meiotic arms attach with each other 

along the whole arms (Figure 4.1A and 4.1B).   

4.4.2 Mapping of the centromeric satellites 

Since the constricted centromere regions on meiotic Metaphase Ⅰ chromosomes are more 

noticeable, we decided using them to perform centromere satellite mappings. Assuming the most 

abundant tandem repeats as centromere DNA, we chose potential centromeric satellites recognized 

by Melters et al. [19] to design oligonucleotide probes. Blastn results showed that three listed 93nt 

tandem repeats from An. gambiae, An. gambiae M and An. gambiae S are actually the same 

satellite with different orientation. In order to design probes, we chose the sequence of An. 

gambiae, tandem-42345, to design the oligoncletide probe and named it as satellite AG93. In 

addition, we also found that the sequence of AG93 was highly conserved in An. gambaie complex. 

Mapping of oligo_AG93 is shown in Figure 4.2A.  Instead of going to centromeres, satellite AG93 

located on the pericentromeric regions of autosomes 2 and 3 in An. coluzzii with a symmetric 

pattern. There are no signals on the sex chromosomes. Interestingly, FISH of this satellite on An. 

arabiensis showed exactly the same symmetric pattern as An. coluzzii on the autosomes and no 

signals on the X and Y. Signals on chromosomes of An. quadriannulatus showed different patterns, 

that satellites were only hybridized on one side of pericentromeric regions of  autosomes and a 

tiny signal on the Y. Mapping patterns of AG93 on the autosomes of An. merus were similar as 

An. quadriannulatus, but An. merus has one additional signal on the pericentromeric regions of 

both X and Y chromosomes.  
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As satellite AG93 is a pericentromere but not centromere satellite, we decided to test 

another tandem repeat of 113nt with high copy numbers on the genome, tandem-44606, and named 

it as AG113. The blastn result showed that similar sequece also exist in other tested species. We 

designed oligonucleotide probes and FISH results (Figure 4.2B) showed that AG113 is an X-

specific satellite, locating on the heterochromatin block between euchromatin and the rDNA loci. 

In An. arabiensis, relatively weak signals existed on the proximal heterochromatin block of X and 

distributed across the whole Y chromosome. In An. quadriannulatus, there are two signals on both 

X and Y with homomorphic patterns. One signal occupied the heterochromatin block of the short 

arm and the other one located on the proximal heterochromatin near the rDNA loci of the long 

arm. In An. merus, signals were mainly found on the pericentromeric region of autosome 2 with 

some weak signals on sex chromosomes.  

4.4.3 Recognitions and Mapping of the potential X-specific satellites in the An. gambiae 

complex 

Multiple contigs potentially belong to X-specific satellites in An. gambiae/coluzzii (Figure 

4.3) were found. In order to find their locations on the genome, we focused on those eleven contigs 

with hit numbers >4000 to investigate their specificities and locations on the genome. Among 

them, four contigs, including contig_436, contig_545, and contig_547, are identical to previously 

recognized Y satellites. Then, we designed oligonucleotide probes for the rest of them and 

performed FISH on An. coluzzii male mitotic chromosomes. The results showed that all tested 

oligonucleotide probes but oligo X_93 have bright and specific signals on the proximal 

heterochromatin block of the X chromosome. In contrast, oligo X_93 has a weak signal on this 

block, with an additional bright signal on the heterochromatin block between the rDNA locus and 

the euchromatin. Next, since these seven contigs are X chromosome specific, in order to figure out 
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X chromosome molecular pattern in An. gambiae complex, we utilized these oligonucleotide 

probes to do FISH on other species. Surprisingly, all tested oligoes strongly hybridized to the big 

heterochromatin block on the X chromosome of An. arabiensis. In contrast, only two oligoes (oligo 

X_66 and oligo X_93) and one oligo (oligo X_68) have relatively bright and specific signals on 

the X and Y of An.  quadriannulatus and An. merus, respectively. The rest of oligonucleotide 

probes have either weak and/or unspecific signals on chromosomes of these two species. 

4.4.4 Mapping of the X and Y satellites in the An. gambiae complex 

In order to further investigate the evolution of sex chromosomes in species of An. gambiae 

complex, we also did FISH using oligonucleotide probes of other published satellites [16, 17], 

AgY477, AgX367 and AgY53B. There are few reasons we chose these three satellites. Firstly, 

except for a 110bp deletion, AgX367 is highly identical with AgY477 [17]. AgX367 and Ag477 

have been approved to be female- and male- specific, respectively, in An. gambiae [27]. Using 

these two satellites, we can investigate the homology between X and Y in An. coluzzii as well as 

in other species. Secondly, we occasionally found that the previously published AgY53B FISH 

results [17] used probes of the AgY477- AgY53B junction region [18] instead of AgY53B 

monomer. Comparison between FISH signals of PCR-produced probes have approved the signal 

overlapping between AgY477-AgY53B and AgY477 [18]. As a result, we decide to elaborate the 

position of AgY53B monomer, as well as AgX367 and AgY477, in the An. gambiae complex. 

Since some X chromosome contigs (X contigs) have been approved identical to AgY477 and 

AgX367 shown in Figure 4.3 and AgY477 is identical to AgY373, we firstly compared sequence 

of AgY477 and AgX367 vs. all X contigs. Results showed that multiple sequence alignments exist 

between certain X-contigs and full AgX367 and partial AgY477. Then we designed the 

oligonucleotide probe AgY477-1, which should only detect AgY477, and the oligonucleotide 
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probe AgY477-3, which should detect both AgY477 and AgX367. Positions of oligoes and the 

identity between X contigs and AgY477/AgX367 were shown in Figure 4.5B.  

Then we performed FISH using oligonucleotide probes AgY477-1 and AgY477-3 on 

chromosomes of An. coluzzii, An. arabiensis, An. quadriannulatus and An. merus (Figure 4.5A). 

As expected, AgY477-1 is Y specific and a strong signal located on a restricted region in the 

middle of Y chromosomes. No signals were found in An. arabiensis and An. quadriannulatus but 

strong signals occupied almost most of the two heterochromatin blocks flanking rDNA on the long 

arms of both X and Y chromosomes in An. merus. In addition, the signal on the proximal 

heterochromatin block of Y is stronger than that of X. Next, we investigated the localizations of 

oligo AgY477-3. Results showed that both X and Y of An. coluzzii have strong signals and the 

signal of oligo AgY477-3 shares the same location with AgY477-1 on the Y. In An. arabiensis, 

signals of oligo Ag477-3 exist on the proximal heterochromatin block with moderate DAPI 

staining and the whole Y chromosome. In An. quadriannulatus, strong signals can be found on 

proximal pericentromeric heterochromatin blocks of short and long arms of sex chromosomes and 

on proximal pericentromeric heterochromatin blocks of one arm of the autosome 3. Similarly, An. 

merus showed a similar pattern, that the signals locate on one proximal pericentromeric 

heterchromatin block on the long arm of both X and Y and on one arm of the autosome 2.  

Based on results above, the sequence of oligo AgY477-3 is conserved between X and Y 

across all four species in the An. gambiae complex. Surprisingly, except for the Y chromosome of 

An. coluzzii, additional signals exist on the sex chromosome of An. merus. However, PCR results 

on males and females showed that AgY477 is specific to An. coluzzii males (Figure 5C), indicating 

that certain satellites containing similar sequence of oligo AgY477 may exist on sex chromosomes 

of An. merus. Even though AgX367 is conserved in all tested four species based on PCR results, 
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since lacking sex chromosome satellite information in other species, we cannot clarify which sex 

chromosome satellites the signals of oligo AgY477-3 belong to in tested species, except for An. 

coluzzii. In An. coluzzii, integrating all evidence above, including mapping of oligoAgY477-1 and 

oligoAgY477-3, sequence comparison, and PCR results, we are confident to approve that the 

location of merged signals of AgY477-1 and AgY477-3 on the Y belongs to AgY477 and the 

signal on the X belong to AgX367 (position information also see Figure 4.7B). Besides, we noticed 

that AgY477-1 has a relative stronger signal that AgY477-3, indicating the signals of AgY477-1 

also include AgY373, based on the fact that sequence of oligo AgY477-1 is shared by Ag477 and 

AgY373 (Figure 4.5B).  

Next, we designed another oligo probe, oligo mopti53B, to detect the location of AgY53B 

monomer. PCR on AgY53B monomer and AgY477-AgY53B junction region in four species 

showed that both monomer and junction sequences only exist in males of An. coluzzii and An. 

arabiensis (Figure 4.6B and 4.6C). FISH results showed that, different from mappings of 

AgY53B-AgY477 junction region [17], the oligo probe of AgY53B specifically hybridized to the 

proximal and distal ends of Y chromosomes of both An. arabiensis and An. coluzzii. However, we 

also found weak signals on both sex chromosomes of An. merus, which possibly come from 

unspecific binding on a similar satellite. 

4.4.5 Heterochromatin structures on sex chromosomes of species in the An. gambiae 

complex 

Based on mapping of oligoes, we found an interesting phenomenon that, instead of random 

distributions, satellites in heterochromatin blocks distribute in clusters on metaphase mitotic 

chromosomes. In detail, oligoes of X chromosome contigs (except for contig_126) and AgX367 

shared the proximal heterochromatin half-and-half. The oligo X_93 (contig_126) and oligo AG113 
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(satellite AG113) shared the heterochromatin between rDNA and euchromatin. Since the whole Y 

chromosome of An. coluzzii is heterochromatic, we investigated the distributions of 

heterochromatin block more carefully, using oligo AgY477-1 (AgY477), oligo mopti53B 

(AgY53B) and zanzibar transposons [17]. Results showed that, similar to X, repetitive DNA on 

the Y of An. coluzzii also showed a clustered pattern. Results in Figure 7A showed that, from 

proximal to distal ends, the distributions of repeptitive DNA blocks on the Y chromosome are 

AgY53B, AgY477/AgY373, zanzibar, AgY53B, zanzibar, and AgY53B (see the diagram in 

Figure 7B).  

4.5 Discussion 

With low numbers of diploid chromosomes (2n=6), mosquitoes provide ideal models for 

cytogenetic research [28]. Well-developed polytene chromosomes in Anopheline mosquitoes are 

often used for gene physical mappings [29] and genomic variation analyses on euchromatin 

regions [30]. However, low-replicated level of heterochromatin regions on centromeres, telomeres, 

and sex chromosomes make polytene chromosomes unsuitable for precise mappings of repetitive 

DNA. In contrast, metaphase mitotic and meiotic chromosomes are more suitable to investigate 

the heterochromatin structure and evolution of the centromeres and sex chromosomes of 

mosquitoes. Early studies on the Anopheles gambiae complex have approved that, even in closely 

related species, morphology of mitotic karyotypes manifested various fluorescent banding patterns 

on sex chromosomes [12, 13]. Recently, comparative analysis of the X chromosome pericentric 

heterochromatin in An. gambiae complex identified fixed variations on DAPI patterns, the number 

of heterochromatic bands and chromosomal locations of repetitive DNA [18]. Here, our 

comprehensive investigations on metaphase chromosomes demonstrated that molecular 

composition of pericentrometric autosomal and sex chromosome repetitive DNA differs among 

sibling species of the Anopheles gambiae complex. However, the molecular organization of 
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heterochromatin is more similar between An. coluzzii and An. arabiensis than An. quadriannulatus 

and An. merus. In addition, heterochromatin blocks of chromosomes have distinct compositions 

of satellite DNA sequences. 

Studies on plants, insects, mammals and human have approved that metazoan centromere 

regions mainly consisted of tandem repeats interspersed with transposable elements [31-34]. 

Besides, satellites were also found in pericentromeric heterochromatin [35]. Even though no 

complete centromere sequences in mosquitoes have been published, Ag53C was reported as an 

potential centromeric satellite in An. gambiae [16] and An. coluzzii [18]. Our results showed that 

satellite AG93 severed as pericentromeric satellites, hybridized to pericentromeric 

heterochromatin regions, or pericentromeres, of metaphase autosomes of all tested species in An. 

gambiae compelx. Pericentromeres are essential for accurate chromosome segregations in mitosis 

[36].  Pericentromeric satellites were also approved to be of functional importance in genome 

packaging with the help of  DNA binding proteins in cells of Drosophila melanogaster and mouse 

[37]. In addition, physical mappings of satellite AG93 supported that autosome centromeres evolve 

fast in the An. gambiae complex potentially by a progress called “centromere repositioning” [38], 

depending on the fact that AG93 locates on both side of autosome centromeres in An. coluzzii and 

An. arabiensis but on only one side of autosome centromeres in An. quadriannulatus and An. 

merus. The shift between relative positions of satellite AG93 and the restricted centromere core in 

the An. gambiae complex can be explained by certain “sudden events”, such as inversions or 

relocations of centromere specific histone 3, CENP-A [38]. 

Except for centromeres, sex chromosomes are other main components of repetitive DNA 

on the genome. Similar to most Diptera insects, mosquitoes belong to male heterogametic sex 

determination systems (X/Y systems) [39]. Unlike Aedes and Culex, sex chromosomes of which 
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carry complete homologous sequences, with only a single sex determination locus difference, and 

are morphological indistinguishable, Anopheles mosquitoes possess heteromorphic X and Y [40]. 

Repetitive DNA mappings have been used to investigate sex chromosome evolutions in multiple 

organisms, including plant [41], fish [42], and insect [43]. In general, repetitive DNA continue to 

accumulate on both sex chromosomes, especially the Y. Research on the An. gambiae complex 

have showed that satellite DNA accumulated on both X and Y and transposable elements (TEs) 

mainly accumulated on the Y [17, 18]. However, the detailed locations of main satellites on both 

X and Y were still unclear. Compared with traditional satellite fluorescent probes produced by 

PCR, we demonstrated that oligonucleotide probes worked better on mappings of high-copy 

repetitive DNA sequences. Our precise mappings on previously recognized satellites AgX367, 

AgY477, AgY53B and newfound X chromosome contigs demonstrated rapid turnover of sex 

chromosome heterochromatin regions. In addition, results of oligonucleotide AgY477-3 

demonstrated that partially homologous satellites, like AgY477 on Y and AgX367 on the X, exit 

on sex chromosomes of both inter- and intra- species. These shared sequences on different 

satellites may function as sex chromosome pairing sites, similar as the intergenic spacer of 

ribosomal DNA repeats D. melanogaster males [44]. We also provided strong evidences to show 

that groups of these highly copied satellites did not distribute randomly on the sex chromosomes 

but clustered in multiple heterochromatin blocks. The repetitive sequence distribution on X and Y 

of An. coluzzii also demonstrated that sex chromosome specific satellites locate on the unpairing 

regions, which may accelerate the evolution of X and Y. 

Rapidly evolving heterochromatin and repetitive DNA have been approved to cause 

reproductive isolation and hybrid malfunction of interspecies hybrids [45], indicating their 

important functions in speciation and evolution. Our study on F1 male hybrids from ♀An. merus 
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× ♂An. coluzzii showed that meiotic failures are accompanied with interrupted sex chromosome 

pairing and chromosome condensation [21], which indicating differences in heterochromatin may 

contribute to hybrid incompatibilities. In addition, since hybrid male sterility phenotypes changed 

on crossing directions and parents [21], the level of sex chromosome inter-species variation may 

contribute to extents of hybrid malfunction. With the help of popular accepted species phylogeny 

[10, 11], we tried to explain the potential chromosome evolution in the An. gambiae complex using 

satellite mappings on both autosomes and sex chromosomes. The species phylogeny showed that 

An. merus is more closed to ancestor species and our mappings agreed with that, based on the 

highly homomorphic sex chromosomes and residuals of autosomal centromere satellite AG93. 

However, we met some contradictory phenomenon when try to fit the chromosome evolution with 

the species phylogeny of An. quadriannulatus, An. arabiensis and An. coluzzii. We found that An. 

arabiensis showed a strong similarity with An. coluzzii both on autosomal distributions of satellite 

AG93 and on contents of sex chromosome satellites and AgY53B. Based on the phylogeny, An. 

quadriannulatus is evolutionarily closed with An. arabiensis, which means, during evolution, An. 

quadirannulatus had to “kick out” most X monomers but gained more other satellites on both sex 

chromosome and euchromosome heterochromatin of autosomes. It is difficult to explain this 

phenomenon, unless those shared satellites between An. arabiensis and An. coluzzii are associated 

with recombination of large heterochromatin blocks of both autosome centromeres and sex 

chromosomes or with adaptation. Nevertheless, such large portions of heterochromatin 

recombination between two species was impossible because of the low recombination characters 

of heterochromatins. Since the repetitive regions of genomes in sibling species are still not fully 

resolved in the An. gambiae complex, future explorations on these genomic “black holes” can help 

us to fully understand their roles in chromosome evolution and speciation.  
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Figure 4.1 Metaphase chromosome karyotypes in the An. gambiae complex. (A) mitotic 

chromosomes, (B) meiotic chromosomes, and (C) corresponding idiograms in An. merus, An. 

quadriannulatus, An. arabiensis and An. coluzzii. Chromosomes were stained with DAPI and 

showed in black and gray. Heterochromatin regions are shown in black bands (strong DAPI 

staining) and dark gray bands (moderate DAPI staining); euchromatin regions are shown in light 

gray (light DAPI staining); rDNA loci are shown in white bands; and the constriction regions 

indicate the potential centromeres. X, X chromosome; Y, Y chromosome; 2, the second autosome; 

3, the third autosome. Scale bar – 1μm.  
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Figure 4.2 Mapping of satellites AG93 and AG113 on metaphase chromosome in species of 

the An. gambiae complex (A) satellite AG93 and (B) satellite AG113 in An. merus, An. 

quadriannulatus, An. arabiensis and An. coluzzii. Oligonucleotide probes oligo_AG93 and 

oligo_113 were both labeled with Cy3 (red) and chromosomes were stained with DAPI (blue). 

Signals of oligo_AG93 and oligo_113 were also shown in inverted white scale images. 

Arrowheads point to the positions of FISH signals. X, chromosome; Y, Y chromosome; 2, the 

second autosome; 3, the third autosome. Scale bar – 1μm. 
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Figure 4.3 Hits and frequencies of potential X contigs in An. gambiae. Contigs with high hits 

and frequence were used to design oligo probes to test the specificity and location of X contigs. 

(Data provided by Philippos Aris Papathanos and Nikolai Windbichler) 
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Figure 4.4 Mapping of X_contigs on metaphase chromosomes in species of the An. gambiae 

complex. Oligonucleotides were labeled with Cy3 (red) and chromosomes were stained with DAPI 

(blue). Arrowheads point to the positions of FISH signals. X chromosome; Y, Y chromosome. 

Scale bar – 1μm. 
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Figure 4.5 Mapping of satellites AgX367 and AgY477 on metaphase chromosome in species 

of the An. gambiae complex and corresponding sequence information. (A) Mapping of 
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oligo_AgY477-1 and oligo_AgY477-3 in An. merus, An. quadriannulatus, An. arabiensis and An. 

coluzzii. Oligo_AgY477-1 and oligo_AgY477-3 were labeled with Cy5 (green) and Cy3 (red), 

respectively, and chromosomes were stained with DAPI (blue). Arrowheads point to the positions 

of FISH signals with colors same as corresponding oligoes. Signals of oligo_AG93 and oligo_113 

were also shown in inverted white scale images. X, X chromosome; Y, Y chromosome. Scale bar 

– 1μm. (B) Schematized sequence relationship of AgX367, AgY477, AgY373, oligoes AgY477-

1 and AgY477-3, and Xcontigs. The schemes of AgX367, AgY477 and AgY373 were modified 

from Hall et al. (2016). Numbers on the tops of schemes indicate the nucleotides corresponding to 

the sequence of AgY477. The arrows manifest the position and direction of PCR primers for 

AgX367/AgY477. (C) PCR results of AgX367/AgY477 in males and females of An. merus, An. 

quadriannulatus, An. arabiensis and An. coluzzii. The arrows point to PCR products of AgX367 

and AgY477. M, males; F, females; col., An. coluzzii; arab., An. arabiensis; quad., An. 

quadriannulatus; mer., An. merus. 
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Figure 4.6 Mapping of the satellite AgY53B on metaphase chromosome in species of the An. 

gambiae complex and corresponding sequence information. (A) Mapping of satellite AgY53B 

in An. merus, An. quadriannulatus, An. arabiensis and An. coluzzii. Oligo_mopti53B was labeled 

with Cy5 (yellow) and chromosomes were stained with DAPI (blue). Arrowheads point to the 

positions of FISH signals. Signals of oligo_mopti53B were also shown in inverted white scale 

images. X, X chromosome; Y, Y chromosome. Scale bar – 1μm. (B) The scheme of the AgY477-

AgY53B junction region (AAAB01004339.1). The arrows indicated the position and direction of 

PCR primers for the AgY477-AgY53B junction region and AgY53B monomers. (C) PCR results 

of primer pairs 124234FR (AgY477-AgY53B junction) and 124234F2R (AgY53B monomer) in 

males and females of An. merus, An. quadriannulatus, An. arabiensis and An. coluzzii. M, males; 

F, females; col., An. coluzzii; arab., An. arabiensis; quad., An. quadriannulatus; mer., An. merus. 
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Figure 4.7 Satellite block distribution patterns on metaphase and interphase sex 

chromosomes in An. coluzzii. (A) Mappings of AgY53B, oligo_AgY477-1 and zanzibar on the 

Y of mitotic metaphase chromosome in An. coluzzii. Arrowheads point to the positions of FISH 

signals with colors same as corresponding oligoes. Signals of oligo_mopti53B, oligo_AgY477-1 

and zanzibar were also shown in inverted white scale images. X chromosome; Y, Y chromosome. 

Scale bar – 1μm. (B) Schematic distributions of main satellites on X and Y chromosomes of An. 

coluzzii. 
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5.1 Abstract 

Spatial organization of chromosome territories and interactions between interphase 

chromosomes themselves, as well as with the nuclear periphery, play important roles in epigenetic 

regulation of the genome function. However, the interplay between inter-chromosomal contacts 

and chromosome-nuclear envelope attachments in an organism’s development is not well-

understood. To address this question, we conducted microscopic analyses of the three-dimensional 

chromosome organization in malaria mosquitoes. We employed multi-colored oligonucleotide 

painting probes, spaced 1 Mb apart along the euchromatin, to quantitatively study chromosome 

territories in larval salivary gland cells and adult ovarian nurse cells of Anopheles gambiae, An. 

coluzzii, and An. merus. We found that the X chromosome territory has a significantly smaller 

volume and is more compact than the autosomal arm territories. The number of inter-

chromosomal, and the percentage of the chromosome–nuclear envelope, contacts were conserved 

among the species within the same cell type. However, the percentage of chromosome regions 

located at the nuclear periphery was typically higher, while the number of inter-chromosomal 

contacts was lower, in salivary gland cells than in ovarian nurse cells. The inverse correlation was 

considerably stronger for the autosomes. Consistent with previous theoretical arguments, our data 

indicate that, at the genome-wide level, there is an inverse relationship between chromosome-

nuclear envelope attachments and chromosome–chromosome interactions, which is a key feature 

of the cell type-specific nuclear architecture.  

Keywords: Anopheles; polytene chromosomes; malaria mosquito; microscopy; nuclear 

architecture; nuclear envelope; ovarian nurse cells; salivary gland cells; oligonucleotide painting 
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5.2 Introduction 

A growing body of evidence indicates that chromosomes in interphase cell nuclei possess 

characteristic three-dimensional (3D) organization [1-5]. Three features of global chromosome 

organization are particularly well-established. First, chromosomes are organized in territories, in 

which each chromosome occupies a distinct spatial region of the nucleus [1, 6, 7]. Chromosome 

territories have been detected in numerous organisms, such as worms [8], fruit flies [9], humans 

[10], primates [11, 12], mice [6, 13], and plants [14, 15]. These territories are microscopically 

visible by observing giant polytene chromosomes [16] or by painting non-polytene chromosomes 

with fluorescent labels [8, 17-21]. Second, neighboring territories facilitate chromosome–

chromosome (Chr–Chr) interactions [22] while limiting chromosome entanglement, possibly by 

specific chromosome folding [23]. Interactions within (intra-) and between (inter-) chromosomes 

are mapped using fluorescence in situ hybridization (FISH) [24] and cross-linking techniques, such 

as Hi-C [10, 22, 25-27]. Third, statistically significant high frequency contacts exist between 

certain chromosomal loci and the nuclear envelope (NE). The chromosome–nuclear envelope 

(Chr–NE) attachments have been observed directly in polytene chromosomes of Drosophila 

melanogaster [16, 28-30] and Anopheles mosquitoes [31-35] by light microscopy. They also were 

inferred in regular interphase chromosomes using transmission electron microscopy [36] or 

DamID [37, 38], a genome-wide molecular mapping approach in which DNA adenine 

methyltransferase (Dam) fuses to protein lamin, leaving a stable adenine-methylation “footprint” 

in vivo at the interaction sites [25, 39]. 

In recent years, 3D chromatin organization has received special attention with respect to 

the role of epigenetic regulatory processes in the genome function. The relative position of 

chromosome territories has been correlated with transcription, suggesting a role of 3D organization 
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in modulating the co-expression of gene clusters [26, 27, 40, 41]. Techniques, such as FISH and 

Hi-C, have revealed that active genes of the same or different chromosome territories cluster 

together in specific spatial regions inside the nucleus [22, 25-27]. For example, the intermingled 

regions between two heterologous chromosomes are enriched in the transcriptionally active gene, 

in phosphorylated RNA Pol II, and in regulatory histone modifications [27]. Attachments of 

chromosomes to the nuclear periphery suppress movement of the anchored genomic loci in human 

cells [42, 43]. Multiple genome-wide mapping studies show that, in Drosophila and human nuclei, 

it is the gene-poor and transcriptionally repressed regions that tend to form high-frequency contacts 

with nuclear lamina, a structural peripheral meshwork of lamin and lamin-associated proteins [37, 

38, 44-46]. Histone H3 methylation is a common feature of chromosome regions, with properties 

that allow for NE attachment in worms and mammals [47-49]. The deficiency of Lamin B1 in 

human DLD-1 cells triggers the relocation of the repressive H3K27me3 epigenetic mark from the 

NE toward the interior of the nucleus [50]. 

Using computational and experimental approaches, several studies have addressed the 

problem of relationships between the two types of spatial interactions involving chromosomes, 

Chr–Chr and Chr–NE [50-53]. These studies demonstrate that attachments of chromosomes to the 

nuclear periphery may affect the 3D organization in many ways. Specifically, several key features 

differ between chromosomes with and without Chr–NE attachments in simulated fruit fly nuclei. 

Chromosomes with Chr–NE attachments form more distinct territories and have less frequent 

contact with each other than chromosomes without Chr–NE attachments [51, 53]. These results 

have biological significance: Chr–NE attachments may affect Chr–Chr contacts, where actively 

transcribed genes co-localize and share sites of transcription. In agreement with the computational 

predictions, a recent study demonstrated that the depletion of lamin enhances interactions between 
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active and inactive chromatin inside the nucleus by reducing stretching of interphase chromosomes 

in the D. melanogaster S2 cell line [52]. However, it is still unclear as to the relationships between 

Chr–NE and Chr–Chr interactions when comparing different cell types within an organism. 

Several recent studies have renewed interest in the 3D genome organization of polytene 

chromosomes because of the discovery of the correspondence between polytene chromosomes and 

their non-polytene counterparts [54-57]. Seminal work in the 1980s demonstrated unique 3D 

chromosome organization in four different somatic tissues of D. melanogaster: the salivary gland, 

the prothoracic gland, the hindgut, and the middle midgut [16, 28-30]. These studies used confocal 

microscopy to reconstruct optically sectioned images of polytene chromosomes, and directly 

observe chromosome territories, chromosomal interactions, and Chr–NE attachments. Polytene 

chromosomes contain 1024 bound replicas of DNA that form a bundled fiber that is visible with a 

light microscope, thus, allowing analyses at a higher resolution. Chromosomes in salivary glands 

and prothoracic nuclei occupy distinct territories and display the Rabl configuration, with 

chromosome centromeres and telomeres clustered at opposite ends of the nucleus. Both features 

are less pronounced in hindgut nuclei and are conspicuously absent in midgut nuclei. Tissue-

specificity in the number and location of NE-attachments along the chromosomes has also been 

directly observed in the fruit fly [29]. However, in no tissue did the study find evidence for specific 

interactions between a certain pair, or small groups, of chromosomal loci. It remains unknown if 

the cell type-specific Chr–NE attachments have any effect on the frequency of Chr–Chr 

interactions. 

Early cytogenetic works on malaria mosquitoes from the Eurasian Anopheles maculipennis 

complex were among the first to demonstrate cell type-specific features of chromosome 

attachments to the NE in the nuclei of soma (salivary gland cells and malpighian tubules) and 
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germline (ovarian nurse cells) [32, 34]. In addition, essential differences in Chr–NE attachments 

among sibling species of the An. maculipennis complex have been identified [31]. Unlike the 

studies in Drosophila [16, 28-30], the studies in Anopheles focused on NE-attachments formed by 

a few major heterochromatic regions of chromosomes [31-34, 58]. Therefore, the relationships 

between other chromosomal regions and the nuclear periphery remain unexplored in malaria 

mosquitoes. The African An. gambiae complex consists of at least nine morphologically, and 

nearly indistinguishable, sibling species of malaria mosquitoes [59-61]. Genomes of several 

representatives of the complex have been sequenced [62] and the genome of An. gambiae has been 

mapped to polytene chromosomes [63-65]. Genome-based estimations of the age of the An. 

gambiae complex vary from 1.85 [66] to as young as 0.526 million years [67]. These species have 

superior quality polytene chromosomes in both somatic and germline tissues [59, 68]. In contrast, 

only a few Drosophila mutants, such as otu11 [69, 70] and CapH2 [71, 72], can develop polytene 

chromosomes in ovarian nurse cells. Therefore, malaria mosquitoes provide a critical advantage 

for studying 3D chromosome organization in development and evolution. 

In this work, we studied higher order polytene chromosome organization in malaria 

mosquito species from the An. gambiae complex. Here, we utilized chromosome arm-specific 

oligonucleotide probes and confocal microscopy to construct 3D images of single nuclei from 

salivary glands and ovarian nurse cells in three mosquito species. A novel aspect of our 

experimental approach is that the pattern of labeling along each arm was intentionally segmented 

into a series of separate bands. As a corollary, pairwise distances between bands in the 

reconstructed 3D images can be used to quantify the relative abundance of inter-chromosomal 

interactions. This information is typically lost in labeling schemes that uniformly coat each 

chromosome with color. The radial location of each labeled band is used to measure the relative 
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abundance of Chr–NE interactions. In this study, three specific questions were asked: (i) Do 

different chromosome territories in the malaria mosquitoes have similar levels of compaction? (ii) 

Do somatic and germline cell types differ in Chr–NE and Chr–Chr contacts? (iii) Are chromosome 

territories organized differently in closely related species of mosquitoes?  

5.3 Materials and Methods 

5.3.1 Mosquito Species and Strains 

Laboratory colonies of An. coluzzii MOPTI (MRA-763), An. gambiae ZANU (MRA-594), 

and An. merus MAF (MRA-1156) were obtained from the Biodefense and Emerging Infections 

Research Resources Repository (BEI). Authentication of the species was performed by a 

cytogenetic analysis of polytene chromosomes [59] and by PCR diagnostics based on the ITS2 

rDNA spacer [73, 74]. Mosquitoes were reared at 27 ± 1 °C, with 12-h light/dark cycles and 70% 

± 5% relative humidity. Larvae were fed fish food and adult mosquitoes were fed 1% sugar water. 

To induce ovarian development and oviposition, females were fed defibrinated sheep blood 

(Colorado Serum Co., Denver, Colorado, USA) using artificial blood feeders. 

5.3.2 Isolation of Tissues 

Christopher’s Stage III ovaries from 28-h half-gravid mosquito females were dissected and 

stored in Carnoy’s solution (3:1 methanol/acetic acid) for confocal analysis with YOYO-1 staining 

and for 2D FISH. After overnight storage at room temperature, ovaries were kept at 4 °C until used 

for experiments. Salivary glands were dissected from the 4th instar mosquito larvae fixed in 

Carnoy’s solution and stored at 4 °C for approximately two weeks. Ovaries and salivary glands 

with good-quality polytene chromosomes were identified for confocal analysis with YOYO-1 

staining, and for 2D FISH by a regular squash technique. For 3D FISH, ovaries from 10 to 15 half-

gravid females and salivary glands from 10 to 15 4th instar larvae were dissected into Buffer A 
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(60 mM KCl, 15 mM NaCl, 0.5 mM spermidine, 0.15 mM spermine, 2 mM EDTA, 0.5 mM EGTA, 

and 15 mM PIPES) [18] until the completion of the collection prior to pre-hybridization. 

5.3.3 Design of Oligonucleotide Probes 

The AgamP4 assembly of the An. gambiae PEST genome was used as the reference 

genome for probe development [63, 64]. Oligonucleotide probes (47-bp) were designed for four 

of five An. gambiae chromosomal arms: X, 2L, 3L, and 3R. Each arm received a series of labels 

spaced approximately 1 Mb apart along the arm length. Oligonucleotide probes become visible in 

the aggregate where dense regions of hybridized probes coalesce to enhance fluorescent signal 

detection. Therefore, we aimed for probe density in the range of 5–15 47-mer probes per 1 kb. 

Thus, the task of designing visible probes was guided by two constraints: 1 Mb probe separation 

and high probe density within 1 kb. The first constraint was enforced by extracting 30-kb regions 

from the reference genome at 1 Mb intervals. For example, the first three regions extracted from 

the reference genome of the 2 L arm were 0–30 kb, 1.00–1.03 Mb, and 2.00–2.03 Mb. We designed 

probes for these 30 kb regions and selected probes that cannot hybridize anywhere else in the 

genome. Oligonucleotide probes were designed within each 30-kb region using the program 

OligoArray 2.0 [75]. Briefly, the program uses a thermodynamic approach to compute 

oligonucleotides free of a stable secondary structure, which would otherwise interfere with probe 

hybridization. The oligos with the highest density within 10 kb sub-regions of each 30 kb region 

were subsequently identified and used to label the X, 2L, 3L, and 3R chromosome arms. Table 1 

summarizes the results from the probe design process. MyTags oligonucleotide libraries were 

synthesized by Arbor Biosciences (Ann Arbor, MI, USA). 

5.3.4 Labeling of Oligonucleotides 
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Preparation of oligonucleotide probes followed a published protocol adapted from Y.E. 

Murgha et al. [76, 77]. Our immortal libraries were single-stranded DNA oligonucleotides. 

Emulsion PCR amplification was performed on the original library template to generate enough 

amplicon that could be labeled for use in the experiments. After DNA purification, agarose gel 

electrophoresis was used to validate the expected PCR product size. This was followed by in vitro 

transcription using the MEGAshortscript™ T7 Kit (AM1354, Invitrogen, Carlsbad, CA, USA) to 

generate RNA products, and then by RNA Purification using the RNeasy Mini Kit (74104, Qiagen, 

Hilden, Germany). Samples were examined for degradation using a 7% denaturing Polyacrylamide 

Gel Electrophoresis (PAGE) gel. The next step consisted of reverse transcription using SuperScript 

II reverse transcriptase (RT; 18064014, Invitrogen, Carlsbad, CA, USA) and labeled 5′ RT 

primers, followed by unincorporated primer digestion with exonuclease I. The resulting ssDNA 

was purified by the Zymo Quick-RNA MiniPrep Kit (R1054S, Zymo Research, Irvine, California, 

USA). Finally, leftover RNA was enzymatically removed using RNase H and RNase A to digest 

any remaining RNA. ssDNA was purified using the Zymo Quick-RNA kit. Final concentrations 

were examined using a Nanodrop spectrophotometer prior to use in FISH experiments. 

5.3.5 FISH with Oligopaints 

The designed oligopaints were first tested in polytene chromosome spreads. Two-

dimensional FISH was performed to ensure that labels were distributed evenly across selected 

chromosomal arms using our previously published method [18, 65] (Figure S1). Three-

dimensional FISH of oligopaints was done using a protocol adapted from the previously published 

protocols from [17] and [18]. Both ovary and salivary gland hybridization primarily followed the 

same procedure once placed into Buffer A to begin pre-hybridization. Ovaries were washed in 

Buffer A for 10 min to acclimatize to the buffer, while salivary glands were directly dissected into 
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Buffer A. To fix chromosomes, Buffer A was removed and replaced by Buffer A + 4% 

paraformaldehyde (PF) for 6 min. After removing this solution, the tissues were washed for 5 min 

in 2× Saline-Sodium Citrate with 0.1% Tween 20 (SSCT) buffer four times. For ovaries, after the 

fourth wash, follicles were destroyed using a thick needle to help extrude ovarian nurse cell 

follicles. Ovarian tissue was briefly spun down using a bench-top centrifuge. The final 2× SSCT 

wash was removed and replaced by 2× SSCT + 20% formamide for 10 min. The tissue was 

transferred into a series of 2× SSCT with increasing formamide concentration (2× SSCT + 40% 

formamide, followed by 2× SSCT + 50% formamide) for 10 min each. After the final series, the 

2× SSCT + 50% formamide was freshly replaced and pre-denatured using the following 

thermocycling program: 

37 °C

4 h
+

92 ℃

3 min
+

60 ℃

20 min
 

After the program ended, the 2× SSCT + 50% formamide was removed and replaced by 

the oligopaint probes mixed in 3× SSC + 50% formamide + 10% Dextran Sulfate hybridization 

solution. The probe/tissue hybridization mixture was then denatured at 91 °C for 3 min, followed 

by incubation at 37 °C overnight. After overnight incubation, 2× SSCT + 50% formamide was 

directly added to the hybridization mixture and gently mixed. The tissue was washed for an hour, 

followed by two 30-min washes at 37 °C. A final 10-min wash in 2× SSCT and 20% formamide 

and 2 rinses in 2× SSCT were done to help remove the background. A drop of ProLong Antifade 

+ DAPI (4′,6-diamidino-2-phenylindole; Invitrogen, Eugene, OR, USA) was added to the tissues, 

and the entire solution was placed onto a slide. Any large clumps of tissue were broken using a 

dissecting needle, and a coverslip was placed on top. The slide was sealed using fingernail polish 

to avoid constant motion of the tissue due to pressure from the microscope. Nuclei remained 

unflattened due to the thickness of surrounding and residual tissue in the sample. 
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5.3.6 Whole-Mount Immunostaining 

Salivary glands from 4th instar larvae and Christopher’s Stage III ovaries from 28-h half-

gravid adults were dissected in 1× PBS at room temperature and stored in 1× PBST (1× PBS with 

0.1% Tween 20) on ice for 2 h. Tissues were then moved directly into fixative solution (4% 

formaldehyde in 1× PBST) and incubated with rotation at room temperature for 20 min. After 

washing in 1× PBST three times for 5 min each, tissues were treated with Triton X-100 in 1× PBS 

(1% for salivary glands and 2% for ovaries) for 30 min at room temperature, with rotation. Later, 

tissues were washed in 1× PBST three times for 5 min each and transferred into a blocking solution 

of 1× PBST containing 3% bovine serum albumin (3% BSA) and 5% sheep serum at room 

temperature for 2–3 h with rotation. Primary antibodies, anti-Lamin B primary mouse antibody 

ADL67.10 (DSHB, Iowa City, IA, USA), and anti-fibrillarin primary rabbit antibody ab5821 

(Abcam, San Francisco, CA, USA) diluted 1:200, were applied to salivary glands and ovaries at 

the same time. Samples were incubated with primary antibodies overnight at 4 °C on a rotator. 

After incubation, supernatants were removed as much as possible and samples were washed in 1× 

PBST three times for 5 min each. Samples were incubated in blocking solution with secondary 

goat anti-mouse IgG H&L FITC antibody ab6785 and goat anti-rabbit IgG H&L Alexa Fluor® 594 

antibody ab150080 (Abcam, San Francisco, CA, USA) diluted 1:500 at room temperature with 

rotation for 1.5 h. Next, samples were washed again in 1× PBST for 5 min three times and then 

stained in ProLong Antifade with DAPI (Invitrogen, Eugene, OR, USA). 

5.3.7 Confocal Microscopy  

A Zeiss LSM 880 laser scanning confocal microscope (Carl Zeiss AG, Oberkochen, 

Germany) was used to image the labeled tissue. For all imaging, z-stacks were taken using 300 × 

300 μm2 window-frames with a stack of 300 z-slices. Three-dimensional images of individual cell 
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nuclei were reconstructed with DAPI stained chromosomes (Video S1) and without DAPI staining 

to visualize oligopaints only (Video S2). Images were taken of well-isolated nuclei and saved as 

.TIF-files for processing in MATLAB scripts. Although we checked more than 200 nuclei for each 

tissue and each species, 9–16 high-quality, smooth surface nuclei of each tissue and each species 

were imaged for processing and analysis. About 3-4 nuclei were used from each individual 

mosquito. 

5.3.8 Processing and Analysis of Images 

Custom MATLAB [78] scripts were used to quantitatively analyze hybridized 

oligonucleotide probes. This analysis consisted of five components: (1) identification of 

oligonucleotide signals and the NE, (2) Procrustes analysis of nucleus shape and signal 

distribution, (3) measurement of chromosome territory polarization, eccentricity, and positioning, 

(4) identification of Chr–NE interactions, and (5) identification of Chr–Chr interactions. 

Identification of oligonucleotide signals required user guidance; all other pipeline components 

were fully automated. User guidance was made by manually scrolling through z-stack images of 

each nucleus and inputting the spatial coordinates of each signal and boundary of the nucleus. To 

verify the accuracy of this approach, each z-stack image was assessed twice by different users who 

identified highly similar (although not identical) positioning of oligonucleotide probes and the NE. 

In general, not every signal belonging to chromosomal arms X, 2L, 3R, and 3L was visible in z-

stack images. The average number of recovered signals is listed in Table 1. Although not every 

probe was identified as a distinct signal in z-stack image analyses, >70% of identified probes still 

labeled each chromosome arm lengthwise. Furthermore, all subsequent analyses of 3D probe 

distribution depended on the entire collection of probes, which is robust compared to the minority 

of undetected probes. A contact of a labeled locus with the NE is assumed to exist when proximity 
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to the nuclear periphery is less than 1 μm in distance. This threshold was determined by the 

resolution of the microscope (220 nm lateral and 500 nm axial) and was used in previous studies 

[16, 28-30].  Similarly, labels in contact with each other were counted when the proximity between 

them was less than 1 μm. The Chr–NE and Chr–Chr contacts were determined automatically by a 

MATLAB script EllPrj.m, which is part of the package EllipsePrj [79]. The MATLAB scripts are 

uploaded to the Figshare repository [80].  

5.3.9 Statistical Analyses of Data 

Statistical Student’s t-test was applied to test for cell type-specific differences, species-

specific differences, and chromosome arm-specific differences. Standard error of the mean (SEM) 

for all the measured parameters was calculated as follows: SD/sqrt(n) or standard deviation divided 

by the squared root of the number of measurements. Student’s t-test was used as a test of 

significance wherever the SEM in the distributions of the measured parameters overlapped 

(Supplementary File 1). The relationships between the percentage of Chr–NE contacts and the 

number of Chr–Chr contacts in ovarian nurse cells compared to salivary gland cells of An. coluzzii, 

An. gambiae, and An. merus were studied by producing scatter plots and calculating correlation 

coefficients. Scatter plots were produced by the Online Linear Regression Calculator [81] and by 

the Grace 2D graph plotting tool [82]. Statistical significance of correlation coefficients was 

inferred using the p-value from the Pearson (R) Calculator [83]. 

5.4 Results 

5.4.1 Development of A Workflow to Characterize Oligopainted Chromosome Territories 

in Anopheles 

We first explored the overall organization of chromosomes in the salivary gland and nurse 

cells of the Anopheles species using confocal microscopy of unsquashed nuclei stained with 

YOYO-1. Well-developed polytene chromosomes were identified in both cell types. We noticed 
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that salivary gland nuclei often have a large chromosome-free space in the center, which is not 

present in nurse cell nuclei (Figure S2, Video S3, Video S4). We then applied oligonucleotide 

probes to investigate the 3D organization of mosquito chromosomes in greater detail (Video S2). 

Since the analyzed species are closely related (within 526 thousand years of divergence [67]), the 

An. gambiae probes hybridized well with chromosomes of An. coluzzii and An. merus. Anopheles 

mosquitoes have three pairs of chromosomes that are represented by five chromosomal arms: X, 

2R, 2L, 3R, and 3L. Chromosomal arms were stained with DAPI for optimal visualizing through 

confocal microscopy (Video S1). We produced confocal z-stack images of nuclei with the labeled 

X, 2L, 3R, and 3L chromosomes. Our analysis confirmed that polytene chromosomes readily 

occupy the middle section of the ovarian nurse cell nuclei, but usually leave a chromatin-free space 

in the center of salivary gland cell nuclei in An. coluzzii (Video S5, Video S6), An. gambiae (Video 

S7, Video S8), and An. merus (Video S9, Video S10). We then applied our workflow to analyze 

the 3D organization of the chromosome territories in malaria mosquitoes. The size and dimensions 

of a chromosome territory can be quantified by designing a shape that tightly encloses the volume 

it occupies. In general, a well-designed shape will limit complexity and have biologically 

meaningful parameters. In simple schemes, the radius of a sphere quantifies the volume and 

position of the chromosome territory it encloses [84]. In more complex schemes, three semi-axes 

of an ellipsoid together quantify the eccentricity, volume, and polarization of the territories [85]. 

Even higher levels of complexity have used convex polyhedrons to quantify the mutual exclusion 

of chromosome territories [86]. We selected the ellipsoid territory model to study polytene 

chromosome organization for two reasons. First, the size and the position of the ellipsoid center 

reveal territory volume and positioning in the nucleus. Second, the ellipsoids reveal territory 

eccentricity, which describes the shape as the deviation of a curve from circularity, and 
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chromosome polarization, which is a feature of a Rabl configuration [16, 87]. We developed a 

workflow in which ellipsoids were used to characterize the volume, shape, polarization, and 

positioning of the polytene chromosome territories (Figure 5.1). 

Within the same workflow, we identified Chr–NE interactions and Chr–Chr interactions. 

To quantify the contacts of the chromosome territories with the NE, we took advantage of the 

segmented oligonucleotide labels positioned discretely along each chromosomal arm. We began 

by identifying the individual labels belonging to each arm in 3D and measuring the distance from 

each of them to the NE. We then counted the number of labels in contact with the NE (Figure 5.2, 

Video S11) and the number of labels in contact with each. These analyses allowed us to probe for 

cell type-specific and species-specific aspects of nuclear architecture in malaria mosquitoes. The 

study was performed on salivary glands of larvae and ovarian nurse cells of adults of three sibling 

species within the An. gambiae complex, An. coluzzii, An. gambiae, and An. merus. 

5.4.2 The Volume and Shape of Chromosome Territories in Anopheles 

In general, each chromosome territory can be unambiguously represented by its respective 

convex hull, i.e., the smallest convex polyhedron encompassing the chromosome [86]. Here, we 

used a simplification of this general approach and ellipsoids to represent chromosome territories. 

The advantage of the simplified approach is that an ellipsoid in 3D space can be uniquely defined 

by only four parameters: three semi-axes a, b, and c centered at a point, x0. The surface of the 

ellipsoid satisfies the equation (x − x0)
TA(x − x0) = 1. Here, A is a 3 × 3 matrix with eigenvalues 

a−2, b−2, and c−2. Its normalized eigenvectors correspond to the orientation of each semi-axis. In 

what follows, we use these parameters to characterize the volume and shape of the X chromosome, 

left arm of chromosome 2 (2L), right arm of chromosome 3 (3R), and left arm of chromosome 3 

(3L) in ovarian nurse cells and salivary gland cells of An. coluzzii, An. gambiae, and An. merus. 
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A comparison of the semi-axis lengths belonging to each chromosome (Table S1) revealed 

that the size of the territory occupied by autosomes was larger than the territory occupied by the 

X chromosome in both the salivary gland nuclei and nurse cell nuclei. Although this conclusion 

was easily drawn by comparing the bar sizes (Figure 5.3), it could be made precise by calculating 

the volume of each territory using the equation for ellipsoid volume, V = (4π/3)abc (Table S3). 

Our statistical analysis using Student’s t-test determined that the X chromosome volume was 

significantly smaller than the autosomal arm volume for all pairwise comparisons in both cell types 

of all three species (p = 0.000; Supplementary File 1). This conclusion is in agreement with the X 

chromosome being the shortest of the Anopheles female karyotype [59]. The length of the An. 

gambiae X chromosome genome assembly is 24.39 Mb, while the average length of the autosomal 

arm assembly is 51.5 Mb [63, 65]. We observed that the autosomal volume varied more between 

the tissues than the X chromosome volume (Table S3). The ratio of the average autosomal volume 

to the X chromosome volume was 3.99 on average and varied from 2.87 in An. gambiae nurse 

cells to 5.45 in An. merus salivary glands (Table 5.2). This ratio was typically higher in salivary 

glands than in nurse cells for each autosome and species, except for An. merus 2L/X. 

We also tested whether the X chromosome volume is more strongly diminished than would 

be expected from the ratio of X chromosome to autosome arm length. For this purpose, we 

calculated the chromosome decompaction factor (CDF) for each arm, as was done in another study 

[88]. The CDF is defined as the normalized volume of 1 Mb of DNA sequence and was calculated 

using the equation:  

𝐶ℎ𝑟𝑜𝑚𝑜𝑠𝑜𝑚𝑒 𝑑𝑒𝑐𝑜𝑚𝑝𝑎𝑐𝑡𝑖𝑜𝑛 𝑓𝑎𝑐𝑡𝑜𝑟 =
𝑁𝑜𝑟𝑚_𝑉

𝐿(𝑀𝑏𝑝)
× 104, 
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where Norm_V is the normalized chromosome volume and L is the chromosome length in 

Mbp. The Norm_V was computed by dividing the absolute chromosome volume by the absolute 

nuclear volume (Table S2), calculated using the equation for ellipsoid volume, V = (4π/3)abc. We 

considered all species having the same lengths for chromosome arms: X—24.39 Mb, 3L—41.96 

Mb, 3R—53.20 Mb, and 2L—49.36 Mb [63, 65]. We found that the X chromosome CDF was 

significantly smaller than that of the autosomes for all comparisons in salivary glands and for most 

comparisons in nurse cells (Figure 5.4, Table S3, Supplementary File 1). We concluded that the X 

chromosome was more densely packed than were autosomes. 

Our measurements of the semi-axes a, b, and c (Table S1) demonstrated that chromosome 

territories were highly nonspherical and their shape was best characterized as an oblate pancake-

shaped ellipsoid (Figure 5.1). This conclusion stems from the differing lengths of each semi-axis 

possessed by X, 2L, 3R, and 3L (Figure 5.3). For ellipsoids, the deviation from sphericity is 

typically measured by calculating the unitless eccentricity a/c. The average eccentricities of X, 2L, 

3R, and 3L were similar regardless of the cell type and species (Table 5.3). We concluded that, 

although the volume of chromosome territories might differ especially between autosomes and the 

X chromosome, the eccentricity (and shape) of each territory was generally robust. Human 

chromosomes also had a fixed eccentricity of 4.5 despite demonstrated differences in the volume 

among chromosome territories [85]. 

5.4.3 Polarization of Chromosome Territories Indicate A Rabl-like Configuration in 

Germline and Soma 

The Rabl configuration consists of polarized chromosome orientation with centromeres 

and telomeres aggregated at opposite poles of the nucleus. Although the configuration is present 

in multiple lineages of eukaryotes, its origin is largely unknown. The characteristic polarization is 
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speculated to be a vestige of anaphase, but is conspicuously absent in most mammals [89]. The 

attachment of the chromocenter to the nuclear envelope in ovarian nurse cells of An. gambiae 

suggests the Rabl configuration [35, 58]. However, the X chromosome territory is too small to 

have both centromeres and telomeres aggregated at opposite poles of the nucleus (Table S1, Table 

S2). In this study, we tested for Rabl-like configuration, which we define as polarized chromosome 

orientation in the nucleus. We hypothesized that, if Rabl-like configuration is present in nurse cells 

or salivary gland cells of Anopheles, then it would be detectable in the alignment of the major axes 

possessed by the X, 2L, 3L, and 3R chromosome territories. This hypothesis was guided by the 

assumption that a clustering of chromosome centromeres and telomeres at opposite nuclear poles 

would coincide with elongation of the chromosome territories along their major axis. The 

consequent alignment of these axes could be tested by measuring the interposed angle; a schematic 

representation of this hypothesis is depicted in the left panel of Figure 5. Our results indicate that 

the major semi-axis a of the X, 2L, 3L, and 3R chromosome territories seeks alignment in both 

salivary gland and nurse cell nuclei. The average alignment angles between major semi-axes of 

chromosome pairs ranged from 52 to 39 degrees across the tissues and species (Figure 5.5). These 

values indicate that the chromosome territories assumed a Rabl-like configuration, in agreement 

with other studies, in which angles between major chromosome axes of < 90 degrees were 

considered as indicative of Rabl-like orientation [21, 90]. We also tested the alignment of minor 

semi-axes (b and c), which were not expected to align. This expectation was confirmed. Each pair 

of minor semi-axes had average alignment angles near 90 degrees, with large deviations from the 

mean. 

5.4.4 Contacts of Chromosome Territories with the Nuclear Envelope in Malaria 

Mosquitoes 
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Here, we revealed the affinity of X, 2L, 3R, and 3L to the NE in salivary glands and nurse 

cells of An. coluzzii, An. gambiae, and An. merus. Since the number of labeled bands on X, 2L, 

3R, and 3L differ (Table 5.1), we calculated the percent of labels in contact with the NE. Student’s 

t-test statistical analyses revealed that some chromosomes have a greater affinity to the NE than 

other chromosomes (Supplementary File 1). For example, 3R has a significantly higher percentage 

of NE-proximal labels than the X chromosome in salivary gland nuclei of An. gambiae (p = 0.024). 

3L also has a significantly higher percentage of NE-contacts than 3R has in ovarian nurse nuclei 

of An. gambiae (p = 0.005). We emphasize three details resulting from our analysis. First, the 

collection of labels along each arm can only reveal a subset of all NE-contacts possessed by each 

chromosome; there may be more Chr–NE contacts than predesigned oligonucleotide labels can 

reveal. However, we argue that the percent of labels in contact with the NE reflects the true 

percentage of all chromosome interactions with the NE, since the labels are positioned evenly 

along the entire length of each chromosomal arm. Second, we were unable to unambiguously 

determine the unique identity of each label and reconstruct the folding of X, 2L, 3R, and 3L; thus, 

the relative physical position of NE contacts along each arm could not be determined. Third, the 

separation of each labeled band along the chromosomal arms is, by design, greater than the 

estimated persistence length of polytene chromosomes [91]. Hence, at the locus resolution, the 

chromosome can be described as a freely jointed polymer chain. Thus, contacts made between 

oligopaint signals and the NE are likely uncorrelated with each other, i.e., a labeled chromosomal 

locus in contact with the NE is likely to have little effect on tethering the neighboring signal to the 

periphery. 

When comparing the two cell types, we determined that the percentage of Chr–NE contacts 

was typically higher in salivary gland cells than in ovarian nurse cells in all three species (Figure 
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6). This was especially obvious in An. merus, while the percentage of contacts of the X 

chromosome in An. coluzzii and An. gambiae had the opposite trend. Student’s t-test statistical 

analyses demonstrated that arms 2L and 3R had a significantly higher percentage of NE-contacts 

in salivary glands than in nurse cells of An. coluzzii and An. gambiae, respectively (p = 0.035 and 

p = 0.001). Both the 2L and 3L arms also had a significantly higher percentage of NE contacts in 

salivary glands than in nurse cells of An. merus (p = 0.022 and p = 0.014). These data indicate that 

NE-contacts were established and maintained in a cell type-specific manner, at least for some 

chromosomes. 

We also compared the percentage of Chr–NE contacts among An. coluzzii, An. gambiae, 

and An. merus within each cell type. The Student’s t-test statistical analysis did not identify a 

significant difference in the percentage of NE-contacts for any chromosome among the species. 

This result suggests that interactions between chromosomes and the NE are evolutionarily 

conserved within the An. gambiae complex. 

In our study, location of the NE was inferred from the boundary of the DAPI signal 

enclosed in an ellipsoid. To visualize the NE, we performed immunostaining with the anti-lamin 

antibody ADL67.10 that recognized the Drosophila B-type Lamin Dm0 [46]. Our results show 

that the fluorescence signal of the labeled antibody co-localizes with the peripheral boundary of 

the DAPI signal in mosquito nuclei (Figure S3). To test a possible effect of the nucleolus on spatial 

positioning of chromosome territories, we conducted immunostaining with the anti-fibrillarin 

antibody ab5821. We found that a nucleolus localized centrally mostly overlapping with the 

chromatin-free space in the center of the salivary gland cell nuclei. In ovarian nurse cells, where 

polytene chromosomes readily occupy the middle section of the nuclei, the nucleolus was highly 

fragmented and was located in some, but not all, available chromatin-free spaces (Figure S3). 
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These results suggest that the nucleolus does not push chromosomes to the nuclear periphery or 

otherwise strongly dictate spatial positioning of chromosomes. However, the cell-type specific 

organization of chromosome territories may affect the organization of the nucleolus. 

5.4.5 Chromosome–Chromosome Contacts in Malaria Mosquitoes 

We inferred the overall pattern of pair-wise physical touching between X, 2L, 3R, and 3L 

in An. coluzzii, An. gambiae, and An. merus by investigating the number of contacts between 

oligopainted bands of different chromosome arms. Both intra-chromosomal (e.g., 3R-3L) and 

inter-chromosomal inter-arm contacts were considered as Chr–Chr contacts in our study. Our 

analysis suggested that, just like human and mouse chromosomes [22, 27], the mosquito territories 

physically interact with each other. Visual comparison of the two cell types shows that 

chromosome territories were spatially much more adjacent to each other in ovarian nurse cells than 

in salivary gland cells (Video S12). We found that the number of Chr–Chr contacts was 

consistently higher in ovarian nurse cells than in salivary gland cells for all three species (Figure 

7). Student’s t-test statistical analyses determined that the 2L and 3L arms had a significantly 

higher number of contacts in nurse cells than in salivary glands of An. coluzzii and An. merus (p = 

0.024 and p = 0.034, respectively), indicating that Chr–Chr contacts can be cell type-specific. 

Interestingly, the 2L arm had a significantly higher percentage of NE contacts in salivary glands 

than in nurse cells of An. coluzzii and An. merus (p = 0.035 and p = 0.022, respectively). Arms 3L 

also had a significantly higher percentage of NE contacts in salivary glands than in nurse cells of 

An. merus (p = 0.014).  

The number of Chr–Chr contacts was also compared among An. coluzzii, An. gambiae, and 

An. merus within each cell type. Student’s t-test statistical analyses did not identify significant 

differences in the number of Chr–Chr contacts for any chromosome among the species.  
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5.4.6 An Inverse Relationship between Chromosome–Nuclear Envelope and Chromosome–

Chromosome Contacts  

We studied the relationship between the percentage of Chr–NE contacts and the number of 

Chr–Chr contacts in ovarian nurse cells vs. in salivary gland cells of An. coluzzii, An. gambiae, 

and An. merus. The relationship is characterized by scatter plots showing the dependence of the 

inter-chromosomal interactions against the percentage of Chr–NE contacts for each individual 

chromosome, for only autosomes together, and for all the studied chromosomes together in all 

three species (Supplementary File 2). The X chromosome showed the weakest negative correlation 

among the chromosomes with the correlation coefficient r = −0.14. Each individual autosome 

showed moderate (r = −0.47 for 3R) to strong (r = −0.72 for 2L, r = −0.77 for 3L) negative 

correlation between Chr–NE and Chr–Chr contacts. When only the autosomes together were 

analyzed, the correlation coefficient was −0.64 and the p-value was 0.0044 indicating strong 

statistical significance of the result. The negative correlation was also statistically significant when 

all chromosomes together were analyzed (Figure 5.8). We also obtained scatter plots for each of 

the three species (Supplementary File 3). The negative correlations between Chr–NE and Chr–Chr 

contacts were weaker when the X chromosomes were included (r = −0.27 for An. coluzzii, r = 

−0.53 for An. gambiae, and r = −0.86 for An. merus). When the X chromosomes were excluded, 

the correlation coefficients became stronger for each species (r = −0.70 for An. coluzzii, r = −0.75 

for An. gambiae, and r = −0.91 for An. merus). The data suggest that the spatial organization of 

the X chromosome differs from that of the autosomes, which affects the corresponding relationship 

between the number of Chr–NE contacts and Chr–Chr contacts. We attributed the difference to the 

significantly smaller volume of the X chromosome territory (Table 5.2, Table S3). We calculated 

that, on average, the number of contacts between the X chromosome and autosomes 1.8 times 

smaller than the number of contacts between autosomes only. Therefore, changes in the Chr–NE 
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attachments would affect almost twice less Chr–Chr contacts involving the X chromosome than 

the autosomes. By comparing the two cell types, we observed that the difference in the number of 

X–autosome contacts (5.7 an average) is twice smaller than difference in the number of autosome–

autosome contacts (11.6 on average). These data suggest that Chr–NE attachments do not affect 

the X chromosome contacts with other chromosomes as much as they do the autosomal only 

contacts. We believe that the conclusion was consistent with the general surface vs. volume 

contacts argument made earlier [53].  

5.5 Discussion 

The organization of chromatin can be characterized by its underlying primary, secondary, 

and tertiary structure. The primary structure of chromatin refers to its pattern of DNA and histone 

methylation, bound proteins, and accessibility. Secondary structure stems from nucleosome–

nucleosome interactions, which are thought, in some cases, to invoke the 10 nm, and possibly 30 

nm fiber. Tertiary structure embodies large-scale structures, such as chromosomal interactions. In 

certain cases, the analogy to proteins is made complete by regarding chromosome territories as a 

type of quaternary structure. Experimental techniques generally operate on one of these structural 

scales [92]. The spatial chromatin organization inside the interphase nucleus is considered to be 

an important epigenetic mechanism that governs regulation of genome activity in diverse 

organisms [26, 27, 40, 41]. For this reason, reconstruction of spatial chromatin organization is an 

increasingly popular area of research. The experimental approach used in this study builds on 

several existing techniques used to probe chromatin tertiary and quaternary structure, in particular 

the use of oligonucleotide probes to stripe each chromosome at 1 Mb intervals, granting access to 

the advantages of FISH and whole chromosome painting. Visibility of chromosome territories is 

maintained by color coding each chromosome arm. Just like chromosome painting, the distribution 

of color reflects the size, shape, and position of each territory. Thus, observables are not lost when 
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the labeling of each chromosome is segmented rather than fully painted. Instead, segmented 

labeling can be used to access observables that are concealed when chromosomes are fully painted. 

Specifically, the abundance of Chr–NE interactions can be inferred from the percent of labeled 

bands located at the nuclear periphery. Similarly, the frequency of Chr–Chr interactions can be 

inferred from the number of labeled bands in contact with each other. Thus, our approach facilitates 

direct observations of chromosome territories, as well as Chr–NE and Chr–Chr contacts in a single 

cell. 

Numerous experimental observations and theoretical studies have demonstrated that 

chromosomes in the interphase nucleus occupy regions called territories [1, 6, 7, 93-95]. The 

established notion of these territories emphasizes their mutual exclusion, which allows 

chromosomes to be in physical contact with one another without entangling; however, this 

simplistic concept is rapidly gaining sophistication. Studies in humans suggest that the 

arrangement of territories possesses a radial order [96, 97]. In lymphocytes, the territories formed 

by gene dense chromosomes tend to occupy the nuclear interior and lack visible association with 

the NE [96]. On the other hand, polytene chromosomes in fruit flies seek the Rabl configuration, 

with chromosome centromeres and telomeres separate at opposite ends of the nucleus [16]. The 

size and shape of territories may harbor additional order. In humans, the active X chromosome is 

flatter and more elongated than its inactive counterpart in female somatic cells, and territories 

formed by the autosomes tend to be highly non-spherical [85]. Our study contributes to this topic 

by directly observing chromosome territories in two cell types of the three malaria mosquito 

species, An. coluzzii, An. gambiae, and An. merus. We found that chromosome territories in larval 

salivary gland cells and adult ovarian nurse cells are highly non-spherical and possess eccentricity 

that characterizes their shape as a pancake ellipsoid (Figure 5.3, Table 5.3). The X chromosome, 



 
 

149 
 

shortest among the other chromosomal arms, occupies a smaller volume when compared to the 

autosomal arms in both somatic and germline cells of all species (Table 2, Table S3). The X 

chromosome territory is also more densely packed than autosomal territories (Figure 5.4, Table 

S3) suggesting that the X chromosome has a higher probability of long-range intra-chromosomal 

interactions. This observation may have evolutionary implications because the Anopheles X 

chromosome has a three times higher rate of fixed genomic rearrangements (inversions) compared 

with the autosomes [62, 98]. It is possible that more frequent interactions of X-chromosome loci 

in the smaller 3D space facilitate the generation of evolutionary rearrangements as has been 

demonstrated by computer modeling and experimental analyses of various organisms [87, 99-101]. 

The Rabl-like configuration is detected in both cell types of malaria mosquitoes (Figure 5). 

In the case of fruit flies, the Rabl configuration has been observed in the salivary gland and 

prothoracic nuclei, but not in the nuclei of the midgut [28, 29] or in ovarian nurse cells [72, 102]. 

It has been shown that Condensin II is responsible for inhibiting the Rabl configuration in D. 

melanogaster ovarian nurse cells by dispersing heterologous centromeres to distant areas on the 

nuclear periphery. Condensin II is also required for axial compaction of chromosomes and 

disruption of chromosome pairing, thus, preventing the formation of typical polytene 

chromosomes in D. melanogaster ovarian nurse cells [103]. In Condensin II mutant nurse cell 

nuclei, all heterochromatic pericentromeric regions are clustered together at a single pole, 

consistent with the Rabl conformation, and typical polytene chromosomes are formed [72, 103]. 

Mosquito species in the genus Anopheles display a variety of nuclear organization types in ovarian 

nurse cells. An. gambiae and An. funestus have well-developed polytene chromosomes in nurse 

cell nuclei. The compact chromocenter of An. funestus, and somewhat spread-out chromocenter of 

An. gambiae, ensure the Rabl-like configuration in these cells [35, 58]. However, members of the 
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An. maculipennis subgroup have the Rabl-like configuration in their salivary gland cells, but not 

in ovarian nurse cells in which chromosomes are more condensed, and heterochromatic regions of 

heterologous chromosomes are spatially separated at the nuclear periphery by as much as 120° 

[32, 104]. In non-polytene chromosomes of fruit flies, the contacts occurring between arms favor 

pairs belonging to the same chromosome [9]. This preference suggests that the right and left arm 

of each chromosome occupy neighboring regions within the nucleus, as they do in polytene 

chromosomes [16]. 

Interactions between different chromosomes or chromosomal arms with each other and 

with the nuclear periphery can reveal additional aspects of genome organization. Chromosome 

painting studies demonstrated that chromosome territories are nonrandomly organized in a cell 

type-specific manner [22, 27, 105]. Tissue-specific differences in Chr–NE attachments have been 

directly visualized in fruit flies [29]. Our results also indicate that both Chr–NE and Chr–Chr 

contacts can be cell type-specific. We found that ovarian nurse cells typically have fewer Chr–NE 

contacts than salivary gland nuclei in all tested Anopheles species (Figure 5.6). In contrast, salivary 

gland cells always have fewer Chr–Chr contacts than ovarian nurse cells (Figure 5.7). It is likely 

that a higher number of NE-attachments in salivary glands limits the inter-chromosomal contacts 

in this cell type (Figure 5.8, Figure 5.9). Our observation of a large chromatin-free space in the 

center of salivary gland cell nuclei in all three species also points to the reduced Chr–Chr 

interactions in this cell type (Video S5, Video S7, Video S9). By contrast, polytene chromosomes 

have a greater chance of interacting with each other by occupying the middle section of the ovarian 

nurse cell nuclei (Video S6, Video S8, Video S10). The cell-type specific organization of 

chromosome territories may also affect organization of the nucleolus (Figure S3, Figure 5.9). 

Similar to our finding, the nucleolus occupies a single contiguous area in the nuclear center of the 
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in salivary gland cells, whereas it expands and takes on an irregular lobulated form in the ovarian 

cell nuclei of D. melanogaster [106].  

The observed inverse relationship between the Chr–NE and Chr–Chr interactions aligns 

well with the previously uncovered links between the NE and 3D genome organization in 

computational models. For example, modeling studies on yeast suggest that Chr–NE attachments 

influence 3D gene positioning, chromosome mobility, and pairwise telomere–telomere distances 

[107-109]. More specifically, our previous computational studies on the fruit fly directly suggest 

that both polytene and non-polytene chromosomes are more territorial in the presence of Chr–NE 

attachments, which also restrict inter-chromosomal interactions [51, 53]. Confirming this 

prediction, experiments with disruption of Lamin B in diploid Drosophila S2 cells leads to 

chromatin repositioning from the NE, and increasing interactions between different chromatin loci 

[52]. A general surface vs. volume accessibility argument was previously made to explain why 

inter-chromosome and inter-arm contacts are less common in model fruit fly nuclei with more 

Chr–NE attachments [53]. We suggest that the same general logic works here: cell types that 

exhibit relatively more Chr–NE contacts should have relatively fewer inter-chromosome contacts. 

The inverse relationship between the Chr–NE and the Chr–Chr interactions could be among the 

key features of the cell type-specific nuclear architecture. Compared to the autosomes, this inverse 

correlation was much weaker for the X chromosome, which also has the smallest territory volume. 

Base on the surface vs. volume accessibility argument [53] and the experimental data presented 

here (Figure 5.8), we concluded that a chromosome with a larger territory volume would have 

relatively more new contacts with other chromosomes when it is translocated from the nuclear 

periphery toward the center. The observed differences in the number of inter-chromosomal 

contacts between salivary glands and ovarian nurse cells (Figure 5.7, Figure 5.9) may have 
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importance for tissue-specific gene expression. Chr–Chr contacts may facilitate co-localization of 

actively expressed genes and the formation of transcription factories [3, 110]. In support of this 

notion, a comprehensive gene expression analysis in An. gambiae demonstrated that the proportion 

of tissue-specific expression was higher in ovaries than in salivary glands [111]. 

Despite the demonstrated similarity in some principles of the 3D genome organization 

between polytene and non-polytene chromosomes (territories, Rabl configuration, TADs) [51, 53, 

56], the precise parameters, such as those describing Chr–Chr and Chr–NE interactions, can differ 

between them. A cytogenetic study has found no evidence for specific Chr–Chr interactions in 

polytene tissues of D. melanogaster [29]. No reproducible, long-range interactions between 

polytene chromosome loci have also been found in Hi-C data obtained from salivary glands of the 

fruit fly [56]. However, specific distant chromosomal contacts have been detected in Hi-C 

heatmaps of Drosophila embryos [9]. From 15 to 23 polytene Chr–NE attachments have been 

identified in different tissues of fruit fly larvae [16, 28-30]. For comparison, a DamID study in 

Drosophila Kc cells found a total of 412 Lamina Associated Domains (LADs) [37]. Despite the 

different numbers of polytene Chr–NE attachments and non-polytene LADs, a substantial fraction 

of chromosomal loci located at the NE is common between diploid embryonic cells and polytene 

larval tissues [46]. The polytene chromosomes contain hundreds of DNA strands bundled together 

creating a thick fiber with unique physical properties. It is possible that the reduced flexibility of 

polytene chromosomes is responsible for fewer Chr–Chr and Chr–NE interactions compared to 

non-polytene counterparts. 

Early cytogenetic studies in mosquitoes from the An. maculipennis complex identified 

species-specific differences in Chr–NE attachments [31-33]. The studies focused on NE-

attachments formed by a few major pericentromeric and intercalary heterochromatic regions of 
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chromosomes. In contrast, our study using oligopaints, detected NE-contacts formed by 

euchromatic regions of chromosomes. We did not detect any significant differences among species 

of the An. gambiae complex in the percentage of Chr–NE attachments or the number of Chr–Chr 

contacts. We concluded that rapidly evolving heterochromatic Chr–NE attachment regions were 

likely to display species-specific differences, while the 3D organization of euchromatin remains 

conserved among closely related species. However, in several aspects of the nuclear architecture 

including dimensions of chromosome territories, chromosome territory volume, and chromosome 

polarization, An. merus was significantly different from other species, such as An. gambiae or An. 

coluzzii (Figure 5.3, Figure 5.5, Supplementary File 1, Table S3). These results were in agreement 

with An. merus being the earliest branching lineage and most reproductively isolated species in 

the complex [67, 112, 113]. 

5.6 Conclusions 

We used oligonucleotide probes to study the 3D aspects of chromosome organization in 

the polytene nuclei of ovarian nurse cells and salivary glands in three species of the An. gambiae 

complex. We developed an analysis workflow in which the identification of oligonucleotide 

signals required user guidance, while all other pipeline components were fully automated. We 

found that the X chromosome volume was significantly smaller than the autosomal arm volume 

for all pairwise comparisons in both cell types of all three species. The X chromosome territory 

was also more densely packed suggesting that the X chromosome loci had a higher probability of 

long-range intra-chromosomal interactions than the autosomal loci have. Although chromosome 

volumes may differ, eccentricity and ellipsoid shape of each territory were generally robust. Our 

analysis of chromosome polarization demonstrated a Rabl-like configuration of chromosome 

territories in mosquitoes that were similar to those in fruit flies. We recorded NE-contacts of 

polytene chromosomes based on visualization bands labeled with oligopaints spaced 
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approximately 1 Mb apart along the arm length. We also inferred the overall pattern of pair-wise 

interaction between the X, 2L, 3R, and 3L chromosomes by investigating the distances between 

oligopainting probes on each chromosome. The percentages of Chr–NE contacts were typically 

higher in larval salivary gland cells than in adult ovarian nurse cells in An. coluzzii, An. gambiae, 

and An. merus. In contrast, the numbers of Chr–Chr contacts were consistently higher in ovarian 

nurse cells than in salivary gland cells for all three species. Our data demonstrated a significant 

inverse relationship between the frequencies of Chr–NE and Chr–Chr contacts at the genome-wide 

level. This relationship is likely to hold across many different cell types, developmental stages, 

and species that have yet to be tested. The logic behind this is very general and consistent with the 

argument that increasing the number of Chr–NE attachments leads to a depletion of Chr–Chr 

contacts in the nucleus. Future studies should determine whether cell type-specific Chr–NE 

attachments can facilitate or prevent Chr–Chr contacts where actively expressed genes co-localize 

and share sites of transcription. 
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Supplementary Materials: The following are available online at www.mdpi.com/xxx/s1. 

Supplementary File 1: Results of Student’s t-test statistical analysis; Supplementary File 2: 

Scatter-plots showing the dependence of the Chr–Chr contacts (Y-axis) against the Chr–NE 

contacts (X-axis) in individual chromosomes of malaria mosquitoes; Supplementary File 3: 

Scatter-plots showing the dependence of the Chr–Chr contacts (Y-axis) against the Chr–NE 

contacts (X-axis) in species of malaria mosquitoes; Figure S1: Oligopaint banding in polytene 

chromosomes of ovarian nurse cells in An. gambiae. A) Labeled polytene chromosomes stained 

with DAPI (blue). B) Only oligopaints are shown: Red—2L, Green—X, Orange—3R; Figure S2: 

A middle optical section of the salivary gland (A) and ovarian nurse cell (B) nucleus in An. merus. 

The preparations are stained with YOYO-1; Figure S3: Immunostaining of salivary gland (SG) 

and ovarian nurse cell (ONC) whole-mount nuclei of An. coluzzii (A,C) and An. merus (B,D). 

Chromatin (blue) is stained by DAPI. Lamin B (green) is stained by the specific antibody 

ADL67.10. Nucleolus (red) is stained by the fibrillarin antibody ab6785. Scale bar = 5 μm. Table 

S1: The radii of the three principle axes of the ellipsoid enclosing the chromosome territories in 

salivary gland and nurse cells of An. coluzzii, An. gambiae, and An. merus; Table S2: The radii of 

the three principle axes and the absolute volumes of the ellipsoids enclosing nuclei in salivary 

gland cells and nurse cells of An. coluzzii, An. gambiae, and An. merus; Table S3: The absolute 

volume, normalized volume, and chromosome decompaction factor (CDF) of each chromosome 

arm in salivary gland cells and nurse cells of An. coluzzii, An. gambiae, and An. merus; Video S1: 

A reconstructed 3D image of the An. gambiae ovarian nurse cell nucleus with oligopaints on DAPI 

stained chromosomes; Video S2: A reconstructed 3D image of the An. gambiae ovarian nurse cell 

nucleus with oligopaints only; Video S3: A stack of confocal z-slices of the salivary gland cell 

nucleus in An. merus. The preparation is stained with YOYO-1; Video S4: A stack of confocal z-

slices of the ovarian nurse cell nucleus in An. merus. The preparation is stained with YOYO-1; 

Video S5: Oligopainted chromosomes in the salivary gland cell nucleus of An. coluzzii. 

Chromosomes are stained with DAPI. The scale bar = 5 μm; Video S6: Oligopainted chromosomes 

in the ovarian nurse cell nucleus of An. coluzzii. Chromosomes are stained with DAPI. The scale 

bar = 5 μm; Video S7: Oligopainted chromosomes in the salivary gland cell nucleus of An. 

gambiae. Chromosomes are stained with DAPI. The scale bar = 5 μm; Video S8: Oligopainted 

chromosomes in the ovarian nurse cell nucleus of An. gambiae. Chromosomes are stained with 

DAPI. The scale bar = 5 μm; Video S9: Oligopainted chromosomes in the salivary gland cell 

nucleus of An. merus. Chromosomes are stained with DAPI. The scale bar = 5 μm; Video S10: 

Oligopainted chromosomes in the ovarian nurse cell nucleus of An. merus. Chromosomes are 

stained with DAPI. The scale bar = 5 μm; Video S11: Distances between oligopainted bands and 

the NE in an ovarian nurse cell nucleus of An. gambiae determined by the analysis in MATLAB. 

Chromosomes are colored as follows: X—blue, 2L—red, 3R—purple, and 3L—green; Video S12: 

3D organization of chromosome territories stained with oligopaints in the ovarian nurse cell 

nucleus (left) and the salivary gland cell nucleus (right) of An. gambiae determined by the analysis 

in MATLAB. The chromosomes are colored as follows: X—blue, 2L—red, 3R—purple, and 3L—

green. 
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Table 5.1 Summary of oligonucleotide probe design for the painting of Anopheles 

chromosomes. 

Chromosome 

arm 

Length of 

the 

chromosom

e 

Total 

number 

of probes 

Number 

of 10-kb 

windows 

Average 

probe 

density/kb 

Average 

number of 

signals/arm 

X 24.4 Mb 2863 25 11.5 20 

2L 49.4 Mb 6843 50 13.7 42 

3R 53.2 Mb 7799 54 14.4 39 

3L 42.0 Mb 5973 42 13.3 34 
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Table 5.2 The ratio of the autosome volume to the X chromosome volume. 

Species and tissue 2L/X 3R/X 3L/X 

Average 

autosome/X 

An. coluzzii salivary glands 4.28 4.90 2.98 4.05 

An. coluzzii nurse cells 3.67 2.81 2.75 3.08 

An. gambiae salivary glands 3.44 3.99 3.90 3.78 

An. gambiae nurse cells 3.13 2.68 2.81 2.87 

An. merus salivary glands 5.67 6.02 4.67 5.45 

An. merus nurse cells 6.41 4.74 3.13 4.76 
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Table 5.3 The average eccentricities of X, 2L, 3R, and 3L territories. 

Species and tissue X 2L 3R 3L 

An. coluzzii salivary glands 3.81 2.87 2.95 3.09 

An. coluzzii nurse cells 3.47 2.54 2.28 2.47 

An. gambiae salivary glands 3.64 3.47 3.66 3.78 

An. gambiae nurse cells 3.37 3.07 2.69 3.27 

An. merus salivary glands 3.59 2.62 2.90 2.68 

An. merus nurse cells 3.27 2.75 2.73 2.89 
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Figure 5.1 Example workflow characterizing the volume, shape, polarization, and 

positioning of chromosome territories in the ovarian nurse cell nucleus of Anopheles gambiae. 

The top row shows experimental data for a single polytene nucleus, while the bottom row depicts 

how these data are quantified within our analysis pipeline. (A) Three-dimensional reconstruction 

of chromosomes stained with DAPI. (B) Three-dimensional reconstruction of discrete 

oligopainting signals unique to X (blue, Cy5), 2L (red, Cy3), 3R (purple, Cy3 + Cy5), and 3L 

(green, fluorescein). (C) Overlap of DAPI and oligopainting signals. (D) Location of the nuclear 

envelope (NE) inferred from the boundary of the DAPI signal enclosed in an ellipsoid. (E) 

Enclosure of the oligopainting signals belonging to the discrete chromosome territories. (F) 

Visualization of the territories and oligopainting signals (color dots) within the nucleus to 

characterize Chr–NE and Chr–Chr interactions. A scale in μms is shown on the X, Y, and Z axes. 
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Figure 5.2 Quantifying the affinity between chromosome territories and the NE. (A) Four-

color 3D oligopaint banding of polytene chromosomes in ovarian nurse cells of An. gambiae. 

DAPI staining of chromosomes is not shown; therefore, the actual banding pattern is not visible 

here. (B) Distances between oligopainted bands and the projected NE determined by analysis in 

MATLAB. The chromosomes are colored as follows: X—blue, 2L—red, 3R—purple, and 3L—

green. 
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Figure 5.3 The radii of the three principle axes (a, b, and c) of the ellipsoid enclosing the 

chromosome territories in salivary gland cells (left panel) and nurse cells (right panel). (A) 

An. coluzzii. (B) An. gambiae. (C) An. merus. 
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Figure 5.4 The chromosome decompaction factor (CDF) in salivary gland cells (dark gray 

bars) and ovarian nurse cells (light gray bars). (A) An. coluzzii. (B) An. gambiae. (C) An. merus. 

Asterisks above autosomal bars indicate significant differences in CDF between the X 

chromosome and the autosomal arms, with p-value < 0.05. 
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Figure 5.5 The angles formed by joining semi-axis a chromosome pairs in salivary gland cells 

(gray bars) and ovarian nurse cells (white bars). (A) An. coluzzii. (B) An. gambiae. (C) An. 

merus. 
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Figure 5.6 The percentage of Chr–NE contacts in salivary gland cells (gray bars) and ovarian 

nurse cells (white bars). (A) An. coluzzii. (B) An. gambiae. (C) An. merus. 
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Figure 5.7 Contacts between chromosome territories in salivary gland cells (gray bars) and 

ovarian nurse cells (white bars). (A) An. coluzzii. (B) An. gambiae. (C) An. merus. 
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Figure 5.8 A scatter plot showing the dependence of the Chr–Chr contacts (Y-axis) against 

the Chr–NE contacts (X-axis) in malaria mosquitoes. The data are shown for two cell types and 

the three species investigated here. All of the studied chromosomes together show moderate 

negative correlations between Chr–NE and Chr–Chr contacts, r = −0.50, p = 0.012. The correlation 

is stronger for the autosomes alone, r = −0.64, p = 0.0044 Experimental data points for each 

individual chromosome are marked by a different color and shape. Regressions lines are color-

coded to match the symbols used for each chromosome. 
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Figure 5.9 Scheme demonstrating cell type-specific features of the nuclear architecture in 

malaria mosquitoes: Chr–NE and Chr–Chr contacts, organization of the nucleolus. 
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Chapter 6: Summary  

6.1 Conclusions and future directions 

Recently, more and more sibling species have been found in the Anopheles gambiae 

complex, which includes both important malaria species and nonvector species. Since malaria 

control program have stagnated since 2015, novel control strategies are needed, such as gene drive 

[1]. Deciphering evolutionary process in An. gambiae complex, can help us develop species-

specific and ecological friendly techniques, as well as improve our relevant knowledge. In this 

dissertation, using lab strains of species in this complex, I, and my colleagues, try to solve two 

mutual related evolutionary questions, speciation and chromosome evolution. 

In chapter 2 and 3, we performed multiple crossing and backcrossing experiments 

between sibling species in An. gambiae complex. Even though inter-species hybrid males are all 

sterile, reciprocal crosses of the same parents produced sons with different level of sterility 

(asymmetry hybrid phenotypes). Hybrid males from one cross display a normal morphology of the 

reproductive tract and mating behavior. Sterility in these males only come from meiotic failures in 

spermatocytes. In contrast, hybrid males from the opposite species manifest a systematical collapse 

of the reproductive tract. Both testes and male accessary glands are relatively underdeveloped and 

spermatogenesis arrested at the very beginning stage. Their mating behaviors are also affected. In 

the future, since the only difference between these hybrid males are sex chromosomes from parents 

and cytoplasm from mothers, we need to focus our research on the interactions between sex 

chromosomes vs. cytoplasm and autosomes. Mechanisms of hybrid male sterility are complicated, 

both genes and repetitive DNA, as well as both gene regulations and epigenetic modifications, 

may take part in the reproductive isolation [2, 3]. However, only few genes have been found and 

most of them are considered as hybrid incompatibility genes instead of speciation genes, species 

complex with different ages of populations may tell how speciation genes and hybrid 
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incompatibility genes appeared and developed. Continuous investigations on more interspecies 

crosses in An. gambiae complex, on gene expression levels, and on functional analysis of potential 

hybrid incompatibility genes, need to be on the way, as this complex includes recently diverged 

species such as An. gambiae and An. coluzzii, with no postzygotic isolation, and relatively ancient 

species, An. merus [4, 5]. 

In chapter 4, we comprehensively investigated metaphase chromosome karyotypes in four 

sibling species of An. gambiae complex. Since repetitive DNA evolve faster than genes, we 

utilized both published and newfound highly repetitive sequence to design oligonucleotide probes 

and perform fluorescent in situ hybridization (FISH). Precise mapping results showed clear 

conserved and potential species-specific heterochromatic repetitive DNA regions on both 

centromeres and sex chromosomes among species, indicating special evolutionary patterns in the 

An. gambiae complex. In addition, we also found a closer chromosomal evolution relationship 

between An. coluzzii/An. gambiae and An. arabiensis than An. quadriannulatus, which is 

contradictory with recently popular-accepted species phylogeny. Repetitive mappings are 

important for studies on sex chromosome and centromere evolution, hybrid incompatibility, 

repetitive DNA assembly and other heterochromatin associated biology questions [6, 7]. However, 

since hard to assembly the repetitive DNA to genome, few research have focused on the 

comprehensive investigation in a species complex. With the development of sequence techniques, 

such as Oxford Nanopore [8] and HiC [9], integrated research on repetitive DNA evolution 

between sibling species is possible. In addition, other technique, such as chromatin 

immunoprecipitation sequencing (ChIP-seq), promote studies on special genomic regions, e.g. 

centromeres [10, 11].  Even though, research on repetitive DNA have largely improve our 

understanding on heterochromatic DNA evolution in An. gambiae complex [12-14], there are still 
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long way to go. In the future, we need to conduct deep analyses on repetitive sequences of sex 

chromosomes and centromeres from more species in An. gambiae complex, which will help us to 

solve those biological and evolutionary questions. 

In chapter 5, we used fluorescent-labeled oligonucleotide probes to investigate the three-

dimension chromosomal organization in the nuclei of salivary glands (soma cells) and ovarian 

nurse cells (germline cells) with polytene chromosomes. We compared three species, An. gambiae, 

An. coluzzii, and An. merus in the An. gambiae complex. Using our analysis work flow, we found 

that the X chromosome volume was the smallest and the X chromosome territory was the most 

condensed in both cell types of all tested species, suggesting that the probability of long-rang intra-

chromosomal loci interactions are higher on the X than autosomes. By comparing salivary gland 

cells from larvae and ovarian nurse cells from blood-fed female adults, our resluts also 

demonstrated that a significant and consistent inverse relationship exist for the frequencies of Chr–

Chr and Chr–NE attachments in all tested species. In the future, the generality of this reverse 

relationship need to be tested in more cell types, developmental stages in pure species and even 

species hybrids. Besides, the transcriptional mechanisms underneath this phenomenon also need 

to be determined.   
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