
Characterization of Cellulose and Chitin Thin Films and Their 

Interactions with Bio-based Polymers 
 

 

Joshua D. Kittle 

 

 

Dissertation submitted to the faculty of the 

Virginia Polytechnic Institute and State University 

in fulfillment of the requirements for 

 

 

Doctor of Philosophy 

in 

Chemistry 

 

 

Alan R. Esker, Chair 

Louis A. Madsen 

John R. Morris 

Diego Troya 

 

 

 

 

April 2, 2012 

Blacksburg, Virginia 

 

 

 

 

 

 

 

Keywords: Quartz Crystal Microbalance, Surface Plasmon Resonance, Cellulose, Chitin, 

Xyloglucan, Dextran



Characterization of Cellulose and Chitin Thin Films and Their  

Interactions with Various Bio-based Polymers 

 

Joshua D. Kittle 

 

Abstract 

 As the two most abundant natural polymers on earth, cellulose and chitin have attracted 

increasing attention as a source of renewable energy and functional materials.  Thin films of 

cellulose and chitin are useful for studying interactions of these materials with other natural and 

synthetic molecules via techniques such as quartz crystal microbalance with dissipation 

monitoring (QCM-D) and surface plasmon resonance (SPR).  Because of the difficulty of 

extracting native cellulose, regenerated cellulose (RC), sulfated nanocrystalline cellulose (SNC), 

and desulfated nanocrystalline cellulose (DNC) thin films are often studied in its place.   

 In this work, QCM-D solvent exchange studies showed that water contents of RC, SNC 

and DNC films were proportional to the film thickness (d).  Accessibility and degradation of the 

films was further analyzed via substrate exposure to cellulase.  Cellulase adsorption onto RC 

films was independent of d, whereas cellulase adsorption onto SNC and DNC films increased 

with d.  Enhanced access to guest molecules for SNC and DNC films relative to RC films 

revealed they are more porous.  The porosity of these cellulose films aided in understanding the 

observed differences of xyloglucan (XG) adsorption onto their surfaces. 

Xyloglucan adsorption onto RC, SNC, and DNC was studied by QCM-D and SPR.  The 

amount of adsorbed XG increased in the order RC < SNC < DNC.  XG adsorption onto RC films 

was independent of d, whereas XG adsorption was weakly dependent upon d for SNC films and 

strongly dependent upon d for DNC films.  However, XG adsorbed onto "monolayer" thin films 

of RC, SNC, and DNC in approximately the same amount.  These results suggested that the 

morphology and surface charge of the cellulose substrate had a limited effect upon XG 



 

iii 

 

adsorption and that accessible surface area of the cellulose film may be the factor leading to 

apparent differences in XG adsorption for different surfaces. 

 The porosity and surface charge of SNC films presented a unique opportunity to examine 

polyelectrolyte adsorption and subsequent dewatering of the SNC substrate.  The adsorption of a 

series of cationically derivatized dextran (cDex) polyelectrolytes with various degrees of 

substitution (DS) onto SNC was studied using QCM-D and SPR.  As the hydrophobic character 

of the cDex samples increased, the water content of the adsorbed cDex layer decreased.  For 

cDex with the greatest hydrophobic content, nearly 50% by mass of the initial water present in 

the porous SNC film was removed upon cDex adsorption. This study indicated that the water 

content of the film could be tailored by controlling the DS and hydrophobic character of the 

polyelectrolyte.   

This work also presents the first report of smooth, homogeneous, ultrathin chitin films, 

opening the door to surface studies of binding interactions, adsorption kinetics, and enzymatic 

degradation.  The chitin films were formed by spincoating trimethylsilyl chitin onto gold or silica 

substrates, followed by regeneration to a chitin film.  The utility of these chitin films as 

biosensors was evident from QCM-D and SPR studies that revealed bovine serum albumin 

adsorbed as a monolayer. 
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Figure 6.8 (A) ΓQCM and (B) ΓSPR vs. Degree of Substitution for (▲) DMAE-Dex, 
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RChi films.  The AFM image of a ~15 nm RChi film has a RMS 

roughness of ~1.2 nm. 
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Figure 7.3 Powder X-ray diffraction data for (a) as supplied chitin, (b) TMSChi, and 

(c) RChi.   
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Figure 7.4 RAIRS spectra for TMSChi and RChi films on gold.  
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Figure 7.5 
1
H NMR spectrum (400 MHz, Varian INOVA-400) for TMSChi in 

acetone-d6.  Spectral assignments are δ 0.00 (s, Si-CH3, 18H), 1.84 (s, 

CO-CH3, 3H), 3.20 (br s, pyranose, 1H), 3.66 (br m, pyranose, 5H), 4.30 

(br s, pyranose, 1H), and 7.05 ppm (br s, N-H, 1H).  The degree of TMS 

substitution per pyranose repeat unit (DS) was determined by dividing 

the normalized TMS area (9H) by the normalized pyranose area (7H) to 

yield a DS of 2.0.  The degree of N-acetylation (DA) per repeat unit was 

determined by dividing the normalized N-H area (1H) by the normalized 

pyranose area (7H) to yield a DA of 0.98.  
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Figure 7.6 QCM-D data for (A) Γwater vs. film thickness (d) of RChi (Δ, ―) and 

regenerated cellulose
21

 (---) films and (B) (Δf/n) vs. time (t) for BSA 

adsorption onto bare silica (♦), RChi (●), and bare substrates (■).  BSA 

was injected at ~ 5 min.  The last data points in (B) for each substrate 

have representative one standard deviation error bars.  
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Figure 7.7 Surface excess (ΓQCM) vs. film thickness (d) for BSA adsorption (100 

mg·L
-1

) onto RChi films obtained via QCM-D. The line represents the 

average, ΓQCM = 3.2 ± 0.4 mg·m
-2

. 
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Figure 7.8 Representative resonance angle changes (Δθsp) for BSA (100 mg·L
-1

) 

adsorption onto (■) gold and (●) RChi-coated substrates obtained by 

SPR. 
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Figure 8.1 QCM-D H2O/D2O solvent exchange data (n = 5) for (- -) a bare gold 

QCM-D sensor and (─) a gold QCM-D sensor coated with an ~20 nm 

regenerated cellulose film. 
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Figure 8.2 The chemical structure of one component found in pectic 

polysaccharides.  Shown is a homogalacturonan chain depicting both the 

anionic carboxylic and methyl esterified repeat units.  As noted in 

Chapter 2.2.3, pectins are the most complex polysaccharides in nature 

and comprehensive structures are difficult to determine. 
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Figure 8.3 Reaction of DNC with epoxypropyltrimethylammonium chloride under 

basic conditions to form CNC.
5 
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Figure 8.4 (A) Structure of dextran derivatized with coumarin and sulfate groups 

provided by the Heinze group and (B) schematic illustration of 

photocrosslinking between two chains via the coumarin groups of the 

dextran derivatives depicted in (A). 
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Figure 8.5 Π-A isotherm for TMSChi using water as the subphase. 184 
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Chapter 1: Overview 

 

The scientific community has increasingly focused on biomaterials as candidates for 

renewable energy and functional materials.
 
 Cellulose and chitin are two such candidates and 

together represent the most abundant materials in nature.
1,2

  Consequently, fundamental 

knowledge of their natural synthesis, enzymatic degradation, and chemical interactions with 

other polysaccharides and proteins is important for facilitating bioengineering of a renewable and 

easily accessible resource.
3,4

  Due to the difficulty of extracting and processing unmodified 

biomaterials from natural systems, chemically modified cellulose and chitin systems are often 

used for biomimetic investigations.   

The goal of this research has been to further characterize some of these cellulose and 

chitin thin film systems using a variety of surface techniques, such as a quartz crystal 

microbalance with dissipation monitoring (QCM-D), surface plasmon resonance (SPR), and 

atomic force microscopy (AFM).  Further, the relationship between crystallinity, charge density, 

accessible surface area, and water content of these cellulose and chitin surfaces was explored.  

This information is relevant for selecting cellulose and chitin materials that interact with other 

biopolymers and have mechanical behavior similar to natural systems.  Additionally, these 

features are crucial for understanding how enzyme access to the substrate influences degradation.   

 Chapter 2 of this dissertation provides an introduction to biopolymers, specifically 

focusing on the organization of the plant cell wall and the key interactions of cellulose with other 

matrix polysaccharides.  Additionally, research into thin films of cellulose and chitin, as well as 

their interactions with the biopolymers examined in this work (e.g. cellulase, xyloglucan, and 

dextran derivatives), are surveyed.  Finally, a brief introduction to polymer adsorption is 

presented, as is the theory behind some of the experimental techniques used in this research.   
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Chapter 3 details the materials and experimental conditions used in collecting data.  This 

information is not repeated in subsequent chapters. 

 Chapter 4 introduces a new technique to determine the water content of thin films using 

QCM-D and solvent exchange.  The water content of regenerated cellulose (RC), sulfated 

nanocrystalline cellulose (SNC), and desulfated nanocrystalline cellulose (DNC) is determined 

using this technique.  Additionally, the mesostructure, charge density, and film thickness effects 

associated with cellulase adsorption onto and degradation of these cellulose substrates is 

examined.  The discussion primarily focuses on the comparison of the measured water content of 

cellulose films by QCM-D solvent exchange with other experimental techniques and the porosity 

of RC, SNC, and DNC films. 

In Chapter 5, QCM-D and SPR are used to determine adsorption isotherms for 

xyloglucan adsorption onto RC, SNC, and DNC films and the adsorption data are fit with 

Langmuir or Freundlich isotherms.  The effects of cellulose morphology, charge density, and 

film thickness on XG adsorption are further explored using AFM.  The discussion focuses on 

experimental considerations when determining xyloglucan adsorption onto cellulose surfaces and 

the importance of selecting appropriate cellulose substrates to best highlight the question studied 

(e.g. biomimetic systems or competitive adsorption studies) in a particular set of experiments. 

Chapter 6 involves adsorption studies of a series of cationically derivatized dextran 

(cDex) polyelectrolytes adsorbed onto SNC using QCM-D and SPR.  Three types of these 

hydrophobically-modified polyelectrolytes (HPE) with a range of degrees of substitution (DS) 

are considered – (N,N-dimethylamino)ethyl dextran (DMAE-Dex), (N,N-diethylamino) ethyl 

dextran (DEAE-Dex), and (N,N-diisopropylamino)ethyl dextran (DIAE-Dex).  The influence of 

the type and quantity of hydrophobic substituent on cDex adsorption onto SNC is examined.  
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The discussion focuses on the potential to control the water content of adsorbed cDex layers, as 

well as the SNC substrate, by tailoring the DS and hydrophobicity of the polyelectrolyte. 

Chapter 7 presents the first reported homogeneous, ultrathin film of chitin via spincoating 

of trimethylsilyl chitin (TMSChi) and subsequent regeneration to chitin (RChi).  The RChi film 

is characterized by a variety of techniques, including AFM, X-ray diffraction (XRD), reflection 

absorption infrared spectroscopy (RAIRS), X-ray photoelectron spectroscopy (XPS), and 

ellipsometry.  Further, the water content of the RChi film is quantified using QCM-D solvent 

exchange.  Finally, the utility of the RChi film as a biosensor is probed via QCM-D and SPR 

adsorption studies of bovine serum albumin (BSA) onto the RChi surface.   

The overall conclusions of this dissertation are provided in Chapter 8, as well as some 

suggestions regarding future work related to the studies presented here. 
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Chapter 2: Introduction and Review 

 

2.1 Introduction to Renewable Biopolymers 

Polymers from renewable resources (e.g. plants, bacteria, and crustaceans) are of 

considerable interest as a source of renewable energy and functional materials.
1
  These 

polysaccharide-based biopolymers have already found widespread use in the biomedical, food, 

textile, and energy industries.
2-4

  These natural polymers are biocompatible, biodegradable, 

energy rich, and typically form strong, hierarchal composites.
5
  However, while the strength of 

these materials in their natural state has practical value (e.g. wood), their complexity also 

presents challenges to those who desire to economically access their renewable material and 

energy.
6
   

 

Figure 2.1 Schematic depiction of (A) a cross-section of wood from an angiosperm, (B) tracheid 

cells from the cross-section, and (C) the corner where four tracheid cells meet.  Adapted from 

Albersheim et al.
7
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The complex, hierarchal nature of plants is illustrated for the case of wood in Figure 2.1.  

Figure 2.1A depicts a cross-section of wood from a flowering plant.  Moving outward from the 

center of the cut are the pith, primary xylem, secondary xylem, phloem, cambium, and cork.
7 
 

The rectangle in the secondary xylem of Figure 2.1A is expanded in Figure 2.1B to show several 

tracheid cells.  These tracheid cells are used to transport water and nutrients through the plant.
8
  

The circle at the intersection of four tracheid cells of Figure 2.1B is expanded in Figure 2.1C.  

The tracheid cells are separated by a middle lamella and each cell is composed of a primary cell 

wall and secondary cell wall.  The primary and secondary cell walls differ in both their 

polysaccharide composition and molecular arrangement.  The secondary cell wall is further 

divided into S1, S2, and S3 layers that vary in their polysaccharide composition, thickness, and 

orientation of cellulose microfibrils.
9
  Typical dimensions of the tracheid cells are 1-5 mm in 

length and 0.01-0.02 mm in diameter, while the thickness of the primary and secondary cell 

walls are about 100 nm and 1 μm, respectively.
10

  The cellulose microfibrils within the cell walls 

have typical diameters of 10-20 nm.
10

  As one moves from Figure 2.1A to 2.1C, one begins to 

sense the decreasing dimensions and increasing complexity of the plant hierarchy.  A detailed 

understanding of how natural systems form and the interactions between the various components 

within their cell walls is far from complete.
7
  This information is important in considering how 

plants might be bioengineered to permit easier access to renewable materials through more 

efficient disassembly processes.
11

 

2.2 The Plant Cell Wall 

The primary and secondary plant cell walls are composed of a complex network of 

polysaccharides.  Both cell walls are essentially fiber-reinforced composites of cellulose 

microfibers embedded within a network of hemicelluloses and pectins (primary cell wall) or 
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lignin (secondary cell wall).
7
  A key difference between the primary and secondary cell walls is 

that the primary wall is capable of expanding.  Generally, once expansion of the primary wall is 

complete, secondary walls are then added to the interior side of the primary cell wall.  These 

secondary walls typically have a different polysaccharide composition from the primary wall 

and, for higher order plants, contain significant amounts of lignin, which serves to rigidify the 

cell.
12

  However, not all cells within plants have a secondary or, in some cases, primary cell 

wall.
13 

  

2.2.1 Cellulose 

Cellulose is the most abundant natural polymer on Earth and the largest component of the 

cell wall, comprising up to 30% of the dry mass of primary cell walls and up to 50% of the dry 

mass of secondary cell walls.
7
  As shown in Figure 2.2, cellulose is a linear chain of anhydro-D-

glucopyranose (AGU) units in a chair conformation with hydroxyl groups in equatorial 

positions.
14

  Every other AGU is rotated to preserve the thermodynamically favored acetal bond 

angle of the β-1,4-glucosidic bonds.
15

  In the cell wall, the cellulose chains have a degree of 

polymerization (DP) of 2,000-15,000 AGUs, depending on the type of plant and cell wall 

(primary or secondary).
16

  A single cellulose chain will pass through both crystalline and 

amorphous regions.  In crystalline regions, 30-36 cellulose chains associate laterally through 

hydrogen bonding.
17

  There are several crystalline cellulose polymorphs, but only cellulose I 

occurs naturally.
18

  Though all hydroxyl groups in cellulose I exhibit hydrogen bonding, the 

dominant intramolecular bond is O3-H···O5 and the dominant intermolecular bond is O6-

H···O3.
19

  The extensive, regular hydrogen bonding of the cellulose chains makes the crystal 

impermeable and increases the difficulty of extracting and degrading the cellulose.
7
  Elementary 

cellulose fibers have diameters of ~5 nm and several of these elementary fibers will bundle 
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together with hemicelluloses to form cellulose microfibers with diameters of 10-30 nm and 

lengths of ~ 7 μm.
14,20

  These cellulose microfibrils form an open matrix in the cell wall, the 

pores of which are filled with hemicelluloses and pectin (primary cell wall) or lignin (secondary 

cell wall).
21

 

 

 

 

Figure 2.2 The repeating unit of cellulose chains. 

 

2.2.2 Hemicelluloses 

Hemicelluloses comprise up to 50% by mass of the dry cell wall and link together 

cellulose microfibrils, forming a composite that is the cell wall’s primary load structure.
7
  

Hemicelluloses are highly branched chains composed of a mixture of pentoses, hexoses and 

deoxyhexoses.  Unlike cellulose, hemicelluloses are amorphous, have a much lower DP (e.g. 

200), and can be easily extracted by dissolution in aqueous alkali.
22

  Some of the 

monosaccharides present in hemicelluloses are shown in Figure 2.3.  Hemicelluloses have a 

complex structure and, because of the variety of saccharide combinations possible and their 

chemical similarity, the chemical composition, extent of branching, and conformation for most 

hemicelluloses have yet to be determined.
7
  Two of the more common hemicelluloses are 

xyloglucan (XG), the dominant hemicellulose of higher plants, and arabinoxylan, the 
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predominant hemicellulose of grasses.
23

  Both of these hemicelluloses are heterosaccharides.  A 

possible, random structure for a commercially available XG from tamarind seeds is shown in 

Figure 2.4. 

 

 

Figure 2.3 Monosaccharides commonly found in hemicelluloses. 
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Figure 2.4 A possible structure of xyloglucan (XG), composed of a glucose backbone (black) in 

which about ~75% of the glucose units contain xylose branches (green).  Half of the xylose 

branches contain galactose (blue) or arabinose (red) residues. 

 

2.2.3 Pectin 

Pectins are branched heteropolysaccharides characterized by the presence of carboxylic 

acid groups on many of the sugar subunits.
20

  Pectins constitute 10-30% of the dry mass of the 

cell wall and can be easily isolated from the cell wall by sequential treatment of hot water, weak 

acid, weak base, and ammonium oxalate.
7
  Their high acid content enables pectins to form gels 

via divalent cations and, consequently, pectins are widely used in the food industry as a 

thickener.
24

  The acid sugars found in pectins are shown in Figure 2.5.  In the cell wall, the 

carboxylic acid groups of pectins can be enzymatically esterified in muro.
20

 The degree of 

methyl esterification of the carboxylic acid groups varies widely between plants and type of plant 

tissue.
24 

  

Pectins are the most complex polysaccharides known in nature.
7
  Pectins are 

heterogeneous, highly branched polymers with molecular weights of ~10
6
 kDa.  Generally, 

pectins are classified as either homogalacturonans, rhamnogalacturonans I (RG-I), or 

rhamnogalacturonans II (RG-II).
7
  Homogalacturonans are composed of a galacturonic acid 

backbone with varying degrees of esterification and often pendant RG-I and RG-II chains.
17

  

RG-I has alternating rhamnosyl and galactosyluronic acid residues with arabinosyl, galactosyl, 
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fucosyl, and glucosyluronic acid branches of varying length and combination.
25

  RG-II is most 

complex polysaccharide known and is composed of only 30 glycosyl residues.
7
  RG-II contains 

all of the monosaccharides from Figure 2.3, except mannose and glucose, as well as acids from 

Figure 2.5.  RG-II is highly branched and its exact structure is unknown.
7
   

 

Figure 2.5 Acidic sugars common to pectins. 

 

Pectin is found in the interstitial regions of the primary cell wall and is also concentrated 

in the middle lamella.
26

  The pectic network entangles with the cellulose-hemicellulose network, 

possibly via covalent linkages with hemicelluloses and noncovalent linkages with cellulose.  

Additionally, pectins are likely anchored to the plasma membrane and extend to the middle 

lamella of adjacent cells, linking together cells via divalent cations.
7
  This network controls the 

water content and porosity of the cell wall
27

 and resists compression and shearing forces.
7
  

Studies have shown that when the growth of a hemicellulose is inhibited, the amount of pectin 

present within the cell wall increases and performs a function similar to the hemicellulose.
28

 

2.2.4 Lignin 

 Lignin refers to the hydrophobic, amorphous polymer of the secondary cell wall.
29

  

During lignification, lignin surrounds the cellulose, hemicelluloses, and pectins of the cell wall 

as it replaces the aqueous phase.
7
  Studies seem to indicate that lignin crosslinks with 
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hemicelluloses.
30

  This process yields a rigid, three dimensional composite that provides 

mechanical support for plants.
31

  Taller plants that require greater support, such as trees, contain 

up to 40% lignin by dry mass.
7
  Lignin is composed predominantly of three monomers – p-

coumaryl alcohol, coniferyl alcohol, and sinapyl alcohol (Figure 2.6) – though many other 

monomers are present in small amounts.
32

  These monolignols are thought to polymerize via 

enzymatic dehydrogenation of the phenylpropanes, followed by radical coupling to form a 

random polymer with a wide variety of linkages.
33

  Because of the quantity and variety of 

crosslinks in lignin, removal of lignin intact is not possible.  Instead, lignin is typically purified 

by first grinding the plant cells to break the wall network, followed by enzymatic removal of the 

cellulose and extraction with dioxane-water mixtures.
7
  

 

Figure 2.6 Predominant monolignol precursors of lignin. 

 

2.2.5 Structure of the Primary Plant Cell Wall 

The structure of the primary plant cell wall is depicted in Figure 2.7.
26

  Depending on the 

plant type, a dry primary cell wall contains 20-30% cellulose, 10-30% pectin, 20-50% 

hemicellulose, and 1-10% protein by mass.
7
  Water constitutes 70-90% of the hydrated primary 

cell wall by mass.
7
  Cellulose is believed to be synthesized in a protein “rosette” terminal 

complex and extruded through the plasma membrane,
34

 forming microfibrils that have diameters 
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on the order of 10 nm and lengths of ~7 μm.
17

  The cellulose microfibrils are composed of 30-36 

chains of cellulose held together via hydrogen bonding.  Each cellulose chain has a degree of 

polymerization (DP) up to 15,000 glucose units.
17

  As the microfibrils form, the Golgi apparatus 

synthesizes the other polysaccharides (e.g. hemicelluloses and pectins), which are delivered via 

lipid vesicles into the cell wall for assembly.
20

  These polymers must unfold and diffuse within 

the aqueous environment of the wall to their final destination.  Because some of these 

hemicelluloses are insoluble in water when extracted from the cell wall, it is thought that they 

may be modified after secretion by the removal of structural components (e.g. branches) that 

facilitate solubility.
20

  The pectin undergoes modification in muro – the methyl groups can be 

removed to allow coordination with divalent ions, such as Ca
2+

.
20

  The degree of acetylation 

along the pectin chains affects the water content and porosity of the primary cell wall.
27

  

 

Figure 2.7 Schematic illustration of the primary plant cell wall.  Adapted from Renard et al.
26
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 Generally, the primary cell wall is composed of two networks – a cellulose-hemicellulose 

network embedded within a pectic network.
7
  The cellulose-hemicellulose network resists 

tension, while the pectic network resists compression and shearing.
7
  Although the composition 

of the primary cell wall significantly alters its mechanical properties, the nature of the 

interactions between cellulose, hemicelluloses and pectin is not fully understood.  Cosgrove 

provides an excellent review of several hemicellulose-cellulose models.
35

  In brief, one model 

proposes that hemicelluloses crosslink cellulose microfibrils, either via physical entrapment of a 

hemicellulose chain end within one cellulose microfibril and noncovalent (e.g. hydrogen-

bonding) interactions with the surface of an adjacent microfibril (Figure 2.8A),
36

  or purely via 

noncovalent interactions between hemicellulose and multiple microfibril surfaces (Figure 

2.8B).
37

  An alternative model suggests that hemicelluloses do not link cellulose microfibrils 

together, but rather link the cellulose microfibrils to the pectic network.  In this model, one 

hemicellulose chain end non-covalently interacts with a microfibril, while the rest of the chain 

interacts with pectin, either via covalent
38

 or non-covalent linkages (Figure 2.8C).
39

  A more 

recent model obtained by NMR studies suggests that pectin forms noncovalent crosslinks with 

cellulose microfibrils, hemicellulose intercalates between adjacent microfibrils, and pectin 

covalently crosslinks with the hemicellulose (Figure 2.8D).
40

   

2.3 Key Studies of Cellulose/Polysaccharide Interactions 

Due to the complexity of the cell wall and the difficulty of extracting unmodified plant cell 

wall materials, model cellulose systems are often used for investigations of interactions between 

cellulose and other plant cell wall polysaccharides and their derivatives.
41-44
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Figure 2.8 Four proposed models for linkages between cellulose microfibrils via hemicellulose 

and/or pectin. Dashed portions of hemicellulose chains represent intercalation between cellulose 

chains, while solid portions on the cellulose microfibrils represent surface interactions.  A-C 

were adapted from Cosgrove,
35

 and D was adapted from Dick-Pérez et al.
40

 

 

2.3.1 Cellulose Thin Films 

A variety of starting materials and methods have been used for the preparation of model 

cellulose substrates,
2,45

 including regenerated cellulose (RC),
46,47

 sulfated nanocrystalline 

cellulose (SNC),
48 

and desulfated nanocrystalline cellulose thin films (DNC).
49

  RC films are 

formed from trimethylsilyl cellulose (TMSC), which is soluble in a variety of organic solvents.  

Thin films of TMSC have been formed on hydrophobic substrates using the Langmuir-Blodgett 

(LB) technique
46

 or by spincoating from toluene solutions onto a gold or silica surface.
47

  Upon 

exposure to the vapor of a hydrochloric acid solution, the silyl groups of TMSC are cleaved to 

form a regenerated cellulose film (Figure 2.9).
46

  RC films formed using the LB method have a 

thickness that increases linearly with the number of deposition cycles and the thickness of a 

single RC monolayer has been measured to be 0.36 nm.
46

  TMSC films are hydrophobic, with a 
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water contact angle of 91
○
, while RC films are hydrophilic, with a water contact angle of 29

○
.  

Ellipsometry measurements of thin RC films yielded a refractive index of 1.51.
50

  RC films 

formed by spincoating or by the LB technique are similar in quality – both are uniform and 

smooth (root-mean-square roughness < 1 nm).
51

  After regeneration, a RC film is 60% thinner 

than the initial TMSC film.
42

  Attenuated total reflectance infrared spectroscopy measurements 

(ATR-IR) have shown that RC films are amorphous
47

 and a variety of techniques have 

demonstrated that they swell considerably in water (30-60% by volume).
52-54

 

 

 

Figure 2.9 Desilylation reaction of TMSC to yield RC. 

 

 Nanocrystalline cellulose (NC), such as SNC, are obtained by the sulfuric acid hydrolysis 

of softwood pulp.
55,56

  During this process, the SNC retain their cellulose I crystallinity, though 

as a result of the hydrolysis, sulfate groups are left on the NC surface.
55

  These SNC have typical 

diameters of 5-10 nm and lengths of 100-200 nm.
56

  Although significantly shorter than native 

cellulose fibers, SNC have comparable diameters to the elementary cellulose fibers that bundle 

together to form cellulose microfibers in plants.  Because of their similar crystallinity and 

dimensions as native cellulose, SNC may have some advantages over RC in modeling native cell 

wall interactions.  However, the sulfate groups found along SNC surfaces are not found in native 

cellulose.  Desulfated NC (DNC) can be formed by treating SNC with pyridine.
49

  Thin films of 

both SNC and DNC have been spincoated onto amine-terminated self-assembled monolayers 

(SAM-NH2) formed on gold substrates (Figure 2.10).
57

  Spincoated SNC films have shown some 
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radial, shear-induced orientation.
58

  In addition to spincoating and by taking advantage of the 

surface charge of SNC, layer-by-layer (LbL) assembly
43

 and LB films
59

 of SNC have also been 

reported. 

 

Figure 2.10 Illustration of NC films formed via spincoating onto a SAM-NH2/gold substrate. 

 

2.3.2 Self-Assembly of Polysaccharides onto Cellulose Thin Films 

Several groups have studied the adsorption and self-assembly of plant cell wall and plant 

cell wall-like polysaccharides onto cellulose,
36,60-63

 though only adsorption studies onto RC, SNC 

and DNC are considered here.
42,43,64-67

  Those researching in this area are confronted with several 

challenges, such as obtaining pure, well-defined plant cell wall polysaccharides for adsorption 

studies.  Additionally, the literature often presents conflicting information on the type and 

strength of interactions between these polysaccharides and cellulose, as well as widely scattered 

values for maximum adsorption onto cellulose.   

Surface plasmon resonance (SPR) studies showed that xyloglucan (XG) from tamarind 

seeds adsorbed onto SNC films at 0.4 mg·m
-2

,
64

 indicating that surface charge may limit 
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xyloglucan adsorption onto cellulose.  However, more recent work by Lopez et al. suggested that 

surface charge of cellulose plays a limited role in XG adsorption.
65

  Cerclier et al. used a quartz 

crystal microbalance (QCM) to determine the adsorption of XG from tamarind onto SNC to be 

~26 mg·m
-2

, although this value also includes a significant fraction of water.
66

  Gradwell et al. 

determined that derivatization of pullulan with lignin-like abietate groups resulted in strong 

adsorption onto RC films, presumably via hydrophobic interactions between the abietate groups 

and the cellulose ring.
41

  A similar result was obtained for pullulan cinnamate adsorption onto 

RC films.
42

  However, xylan solubilized via derivatization with hydroxypropyl groups did not 

significantly adsorb onto RC films.
67

      

2.3.3 Bioconversion of Cellulose 

Increasing energy demands for an expanding population has spurred research into 

sustainable and renewable energy sources arising from natural materials.
1
  The high sugar 

content present within the lignocellulosic biomass of the plant cell wall offers a potential means 

to address the impending energy crisis via conversion of this biomass into ethanol and other 

liquid fuels.
1,68

  As depicted in Figure 2.11, the first step in the conversion process is 

pretreatment of the plant cell wall to break the ordered structure, typically via physical milling or 

exposure to strong acid or base.
69

  This pretreatment increases the access of cellulases and 

hemicellulases to cellulose and hemicelluloses, leading to faster hydrolysis rates for their 

degradation into monomeric sugars.  The resulting hexoses and pentoses are then fermented and 

purified into ethanol.  The recalcitrance of the plant cell wall to degradation is the most cost-

prohibitive issue associated with biomass conversion and consequently considerable research is 

focused on delignification strategies and improving the rate of cellulose hydrolysis.
69
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Of particular interest to this work is the hydrolysis of cellulose via cellulases.  Cellulases 

are a collection of hydrolytic enzymes capable of degrading cellulose and are found naturally in 

bacteria and fungi.
70

  Generally, cellulases contain a carbohydrate binding domain, which brings 

the enzyme into close contact with the cellulose substrate, and the catalytic module, which 

hydrolyzes the β-(1,4)-glucosidic bonds of cellulose.
71

  Cellulase enzymes can be divided into 

three main classes: (1) endoglucanases, which cut amorphous cellulose regions into smaller 

chains, (2) exoglucanases, which react with both amorphous and crystalline cellulose chain ends 

to generate glucose or cellubiose, and (3) β-glucosidases, which convert cellubiose to 

glucose.
72,73

  One of the more commonly studied cellulases is obtained from the fungus 

Trichoderma reesi and is composed of at least two exoglucanases, five endoglucanases, and two 

β-glucosidases.
74

 

Cellulases have previously been used to degrade a variety of model cellulose surfaces 

(e.g. RC and SNC) and the accessibility,
75

 morphology,
76,77

 crystallinity,
76,77

 and degree of 

polymerization
78

 are all known to affect cellulase adsorption and cellulase catalyzed hydrolysis 

rates.  Generally, studies have shown that cellulases hydrolyze amorphous cellulose faster than 

crystalline cellulose.
76,77  

The degree of polymerization of the cellulose affects the type of 

cellulase (e.g. exo- versus endo-glucanase) able to bind to the cellulose surface and thus affects 

the hydrolysis rate, as different enzymes have varied hydrolysis rates.
73,78

  However, accessibility 

of the cellulases to the cellulose substrate is perhaps the greatest parameter affecting the 

hydrolysis rate, with enhanced accessibility resulting in faster hydrolysis rates.
75

 



 

19 

 

 

 

Figure 2.11 Generalized illustration of the conversion of biomass from a plant secondary cell 

wall into bioethanol.  Adapted from Dashtban et al.
69
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2.3.4 Dextran Derivatives and Their Interaction with Cellulose 

Dextran is a branched polysaccharide composed of α-1,6 glycosidic linkages (Figure 

2.12) synthesized from sucrose by certain bacteria, such as Leuconostoc mesenteroides and 

Streptococcus.
79

  Dextran typically forms short branches (1-2 units) at the α-1,3 carbon, although 

α-1,2 and α-1,4 branching is also possible, depending on the bacterial source.
80

  Dextran 

typically has a high molecular weight (M n ~ 10
6
-10

8
 kDa) and a high polydispersity index.

81
  In 

aqueous solution, dextran forms random coils
82

 with a radius of gyration (Rg) between 9 and 40 

nm, depending on the molecular weight.
83

   

 

Figure 2.12 Chemical structures of (1) dextran, (2) dextran sulfate, (3) dextran phosphate, and 

(4) (N,N-diethylamino)ethyl dextran. 
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Dextran is the most important polysaccharide produced from bacterial strains and has 

already found widespread use in biomedical and industrial applications because of such 

properties as water solubility, biocompatibility and biodegradability.
84,85

  Some applications 

include its use as a blood substitute and organ preservative, as well as a major ingredient of eye 

drops, cosmetics, and bakery products.
86

   

The hydroxyl groups along the dextran chain have been derivatized to form a wide 

variety of products,
86

 to include dextran sulfates,
87

 dextran phosphates,
88

 carboxymethyl 

dextrans,
89

 and aminoethyl dextrans.
90

  As is clear from Figure 2.12, some of these derivatives 

form polyelectrolytes in solution and have thus been used to form polyelectrolyte complexes 

(PECs) and LbL films.  Of particular interest to this work is (N,N-diethylamino)ethyl dextran 

(DEAE-Dex).  The tertiary amino groups of DEAE-Dex have a pKa of 9.5, and, as is common to 

polyelectrolytes, the pH value and ionic strength strongly affect its solution properties and 

conformation.
86

  DEAE-Dex has comparable Rg values to native dextran,
91

 suggesting that the 

chains do not aggregate in solution.  DEAE-Dex has found application as a transfection agent,
92

 

a cholesterol adsorption inhibitor,
93

 a flocculation agent,
94

 and in PEC membranes.
95 

   

Relatively few studies are present in the literature concerning the interactions between 

dextran derivatives and cellulose.  A sulfonated triazine dextran (blue dextran) has been shown 

to isotropically phase separate into an ordered, anisotropic SNC suspension, presumably because 

of the differences in flexibility between SNC and dextran.
96

  Recently, sulfopropylated dextran 

was incorporated into cellulose acetate butrate microcapsules, acting as an ion exchange resin in 

the capsule fore controlled drug release.
97

 Dextrans of various hydrodynamic radii have used to 

study the effect of probe size on the diffusion coefficients through a hydrophobic hydroxypropyl 

cellulose matrix.
98

  Additionally, dextran sulfates have been immobilized onto cellulose beads to 
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form a dextran sulfate cellulose column widely used to study the adsorption of various 

components found in blood (e.g. cholesterol) onto the column.
99

  The variety of available dextran 

and cellulose derivatives, coupled with their potential application in biomedical devices, 

membranes, polyelectrolytes, and nanocomposites, provide a largely untapped research field.  

Fundamental interactions between cellulose films and some dextran derivatives are discussed in 

Chapter 6 of this thesis.  

2.4 Chitin 

2.4.1 Natural Structure 

Chitin is found naturally in arthropods and fungal cell walls and is the second most 

abundant biopolymer on earth, behind cellulose.
100

 Chitin has shown promise in several areas 

due to its biocompatibility, biodegradability, antimicrobial properties, and high tensile strength.  

As such, chitin has found applications within the biomedical, food, cosmetic, and textile 

industries.
101  

Chitin is composed of β-1,4 linked N-acetylglucosamine units (Figure 2.13), 

though some deacetylation (5-10%) is typically present in natural systems.
102

   

 

Figure 2.13 Chemical structures of chitin and chitosan.  When the degree of N-acetylation (DA) 

is greater than 50%, the polysaccharide is considered to be chitin.  When the DA is less than 

50%, the polysaccharide is considered to be chitosan. 

 

Chitin occurs as one of two crystalline polymorphs, α and β, both of which are organized 

as sheets of chitin chains held tightly by a number of strong C-O···H-N interchain hydrogen 

bonds.
102

  α-Chitin, which contains two antiparallel molecules per unit cell, is the predominant 
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crystal form, while β-chitin, which contains only one antiparallel molecule per unit cell, is found 

only in some squid pens.
103

  In particular, it has been found that β-chitin is more susceptible to 

swelling, especially in aqueous media.
102

  However, as with cellulose, the crystalline nature of 

chitin inhibits its solubility in most organic solvents,
104

 so chitin is typically obtained by first 

milling waste from the seafood industry (e.g. crab, shrimp).  The resulting flakes are rinsed with 

dilute acid to remove calcium carbonate minerals and then dilute base to remove proteins.
100 

2.4.2 Chitin Derivatives 

Because of the difficulty in processing chitin, chitin derivatives are more widely studied 

than chitin.  Most important of these chitin derivatives is chitosan (Figure 2.13), formed by the 

deacetylation of chitin.
105

  Because chitosan is water soluble and, at low pH, a polyelectrolyte, a 

wide variety of interesting studies based on chitosan have been reported.  Chitosan has been 

explored as a scaffold for tissue engineering,
106

 biomimetic ultra-strong nanocomposites,
107

 and 

LbL films,
108

 among others.
103

  In one study of interest to this work, Kurita et al. demonstrated 

that silylation of the hydroxyl groups of chitin yielded trimethylsilyl chitin (TMSChi), resulting 

in a product soluble in acetone (Figure 2.14).
109

  In that work, TMSChi was solution cast into 

thick (mm scale) films and the silyl groups were cleaved by acetic acid, resulting in an 

amorphous, regenerated chitin (RChi) film.  Hence, TMSChi is the chitin analog of trimethylsilyl 

cellulose, which is known to form smooth, regenerated cellulose (RC) films.    

2.4.3 Chitin Thin Films 

One significant advantage of cellulose research over that of chitin is the ability to form 

ultrathin (<100 nm), smooth cellulose films.
45-47  

Thin films enable research into a variety of 

areas, including binding assays, adsorption kinetics, degradation studies, and interfacial 

interactions.
2,78,110  

As an example, thin chitin films might be interesting for studies of chitinase 
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catalyzed degradation hydrolysis of chitin into cheap, biomedically active products such as N-

acetylglucosamine.
103

  Several groups have solution-cast chitin films from ionic liquids onto 

silica substrates, although the reported thickness ranged from 200-600 nm.
111,112

  Kikkawa et al. 

formed a 50 nm chitin film on silica by spincoating from an ionic liquid.  However, the surface 

roughnesses of the films exceeded 20 nm.
113

  Precipitation of chitin from ionic liquids yielded 

films of chitin nanofibers with reported diameters as low as 3 nm, but the films were quite 

porous and rough.
114

  While East et al. reported the acetylation of chitosan fibers to form 

regenerated chitin fibers, these techniques have not been applied to form homogenous, smooth 

chitin films.
115

  Consequently, homogeneous, smooth, ultrathin chitin films have not been 

reported.  The formation and characterization of smooth, homogeneous chitin thin films is the 

subject of Chapter 7 of this thesis. 

 

Figure 2.14 Preparation of trimethylsilyl chitin (TMSChi) and regenerated chitin (RChi) 

according to Kurita et al.
109

 

 

2.5 Adsorption 

Adsorption is the process by which a material, or adsorbate, accumulates at an interface.  

The surface to which the adsorbate accumulates is referred to as the adsorbent.  Adsorption 

commonly occurs at gas-liquid, liquid-liquid, gas-solid, or liquid-solid interfaces.
116 

 

Physisorption indicates adsorption dominated by physical interactions and is typically 

characterized by some freedom of the adsorbate to diffuse and rotate at the surface.  

Chemisorption refers to adsorption dominated by interaction energies approaching those of 
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chemical bonds (e.g. 100-400 kJ·mol
-1

) and often involves specific binding sites of adsorbate to 

adsorbent and limited mobility of adsorbate at the surface.
110

  On the contrary, absorption, or 

sorption, indicates the penetration of an adsorbate into the bulk solid phase.  Adsorption is 

typically a spontaneous process, where the change in Gibbs free energy for adsorption (ΔGads) is 

negative, 

                   (2.1) 

where T is the temperature and ΔHads and ΔSads are the change in enthalpy and entropy upon 

adsorption, respectively.  For the adsorption of a gas onto a solid substrate, ΔSads is typically 

negative because of the associated decrease in freedom of movement caused by confinement at 

the interface.  Consequently, for the spontaneous adsorption of gas onto a solid substrate,  ΔHads 

is typically negative (adsorption is exothermic).   However, for adsorption involving liquids (e.g. 

adsorption from solution), the magnitude and sign for changes in enthalpy and entropy are often 

difficult to predict because of competing effects, such as solvency or, for the case of 

polyelectrolyte adsorption, the entropically favored release of counterions into solution. 

2.5.1 Interfacial Thermodynamics 

 An interface generally affects all of the thermodynamic properties of a system.
110,116,117

  It 

should be noted that an interface between two bulk phases, α and β, is not typically a sharp 

boundary, but rather the properties vary gradually over some volume from purely α to purely β 

(Figure 2.15).   
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Figure 2.15 Variation of a general property with distance (Z) near the interface between two 

phases, α and β. 

 

For the commonly applied Gibbs convention, a system of two components is divided into 

three parts, the two bulk phases with volume Vα and Vβ and the interface, σ, with volume Vσ 

(Figure 2.16).  For the Gibbs model, Vσ is considered to be zero so that 

        (2.2) 

where V is the total volume of the system.  Extensive properties at the interface, such as internal 

energy and entropy, can be determined once the bulk phase and system values have been 

measured.   

 

Figure 2.16 Depiction of the Gibbs convention for the total volume of a two phase system with a 

zero volume interface (σ).  Adapted from Butt et al.
110

  

 

Interfacial Region

Interface (σ)

General Property

Z

Phase α

Phase β

Vα Vβσ



 

27 

 

For example, the internal energy of an interface is calculated from 

               (2.3) 

where Uσ is the internal energy of the interface, U is the internal energy of the total system, and 

   and    are the internal energies per unit volume of the homogenous bulk phases α and β, 

respectively.  Thus, Uσ is the difference between the internal energy of the system and the 

individual bulk phases.  Similarly, for a two phase system, the number of moles of a particular 

component of the system at the interface (  
 ) is the difference between the total number of 

moles of species i within the system (Ni) and those present in the bulk phases, such that 

  
       

      
    (2.4) 

where   
  and   

  are the molar concentrations of i in phases α and β, respectively.  From Eq. 2.4, 

the surface concentration, or surface excess, for component i can be defined, 

   
  

 

  
 (2.5) 

where    is the surface excess and Aσ is the interfacial area.  The surface excess of a solute at a 

liquid/vapor interface can be derived using thermodynamic considerations.
110 

However, for 

adsorption onto a solid substrate, a direct thermodynamic derivation is often missing and 

empirical or semi-empirical models are often used to describe the adsorption process. 

2.5.2 Adsorption Isotherms 

For adsorption onto solid substrates, the Gibbs dividing interface has Vσ = 0 and is set at 

the surface of the solid.
110

  To determine an adsorption isotherm experimentally, the 

concentration (for adsorption from liquids) or pressure (for adsorption from gases) of the 

adsorbing species is varied while Γ is measured.  Γ may be measured by several means, 

including ellipsometry,
118

 quartz crystal microbalance (QCM),
119

 and surface plasmon resonance 
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(SPR).
120

  Further details on the experimental determination of Γ are presented in Section 2.6.  

Example curves for several of the more commonly observed adsorption isotherms – Langmuir, 

High Affinity, and Freundlich – are shown in Figure 2.17. 

Figure 2.17 Schematic plots of (a) Langmuir, (b) High Affinity, and (c) Freundlich adsorption 

isotherms.  C and P refer to concentration or pressure, respectively. 

 

The Langmuir adsorption isotherm was originally derived for the case of small gas 

molecules adsorbing onto a solid substrate.
121

  The Langmuir isotherm assumes homogeneous, 

equivalent, independent adsorbent binding sites and each binding site can only be occupied by 

one particle (Figure 2.18).  It is described by the Langmuir adsorption isotherm equation, 

   
     

     
 (2.6) 

where C is the adsorbate bulk concentration, KL is the Langmuir constant and is related to the 

adsorption equilibrium constant, and Γm is the maximum surface coverage, which by definition 

of the model is a monolayer of adsorbate.  However, in practice, adsorption of polymers and 

proteins from solution often adsorb at greater than monolayer coverage.  As evident from Figure 

2.17, the Langmuir isotherm is characterized by saturation at high concentration, presumably 

because all available binding sites are occupied.  The Langmuir isotherm is often observed for 

adsorption from solution or onto porous substrates.  The high affinity isotherm (Figure 2.17) is 

C or P

Γ

C or P

Γ

C or P

Γ
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also described by the Langmuir adsorption isotherm equation and is often observed for polymer 

adsorption where binding interactions are strong and the surface is quickly saturated.
110

  The 

linearized form of the Langmuir adsorption isotherm equation is shown in Eq. 2.7. 

 

 
  

 

  
 

 

    
 (2.7) 

In contrast, the Freundlich isotherm assumes heterogeneous adsorption sites with a 

distribution of high and low affinity regions.
122

  Presumably, adsorption occurs at high affinity 

regions first, followed by adsorption at lower affinity regions (Figure 2.18).  The heat of 

adsorption is assumed to exponentially increase with increasing surface coverage and thus the 

Freundlich adsorption isotherm has been applied to cases where adsorption occurs above 

monolayer coverage.
123

  For the Freundlich adsorption isotherm equation, 

      
 

  ⁄
 (2.8) 

where KF is the adsorbent capacity, C is the bulk adsorbate concentration, and 1/nf is the 

adsorption affinity constant.
110

  The linearized form of the Freundlich adsorption isotherm 

equation is shown in Eq. 2.9. 

            ⁄     (2.9) 

 
Figure 2.18 Illustration of small molecules binding to a solid substrate for the case that follows 

(a) the Langmuir adsorption isotherm and (b) the Freundlich adsorption isotherm.  

homogeneous binding sites heterogeneous binding sites

(a) (b)
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2.5.3 Polymer Adsorption onto Solid Surfaces 

 A variety of theoretical methods, provided by de Gennes,
124,125

 Sheutjens and Fleer,
126,127

 

Roe and Hefland,
128

 and Monte Carlo simulations,
129,130

 are used to investigate polymer 

concentration near a surface, adsorbed amount of polymer onto the surface, and the polymer 

conformation of the adsorbed layer.  These parameters (e.g. conformation) affect thermodynamic 

values of the interface, as well as the properties of adsorbed layer.
131

  Application of these 

models to experimental data has aided in the understanding of the underlying physical principles 

of polymer adsorption.  Several important characteristics of polymer adsorption evident from 

these theoretical and experimental studies are outlined below. 

  For the case of a long, linear, and flexible chain, this polymer has translational, 

rotational, and conformational degrees of freedom.
131

  In a theta solvent, such a polymer chain is 

typically considered to have the conformation of an unrestricted random walk.  However, as a 

polymer approaches a smooth, solid surface, the surface imposes conformational restrictions on 

the polymer chain because the chain cannot extend past the surface boundary.  These 

conformational restrictions result in an entropy decrease for the polymer chain.  Adsorption may 

still occur, however, if the polymer has a strong preference for the surface.  Consequently, 

adsorption is a balance between the attractive potential of the polymer and surface (i.e. enthalpy) 

and the unfavored conformational restrictions (i.e. entropy).
131-133

  Polymers typically 

accumulate at the surface despite entropic restrictions, especially when the polymer interaction 

with the surface is more favorable than the interaction with the solvent.
134

  This adsorption is 

typically irreversible because it is improbable that all chain segments would desorb 

simultaneously and, as a polymer desorbs, the entropic driving force for further desorption 

decreases.
135
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Adsorption of a polymer onto a solid surface and its resulting surface conformation is 

related to its conformation in solution.  For a polymer in a good solvent (Flory-Huggins 

interaction parameter, χ = 0), the monomer-solvent interaction is more favorable than the 

monomer-monomer interaction.  Consequently, the polymer is swollen in solution and, upon 

adsorption, the chain often extends into solution to minimize contact with other polymer 

segments, forming a swollen, diffuse layer.
131

  In a theta solvent (e.g. χ = 0.5), monomer-solvent 

and monomer-monomer interactions are of equal strength.  The polymer has unperturbed 

dimensions in solution and, upon adsorption, the adsorbed layer is more compact than the case of 

a polymer in a good solvent.
131

  In a poor solvent (χ = 0.4), monomer-monomer interactions are 

favored over monomer-solvent interactions.  Because of the weaker repulsion between monomer 

segments, the polymer chain collapses in solution and precipitates onto the surface, forming a 

denser, compact layer than for the case of a polymer in a theta solvent.
131

 

 

Figure 2.19 Illustration of the adsorption of a neutral, flexible polymer chain onto a solid 

substrate depicting polymer segments in contact with the surface (train), interior segments 

extending into solution (loop), and chain ends extending into solution (end). 

 

The commonly accepted model of a neutral, flexible polymer adsorbed onto a solid 

substrate is shown in Figure 2.19.
131

  A polymer chain is attached to the surface in segments 

referred to as trains, while segments anchored on each side by trains and extending into solution 

are referred to as loops, and ends refer to the polymer ends extending into solution.  The 

End

Train

Loop
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statistical weight of the various surface conformations (e.g. train versus loop) affects the 

properties of the adsorbed layer.  For instance, a greater fraction of loops relative to tails leads to 

greater friction at the surface as loops entangle more easily with free chains than tails.
136,137

  

Again, the solvent conditions play a significant role in determining the ratio train to loops, as a 

polymer adsorbing from a good solvent would be expected to have a greater fraction of loops 

than a polymer adsorbing from a poor solvent. 

2.5.4 Polyelectrolyte Adsorption onto Solid Surfaces 

 Polyelectrolytes (PE) are synthetic or natural polymers consisting of functional groups 

that ionize in polar solvents to yield charged groups along the polymer chain.  A strong PE is 

typically defined as a PE whose number of ionizable groups does not change with pH, while a 

weak PE exhibits a pH-dependent number of ionizable species.
138

  Natural PEs, such as pectins 

and DNA, play an important role in the self-assembly and function of living systems,
20,139 

while 

both natural and synthetic PEs have increasingly found use in the water treatment,
140

 

cosmetics,
141

 food,
142

 and medical industries.
143

  Several attractive aspects of PEs include water 

solubility, simple nanoarchitectural control of thin films using layer-by-layer (LbL) assembly of 

anionic and cationic PEs,
144

 and tunable functionality via pH, ionic strength, counterion, and 

solvent effects.
145,146

  PE in solution and PE adsorption onto charged substrates have been 

examined using a variety of models, provided by Wiegel,
147

 Muthukumar,
148

 Hesselink,
149

 

Lyklema and Van der Schee,
150

 Papenhuijzen et al.,
151

 Van de Steeg et al.,
152

 and Dobrynin et 

al.
153

 Comparison of the models to experimental data has aided in understanding several 

important aspects of PEs, summarized below. 

 Similar to the case for uncharged polymers, the conformation of a PE adsorbed onto a 

charged surface is affected by its conformation in solution.
153

  PE conformation in solution is 
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primarily affected by the charge density (f, where f is the number of ionized groups per repeat 

unit) of the PE chain and the quality of the solvent.
138,153

  Figure 2.20 illustrates some of the 

more common conformations observed for PE in solution.  At high charge densities, electrostatic 

repulsion of adjacent ionic groups causes the PE to extend in solution (Figure 2.20a).  This 

situation is somewhat analogous to a polymer in a good solvent because monomer-solvent 

interactions are preferred to monomer-monomer interactions.  As the charge density of a PE 

decreases, regions of the chain with fewer ionic groups coil because monomer-monomer 

interactions become more favorable.  In a poor solvent, these regions form collapsed “pearls” 

connected by expanded segments with higher local charge density (“necklace”) (Figure 2.20e).  

Further reduction of the charge density results in a “dumbbell”-like conformation in a poor 

solvent, where monomer-monomer interactions are generally more favored than monomer-

solvent interactions (Figure 2.20d).  As the charge density of a PE approaches zero, the PE 

adopts the conformation of a polymer in a good (Figure 2.20a) or poor (Figure 2.20c) 

solvent.
138,153

   

 
Figure 2.20 Depiction of a polymer (─) and a polyanion (─) with various charge density (f) in 

good and poor solvents.  The corresponding morphologies are (a) Gaussian coil, (b) extended, (c) 

collapsed globule, (d) dumbbell, and (e) pearl-necklace. 
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Adsorption of a PE onto an oppositely charged substrate is dependent upon a number of 

factors, most notably surface charge density, PE charge density, salt concentration/ionic strength, 

pH of the solution, and nonelectrostatic effects (e.g. van der Waals).
20,154

  At lower surface 

charge densities, relatively little PE adsorbs onto the surface, forming a two-dimensional, flat 

layer that minimizes electrostatic repulsion between PE chains.  At higher surface charge 

densities, more PE adsorbs onto the surface, typically forming a three dimensional network.
153

  

For the other parameters (e.g. PE charge density, salt, pH), adsorption of the PE chain onto the 

charged surface generally increases with decreasing charge density, passes through a maximum, 

and then adsorbed amount decreases.
153

  This phenomenon can be understood by considering that 

reducing the charge density of the PE chain lowers the monomer-monomer repulsion, resulting 

in thicker, coiled films on the surface.  However, as expounded upon in the following paragraph, 

if the charge density is too low, there is little enthalpic or entropic driving force for adsorption to 

continue.
138,154

  For the case of increasing the salt content or ionic strength of a PE solution, the 

neutral salt screens the electrostatic interactions, resulting in contraction of an expanded PE 

chain.
155

  These electrostatic interactions are screened above the Debye screening length (κ
-1

), 

defined as, 

   
    

    
∑    

  (2.10) 

where e is the charge of an electron, ε is the dielectric constant of the medium,    is the 

Boltzman constant, T is the temperature, cs is the concentration of small ions of type s, and q is 

their valence.  For low salt contents, the Debye length is typically larger than the size of the 

chain, resulting in intra- and inter-chain electrostatic repulsion and thus an expanded 

conformation in solution and adsorption of a thinner layer.  For higher salt contents, electrostatic 

charges are screened, the Debye length is reduced, and the PE coils in solution and adsorbs as a 
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thicker layer.  Careful selection of the salt concentration can even lead to a θ-solvent 

condition.
153

  Likewise, for weak PE, setting the pH of the solution such that pH > pKa of the PE 

results in deprotonation of the PE chain, while pH < pKa of the PE leads to protonation of the 

PE.
156,157

  Thus, depending on whether the PE is cationic or anionic, raising or lowering the pH 

changes the charge density of the weak PE, its conformation in solution, and the adsorbed 

amount onto an oppositely charged surface.  Non-electrostatic interactions, such as weaker 

interactions arising from the presence of hydrophobic species along the PE chain (HPE), also 

affect adsorption.  Often, studies employing HPE have focused on block copolymers 

incorporating a hydrophobic domain or large pendant hydrophobic groups along a PE 

backbone.
158-160

  These materials tend to aggregate in solution, especially as charge density 

decreases or hydrophobic domain size increases.
159

  HPE films are typically thicker than PE 

analogs, as hydrophobic groups may sterically hinder electrostatic effects in a manner analogous 

to increased ionic strength.
161

   

The driving force for the spontaneous adsorption of PEs onto an oppositely charged 

surface is primarily the entropically favored release of small counterions into solution.
153,154

  

Enthalpic contributions arising from electrostatic attraction between a PE chain and the surface 

were initially considered to be a main factor behind PE adsorption, though calorimetry studies 

have shown that gains in enthalpy upon charge neutralization are neglible.
162

  However, PE 

adsorption can be explained using entropic considerations.
154

  For example, adsorption of high 

charge density PE causes a sizeable release of counterions, increasing the entropy of the system.  

Even as ionic strength is increased, a significant number of counterions are still local to the 

ionized groups and PE adsorption leads to their entropically-favored release.  Additionally, the 

increase in ionic strength affords greater PE conformational mobility at the surface.  
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Consequently, PE adsorption reaches a maximum at some salt concentration.  Above this salt 

concentration or at low charge densities, PE adsorption leads to the release of fewer counterions 

and the PE prefers the conformational freedom of solution, resulting in a decrease in the 

adsorbed amount of PE. 

Maximum PE adsorption onto an oppositely charged surface typically occurs fast.  

Several groups have studied the kinetics of PE adsorption.
161,163-167

  Some studies indicate that 

PE adsorption is composed of two phases – an initial, fast, diffusion controlled regime and a 

slower regime governed by rearrangements at the surface.
161,166,167

  This two phase adsorption 

process has been described using a double-exponential model,
166

 

    (     (    ⁄ ))    (     (    ⁄ ) ) (2.11) 

where A is the adsorbed amount,   ,    and n are constants, and    and    are the characteristic 

decay times.  The first term is representative of a first order process and describes the initial, fast 

adsorption regime, while the second term is representative of the Johnson-Mehl-Avrami function 

and describes the slower adsorption regime.  Increasing the PE concentration, charge density, or 

temperature generally increases the adsorption in both the diffusion and conformational regime.  

Many PE reach maximum adsorption quickly (e.g. < 1 min) and all PEs typically reach 

maximum adsorption within 20 min.
154,161

 

The fast PE adsorption process leads to a charge overcompensation on the surface and a 

subsequent reversal of the surface charge (e.g. cationic to anionic).
20

   Consequently, after 

adsorption and charge reversal, a PE of opposite charge can be deposited onto the initial PE 

layer.  This process of dipping a charged substrate (e.g. cationic) into a solution of oppositely 

charged PE (e.g. anionic), rinsing, and then dipping the surface charge into a different, 

oppositely charged PE (e.g. cationic) is referred to as layer-by-layer (LbL) deposition and is 
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depicted schematically in Figure 2.21.  LbL deposition has proven to be a facile route to 

controlling nanoarchitecture.
20

  Additionally, LbL films are responsive to external stimuli, such 

as pH or counterion exchange, enabling such properties as film water content and surface 

reactivity to be tailored.
20,154,161

  Consequently, LbL films have shown promise in several fields, 

most notably in biomedical applications.
168

 

 

Figure 2.21 Depiction of LbL assembly of two weak PEs, poly(acrylic acid) and poly(allylamine 

hydrochloride). 

 

 

2.6 Surface Analysis Techniques 

2.6.1 Atomic Force Microscopy (AFM) 

Atomic force microscopy (AFM) is most often used to obtain topographical information 

about a surface, though adhesion, abrasion, and corrosion measurements of a surface are also 

possible.  The basic components of an AFM are depicted in Figure 2.22.  A substrate is placed on 

the sample stand and a reflective cantilever containing a tip, typically composed of silicon or 

silicon nitride, is brought near the surface.  The cantilever moves across the substrate and the tip 

interacts with the surface, causing deflection of the cantilever.  Laser light reflects off of the 
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cantilever and to a photodiode array.  Displacement of the reflected light causes one photodiode 

to receive more reflected light than another and this difference in detected light is proportional to 

the cantilever deflection.
169,170

   

 
 

Figure 2.22 Schematic illustration of the main components of an AFM. 

 

AFM is a non-destructive technique capable of operation in a variety of environments, 

including insulated, fluid, and high vacuum conditions.  Additionally, the only requirements for 

the substrate are a clean, flat, near defect-free surface.  Commonly used substrates are gold, 

silicon, mica, graphite, and glass.
171

  The dimensions of the AFM tip affect the resolution of the 

AFM image.  Sharper tips with a small radius of curvature yield higher resolution images 

because the tip dimensions are typically smaller than the features on the surface.
172

  Typical 

resolutions for lateral (x, y) and height (z) measurements are ~5-10 nm and better than 0.1 nm, 

respectively.  Because AFM can yield high resolution images in a number of different 
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environments and using a variety of underlying substrates, AFM measurements has been applied 

to a wide range of synthetic and biopolymer films.
173-176

 

Depending on the type and size of surface being imaged, several different AFM operating 

modes are possible.
177,178

  For rougher surfaces where avoiding damage to the tip and surface is 

important, constant force mode is often used to image the surface.  In constant force mode, the 

cantilever deflection is fixed at some force value that is dependent on the distance and strength of  

the interactions (e.g. van der Waals) between the tip and the surface.  As the AFM scans the 

surface, the probe height is raised and lowered to maintain this constant force and cantilever 

deflection.  However, imaging large areas with this mode is often impractical because of the low 

scan rate associated with waiting for the probe to raise and lower.  In constant height mode, the 

height of the probe is fixed and the cantilever is free to deflect as the tip moves across the sample 

and the strength of the interactions between the surface and tip changes.  While constant height 

mode is able to scan at a faster rate, the tip and/or surface may become damaged if the tip 

contacts the surface, especially at large surface roughnesses.  Constant force and constant height 

modes can be used in either a contact or a noncontact configuration.  In contact mode, the tip 

directly contacts the surface, while in noncontact mode, the tip is typically 5-10 nm above the 

surface.  In both cases, changes in the force of interaction between tip and surface result in 

changes in the deflected laser light.  However, as noncontact mode primarily depends upon 

relatively weak van der Waals forces of interaction between the tip and surface, surfaces imaged 

in noncontact mode typically have a low resolution.    Further, contact mode often leads to 

damaged tips and surfaces.  Tapping mode avoids some of the drawbacks of contact and 

noncontact modes.  In tapping mode, the cantilever is oscillated near its resonant frequency (50-

500 kHz), generating an amplitude of 20-100 nm and causing the tip to alternately touch and lift 
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off the surface.  This mode provides the high resolution of contact mode while avoiding the 

excessive tracking force that often damages both the tip and sample.  The oscillation amplitude 

of the cantilever is kept constant and, as the tip interacts with the surface, the energy required to 

maintain this constant amplitude provides not only topographical but also compositional 

information about the surface.  In tapping mode, a phase lag in the oscillation (relative to the 

driving gain) occurs that is sensitive to the mechanical properties (e.g. adhesion, viscoelasticity) 

of the surface.  Consequently, for a multi-component surface in which the species have different 

mechanical properties, tapping mode can be used to generate a phase image that maps the 

different mechanical regions of the surface.  While AFM is not able to identify the elemental 

composition of the surface, it can be combined with chemical force microscopy to aid in 

determining this information.
177,178

      

2.6.2 X-Ray Photoelectron Spectroscopy (XPS) 

X-ray photoelectron spectroscopy (XPS) is a quantitative technique used to determine 

surface composition of a sample, as well as the oxidation state and chemical environment of the 

atoms within the sample.  A typical setup involves an ultra-high vacuum chamber containing a 

monochromatic X-ray source, sample, electron analyzer, and electron detector.  During the 

experiment, the sample is bombarded with X-rays, resulting in the ejection of electrons from the 

surface.  The kinetic energy of these ejected electrons is characteristic of the atom from which it 

was ejected.  When the sample is irradiated, both core and valence electrons are emitted, as well 

as Auger electrons.  Auger electrons are ejected when a core electron hole formed by the 

photoelectric effect is filled by a valence electron while simultaneously ejecting an electron to 

balance the energy associated with stabilizing the core hole.  Detection limits are typically on the 
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order of parts per thousand and the detection depth is on the order of 40 ± 15 Å.  Electrons 

ejected below this depth will typically collide with other atoms, resulting in inelastic scattering. 

 Conservation of energy dictates that the energy of the X-rays must equal the kinetic 

energy of the emitted electrons (  ), the binding energy overcome in escaping the nucleus (  ), 

and a workfunction specific to the spectrometer (φsp):  

                (2.12) 

where h is Planck’s constant and ν is the frequency of the X-rays.  The workfunction is 

determined by calibrating the spectrometer with reference compounds, while    is detected by 

the electron analyzer.  As the X-ray energy is known, this allows    to be calculated.  By 

scanning over the range of kinetic energies and counting the electrons with those energies, a 

spectrum is generated that shows binding energies and their associated abundance. 

 The binding energy is characteristic of a particular nucleus, while the peak area provides 

the relative amount of that nucleus in the sample.  Additionally, by selecting a reference peak, 

such as C1s (   ~ 285 eV), any shift from that reference peak can be used to determine the shift 

of the rest of the spectrum.  The peak shift, as well as its shape, provides information about the 

oxidation state of the atom.  Finally, by varying the angle of collection of the ejected electrons, 

the dependence of surface concentration on surface depth can be probed.
179, 180

 

2.6.3 Ellipsometry 

Ellipsometry is a non-destructive optical technique that provides information useful in 

determining the optical parameters (refractive index,  , and extinction coefficient,  ) and 

thickness of thin films.
181-183

  The experimental setup consists of a light source, a polarizer, the 

sample, an analyzer, and a detector.  The light source is polarized, creating a known ellipticity 

(ρ) – the ratio between the s- and p-polarized light.  As light hits the surface, it is split into 
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reflected and refracted components dependent upon the optical properties (e.g. polarizability) 

and thickness of the film.  Relative to the incident beam, the reflected light has shifted 

amplitudes and phases as determined by an analyzer and detector (Fig. 2.23). 

 

Figure 2.23 Representation of an ellipsometry measurement of a thin film: (A) a light source 

passes through a polarizer, (B) the polarized light is reflected and refracted at the interfaces, and 

(C) the reflected light enters a rotating polarizer and detector.  

 

 The principal equation in ellipsometry relates the ellipticity to the experimentally 

determined change in the amplitude (ψ) and the phase (Δ) of the polarized light:   
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 (2.13) 

 These values are, in turn, related to    and   , the reflected light in the p- and  

s-polarized planes.  Application of the Fresnel equations to the case depicted in Figure 2.23 

yields the ratio   /   Eq. 2.13, where the subscripts refer to the layer above and below each 

interface (0 for air, 1 for the film, and 2 for the substrate).  The reflectance at each interface is 

shown in Eqs. 2.14 through 2.17:  
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(2.17) 

where    is the complex refractive index equal to the sum of the refractive index and an 

imaginary component of the extinction coefficient (       ).  The incident angles    and    

are defined by Snell’s law as: 

   (
  

      

  
 )   (2.18) 

         (
  

      

  
 ) (2.19) 

and the optical thickness   is defined as,  

  
   

 
  

       (2.20) 

where   is the wavelength of the light and   is the thickness of the film. 

 However, ellipsometry is an indirect method in that the experimentally determined values 

of ψ and Δ must be coupled with models that fit the optical parameters as a function of the film 

thickness.  The optical and thickness parameters of the model are tuned until the calculated and 

experimentally measured ψ and Δ values agree, thereby yielding the refractive index, extinction 

coefficient, and thickness of the film.
182,183

 

2.6.4 Surface Plasmon Resonance (SPR)  

 Surface plasmon resonance (SPR) monitors changes in the optical properties of the 

surrounding medium to probe adsorption phenomena.   Otto
184

 and Kretschmann
185

 pioneered the 

work of exciting surface plasmons in the late 1960s and, by the early 1980s, SPR was gaining 
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traction as a means to characterize thin films.
186,187

  SPR is now routinely used to monitor the 

kinetics and quantities of species adsorbing to a thin film in real time.
188,189

  Because these 

adsorption phenomena can be monitored in fluid environments, SPR has been widely used in the 

biomedical field to probe interactions between biomacromolecules (e.g. DNA, proteins) under 

physiological conditions.
190,191

 

 

Figure 2.24 Schematic depiction of the most common components of SPR spectroscopy.  The 

inset highlights the evanescent field extending into solution when light couples with the freely 

oscillating electrons of the metal layer. 

 

As shown in Fig. 2.24, SPR spectroscopy consists of a p-polarized light source, glass 

prism, and metal film.  In the more common Kretschmann arrangement, an oil with the same 

optical properties as glass is used to bring the prism into direct contact with the glass backing of 

the metal surface.
192

 The metal is sometimes the adsorption substrate, though more commonly 

the metal surface is coated with some thin film.  A small chamber above the substrate introduces 

the sample fluid to the film surface.  The principle behind SPR is that p-polarized light at a 

distinct angle will couple to the conduction band electrons of the metal surface, inducing a 

surface plasmon.
193

  The electrons are excited by the photons and begin to oscillate, generating 

an evanescent electric field that extends into the model film and bulk fluid.  At the distinct angle 
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where this coupling occurs, a drop in reflected light intensity is detected.  The angle at which the 

coupling occurs, θsp, is related to the refractive indices of the glass, metal, and ambient medium.  

Refractive index, or the ratio of the speed of light in a vacuum to the speed of light in a particular 

medium, is sensitive to changes in the dielectric permittivity of the medium through which the 

light is travelling.  Dielectric permittivity is in turn a function of the polarization of the medium 

in response to an electric field and is related to the electronic environment of the material.
194

  

Consequently, changes to the refractive index of a sample volume is indicative of changes in the 

material in that volume.  As the refractive index of the glass slide and metal film do not change, 

any change in θsp must be caused by changes in the refractive index of the ambient medium, 

primarily due to the adsorption of sample at the surface.
192,193

   

The prism acts as both a waveguide and a means to increase the wave vector of the 

incident light.  A waveguide is a material that directs light along a particular path.  Provided that 

the waveguide has a higher index of refraction than the surrounding medium and the incident 

angle of the light ray is lower than the critical angle of reflection, total internal reflection occurs 

in which the light ray is confined to the waveguide (Figure 2.25).
193,195

  

 

Figure 2.25 Depiction of the reflection and refraction of light for (A) a case where light is 

refracted into the second medium and (B) the case of total internal reflection. 
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The critical angle of reflection, θc, can be determined from Snell’s law,
196

 

                (2.21) 

where    is the refractive index of medium 1,    is the refractive index of medium 2,    is the 

incident angle of light in medium 1, and    is the angle of refracted light in medium 2.  By 

definition, total internal reflection occurs when no light is refracted into the medium with the 

higher refractive index (Figure 2.25B).  Thus, assuming    >    and    = 90
○
, θc is determined 

from Eq. 2.22:   

      
  

  
 (2.22) 

When total internal reflection of p-polarized light occurs at the prism-metal interface, an 

evanescent wave extends beyond the waveguide by a distance,  , that decays from the interface 

and is governed by the following equation:
193

 

   
 

  √  
          

  
 (2.23) 

where   is the wavelength of light and   is the incident angle of the light.  Typically, the 

penetration depth of the wave will be approximately one-quarter the wavelength of the incident 

light (e.g. ~200 nm for SPR used in this thesis).  Thus, for a sufficiently thin metal film, the 

evanescent wave will penetrate the metal and couple with the conduction band electrons on the 

metal surface to excite a surface plasmon wave.
193

   

 Surface plasmon waves are electromagnetic waves generated at the interface between two 

materials with dielectric permittivities of opposite signs (e.g. a metal and dielectric).
197

  These 

waves are caused by oscillations of charge density within the conduction band electrons of the 

metal.  Several metals have negative values for the real component of the dielectric permittivity, 

such as gold, silver, copper, aluminum, sodium, and indium.  However, gold is most widely used 
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as it has a pure metal surface (no oxide) and is capable of undergoing surface modification, 

thereby allowing the study of adsorption onto a variety of substrates.
193

  The electrons are excited 

by the photons and begin to oscillate, generating an evanescent electric field that extends into the 

dielectric medium, dissipating along the plane of the surface on the order of several microns and 

into the dielectric by roughly a quarter of the wavelength of the incident light.  Only p-polarized 

light will couple to form surface plasmons, as it has an electric field normal to the surface.  The 

wave vector,    , that describes the surface plasmon wave is given by:
193
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 (2.24) 

where   is wavelength of the incident light,    is the dielectric permittivity of the metal, and    

is the dielectric permittivity of the probed volume of the ambient medium.   

As mentioned previously, the waveguide enhances the wavevector of the incident light.  

For light traveling through the prism at the critical angle (θsp), the wavevector is described by 

kx,
193

 

   
  

 
√         (2.25) 

where    is the dielectric permittivity of the prism glass.  By assuming that the ambient medium 

is transparent and no absorption of light occurs, the imaginary portion of the dielectric 

permittivity may be disregarded such that    √ .
198 

 Thus, Eqs. 2.24 and 2.25 may be rewritten 

as a function of refractive index: 
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         (2.27) 

where nm, na, and ng refer to the refractive indices of the metal, the surrounding ambient medium, 

and the glass, respectively.  Under the conditions in which a surface plasmon wave is generated, 

ksp equals kx and θsp is given as:
193
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) (2.28) 

 In a SPR measurement, solvent molecules (e.g. water, n = 1.33) are replaced with 

adsorbate molecules (e.g. polymer, n = 1.45) and the average refractive index of the ambient 

medium (na) increases, causing a change in θsp as material adsorbs to the substrate.  Typical data 

and the associated molecular depiction at the surface is shown in Figure 2.26.  The change in 

resonant angle can be used to determine the surface excess (Γ) using the equation of de Feijter et 

al.,
199
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 (2.29) 

where L is the thickness of the adsorbed layer,    is the refractive index of the film (or substrate), 

ns is the refractive index of the solvent, Δθa is the change in the resonant angle and is caused by 

the change in refractive index of the ambient medium, dθ/dL is the change in resonant angle with 

layer thickness, and dn/dc is the refractive index increment.  dθ/dL is obtained using Fresnel 

simulations,
200,201

 while dn/dc can be obtained using a differential refractometer.  For the case 

depicted in Figure 2.26 in which the system is returned to the original solvent after adsorption, 

irreversible adsorption is measured and Δθa is the same as Δθirr.  However, for some studies, 

adsorption steps may be sequential without an intermediate solvent rinsing step and Δθa is 
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Δθrev+irr.
200

  For this situation, the bulk effect arising from the solution concentration must be 

considered and Δθa is,
202

 

            
    

  
 (2.30) 

    

  
 

    

  

  

  
 (2.31) 

where Δθtot is the total change in resonant angle, c is the bulk analyte concentration, and dθsp/dn 

is an instrument specific constant obtained during calibration. 

 
Figure 2.26 Illustration of (A) the detected minimum in light intensity for a SPR measurement 

where the system is initially solvent (θsp), followed by adsorption of analyte (θsp’), and a 

subsequent solvent rinse (θsp’’) and (B) typical output data from a SPR measurement depicting 

both reversible (θrev+irr) and irreversible adsorption (θirr) for the case of (A). 
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2.6.5 Quartz Crystal Microbalance with Dissipation Monitoring (QCM-D) 

A quartz crystal microbalance (QCM) crystal is composed of a thin, circular disk of 

quartz plated with metal electrodes typically composed of gold or platinum.  The QCM crystal is 

typically mounted within a temperature controlled flow cell.  The piezoelectricity, or the 

mechanical stress caused by application of electrical current, of quartz is the basis of the QCM.  

Application of an alternating potential across the electrodes generates a vibrational wave with an 

amplitude parallel to the crystal surface (Figure 2.27A).  A transverse, standing acoustic wave is 

created when the wavelength caused by the oscillating crystal is two times the crystal thickness.  

Under conditions in which a standing wave is generated, the crystal is oscillating at its resonant 

frequency.  An applied stress, such as a change in the mass on the crystal or the medium 

contacting the crystal surface, leads to a change in the resonant frequency of the oscillating 

crystal.  Consequently, the QCM is a sensitive mass balance capable of detecting changes at sub-

nanogram limits.
203-207

 

The pioneering work with a quartz crystal microbalance was conducted by Sauerbrey, 

who studied the adsorption of rigid thin films onto the surface of a quartz electrode in the gas 

phase.  When a thin film of some mass is deposited onto the crystal surface, the wave now 

travels into the film (Figure 2.27B).  The thin film can be treated as an incremental increase in 

the thickness of the quartz by making three assumptions: (1) the density and shear modulus of 

the thin film is the same as that of quartz; (2) the film is rigidly attached to the surface; (3) the 

frequency shift does not depend on radial distance.  Thus, this incremental increase in thickness 

translates into an incremental increase in the distance the resonant wave must traverse, which 

leads to a decreased resonant frequency.  With these assumptions, the Sauerbrey equation can be 

derived:
119
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    (2.32) 

where Δm is the mass per unit area, n is the index of the frequency overtone, Δf  is the change in 

frequency, Cf is a constant (0.177 mg·m
-2

·Hz
-1

 for a 5 MHz crystal), A is the active area of 

measurement, ρq is the density of quartz, μq is the shear modulus of quartz, and f0 is the resonant 

frequency of the bare crystal and is dependent on the cut and thickness of the quartz.
203

   For the 

QCM-D used in this work, the fundamental resonant frequency (e.g. n = 1) is ~5 MHz.  Higher 

resonant frequencies for the oscillating crystal are possible (e.g. 15, 25, 35 MHz), where the 

higher resonant frequency is the product of the fundamental frequency (e.g. 5 MHz) and an odd 

overtone number (n = 3, 5, 7, 9…).  These overtones are in some ways analogous to a particle in 

a box in that a higher overtone can be envisioned as a higher energy wave with a greater number 

of nodes.  Only odd overtones satisfy the boundary condition of charge reversal at the crystal 

surface. 

While the Sauerbrey equation works well for thin rigid films deposited in the gas phase, it 

breaks down when the QCM is operated in liquids or thick films because the first two 

assumptions of the Sauerbrey equation are no longer valid.  However, Kanazawa and Gordon 

studied the operation of a QCM in liquids and found that,
208,209
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where    and    are the density and viscosity of the fluid, respectively.  Careful inspection of Eq. 

2.323 indicates that QCM measurements are temperature sensitive (density and viscosity change 

with temperature) and thus temperature control is important during QCM experiments.   
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Figure 2.27 Schematic depiction of a quartz crystal coated with gold electrodes (A) oscillating in 

the gas phase without adsorption and the resonant, transverse acoustic wave is shown travelling 

through the thickness of the quartz crystal, (B) coated with a thin, rigid film where the 

dissipation of stored energy is slow, and (C) coated with a floppy, viscous film where the 

frictional forces of the viscous medium lead to fast dissipation of stored energy. 

 

Additionally, a QCM equipped with dissipation monitoring (QCM-D) can be used to 

characterize the adsorption of a soft, viscous layer (e.g. polymer or gel).  A QCM-D essentially 

cycles voltage on and off while measuring the decay of the resonating crystal, thereby providing 

information about the rigidity of the film.  The change in dissipation is,
210
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where Estored is the energy stored in the sensor crystal and Edissipated is the energy dissipated by the 

viscous nature of the surrounding medium.  Increases in the energy dissipated per oscillation 

provide qualitative information such as the validity of the Sauerbrey equation, swelling of the 

film, or structural changes at the surface.  An absolute shift of ΔD x 10
6
 greater than 5% of the 

absolute scaled frequency shift (Δf/n) signifies that the Sauerbrey equation may be invalid.  

Additionally, spreading of the overtones during adsorption typically indicates the adsorption of a 

soft viscous layer.   

To obtain quantitative information, viscoelastic polymers require modeling of the losses 

due to the shear motion of the film.  The most commonly applied model for viscoelastic polymer 

films is the Voigt model, in which the quartz crystal and the model surface are analogous to a 

viscous damper and elastic spring arranged in parallel.  As a soft film is adsorbed onto the model 

surface, it dampens the oscillation causing a decay in the measured values of the frequency and 

dissipation.  In the Voigt model,
211

  

                  
  (2.35) 

where    is the complex shear modulus,    is the storage modulus,    is the loss modulus,    is 

the shear modulus of the film,     is the viscosity of the film, and   is the angular frequency of 

oscillation (2πf).  Application of the Voigt model to the case of a single layer of viscoelastic 

polymer adsorbing to a model surface from bulk solution leads to the following expressions for 

the frequency and dissipation changes: 
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where    is the density of the quartz crystal,    is the crystal thickness,    and    refer to the 

viscosity and density of the bulk fluid in contact with soft film, and   ,   ,    and    denote the 

thickness, density, shear modulus and viscosity of the soft film, respectively.  Consequently, 

application of the Voigt model to data obtained from a QCM-D yields quantitative thickness, 

shear modulus, and viscosity values of the soft film.  It should also be noted that the term      is 

a measure of the surface excess adsorbed onto the model surface.
211 

Because of its simple, responsive operation in a variety of environments for a variety of 

surface coatings, the QCM-D has quickly found use in studying gas adsorption,
119

 polymer 

adsorption,
212

 rheological properties,
213

 viscoelasticity of crosslinked systems,
214

 and water 

contents of thin films, among others.
214,215

  The QCM-D has a typical resolution of better than 1 

ng·cm
-2

 and a penetration depth into the surrounding medium that is dependent on the overtone 

used for measurement according to,
216
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 (2.38) 

where σ is the penetration distance into the surrounding medium,    and    are the viscosity and 

density of the medium, respectively, and f is the frequency of the overtone (e.g. for n = 3, f ~ 15 

MHz).  For this work, this translates into σ ~ 250 nm for n = 1, with decreasing σ for increasing 

overtone. 

A typical plot of a material adsorbing from solution is shown in Figure 2.28.  Initially, the 

system (e.g. a bare gold surface or thin film on the gold sensor) is equilibrated with the solvent.  

At t ~ 10 min, a solution containing an adsorbate is introduced into the flow cell and material 
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adsorbs onto the surface, causing a decrease in the measured resonant frequency.  At t ~ 30 min, 

the solvent is again flushed through the flow cell and some reversibly bound adsorbate is washed 

away (frequency increases slightly).  Dissipation increases upon adsorption, but the Sauerbrey 

equation is likely still valid in this case because the magnitude of ΔD x 10
6
 is less than 5% of the 

magnitude of Δf.  Thus, for the data shown in Figure 2.28, Γ ~ 8 mg·m
-2

 (n = 5). 

 
Figure 2.28 Representative data from a QCM-D measurement (n = 5). 
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Chapter 3: Materials and Experimental Methods 

 

3.1 Materials 

3.1.1 Trimethylsilyl Cellulose, Nanocrystalline Cellulose, and Trimethylsilyl Chitin 

Trimethylsilyl cellulose (TMSC) with a degree of substitution (DS) of 2.71 was 

synthesized by the Heinze group according to a previous report.
1
  Sulfated nanocrystalline 

cellulose (SNC) was prepared by sulfuric acid hydrolysis of dissolving-grade softwood pulp 

(Temalfa  93-A-A, Tembec, Inc.), whereas desulfated nanocrystalline cellulose (DNC) was 

prepared by pyridine-based desulfation of SNC.
2
  Two different batches of SNC were used.  For 

the work detailed in Chapter 5, both the SNC and DNC had “diameters” and lengths of 3 ± 2 nm 

and 125 ± 36 nm, respectively.  The charge density of the SNC was 0.340 mequiv·g
-1

 as 

determined by conductometric titration, whereas that of DNC was 0.000 mequiv·g
-1

 within 

experimental error.  For the work presented in Chapter 4 and Chapter 6, both the SNC and DNC 

had “diameters” and lengths of 4.8 ± 1.4 nm and 154 ± 84 nm, respectively.  The charge density 

of SNC was 0.293 mequiv·g
-1

 as determined by conductometric titration, whereas that of DNC 

was 0.007 mequiv·g
-1

.  α-Chitin from shrimp shells (Sigma-Aldrich, practical grade, >95% 

acetylated) was converted to trimethylsilyl chitin (TMSChi).
3
    

3.1.2 Synthesis and Characterization of Dextran Derivatives (cDex) 

Dextran (60 kDa) from Leuconostoc mesenteroides was purchased from Fluka (Neu-Ulm, 

Germany) and synthesized and characterized by the Heinze group. 2-chloro-N,N-

dimethylethylamine hydrochloride, 2-chloro-N,N-diethylethyl-amine hydrochloride, and 2-

chloro-N,N-diisopropylethylamine hydrochloride were obtained from Sigma-Aldrich 

(Deisenhofen, Germany).  For a typical synthesis of a cationically-modified dextran (cDex), 1 g 
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(6 mmol anhydroglucose unit) of dextran was added to a solution of 1.5 g (37.5 mmol) NaOH in 

8.5 g water.  After 30 min, 1.20 g (6 mmol) 2-chloro-N,N-diisopropylethylamine hydrochloride 

was added and the solution was allowed to react for 24 h under stirring at room temperature. 

After neutralization with 1 N HCl, the polymer was dialyzed against water and lyophilized, 

yielding (N,N-diisopropylamino)ethyl (DIAE) dextran.  NMR spectra were acquired on a Bruker 

Avance  400 MHz spectrometer with 16 scans for 
1
H NMR (room temperature) and up to 

200,000 scans for 
13

C NMR (up to 70 °C) applying 25 mg·mL
-1

 for 
1
H NMR and 100 mg·mL

-1
 

for 
13

C NMR studies. Elemental analyses (EA) were collected using a CHNS 932 Analyzer 

(Leco) and the halogen content was determined by the procedure of Schöniger.
4  

Yield: 76%. EA: 

C = 44.82, H = 8.08, N = 2.16, Cl = 5.87; DS = 0.334.  DEPT(135) NMR (D2O): δ (ppm) = 

104.1 (C-1), 103.1 (C1’), 83.9 (C-2s), 77.8-73.9 (C4, C3, C2u), 68.3-46.9 (C5 and CH2-groups 

of the substituent), 10.7 (CH3-groups of the substituent).   

3.1.3 Other Materials 

Ultrapure water (Milli-Q Gradient A-10, Milli-Q, 18.2 MΩ·cm, < 5 ppb organic 

impurities) was used in all experiments.  Xyloglucan (XG) from tamarind seeds was purchased 

from Megazyme, Inc. (202 kDa, lot 00401b).  Poly(allyl amine) (PAH, 65 kDa) was purchased 

from Aldrich.  Deuterium oxide (D2O, 99.9%), cellulase from Trichoderma reesi, and citric acid 

(99.5%) were purchased from Sigma.  Cellulase solutions were prepared by the dilution of 0.5 g 

of cellulase from Trichoderma reesi to 100 mL in a citrate buffer solution (50 mM, pH = 4.8).  

Bovine serum albumin (BSA, lyophilized powder) was purchased from Sigma-Aldrich and used 

as received.  11-amino-1-undecanethiol (SAM-NH2), NH4OH (28% w/w), H2O2 (30% w/w), and 

H2SO4 (98% w/w) were purchased from VWR International, Fisher Scientific, EM Science, and 

Fisher Scientific, respectively.  All glassware was cleaned by immersion into a 5 L base bath (4:1 
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isopropanol to water, 300 g KOH) for at least 24 hours. The glassware was then rinsed with 

deionized water, followed by a rinse with 0.1 mM HCl and a final rinse with deionized water.  

3.2 Thin Film Preparation 

3.2.1 Substrate Preparation 

Gold (QSX-301, 5 MHz) and silica (QSX-303, 5 MHz) QCM-D sensors were purchased 

from Q-Sense.  The gold sensors are 14 mm in diameter with a 0.3 mm quartz thickness.  The 

quartz is plated with a thin layer of chromium (~ 2 nm), followed by a thin layer of gold (~100 

nm).  The silica sensors are gold QCM sensors coated with a ~50 nm silica layer on top of the 

gold.  Gold SPR sensors (13206060) were purchased from Reichert.  The SPR slides have a 

length of 14 mm and are composed of an ~1 mm thick glass substrate coated with a thin 

chromium layer (~2 nm), followed by a thin layer of gold (~50 nm).  The gold surfaces were 

cleaned by first exposing the surface to UV/ozone for 20 min, followed by immersion into a 

1:1:5 v/v/v of NH4OH:H2O2:H2O solution at 80 °C for 1 h.  Following another UV/ozone 

treatment, the substrates were rinsed with water and dried with N2.  Silica surfaces were cleaned 

prior to use by immersion into a 7:3 v/v solution of sulfuric acid:hydrogen peroxide, followed by 

a rinse with ultrapure water  and drying with nitrogen. 

3.2.2 Self-Assembled Monolayers (SAMs) 

Self-assembled monolayers (SAMs) are unidirectional monolayers that spontaneously 

form onto solid substrates immersed into a solution of active surfactant in an organic solvent.
5
 A 

number of SAM systems are known to form, including alkyl silane molecules on silicon oxide 

and alkyl carboxylates on aluminum, though alkanethiol self-assembly onto gold [111] is the 

most studied.
6
 Alkanethiols are popular because of their potential use as sensors or surface 

modifiers, in which surface properties can be modified by using thiols with different functional 
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endgroups.
7
  A further review of alkanethiol SAMs may be found in the literature.

5-9
  In this 

work, an amine-terminated SAM (11-amino-undecanethiol, SAM-NH2) was used to improve 

stability of cellulose nanocrystal thin films, presumably via electrostatic interactions between the 

sulfate groups of cellulose nanocrystals and the SAM surface. 

3.2.3 Regenerated Cellulose (RC) 

Trimethylsilyl cellulose (TMSC) films were formed on cleaned sensors from a solution in 

toluene by spincoating at 2000 rpm for 60 s.  Films of different thickness were obtained by 

variation of the TMSC solution concentration between 0.20 and 1.80% by mass.  Exposure of the 

TMSC film to the vapor of an aqueous 10% by mass solution of hydrochloric acid for 2 min 

yielded smooth regenerated cellulose (RC) films.
10

 

3.2.4 Nanocrystalline Cellulose (NC) 

Amine-terminated self-assembled monolayers (SAM-NH2) were formed on the cleaned 

gold QCM-D sensor crystals after immersion in a 1 mM solution of 11-amino-1-undecanethiol in 

ethanol for 24 hr.  Films of sulfated nanocrystalline cellulose (SNC) and desulfated 

nanocrystalline cellulose (DNC) with different thicknesses were spincoated at 4000 rpm for 60 s 

from aqueous suspensions with concentrations that ranged from 0.20 to 1.00% by mass.  Films 

were subsequently heat treated overnight at 80 °C before thicknesses were determined. 

3.2.5 Regenerated Chitin 

Trimethylsilyl chitin (TMSChi) was dissolved in a 4:1 v/v mixture of 

chloroform:tetrachloroethane to form 0.2-0.8% TMSChi solutions by mass.  These solutions 

were spincoated onto silica or gold substrates at a spinning speed of 3000 rpm for 1 min to obtain 

films with different thicknesses.  TMSChi films were converted to amorphous regenerated chitin 

(RChi) by holding the substrate (film side down) ~25 mm over an open bottle containing a 10% 
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by mass aqueous hydrochloric acid solution.  Exposure times of 2 min were sufficient to cleave 

the silyl groups and yield a RChi film.  The RChi films were subsequently rinsed with water and 

dried under a gentle stream of nitrogen. 

3.3 Experimental Methods and Data Analysis 

3.3.1 Atomic Force Microscopy (AFM) Measurements 

Surfaces were imaged in tapping mode with an Asylum Research AFM (MFP-3D-BIO, 

Asylum Research).  Height images were collected under ambient conditions with a silicon tip 

(OMCL-AC160TS, Olympus Corp.).  The reported root mean square (RMS) roughnesses were 

determined from 2 μm
 
x 2 μm scan areas. 

3.3.2 X-ray Photelectron Spectroscopy (XPS) Measurements 

Chemical compositions of the chitin films on gold substrates before and after 

regeneration were obtained from XPS experiments. The XPS spectrometer (Perkin-Elmer 5400) 

was equipped with a Mg(Kα) radiation source (1253.6 eV) and measurements were conducted at 

a take-off angle of 45°.  Binding energies are referenced relative to C (1s) at 284.8 eV. 

3.3.3 Ellipsometry Measurements 

Spectroscopic ellipsometry measurements were conducted with a phase modulated 

ellipsometer (Picometer Ellipsometer, Beaglehole Instruments) equipped with a halogen and 

deuterium light source over a wavelength range of 250 to 800 nm and an incident angle of 60°.  

Multi-angle of incidence ellipsometry measurements were conducted using a single wavelength 

(633 nm) laser light source.  The angle of incidence was varied between 60° and 80° in 1° steps.  

The film thickness was modeled with TFCompanion software (Semiconsoft) assuming a 

refractive index of 1.45 for TMSC
11

 and TMSChi
11

 and 1.51 for RC,
11

 SNC,
11

 DNC,
11

 and 

RChi
12

 films.  Although NC is typically reported to have refractive index closer to 1.59, NC 
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films may have a lower mass density than RC films, suggesting that the refractive index value 

reported by Karabiyik et al. of 1.51 for NC may be more appropriate.
11

  Further, changing the 

value to a higher refractive index for NC films did not significantly affect (change less than 1 

nm) the thickness computed using the TFCompanion software.  Each substrate was measured 

three times and reported values indicate the average film thickness ± one standard deviation. 

3.3.4 X-ray Diffraction Measurements (XRD) 

X-ray diffraction patterns were obtained on a Rigaku MiniFlex II Desktop X-Ray 

Diffractometer.  The radiation source was Cu(Kα) radiation, with a wavelength of 1.54 Å. The 

angular scanning range was 2θ = 2° to 50° with 0.01° steps. 

3.3.5 Surface Plasmon Resonance (SPR) Measurements 

Adsorption was followed by a SPR equipped with a 780 nm laser light source (SPR, 

SR7000, Reichert Inc.).  After the thickness of a substrate had been determined by ellipsometry, 

the sensor slide was immediately placed into the SPR flow cell.  Water was introduced into the 

flow cell at a rate of 0.200 mL·min
-1

 at 25 °C for several hours until a stable baseline was 

obtained.  Degassed adsorbate solution at the same temperature and flow rate as water was then 

pumped into the flow cell via a switch value, thereby limiting air bubbles in the system.  

Separate SPR experiments were run for each adsorbate concentration.  Experiments were run in 

triplicate, and reported values are means ± one standard deviation.  Changes in surface plasmon 

angle (θa) were converted to surface concentration (Γ, mg·m
-2

) with using the equation of de 

Feijter et al (Eq. 2.28).
13

  Variables used in Eq. 2.28  to convert measured SPR data into surface 

excess (Γ) are shown in Table 3.1. 
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Table 3.1 Values used in the equation of de Feijter et al. to convert measured SPR data into 

surface excess. 

 

Parameter Value 

dθ/dL 0.043 deg·nm
-1

 
14

 

ns (water) 1.328 
15

 

na (XG) 1.45 
14

 

na (BSA) 1.57 
16 

na (cDex) 1.45 
14 

na (PAH) 1.45 
14

 

dn/dc (XG) 0.137 cm
3
·g

-1
 
a
 

dn/dc (BSA) 0.187 cm
3
·g

-1  17
 

dn/dc (cDex) 0.146 cm
3
·g

-1
 
a
 

dn/dc (PAH) 0.210 cm
3
·g

-1  18
 

    a
 Determined by differential refractometry.  

 

3.3.6 Reflection Absorption Infrared Spectroscopy (RAIRS) Measurements 

Chemical compositions of the chitin films on gold substrates before and after 

regeneration were obtained from XPS experiments.  The RAIRS spectrometer (Bruker IFS 

66v/S) used p-polarized IR light at an incident angle of 86° relative to the surface normal.  Each 

spectrum was collected using a resolution of 2 cm
-1

 and represents an average of 100 scans.   

3.3.7 Refractive Index Increment Measurements 

The refractive index increment (dn/dc) of cationically-modified dextrans (cDex) and 

xyloglucan (XG) solutions in water were determined using a differential refractometer (Optilab 

rEX, Wyatt Technology Corp.) equipped with a laser light source (690 nm).  Measurements were 

conducted at 25 °C on solution concentrations ranging from 0 to 500 mg·L
-1

.  (dn/dc) was 

determined from the slope of a plot of refractive index versus concentration. 
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3.3.8 Quartz Crystal Microbalance with Dissipation Monitoring (QCM-D) Measurements 

 An E4 (QCM-D, Q-Sense AB) was used to determine adsorption onto thin films.  After 

the thickness of the film had been determined by ellipsometry, the sensor crystal was 

immediately placed into the QCM-D flow cell.  Water was introduced into the flow cell at a rate 

of 0.200 mL·min
-1

 at 25 °C for several hours until a stable baseline was obtained.  Adsorbate 

solution was then introduced into the flow cell at the same rate and temperature as water and the 

change in frequency and dissipation was recorded.  Experiments were run in triplicate and 

reported values indicate the average ± one standard deviation.   

Analysis of QCM-D Data.  Adsorption Data.  The surface excess, ΓQCM, was calculated using 

the Sauerbrey equation,
19

 








 


n

f
CΓQCM  (3.1) 

where f is the frequency, n is the overtone (n = 5 for this work), and C is the Sauerbrey constant 

(0.177 mg·s·m
-2

).  This equation was originally derived assuming rigidly attached layers in the 

gas phase that have the same shear modulus and density as quartz.  As the QCM-D is sensitive to 

changes in density and viscosity of the surrounding medium, the addition of a viscous, floppy 

film containing associated liquid requires use of modeling (e.g. Voigt or Maxwell models) to 

obtain explicit ΓQCM values for the adsorbed film.  An indication of the viscous nature of an 

adsorbed layer is provided by changes in dissipation (D), 

 
(3.2) 

where Estored is the energy stored in the sensor crystal and Edissipated is the energy dissipated by the 

viscous nature of the surrounding medium.  An increase in the magnitude of ΔD x 10
6
 greater 

than 5% of the absolute scaled frequency shift (Δf/n) signifies that the Sauerbrey equation may 

stored

dissipated

E

E
D

2
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be invalid.  However, the increase in ΔD x 10
6
 for this work was small and application of the 

Voigt model resulted in an adjusted (Δf/n) that was less than the spread of the data.
20

  

Consequently, the Sauerbrey equation was considered to be a good approximation to determine 

ΓQCM.  

Solvent Exchange Data.  The water content of the thin films was determined using a previously 

published technique in which the scaled frequency shift caused by switching the solvent from 

water to deuterium oxide (D2O) is used to measure the water within the film.
21

  For this method, 
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(3.3) 

where (Δf/n)Film Water is the scaled frequency shift of exchangeable water within the film, (Δf/n)film 

is the scaled frequency shift measured when the film is switched from H2O to D2O, (Δf/n)bare is 

the scaled frequency shift measured when the bare substrate (e.g. without a cellulose thin film) is 

switched from H2O to D2O (-55.2 Hz), and ρH2O and ρD2O are the densities of H2O and D2O, 

respectively (0.9982 g·cm
-3

 for H2O
15

 and 1.1050 g·cm
-3

 for D2O
22 

at 20.0 °C).  Likewise, the 

scaled frequency shift contribution from water after polymer adsorption and solvent exchange 

can also be calculated,   

1
2

2 

















 








 








  



OH

OD

barePEfilm

WaterPEFilm

n

f

n

f

n

f





 

(3.4) 

where (Δf/n)Film+PE Water is the scaled frequency shift of exchangeable water within both the film 

and adsorbed polymer layer and (Δf/n)film+PE is the scaled frequency shift measured when the 

film/polymer composite is switched from H2O to D2O.  (Δf/n)Film Water and (Δf/n)Film+PE Water from 
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Eqs. 3.3 and 3.4, respectively, were then used to calculate the "surface concentration" of water 

(ΓFilm Water, ΓFilm+PE Water) using the Sauerbrey equation (Eq. 3.1).  Consequently, the percentage 

change of water released by the system after polymer adsorption (for the case of dewatering) 

onto the film was calculated using Eq. 3.5. 

%1001Re% 



































WaterFilm

WaterPEFilm
leasedWater  (3.5) 
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Chapter 4: 

 Equilibrium Water Content of Model Cellulose Substrates Determined via Solvent 

Exchange and Quartz Crystal Microbalance with Dissipation Monitoring 

Published Chapter: Kittle, J. D.; Du, X.; Jiang, F.; Qian, C.; Heinze T.; Roman, M.; Esker, A. R. Biomacromolecules 

2011, 12,  2881-2887. 

 

4.1 Abstract 

 Model cellulose surfaces have attracted increasing attention for studying interactions with 

cell wall matrix polymers and as model substrates for enzymatic degradation studies.  Quartz 

crystal microbalance with dissipation monitoring (QCM-D) solvent exchange studies showed 

that water content of regenerated cellulose (RC) films was proportional to the film thickness (d) 

and was consistent with ~5 water molecules per anhydroglucose unit.  Sulfated nanocrystalline 

cellulose (SNC) and desulfated nanocrystalline cellulose (DNC) films had comparable water 

contents and contained ~5X more water than RC films.  Accessibility and degradation of the 

films was further analyzed via substrate exposure to cellulase.  Cellulase adsorption onto RC 

films was independent of d, while degradation times increased with d.  However, adsorption onto 

SNC and DNC films increased with d, while cellulase degradation times for DNC films were 

independent of d.  Enhanced access to guest molecules for SNC and DNC films relative to RC 

films revealed they are more porous. 

4.2 Introduction 

 Plant primary cell walls are principally composed of cellulose, hemicelluloses, and 

pectins arranged in a complex hierarchy.
1
  Generally, the primary cell wall contains two 

networks, a cellulose-hemicellulose network embedded within a pectic network.  In the 

cellulose-hemicellulose network, cellulose I microfibrils, containing both amorphous and 

crystalline domains, are coated and crosslinked with hemicelluloses through noncovalent 
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bonding.  The pectic network consists of various covalently crosslinked pectins and primarily 

controls the porosity and accessibility of the primary cell wall to water and protein molecules.  

Adding to the complexity of the cell wall is the fact that the polysaccharide composition varies 

with location within the cell wall.  Besides these polysaccharides, the primary wall also contains 

more than 70% water by mass, as well as soluble proteins and inorganic salts.
2
 

 Due to the complexity of the cell wall and the difficulty of extracting unmodified plant 

cell wall materials, model cellulose systems are often used for investigations of interactions 

between cellulose and other plant cell wall polysaccharides and their derivatives.
3-6

  A variety of 

starting materials and methods have been used for the preparation of model cellulose 

substrates,
7,8

 including regenerated cellulose (RC),
9,10

 sulfated nanocrystalline cellulose (SNC),
11

 

and desulfated nanocrystalline cellulose films (DNC).
12

 

 Although research into cellulose interactions with plant cell wall polysaccharides 

continues to increase, the variation in morphology, crystallinity, and charge density between the 

cellulose films used in these studies complicates comparisons.  However, a key parameter to 

binding of plant cell wall polysaccharides to cellulose is accessible surface area.
13

  One method 

to determine the accessibility of a cellulose film is to quantify the presence of a guest molecule 

(water) within the film.
14,15 

 A number of studies have examined the relationship between water and cellulose.  Of 

particular interest to this work is the study by Hatakeyama et al.
16

 in which the authors used 

differential scanning calorimetry (DSC) to determine that the total water content of a cellulose 

sample decreased with increasing crystallinity, indicating that water primarily associated with 

amorphous regions.  Additionally, studies with amorphous RC films revealed significant 

swelling in water by volume, regardless of whether the film was deposited by the Langmuir-
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Blodgett technique
17

 or spincoating.
18

  Fält et al. used quartz crystal microbalance with 

dissipation monitoring (QCM-D) to examine the effect of charge density of a carboxymethyl 

cellulose film on water uptake and found that swelling increased with charge density.
19

  

Recently, Aulin et al. used QCM-D to compare the swelling of several different cellulose 

substrates and found significant water uptake by mass for both RC and nanocrystalline cellulose 

(NC) films,
8
 while Kontturi et al. did the same with neutron reflectivity for RC films.

20
 

Collectively, these studies indicate that both morphology and charge density of a cellulose 

substrate affect the water content of the film. 

 This study used a solvent exchange procedure modified from that reported by Craig et 

al.
21

 and similar to the procedure used by Zwang et al.
22 

to investigate the effect of mesostructure 

and charge density on the total water content within model cellulose surfaces by QCM-D.   

Consequently, thin films of RC, SNC, and DNC were prepared by spincoating, their thicknesses, 

d, were determined by ellipsometry, and their total water content was quantified via QCM-D.  

Additionally, the accessible surface area of these cellulose films was probed by exposure of the 

films to cellulase.    The relationship between crystallinity, charge density, accessible surface 

area, and water content of model cellulose surfaces was explored.  This information is relevant 

for selecting model cellulose materials that interact with other matrix polymers and have 

mechanical behavior similar to plant cell wall systems.  These features are crucial for 

understanding how accessibility of the substrate influences enzymatic degradation.  More 

importantly, the modified QCM-D solvent exchange procedure is simple with broader 

applications for other polysaccharide, biological, and synthetic substrates.  
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4.3 Experimental Section 

 Thin films of TMSC, SNC, and DNC were spincoated onto gold QCM-D sensor crystals 

as outlined in Chapter 3.2.  TMSC with a degree of substitution (DS) of 2.71 was synthesized 

according to a previous report.
23

  SNC was prepared by sulfuric acid hydrolysis of dissolving-

grade softwood pulp (Temalfa  93-A-A, Tembec, Inc.), whereas DNC was prepared by pyridine-

based desulfation of SNC.
12

  Both the SNC and DNC had heights and lengths of 4.8 ± 1.4 nm 

and 154 ± 84 nm, respectively.  The charge density of SNC was 0.293 mequiv·g
-1

 as determined 

by conductometric titration, whereas that of DNC was 0.007 mequiv·g
-1

.  Atomic force 

microscopy (AFM) and ellipsometry measurements were conducted as outlined in Chapter 3.3.1 

and 3.3.3, respectively.  QCM-D measurements were performed as outlined in 3.3.8, with the 

following details specific to this work.  For the solvent exchange, water was introduced into the 

flow cell at a rate of 0.200 mL·min
-1

 at 20 °C for at least 3 h until a stable baseline was obtained.  

Then, D2O was introduced into the flow cell and the change in frequency was recorded.  The 

shift due to the change in solvent occurred in less than 30 s and after 5 min, water was again 

introduced into the cell, and the frequency returned to the initial baseline.  After the solvent 

exchange, a buffered cellulase solution was introduced into the flow cell at a rate of 0.200 

mL·min
-1

 at 20 °C and the change in frequency was recorded.  Data was collected until the times 

for total film degradation, td, were reached for RC and DNC films.  For SNC films, the 

measurements were stopped after 3 h when no further changes in adsorbed enzyme were 

observed. 
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4.4 Results 

4.4.1 Method of Determining Water Content 

 Total water contents of RC, DNC, and SNC films with different thicknesses were 

determined with a QCM-D and a H2O/D2O solvent exchange procedure.  Figure 4.1 shows 

representative plots of (Δf/n) vs. time, t, for a gold sensor and a gold sensor coated with a 7.6 nm 

SNC film switched from H2O to D2O and back to H2O. (Δf/n)bare and (Δf/n)film associated with 

the switch from H2O to D2O are defined as shown on Figure 4.1.  Craig et al. noted that the 

solvent fraction of an adsorbed film could be determined in situ with a QCM-D and a solvent 

exchange procedure.
21 

  In that work, the resonant frequency of a gold slide was found in solvent 

and deuterated solvent, adsorbate was introduced to the substrate, and the resonant frequency 

was again determined in solvent and deuterated solvent.  The differences in density of the solvent 

and deuterated solvent caused changes in the resonant frequency that permitted calculation of the 

solvent fraction of the adsorbed film.  On the basis of their analysis, a similar procedure was 

used here. 

 (Δf/n)bare can be calculated with the Kanazawa and Gordon equation:
24,25 

  

            
      

   
√    

√     

 (4.1) 

where   is the overtone, f0
 
is the fundamental frequency of the crystal (5 MHz),    is the density 

of the fluid (0.9982 g·cm
-3

 for H2O
26

 and 1.1050 g·cm
-3

 for D2O
27 

at 20.0 °C),    is the viscosity 

of the fluid (1.002 cP for H2O
26

 and 1.25 cP for D2O
28 

at 20.0 °C), ρq (2.648 g·cm
-3

)
24

 and μq 

(2.947 x 10
11

 g·cm
-1

·s
-2

)
24

 are the density and shear modulus of the quartz, respectively.  Eq. 4.1 

accounts for density and viscosity effects on the crystal frequency relative to air in different 

surrounding media (here D2O and H2O).  The calculated value for (Δf/n)bare, obtained by 
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Figure 4.1  Representative solvent exchange QCM-D data (5
th

 overtone) for (○) a bare gold 

sensor and (□) a sensor with a film spincoated from a 0.5% by mass SNC solution (7.6 nm by 

ellipsometry).  Horizontal dotted lines at the left edge of the plot are labeled with the variables 

used in Eq. 4.2 to calculate Γwater in Eq. 4.3.  Vertical lines show where solvent switching started 

and ended as labeled on the plot. 

 

subtraction of fsolvent for  H2O from fsolvent for D2O divided by n, yielded 55.9 Hz for n = 5, 

which is in good agreement with the experimental value of 55.2 ± 1.1 Hz.  If a film is rigidly 

attached, and contains no exchangeable water, Eq. 4.1 also applies and the calculation of 

(Δf/n)film will be the same as (Δf/n)bare.  For the case where the film, including exchangeable 

water, can be regarded as rigid, (Δf/n)film will contain the contribution from the crystal and the 

film, (Δf/n)bare, plus a contribution of the water, (f/n)water.  Hence, (Δf/n)water can be calculated 

from the difference between (Δf/n)film and (Δf/n)bare:
21 

(
  

 
)
     

 

(
  
 )

    
 (

  
 )

    

(
    

    
)   

 (4.2) 
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where      and      are the densities of D2O and H2O, respectively.  (Δf/n)water from Eq. 4.2 

can be used to calculate the "surface concentration" of water in the film through a Sauerbrey 

relationship:
29

  

         (
  

 
)
     

 (4.3) 

where   is a constant (0.177 mg·s·m
-2

).   

4.4.2 Water Content of Cellulose Thin Films 

  Values of water calculated from Eq. 4.3 for different types and thicknesses of cellulose 

films are provided in Table 4.1.  The values of water are independent of the overtone used for the 

calculation (Figure 4.2 and Table 4.2).  As seen in Table 4.1, the values of water increased with 

the film thickness determined by ellipsometry.  Values of water for RC films were smaller than 

values for SNC or DNC at the same film thickness. 

 

   Table 4.1 Film thicknesses, film roughnesses and Γwater for RC, DNC, and SNC surfaces 

 

Sample 

Solution 

Concentration 

(% by mass) 

d   

Γwater
a
 

(mg·m
-2

) 
Ellipsometry 

(nm) 

Degradation 

(nm) 

Roughness 

(nm) 

RC 

0.25 1.4 ± 0.4 2.5 ± 0.9 0.71 3 ± 1 

0.50 6.5 ± 0.7 10.4 ± 2.2 1.24 12 ± 3 

1.00 15.6 ± 1.6 20.5 ± 1.7 0.92 14 ± 2 

1.50 44 ± 4 55.3 ± 4.8 2.17 35 ± 3 

1.80 78 ± 6 82 ± 10 3.71 56 ± 2 

DNC 

0.50 7.9 ± 0.3 - 2.47 25 ± 3 

0.70 12.1 ± 0.3 - 2.52 45 ± 3 

0.80 13.5 ± 0.2 - 2.83 49 ± 2 

1.00 15.2 ± 0.4 - 2.61 56 ± 3 

SNC 

0.20 3.1 ± 0.2 - 1.18 8 ± 2 

0.50 7.6 ± 0.2 - 1.08 27 ± 4 

0.75 12.8 ± 0.4 - 1.45 44 ± 3 

0.85 16.0 ± 0.2 - 1.97 59 ± 2 

1.00 18.2 ± 0.3 - 1.73 67 ± 2 
a
Values for n = 5. 
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Figure 4.2 Representative H2O/D2O solvent exchange QCM-D data for the (A) 3
rd

, (B) 5
th

, 

(C) 7
th

, (D) 9
th

, and (E) 11
th

 overtones.  The solid and dashed lines represent the solvent shift 

for a bare gold substrate and 16 nm SNC film, respectively.  The magnitude of the solvent 

exchange difference between the gold substrate, (Δf/n)bare, and the film (Δf/n)film, is ~32 Hz 

for each overtone.  Solvents were switched from H2O to D2O at t ~ 2 min and back to H2O at 

t ~ 7 min. 
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Table 4.2  Representative water contents of 16 nm RC, SNC, and DNC films for the 3
rd

, 5
th

, 7
th

, 

9
th

, and 11
th

 QCM-D overtones. 

 

Substrate Overtone 
(Δf/n)bare

a
 

(Hz) 

(Δf/n)bare
b
 

(Hz) 

(Δf/n)film
b
 

(Hz) 

(Δf/n)water
c
 

(Hz) 

Γwater
d
 

(mg·m
-2

) 

RC 

3
rd

 -71.1 -71.9 ± 2.1 -80.0 ± 1.9 -78 ± 27 13.8 ± 4.8 

5
th

 -55.9 -55.1 ± 1.1 -63.3 ± 0.3 -79 ±11 13.9 ± 1.9 

7
th

 -46.6 -46.6 ± 0.3 -54.5 ± 0.4 -76 ± 5 13.5 ± 0.9 

9
th

  -41.1 -40.8 ± 0.3 -48.9 ± 0.3 -78 ± 4 13.8 ± 0.7 

11
th

 -37.0 -36.6 ± 0.3 -44.4 ± 0.1 -75 ± 3 13.3 ± 0.5 

SNC 

3
rd

 -71.1 -71.9 ± 2.1 -109.1 ± 1.7 -354 ± 21 62.7 ± 4.6 

5
th

 -55.9 -55.1 ± 1.1 -89.8 ± 0.1 -333 ±11 59.1 ± 1.9 

7
th

 -46.6 -46.6 ± 0.3 -80.7 ± 1.0 -327 ± 10 58.0 ± 1.8 

9
th

  -41.1 -40.8 ± 0.3 -75.9 ± 1.3 -323 ± 13 59.7 ± 2.3 

11
th

 -37.0 -36.6 ± 0.3 -68.6 ± 1.8 -308 ± 18 54.5 ± 3.1 

DNC 

3
rd

 -71.1 -71.9 ± 2.1 -103.0 ± 1.6 -299 ± 25 52.9 ± 4.5 

5
th

 -55.9 -55.1 ± 1.1 -87.8 ± 1.1 -313 ±15 55.6 ± 2.7 

7
th

 -46.6 -46.6 ± 0.3 -78.1 ± 1.0 -302 ± 10 53.6 ± 1.8 

9
th

  -41.1 -40.8 ± 0.3 -72.6 ± 1.0 -306 ± 10 54.1 ± 1.8 

11
th

 -37.0 -36.6 ± 0.3 -69.1 ± 1.5 -313 ± 15 55.3 ± 2.6 

a
 Calculated from Eq. 4.1 

b
 From data like that found in Figure 4.2 

c
 Calculated from Eq. 4.2 

d
 Calculated from Eq. 4.3 
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4.4.3 Use of Cellulase as a Probe of Cellulose Thin Film Accessibility  

 Accessible surface area was further analyzed by exposure of the cellulose films to 

cellulase.  Figure 4.3 shows representative (f/n) data plotted as a function of time for RC, DNC 

and SNC films.  As seen in Figure 4.3A, components in the cellulase mixture initially adsorbed 

onto the RC surface where a minimum in the scaled frequency was observed, (f/n)min ~ -45 Hz. 

After initial adsorption, the frequency began to rise as hydrolysis of the film started.  After 70 

min, (f/n) plateaued.  The plateau has previously been attributed to complete hydrolysis of the 

RC film.
30,31

  As such, a degradation time, td, was defined as the point where the slope fell below 

a 1 Hz change per five minute period as shown in Figure 4.3A.  As seen in Figure 4.3A, the 

(f/n) data were independent of frequency which was consistent with the small changes in 

dissipation, D.  Plots similar to Figure 4.3A for the other film thicknesses are shown in Figure 

4.4.  The key observations for the RC films were that (f/n)min ~ -45 Hz was independent of film 

thickness, while td was a linear function of film thickness.  These trends are shown in Figure 4.7 

where |(f/n)min| and td are plotted as a function of d obtained by ellipsometry. 

Returning to Figure 4.3B, a similar overall trend is seen for enzymatic degradation of the 

DNC film as was observed for RC in Figure 4.3A.  There is clearly an initial adsorption step in 

Figure 4.3B; however, the magnitude of the drop |(f/n)min| >> 45 Hz.  The enzyme clearly 

adsorbed much more strongly onto the DNC film and the spread in the curves of Figure 4.3B for 

both (f/n) and D (as well as the magnitude) indicated that the process was viscoelastic.  

Subsequent enzymatic degradation of the film also took longer.  Representative plots similar to 

Figure 4.3B are provided in Figure 4.5 for the other film thicknesses.  |(f/n)min| and td obtained 

from data like that found in Figure 4.5, are plotted on Figure 4.7. In contrast to RC, |(f/n)min| 

was now a linear function of film thickness, whereas td was independent of film thickness.  
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Finally, for Figure 4.3C a different overall trend was observed for cellulase interactions 

with SNC films than was observed for RC and DNC films.  Like DNC, there is clearly an initial 

adsorption step in Figure 4.3C and the magnitude of the drop |(f/n)min| >> 45 Hz.  Relative to 

RC films, the enzyme clearly adsorbed much more strongly onto the SNC film and the spread in 

the curves of Figure 4.3C for both (f/n) and D indicated that the layer was viscoelastic.  

However, subsequent enzymatic degradation of the film was not observed over the 3 h timescale 

of the experiment.  Hence no td values were assigned.  Representative plots similar to Figure 

4.3C are provided in Figure 4.6 for the other film thicknesses.  |(f/n)min| obtained from data like 

that found in Figure 4.6, are also plotted on Figure 4.7.  Like DNC, |(f/n)min| for SNC was a 

function of film thickness and had a similar trend.  
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Figure 4.3 Representative QCM-D cellulase degradation data for (A) RC, (B) DNC, and (C) 

SNC films spincoated from 1.00% by mass solutions (d ~15 nm).  Symbols correspond to (f/n) 

for the (●) 5
th

 , (■) 7
th
, and (▲) 9

th
 overtones (left axis), and D for the (○) 5

th
, (□) 7

th
, and (Δ) 

9
th

 overtones (right axis).  After water swelling established a baseline, cellulase solution was 

introduced at t ~10 min. 
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Figure 4.4 Representative QCM-D data (5
th

 overtone) for cellulase adsorption onto and 

subsequent degradation of (A) 2 nm, (B) 7 nm, (C) 16 nm, (D) 44 nm, and (E) 78 nm RC 

films.  The cellulase adsorption resulted in a (Δf/n)min ~ -45 Hz for each sample (insets 

labeled as A', B', C', D', and E', respectively).  The film degradation time, td, is indicated on 

the plot and increased with film thickness.  Due to slight differences in starting times, all 

curves were shifted to have enzyme addition correspond to t = 25 min. 
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Figure 4.5 Representative QCM-D data (5
th

 overtone) for cellulase adsorption onto and 

subsequent degradation of (A) 8 nm, (B) 12 nm, (C) 14 nm, and (D) 15 nm DNC films.  The 

cellulase adsorption, (Δf/n)min, and film degradation time, td, for each sample are indicated on 

the plot.  Due to slight differences in starting times, all curves were shifted to have enzyme 

addition correspond to t = 25 min. 
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Figure 4.6 Representative QCM-D data (5
th

 overtone) for cellulase adsorption onto (A) 3 

nm, (B) 8 nm, (C) 13 nm, (D) 16 nm, and (E) 18 nm SNC films.  The cellulase adsorption, 

(Δf/n)min, for each sample is indicated on the plot.  Due to slight differences in starting times, 

all curves were shifted to have enzyme addition correspond to t = 25 min. 
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Figure 4.7 (A) |(f/n)min| (5
th

 overtone) and (B) td versus d, determined by ellipsometry, for (□) 

RC, (◊) DNC, and (    ) SNC films upon exposure to cellulase.  Dashed lines are trend lines. 
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4.5 Discussion 

For RC, the difference in (f/n) between the adsorbed enzyme state and the plateau, or 

(f/n)total, was used for the determination of the Sauerbrey mass of the film according to Eq. 4.1 

[cellulose = C(f/n)total].
30,31

  This mass was then converted to a thickness under the assumption 

that a monolayer of cellulose has a surface concentration of cellulose monolayer= 0.45 mg·m
-2

,
32

 and 

each monolayer of cellulose had a thickness of 0.36 nm.
9
  These values are included in Table 4.1 

and are consistent with the ellipsometry results.  However, the same approach could not be used 

for DNC.  For DNC, the spread of the data for the different overtones in Figure 4.3B vs. 4.3A 

indicated that adsorption of the cellulases likely swelled the film, thereby rendering the 

Sauerbrey relationship invalid.  This swelling might arise from water coupled within the 

adsorbed cellulase and from disruption of the crystalline nature of cellulose during degradation. 

Consequently, this data was not used to determine the DNC film thickness as done in the case of 

RC films.  Likewise, the lack of any significant degradation of the SNC made it impossible to 

use degradation to deduce the thickness of the film. 

In order to better understand the data in Table 4.1, water deduced from QCM-D 

experiments are plotted as a function of d in Figure 4.8.  For Figure 4.8A, water is plotted against 

d determined from both ellipsometry and the enzyme degradation studies of RC films.  As seen 

in Figure 4.8A, both methods for deducing the film thickness are consistent.  In Figure 4.8B, the 

data for RC films was partially re-plotted along with the water values for the SNC and DNC 

films.  As seen in Figure 4.8B, the dependencies of water on film thickness appear to be linear 

for all films, but the linear fits of RC and NC data had very different slopes.  Moreover, there 

were no significant differences between DNC and SNC films.  A linear fit of the RC data in 

Figure 4.8 gave a slope of 0.68 ± 0.03 mg·m
-2

·nm
-1

, whereas a linear fit of the combined SNC 
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and DNC data gave a slope of 3.63 ± 0.16 mg·m
-2

·nm
-1

.  Thus, for films of similar thickness, NC 

films had 5X more water than amorphous RC films.  These slopes were converted into a mass 

ratio of water to cellulose under the assumption that a monolayer of cellulose has cellulose monolayer 

= 0.45 mg·m
-2

,
32

 and each "monolayer" of cellulose had a thickness of 0.36 nm.
9
  This 

conversion yielded 35 ± 1% by mass of water within the RC film versus 74 ± 1% by mass of 

water within the NC films.  In these calculations, a ~1.5% change in the mass of the AGU due to 

isotope exchange was ignored.  A value of 4.8 water molecules per anhydroglucose unit (AGU) 

for RC films was calculated from the 35 ± 1% by mass of water within the RC film.  For the NC 

films, assuming that water does not enter the crystal,
16

 each crystal is cylindrical with a diameter 

of 4.8 nm and a length 154 nm,
12

 and each AGU has a cross sectional area of 0.60 nm
2
,
32 

each 

surface AGU has approximately 84 associated water molecules.  Further, as DNC and SNC films 

of comparable thickness had similar water contents, charge of the surface had no significant 

effect on the water content of the film.  

 4.5.1 Comparison of Cellulose Film Water Contents with Previous Studies 

 The water content of the cellulose films measured by solvent exchange and QCM-D 

compared favorably with previous studies.  In this work, the water content of RC films was 35 ± 

1% by mass, 4.8 water molecules per AGU, or 46% by volume assuming ideal solution behavior.  

Previous studies of water content for amorphous cellulose by DSC
16

 and ellipsometry
17

 showed 

3.4 water molecules per AGU and 40% swelling by volume in water (~29% water by mass 

assuming ideal solution behavior and a crystalline cellulose density), respectively.  More 

recently, Kontturi, et al.
20

 reported a slightly higher amount of water, 48.6% by volume,
 
from  
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Figure 4.8 Γwater vs. d for (A) RC and (B) NC films.  Symbols correspond to (▲) RC film 

thicknesses determined by cellulase degradation and film thicknesses determined by ellipsometry 

for (■) RC, (    ) SNC and (♦) DNC.  Dashed lines represent linear fits.  
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neutron reflectivity studies.  It should be noted that this value differs from the original paper.  

This value was calculated from their observed swelling ratio, (d/do) = 1.949, under the 

assumption of additive volumes: % by volume = [1 – (d/do)
-1

].  The original number in Ref. 20 

was based on scattering length densities; however, these calculations failed to take into account 

D/H exchange between hydroxyl protons of cellulose and the D2O solvent.  The water content of 

NC films in this work was 74 ± 1% by mass and was similar to values obtained for commercially 

available cellulose films (which contain both amorphous and crystalline domains) whose 

contents ranged from 40 to >80 % by mass.
33,34

  In the study most related to this work, Aulin et 

al.
8
 measured a water content of 7% by mass for RC and 21% by mass for NC.  However, their 

study assumed their drying procedure produced dry films prior to swelling.  If their films were 

not completely dry, their measurements would underestimate the actual water content.  The 

solvent exchange technique used in this work avoided the complication of drying. 

4.5.2 Effect of Surface Charge and Morphology on the Accessibility of Cellulose Thin Films 

 The surface charge of the cellulose nanocrystals did not significantly alter the water 

content of the films.  Previous work on carboxymethyl cellulose showed an increase in water 

content with charge density; however, those samples were analogous to a gel.
19

  As water does 

not significantly penetrate cellulose nanocrystals,
15,16

 this gel effect was not observed for the NC 

films.  Thus, the presence of sulfate groups along the nanocrystalline surface had no effect on the 

water content of the NC films.  However, the differences in crystallinity between RC and NC 

significantly affected the total water content of the film.  For amorphous RC films, water 

penetrated the cellulose layers and swelled the film proportionally with film thickness.  In 

contrast, as water does not penetrate the nanocrystals, the high water content of these substrates 
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must arise from film porosity.  The fact that water was proportional to film thickness must mean 

that the porosity of the NC films was fairly uniform throughout.   

The effect of the differences in crystallinity on cellulase adsorption onto the model 

cellulose surfaces and subsequent degradation was also consistent with porosity.  Cellulase has 

previously been used to degrade a variety of model cellulose surfaces and the accessibility,
13

 

morphology,
30,31

 crystallinity,
30,31

 and degree of polymerization
35

 are all known to affect 

cellulase adsorption and cellulase catalyzed hydrolysis rates. In this work, td of DNC films was 

independent of film thickness, even though td for RC films was a strong function of d.  

Conversely, the amount of enzyme adsorbed to RC films was constant, but increased 

proportionally with d for DNC films.  For DNC, this data was consistent with high porosity of 

NC films that allowed cellulase easy access to nanocrystals throughout the film.  Hence, 

degradation of all DNC crystals started and ended at roughly the same times and led to a 

thickness independent td.  The similar levels of enzyme adsorption, |(f/n)min|, for DNC and SNC 

are consistent with similar porosity.  However, greater cellulase adsorption onto the thicker DNC 

films, compared to SNC films of similar thickness (Figure 4.7), indicated that sulfate groups on 

SNCs affected adsorption as well as hydrolysis rates, even if no effect was seen for water uptake. 

For RC, cellulase appeared to degrade the substrate in a layered approach, evidenced by the 

thickness independent |(f/n)min| for cellulase adsorption and longer td for thicker films.  These 

results demonstrated that NC films were more accessible to guest molecules than RC films.  This 

difference in accessibility, or surface area, also contributed to differences in the adsorbed 

amounts of polysaccharides onto different model surfaces. 
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Figure 4.9 Schematic illustration depicting relative water contents of (A) RC films (~5 

H2O/AGU) and (B) NC films (~80% water by volume). 

 

The results presented here led to the schematic depiction of the two films in Figure 4.9.  

In Figure 4.9, RC films are depicted with 5 water molecules per AGU.  For an AGU, the 

maximum number of hydrogen bonds is 13 (3 as a donor and 10 as an acceptor).  In 

computational studies of liquid water, only 3.6 of 4 possible hydrogen bonds are observed.
36

 

Under the assumption of comparable unsatisfied hydrogen bonds in wet amorphous cellulose, the 

number of possible hydrogen bonds in cellulose decreases to 11.7.  Molecular dynamics 

simulations
37

 predicted 5.3 hydrogen bonds between AGUs in amorphous cellulose samples.  

Subtraction of 5.3 from 11.7 left 6.4 possible hydrogen bonds with water, a number in good 

agreement with what was measured by QCM-D.  In Figure 4.9, the NC films are depicted as a 

network of rigid rod-like elements surrounded by pockets of viscous water.  As long as the water 

does not swell the crystal or loosen the network points, the water simply moves with the rigid 

network.  Under such a scenario, the analysis scheme used here is valid. 
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4.6 Conclusions 

We have demonstrated a modified QCM-D solvent exchange procedure to determine the 

water content of cellulose model surfaces of varied mesostructure and charge density. Although 

charge density of NC films did not significantly affect their water content, these films contained 

~5X more water than amorphous cellulose films.  These differences in the water content were 

explained in terms of porosity for the NC films which was demonstrated through cellulase 

degradation studies.  Consequences of this work include the need to address accessible surface 

areas of model cellulose surfaces when used as substrates for adsorption studies and the 

realization that desulfated NC films may be better models for cellulose within plant cell walls 

with respect to water content and a type I crystal structure.  More importantly, the QCM-D 

solvent exchange procedure described here should be applicable to any polymeric thin film, bio-

derived or synthetic, where the sample is rigid enough to be treated by the Sauerbrey equation.   
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Chapter 5: 

Cellulose Morphology and Surface Charge Effects on Xyloglucan Adsorption 

 

5.1 Abstract 

Elucidating the interactions between cellulose and hemicelluloses is of fundamental 

importance for understanding the molecular architecture of plant cell walls.  Adsorption of 

xyloglucan (XG) onto regenerated cellulose (RC), sulfated cellulose nanocrystal (SNC), and 

desulfated cellulose nanocrystal (DNC) films was studied by quartz crystal microbalance with 

dissipation monitoring (QCM-D), surface plasmon resonance (SPR), and atomic force 

microscopy (AFM).  The amount of XG adsorbed onto different cellulose substrates increased in 

the order RC < SNC < DNC.  The adsorption of XG onto RC films was independent of film 

thickness (d), whereas XG adsorption was weakly dependent on d for SNC films and strongly 

dependent on d for DNC films.  However, approximately the same amount of XG adsorbed onto 

"monolayer-thin" films of RC, SNC, and DNC.  These results suggest that the morphology and 

surface charge of the cellulose substrate played a limited role in XG adsorption and that 

accessible surface area of the cellulose film may be the factor leading to apparent differences in 

XG adsorption for different surfaces. 

5.2 Introduction 

 Biopolymers attract attention not only from those interested in understanding the 

fundamental structure and synthesis of natural systems but increasingly from those seeking 

renewable sources of energy and functional materials.
1
  Resources from plants, such as cellulose 

and, to a lesser extent, xyloglucan (XG), have already found widespread use in the paper, textile 

and food industries.
2,3

  Consequently, the primary plant cell wall is of particular interest, as a 
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deeper comprehension of cellulose synthesis and its interactions with other cell wall 

polysaccharides, such as XG, could facilitate extraction and use of these renewable resources.
1
   

Albersheim et al. presents several key features of the primary cell wall.
4
  Generally, the 

primary plant cell wall is a thin layer (50-200 nm) composed of cellulose, hemicelluloses, and 

pectin.  Cellulose, constituting 20-30% of the solid mass of the cell wall, is arranged as 

crystalline microfibrils with diameters of ~4 nm and degrees of polymerization ranging from 200 

to 4500, although amorphous cellulose domains are also present.  Hemicelluloses, which account 

for 20 to 30% of the solid cell wall mass, network the cellulose microfibrils through either direct 

or indirect linkages.  XG is typically the most abundant hemicellulose in the primary cell wall, 

converting the cellulose network into a more elastomeric system.  Pectins crosslink with other 

pectins or Ca
2+

 ions to form a separate network, with the degree of acetylation along the pectin 

chains affecting the water content and porosity of the wall.  Additionally, primary cell walls 

contain at least 70% water by mass, as well as soluble salts and often glycoproteins.
4
 

 Although XG significantly alters the mechanical properties of the cellulose network, the 

nature of the interactions between XG and cellulose are not fully understood.  Cosgrove provides 

an excellent review of several XG-cellulose models.
5
  In brief, one model proposes that XG 

crosslinks cellulose microfibrils, either via physical entrapment of a XG chain end within a 

cellulose microfibril and noncovalent (e.g. hydrogen-bonding) interactions with the surface of an 

adjacent microfibril,
6
  or purely noncovalent interactions between XG and multiple microfibril 

surfaces.
7

  An alternative model suggests that XG does not link cellulose microfibrils together, 

but rather links the cellulose microfibrils to the pectic network.  In this model, one XG chain end 

non-covalently interacts with a microfibril, while the rest of the chain interacts with pectin, either 

via covalent
8
 or non-covalent linkages.

9
  A more recent model proposed on the basis of NMR 



 

108 

 

studies suggests that pectin forms noncovalent crosslinks with cellulose microfibrils, XG 

intercalates between adjacent microfibrils, and pectin covalently crosslinks with XG.
10

  

Regardless of the means of interaction, the binding of XG to cellulose is a principle feature of the 

primary cell wall. 

 Due to the complexity of cell wall and the difficulty in studying cell wall XG-cellulose 

interactions in situ, several groups have extracted cellulose and XG from various sources to 

examine the binding and adsorption behavior between these materials.
11-18

  Bodin et al. 

quantified the adsorption of XG from tamarind onto bacterial cellulose and cotton linters using a 

colorimetric method.  Adsorption was ~4 times greater onto bacterial cellulose (2.2 mg·m
-2

) 

relative to cotton linters (0.8 mg·m
-2

) and, as both cellulose samples were highly crystalline, this 

difference was attributed to variation in accessible surface area.
11

  Similarly, XG adsorbed more 

strongly to commercially available Avicel cellulose compared to cotton linters.
12

  Hayashi et al. 

found that the quantity of pea XG bound to cellulose was linearly related to the available surface 

area.
13

  Surface plasmon resonance (SPR) studies showed that XG from tamarind adsorbed onto 

charged (sulfated) cellulose nanofibrils at 0.4 mg·m
-2

,
14

 indicating that surface charge may limit 

XG adsorption to cellulose.  However, more recent work by Lopez et al. suggested that surface 

charge of cellulose plays a limited role in XG adsorption.
15

  Cerclier et al. used a quartz crystal 

microbalance (QCM) to determine the adsorption of XG from tamarind to sulfated cellulose 

nanocrystals to be ~26 mg·m
-2

, though this value also includes a significant fraction of water.
16

  

Several studies also quantified the adsorption of XG to various cellulose sources, to include 

Avicel,
12,17

 bacterial cellulose,
15

 cellulose whiskers,
15

 and cellulose microfibrils.
13,18

 Reported 

adsorption ranged from 8-270 mg XG·g
-1 

cellulose; unfortunately, the surface area of these 

cellulose samples was not quantified, complicating direct comparisons with other data, including 
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that of this work.  Although the different molecular weights of the various XG samples used in 

these studies likely contributes to the significant discrepancy (Table 5.1) between reported values 

for XG adsorption to cellulose,
17

 lingering questions remain regarding how cellulose morphology 

and charge affect XG adsorption. 

 

Table 5.1 Literature values of cellulose surface area and adsorbed xyloglucan surface 

concentration. 
Cellulose Xyloglucan Surface Concentration Ref. 

Type 
Surface 

Area (m
-2

·g) 
Source Mw (g·mol

-1
) mg ·g

-1
 mg·m

-2
 

Avicel - Tamarind  < 2,000 8 - 12 

Bacterial 79 Tamarind 36,000 180 2.2 11 

Bacterial 

Microcrystalline 
- Tamarind 700,000 270 - 15 

Cotton Linter 72 Tamarind 36,000 60 0.8 11 

Microcrystalline - 
Common 

Bean 
25,000 400 - 17 

Microfibers - Pea - 480 - 13 

Regenerated 

Cellulose 
- Tamarind 202,000 - 0.9 This work 

Sulfated 

Nanocrystals 
- Tamarind 670,000 - 27 16 

Sulfated 

Nanocrystals 
- Tamarind 202,000 - 2.2 This work 

Desulfated 

Nanocrystals 
- Tamarind 202,000 - 5.7 This work 

Nanofibrils  Tamarind - - 0.4 14 

 

 To gain further insight into primary cell wall architecture and properties, several groups 

have recently constructed biomimetic XG-cellulose nanocomposites.
16,19,20

  Multi-layered 

structures of sulfated cellulose nanocrystals and XG were formed via layer-by-layer assembly
19

 

and spincoating.
16

  Whitney et al. formed a biomimetic composite by growing bacterial cellulose 

in the presence of XG, creating a more flexible material than bacterial cellulose alone.
20

  These 
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composites have interesting implications for studying competitive hemicellulose interactions 

with cellulose, enzymatic degradation, and mechanical strength, though again the role of 

cellulose surface charge and morphology in these composites is not clear. 

 The aim of this work was to further investigate the role of cellulose mesostructure and 

charge effects on the adsorption of XG.  The cellulose substrates used in this work were 

amorphous regenerated cellulose (RC),
21,22

 sulfated nanocrystalline cellulose (SNC),
23

 and 

desulfated nanocrystalline cellulose (DNC).
24

  Previous studies of RC thin films via attenuated 

total reflectance infrared spectroscopy
22

 and grazing incidence X-ray diffraction
25

 have 

determined that spincoated RC films are essentially amorphous.  Additionally, while RC thin 

films swell considerably in water,
25,26

 a recent quartz crystal microbalance with dissipation 

monitoring (QCM-D) study determined that cellulase adsorption did not change with film 

thickness, indicating that adsorbates with a radius of gyration (Rg) as small as 4 nm were 

confined to the surface and did not penetrate into the film.
26

  Previous studies of nanocrystalline 

cellulose thin films via XRD have shown than SNC
27,28

 and DNC
24

  are essentially cellulose I 

(e.g. native crystalline cellulose) with a crystallinity of ~87%.  Grazing incidence XRD studies 

on SNC films
28

 are particularly important because they show spincoating nanocrystalline 

cellulose from aqueous suspensions does not alter the crystalline state.  A recent QCM-D study 

determined that SNC and DNC films were quite porous to both water and small adsorbates (Rg ~ 

4 nm) as evidenced by the increase in both film water content and cellulase adsorption with 

increasing film thickness.
26

  In these films, the accessible surface area of SNC and DNC was 

directly proportional to the thickness of the film for small adsorbates. 

 
Because RC, SNC, and DNC films have varied morphology, surface charge, and 

accessible surface area,
 
these cellulose substrates are ideally suited for studying how these 
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parameters affect XG adsorption.  Consequently, adsorption isotherms for XG from tamarind 

onto amorphous regenerated cellulose (RC),
21,22

 sulfated nanocrystalline cellulose (SNC),
23

 and 

desulfated nanocrystalline cellulose (DNC)
24

 were measured using QCM-D and SPR.  These two 

complimentary techniques also permit estimation of the water content of the adsorbed XG 

layer,
29

 while allowing inferences about how the various types of cellulose susbstrates affect the 

conformation of the adsorbed XG.  Additionally, the effect of accessible cellulose surface area 

on XG adsorption was probed by exposing cellulose films of varied thickness (d) to XG 

solutions.  Even though specific values for surface area are only known for RC, it is known that 

the accessible surface areas of SNC and DNC are directly proportional to film thickness.  

Collectively, this information is expected to aid in selecting appropriate cellulose substrates for 

studies aimed at investigating interactions between cellulose and other biopolymers, as well as 

identifying materials for candidates in biomimetic cell wall composites. 

5.3 Experimental 

 Thin films of TMSC, SNC, and DNC were spincoated onto gold QCM-D sensor crystals 

as outlined in Chapter 3.2.  Atomic force microscopy (AFM), ellipsometry, and differential 

refractivity measurements were conducted as outlined in Chapters 3.3.1, 3.3.3, and 3.3.7, 

respectively.  SPR and QCM-D measurements of XG adsorption onto the cellulose substrates 

were performed as outlined in Chapters 3.3.5 and 3.3.8, respectively, with the following details 

specific to this work.  Water was introduced into the SPR or QCM-D flow cells at a rate of 0.200 

mL·min
-1

 at 25 °C for several hours until a stable baseline was obtained.  XG solution was then 

introduced into the flow cell at the same rate and temperature as water.  Separate SPR and QCM-

D experiments were run for each XG concentration and each cellulose film was exposed to XG 

for 2 h. 
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5.4 Results 

5.4.1 XG Exposure Time and Cellulose Film Thickness Dependence Studies  

 As noted in the introduction, SNC and DNC films are porous to relatively small 

biopolymers, while RC films are not.  While traditional bulk measurements of porosity in the gas 

phase would have little relevance to ultrathin films of hydrophilic polymers in aqueous media, 

changing the thickness of a porous thin film is a viable strategy for observing the effect 

increasing surface area has on adsorption.  Additionally, the thickness dependence of adsorption 

should be established before collecting any adsorption isotherms.  Consequently, before the 

generation of a XG adsorption isotherm, the effects of XG exposure time (similar to to Figure 

5.1) and cellulose film thickness (similar to Figure 5.2) on the observed surface concentration (Γ) 

were determined by SPR and QCM-D, respectively.  Preliminary studies of the adsorption of XG 

(concentrations ranging from 0 to 500 mg·L
-1

) onto thick (~25 nm) cellulose films indicated that 

2 h of XG exposure was adequate to reach equilibrium adsorption onto each of the cellulose 

substrates.  Consequently, this XG exposure time was used for all subsequent QCM-D and SPR 

adsorption experiments.  Additionally, as SNC and DNC films are known to be accessible to 

biopolymers,
26

 the film thickness (d) dependence of XG adsorption (100 mg·L
-1

) onto  RC, SNC, 

and DNC films was determined by SPR (Figure 5.2).  For RC films, ΓSPR was independent of d, 

similar to a previous study with cellulase,
26

 and equal to 0.63 ± 0.05 mg·m
-2

.  For SNC and DNC 

films, the data indicated two regimes, a thickness dependent and thickness independent regime.  

For SNC films with d < 10 nm, XG increased with d and a linear fit of the data had a slope of 

0.18 ± 0.03 mg·m
-2

·nm
-1

.  For SNC films with 10 < d ≤ 25 nm, XG adsorption was independent 

of d and ΓSPR = 1.9 ± 0.2 mg·m
-2

.  For DNC films with d < 25 nm, XG increased with d and a 

linear fit of the data had a slope of 0.19 ± 0.03 mg·m
-2

·nm
-1

.  For DNC films with 25 < d < 33  
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Figure 5.1 Representative data for the adsorption of xyloglucan solutions of varied concentration 

onto (A, B) 30 nm DNC, (C, D) 13 nm SNC, and (E, F) 15 nm RC films by QCM-D (n = 5; A, 

C, E) and SPR (B, D, E).  Symbols correspond to XG concentrations of ( ) 1 mg·L
-1

, ( ) 5 

mg·L
-1

, ( ) 10 mg·L
-1

, ( ) 25 mg·L
-1

, ( ) 50 mg·L
-1

, ( ) 75 mg·L
-1

, ( ) 100 mg·L
-1

, ( ) 

250 mg·L
-1

, and ( ) 500 mg·L
-1

. 
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nm, XG adsorption was independent of d and ΓSPR = 4.8 ± 0.1 mg·m
-2

.  It is interesting that the 

slope in the thickness dependent regimes of Figure 5.2 for the SNC and DNC films were the 

same.  This result may mean that the surface charge on SNC may have an insignificant effect on 

adsorption affinity.  The fact that the plateau regions have different ΓSPR seems to reflect a 

difference in pore size between SNC and DNC that ultimately limits how deeply the large (~120 

nm)
36

 molecules can penetrate into the film.  Note, however, that as the film thickness 

approached a cellulose “monolayer” (d → 0), XG adsorption onto RC, SNC, and DNC all 

approached a similar value (ΓSPR ~ 0.6 mg·m
-2

).  For subsequent adsorption isotherm 

experiments, a film thickness in the plateau region was selected (~ 15 nm for RC films, ~ 13 nm 

for SNC films, ~30 nm for DNC films).  

 

Figure 5.2 ΓSPR vs. d XG adsorbed onto (■, ──) RC,  (▲, ─ · ·) SNC, and (●,---) DNC films.  

Average-value trend lines are provided as a guide to the eye. 

 

5.4.2 Adsorption Isotherms   

 Adsorption isotherms for XG onto RC (d ~15 nm), SNC (d ~13 nm), and DNC (d ~30 

nm) films, shown in Figure 5.3, were measured by QCM-D and SPR.  Each cellulose substrate 
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was exposed to a single concentration of XG for at least 2 h and each measurement was run in 

triplicate.  Representative data for each isotherm data point is provided in Figure 5.1.  Details for 

the conversion of the measured QCM-D and SPR data into ΓQCM and ΓSPR, respectively, are 

provided in the Chapter 3.3.8 and 3.3.5, respectively.  In brief, the Sauerbrey equation was used 

to convert the scaled frequency change (Δf/n) measured by QCM-D into ΓQCM,
30

 whereas the 

equation of de Feijter et al. was used to convert the irreversible change in surface plasmon angle 

(θsp) into ΓSPR, similar to previous reports.
31,32

  

As is evident from Figure 5.3, the amount of XG adsorbed onto cellulose substrates 

increased in the order RC < SNC < DNC.  Additionally, the QCM and SPR data did not plateau 

for XG adsorption onto RC and DNC films, though the data did appear to level for SNC films.  

For each of the three different cellulose substrates, ΓQCM was greater than ΓSPR.  This is expected, 

as QCM-D is sensitive to both the adsorbed film, its viscoelastic properties (e.g. rigid or soft), 

and any water entrapped within the film,
33

 whereas SPR is sensitive only to the adsorbed film.
26

   

Values of ΓQCM and ΓSPR for XG adsorption onto RC, SNC and DNC films were fit by 

both the Langmuir and Freundlich isotherms, though Figure 5.3 shows only the model that best 

fit the data.  For SNC films, the Langmuir isotherm fit the XG adsorption data best, whereas for 

RC and DNC films, the Freundlich isotherm fit the XG adsorption data best.  Although both the 

Langmuir and Freundlich isotherms were derived for the case of small molecules adsorbing to a 

solid substrate, the models have several key differences.
34

  The Langmuir isotherm assumes 

homogeneous, equivalent, independent adsorbent binding sites and each binding site can only be 

occupied by one particle.  It is described by the Langmuir adsorption isotherm, 

   
     

     
 (5.1) 
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where C is the adsorbate bulk concentration,    is the Langmuir constant and related to the 

adsorption equilibrium constant, and Γm is the maximum surface coverage, which by definition 

of the model is a monolayer of adsorbate.  While these conditions do not strictly apply to the 

high affinity isotherms of polymers, there are many systems where the Langmuir model still 

describes the data well.
15,32,34-36

  Moreover, the adsorption of polymers and proteins from 

solution often leads to greater than monolayer coverage.
34

  In these cases, the  Freundlich 

isotherm, which assumes heterogeneous adsorption sites with a distribution of high and low 

affinity regions, sometimes fits the data well.  The heat of adsorption in the Freundlich model is 

assumed to exponentially increase with increasing surface coverage lending applicability to cases 

where adsorption occurs above monolayer coverage.
34

  For the Freundlich isotherm, 

      
 

  ⁄
 (5.2) 

where    is the adsorbent capacity, C is the bulk adsorbate concentration, and 1/nf is the 

adsorption affinity constant.  The Langmuir and Freundlich parameters used to fit the data from 

Figure 5.3 are shown in Table 5.2. 

In comparing the adsorption isotherms and fitting parameters for XG onto RC, SNC and 

DNC films by both QCM-D and SPR, several interesting features are observed.  As XG 

adsorption onto RC and DNC films do not reach a maximum adsorption (Γm), the Γ at the highest 

concentration tested (500 mg·L
-1

) is used to compare values to that of XG adsorption onto SNC 

films.  Consequently, similar to the result of the thickness study presented above (Figure 5.2), 

QCM-D results showed that the maximum Γ for XG adsorbtion onto the three cellulose 

substrates increased in the order of RC (3.8 ± 0.3 mg·m
-2

) < SNC (4.8 ± 0.2 mg·m
-2

) < DNC (11 

± 2 mg·m
-2

).  Likewise, SPR results showed that maximum Γ for XG adsorbed onto the three 

cellulose substrates increased in the order of RC (0.9 ± 0.2 mg·m
-2

) < SNC (2.2 ± 0.3 mg·m
-2

) < 
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DNC (5.7 ± 0.5 mg·m
-2

).  Thus, for films of similar thickness, the porous SNC and DNC films 

adsorbed more XG than RC films, similar to a previously published result.
26

 

 

 

Figure 5.3 Adsorption isotherms obtained for XG adsorption via QCM-D for XG onto (A) (□) 

RC, (Δ) SNC, and (○) DNC films via QCM-D and (B) onto (■) RC, (▲) SNC, and (●) DNC 

films via SPR.  Solid lines represent fits with Freundlich isotherms, whereas dashed lines 

indicate fits with Langmuir isotherms. 
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Table 5.2  Freundlich and Langmuir isotherm fitting parameters for XG adsorbed on RC, SNC, 

and DNC films as determined from QCM and SPR data. 

 
KF (L·mg

-1
)  

  
⁄  Γm (mg·m

-2
) KL (L·m

-2
) 

QCM SPR QCM SPR QCM SPR QCM SPR 

RC 2.01 ± 0.07 0.33 ± 0.02 0.10 ± 0.01 0.14 ± 0.02 - - - - 

SNC - - - - 4.8 ± 0.2 2.3 ± 0.2 0.09 ± 0.04 0.07 ± 0.01 

DNC 3.2 ± 0.1 2.2 ± 0.3 0.19 ± 0.01 0.17 ± 0.03 - - - - 

 

5.4.3 Determination of Water Contents within Adsorbed XG Films   

 The water content associated with XG adsorbed onto the different cellulose substrates 

was calculated from the difference in Γ as determined by QCM-D and SPR,
29 

 

         (  
    

    
)       (5.3) 

ΓQCM and ΓSPR for each concentration greater than 2 mg·L
-1

 of each cellulose substrate were used 

to calculate an average water content for the adsorbed XG layer specific to that cellulose 

substrate.  The average water content for XG films adsorbed onto the three cellulose substrates 

increased in the order of DNC (38 ± 6%) < SNC (54 ± 9%) < RC (81 ± 3%).  This trend is 

reasonable for XG penetration in the porous SNC and DNC films.  Unlike XG adsorbed at the 

surface where each XG molecule added to the surface brings new coupled water to the film, XG 

penetrating into the film must displace water already coupled to the nanocrystalline film (80% by 

volume)
26 

leading to smaller apparent water contents. 

5.4.4 Energy Dissipation of XG Adsorbed onto Cellulose Films   

 As an acoustic technique, the QCM-D is sensitive to changes in density and viscosity of 

the surrounding medium.
37

  An indication of the viscous nature of an adsorbed layer is provided 

by changes in dissipation (D), 

   
            

         
 (5.4) 
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where Estored is the energy stored in the sensor crystal and Edissipated is the energy dissipated by the 

viscous nature of the surrounding medium.  An increase in ΔD indicates the addition of a more 

viscous medium (e.g. swelling), whereas a decrease indicates a change to a more rigid 

environment (e.g. from networking or release of solvent).
37-40

  As shown in Figure 5.4A, ΔD 

increased slightly for both low and high concentrations when XG adsorbed onto RC, SNC, and 

DNC, the exception being when XG adsorbed onto DNC films from low concentration solutions.  

For XG adsorption onto DNC films, a crossover from negative to positive ΔD occurs at ~250 

mg·L
-1

 (Figure 5.4B).  Thus, for RC and SNC films, the dissipation increased with XG 

adsorption, consistent with adsorption of a floppy, swollen film.
37

  However, the dissipation 

initially decreased at low concentrations of XG adsorption onto DNC films.  A dissipation 

decrease is indicative of a decrease in the viscoelasticity of the system (e.g. the system becomes 

more rigid).
37

  The crossover from negative to positive dissipation upon increasing adsorption 

has previously been attributed to removal of water from the system.
39,40

  Considering that before 

XG adsorption, the porous DNC films contains significant water content contained between the 

rod-like nanocrystals of the thin film
26

 and that Figure 5.2 clearly illustrates that DNC films are 

porous to XG, it is reasonable to suggest that at low XG concentrations, the XG enters the DNC 

film, displacing water and resulting in the observed dissipation decrease.  As the XG 

concentration increases and the DNC film saturates, the XG adsorbs to the surface, forming a 

floppy swollen film (similar to the case for RC and SNC) and leading to a dissipation increase.  

While this effect might also be expected for XG adsorption onto the porous SNC films, it should 

be noted that the thickness dependence of XG adsorption occurred over a smaller range of film 

thicknesses and the total amount of XG adsorbed onto SNC was much lower than for the case of 

DNC. 
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5.4.5 AFM Images of XG Adsorbed onto Cellulose Surfaces   

 AFM images of XG at low (10 mg·L
-1

) and high (500 mg·L
-1

) concentration adsorbed 

onto RC, SNC and DNC films are shown in Figure 5.5.  Bare RC, SNC, and DNC surfaces are 

shown for comparison.  The cellulose surfaces were exposed to XG for 2 h, blown dry with 

nitrogen, and then immediately imaged by AFM.  For RC films, some XG appears to adsorb to 

the surface as aggregates, with a greater amount of aggregates present after exposure to higher 

XG concentration.  However, these aggregates (bright white spots) only represent 5 and 8 % of 

the total surface area of the images for RC and DNC films, respectively.  The root-mean-square 

(RMS) roughness of the RC films increased from 1.56 ± 0.01 nm for the bare RC film to 3.8 ± 

0.9 nm for the film after exposure to 500 mg·L
-1

 XG.  The heights of the aggregates on the RC 

film after exposure to 10 mg·L
-1

 and 500 mg·L
-
1 XG were 9 ± 2 nm and 20 ± 12 nm, 

respectively.  As the Rg of XG (~120 kDa) in solution has been measured to be ~120 nm
41

 and 

assuming the aggregates are XG, this data suggests that XG adsorbed onto the RC film with a 

relatively flat conformation.  For SNC films, no significant aggregates or changes in the 

morphology were evident at either concentration.  Furthermore, the RMS roughness for SNC 

films before and after XG exposure were the same (2.3 nm ± 0.3 nm).  For DNC films, the AFM 

images showed fewer features after XG adsorption than before, as well as some aggregates of 

XG on the surface.  The RMS roughness of the DNC films increased slightly from 3.04 ± 0.04 

nm for the bare DNC film to 3.5 ± 0.1 nm after XG (500 mg·L
-1

) exposure.  The heights of the 

aggregates on the DNC film after exposure to 10 mg·L
-1

 and 500 mg·L
-1 

XG were 9 ± 1 nm and 

11 ± 2 nm, respectively.  Collectively, these results suggest that XG adsorbs onto the surface of 

RC films in a relatively flat conformation.  The fact that these numbers are the same within 
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experimental error, coupled with the loss of features and small increase in roughness relative to 

the DNC film, seems to indicate the XG adsorbs into some of the pores of the DNC substrate. 

 

 

Figure 5.4 (A) Representative plots of ΔD versus time (t) (5
th

 overtone) for XG adsorbed onto 

RC (  10 mg·L
-1

 XG, □ 500 mg·L
-1

 XG), SNC (  10 mg·L
-1

 XG, Δ 500 mg·L
-1

 XG), and DNC 

(○10 mg·L
-1

 XG,  500 mg·L
-1

 XG) films.  (B) ΔD versus concentration for XG adsorbed onto 

DNC films.  The zero-point ΔD is provided as a reference (---). 
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Figure 5.5  Representative AFM images for bare RC, SNC, and DNC films exposed to 10 and 

500 mg·L
-1

 XG solutions.  The scans are 2 x 2 µm with a 20 nm z-scale. 

 

5.5 Discussion 

 The data presented here for XG adsorption onto RC, SNC, and DNC films indicated that 

charge and morphology of the cellulose substrate play a limited role in XG adsorption onto 

cellulose.  Although SNC is anionic at the surface, whereas DNC and RC are charge neutral, and 

RC is amorphous whereas SNC and DNC are crystalline, the observed differences in the 

maximum XG adsorbed onto RC, SNC and DNC are primarily attributable to differences in 

porosity and accessible surface area (as assessed by thin film thickness) of each cellulose 
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substrate to XG.  As shown in Figure 5.2, as each cellulose substrate approaches a cellulose 

“monolayer” (d → 0), the adsorbed amount of XG approaches approximately the same value.  

Consequently, the anionic surface of SNC must not significantly inhibit or promote XG 

adsorption.  This conclusion is similar to a previous calorimetry study of XG binding onto SNC 

which observed that the presence of SNC sulfate groups had no detectable effect on XG 

binding.
15

  Though XG adsorption onto DNC surfaces was greater than onto SNC surfaces by 

nearly a factor of 2, this observation likely stems from differences in pore size between DNC and 

SNC films rather than a difference in XG/cellulose interaction caused by electrostatic effects.  A 

previous study of cellulase adsorption to DNC and SNC films noted nearly identical adsorption 

of cellulase to these substrates.
26

  The radius of gyration of XG in solution has been measured to 

be ~ 120 nm (~ 80 kDa),
41

 whereas that of cellulase is ~ 4 nm.
42

  Coupled with the result of 

similar XG adsorption onto a cellulose “monolayer” for SNC and DNC, it is likely that SNC 

films have smaller pores than DNC films and that these larger XG molecules (relative to 

cellulase) are not able to enter as deeply into the SNC film.  Smaller pore sizes for SNC films 

relative to DNC films are expected, as DNC colloidal suspensions are known to form larger 

aggregates in suspension
24

 and form thicker, rougher films than SNC when spincoated under 

identical conditions.
26

    

Likewise, the morphology of the cellulose substrate does not seem to significantly 

contribute to the observed differences in maximum XG adsorbed onto RC, SNC, and DNC films.  

XG adsorption onto amorphous RC films and crystalline SNC and DNC films both approach the 

same value (~ 0.6 mg·m
-2
) as the thickness of the cellulose substrate approaches a “monolayer” 

(Figure 5.1).  This disregard for cellulose crystallinity in XG binding is not so surprising when 

considering that at the crystal surface, cellulose chains have disrupted hydrogen-bonding pairs 
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and a structure that deviates from that of cellulose chains in the middle of the crystal lattice.
43

  In 

fact, cellulose surface chains have been considered essentially amorphous.
44

   The lack of 

preferential binding of XG onto different types of cellulose has been proposed by others,
15,45

 but 

not everyone.
13

   

 Clearly, determining accessible surface area is the key to quantifying adsorption of XG 

onto cellulose, in keeping with previous studies on accessibility.
11-13,26

  As already noted, SNC 

and DNC films are porous to biopolymers, while RC films are not.  While bulk measurements of 

porosity in the gas phase would have little relevance to ultrathin films, changing the thickness of 

a porous thin film is a viable strategy for observing the effect of surface area on adsorption.  The 

maximum surface concentrations (Γ) as determined by SPR observed in this study for RC (0.9 ± 

0.2 mg·m
-2

), SNC (2.2 ± 0.3 mg·m
-2

), and DNC (5.7 ± 0.5 mg·m
-2

) compare favorably with 

previous studies of XG adsorption onto cellulose.  Literature values for Γ range from 0.4 – 2.2 

mg·m
-2

,
11,12,14

 which agree within about an order of magnitude of the values determined in this 

work.  Again, as noted, differences in Γ likely stem from variation in cellulose accessibility,
11-

13,26
 although variation in molecular weight of the particular XG samples throughout the 

literature also contributes to these differences.
17

  In particular, increasing Γ with molar mass 

would be consistent with a loop-train like structure.
15

  The importance of assessing the accessible 

surface area in adsorption studies of porous thin films in a manner similar to that illustrated in 

Figure 5.2 cannot be understated.  Because the surface area of some cellulose samples from the 

literature are not quantified, direct comparison of XG adsorption data from several previous 

studies with this work is not possible.
12,15,17,18

  However, as this work suggests, consideration of 

accessible surface area (e.g. thickness dependence) alone may not be enough, as pore size seems 

to limit the accessible area for the case of SNC films relative to DNC films.  It should also be 
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noted that care must be taken in selecting the appropriate technique to measure adsorption.  For 

example, QCM-D measurements of XG adsorption onto cellulose give significantly higher Γ 

than other methods, as swelling and viscous effects contribute to the response of the 

instrument.
16

  Several QCM-D studies have noted that XG adsorption onto cellulose continually 

increases for over 12 h,
14,16

 although the SPR data of this work indicated that 2 h was sufficient 

to reach adsorption equilibrium.  As noted in the literature,
16

 the appearance of long-term XG 

adsorption via QCM-D may instead be a response driven by a constantly changing conformation 

of XG on the surface, highlighting the need for a complimentary technique such as SPR.   

 Collectively, the water content, dissipation data, and thickness effect suggest a model of 

XG adsorption onto RC, SNC, and DNC as depicted in Figure 5.6.  For RC films, XG is 

confined to the surface via non-specific
15,45

 hydrogen bonding between XG and cellulose.  The 

large water content (>80% by mass) of XG films adsorbed onto RC susbtrates is consistent with 

a three-dimensional XG conformation in the form of a floppy, loop and train-like structure on the 

RC surface.  This model is consistent with recent work by NMR that suggests that as little as 10 

to 15% XG actually directly interacts with cellulose surface hydroxyl groups.
10

  For SNC films, 

some XG chains are able to penetrate into the porous film.  The result is limited sorption of XG 

into the film and XG adsorption onto the surface.  XG sorbed into SNC substrates displaces 

water from the system.  Additionally, XG chains within the interior of the porous SNC substrate 

likely bind to multiple nanocrystals, resulting in a more rigid attachment to the cellulose relative 

to XG chains on the surface.  Thus, the total water content added to the film for XG adsorption 

onto SNC substrates was lower (~50% by mass) than for XG adsorbed onto RC films.  For DNC 

films, XG adsorption was qualitatively similar to adsorption onto SNC films.  Quantitatively, XG 

was able to penetrate more deeply into the DNC films.  As discussed above, the DNC pores are 
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likely larger than those of the SNC film, leading to greater sorption.  As QCM-D data indicated a 

negative change in dissipation for XG adsorption onto DNC at low XG concentrations, the 

presence of XG within the DNC substrate led to a significant decrease in the viscous nature of 

the total system (DNC plus adsorbed XG).  However, it is not clear whether this decrease is due 

to removal of water from the porous DNC film, enhanced tethering of various nanocrystals via 

XG, or both.  However, it is likely that the XG primarily acts as a filler between the nanocrystals, 

rather than a tether, as again, recent studies have shown that relatively little XG directly contacts 

hydroxyl groups on the cellulose surface.
10

 At high XG concentration, limited sorption of XG 

into the DNC film continued, followed by XG adsorption onto the surface.  The total water 

content for XG adsorbed onto DNC substrates (~40%) was only a bit smaller than for XG 

adsorbed onto SNC substrates, again suggesting that the charge of the cellulose substrate played 

a limited role on the adsorption process other than to restrict access to the film interior through 

smaller effective pore sizes. 

 

Figure 5.6 Schematic illustration depicting XG adsorption onto (A) RC films, (B) SNC films, 

and (C) DNC films.  XG is confined to the surface of RC films, whereas limited sorption occurs 

in SNC and DNC films. 
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5.6 Conclusions 

We have shown in this study that cellulose morphology and surface charge have limited 

effects on the adsorption of XG onto cellulose.  Clearly, however, the accessible surface area (as 

assessed by varying the film thickness of the porous substrates) of a film plays a significant role 

in adsorption and must be addressed for future studies between cellulose and other 

polysaccharides.  As XG binding to cellulose appears non-specific
15,45

 and uninfluenced by 

crystallinity
45 

of the cellulose sample, RC films have significant advantages over nanocrystalline 

films in competitive adsorption studies because the adsorbates are confined to the surface of the 

RC substrate and adsorption onto RC is thus thickness independent.  Additionally, the fact that 

XG penetrates into the DNC films has important implications in building nanoscale models of 

the cell wall and biomimetic composites.  One envisions using the porous DNC substrates along 

with XG, other hemicelluloses, and pectins as a construct for multicomponent primary cell wall 

models. 
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Chapter 6: 

Enhanced Dewatering of Polyelectrolyte Nanocomposites by Hydrophobic Polyelectrolytes 

 

6.1 Abstract 

 The adsorption of a series of cationically derivatized dextran polyelectrolytes onto 

sulfated nanocrystalline cellulose (SNC) has been studied using quartz crystal microbalance with 

dissipation monitoring (QCM-D) and surface plasmon resonance (SPR).  Samples of (N,N-

dimethylamino)ethyl dextran (DMAE-Dex), (N,N-diethylamino)ethyl dextran (DEAE-Dex), and 

(N,N-diisopropylamino)ethyl dextran (DIAE-Dex) had degrees of substitution (DS) ranging from 

0.05 to 0.82.  DMAE-Dex, DEAE-Dex, and DIAE-Dex all showed decreasing adsorption onto 

SNC and decreasing water content of the adsorbed film with increasing DS.  Additionally, 

DEAE-Dex films adsorbed onto SNC had lower water contents than DMAE-Dex films with the 

same DS.  Interestingly, QCM-D results for DIAE-Dex with high DS revealed mass loss, while 

SPR results clearly showed DIAE-Dex adsorbed onto SNC.  These observations were consistent 

with dehydration of the SNC substrate.  This study indicates that the water content of the film 

can be tailored by controlling the DS and hydrophobic character of the polyelectrolyte.   

6.2 Introduction 

 Polyelectrolytes (PEs) are synthetic or natural polymers containing functional groups that 

ionize in polar solvents to yield charged groups along the polymer chain.  Natural PEs, such as 

pectins and DNA, play an important role in the self-assembly and function of living systems,
1,2 

while both natural and synthetic PEs have increasingly found use in the water treatment,
3
 

cosmetic,
4
 food,

5
 and medical industries.

6
  Several attractive aspects of PEs include water 

solubility, simple nanoarchitectural control of thin films using layer-by-layer (LbL) assembly of 
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anionic and cationic PEs,
7
 and tunable functionality via pH, ionic strength, counterion, and 

solvent effects.
8-10

  Films of PEs are typically swollen in water, entrapping significant amounts of 

solvent.
11

  However, PEs with lower water content are desirable for a variety of applications, 

such as dewatering coal,
12

 improving wet paper strength,
13

 mineral recovery,
14

 improving 

flocculation,
15,16

 and developing water-resistant vapor sensors.
17

  In this work, we demonstrate 

that increasing the hydrophobic environment around the charge center of a PE not only decreases 

the water content of an adsorbed PE layer, but can even dewater up to ~50% of an initially 

hydrated substrate. 

 Binding between anionic and cationic PEs is an entropically driven process in which PE 

charge neutralization leads to the release of counterions and water from the hydration layer.
18

  

Consequently, the release of some water during PE adsorption is expected.  However, additional 

deswelling of PE complexes has been demonstrated by decreasing the ionic strength of the 

solution,
19

 reducing the PE charge density,
8
 or selecting a cosmotropic counterion.

20
  Generally, 

altering these parameters affects the PE chain conformation in solution and, as a result, also 

affects the thickness of the adsorbed PE layer, thereby controlling its swelling.
21

  Controlling the 

hydrophobic character of PE system components presents an additional avenue to control water 

content.  Studies of analogous systems of physically crosslinked gels have indicated that 

increasing the hydrophobic content of those systems leads to reduced water content within the 

gel.
22

  Additionally, a recent paper by Illergård et al. described the adsorption of a 

hydrophobically-modified poly(vinyl amine) and poly(acrylic acid).
23

  Although not explicitly 

stated by the authors, their data seems to indicate decreasing water content with increasing 

hydrophobic content within the PE complex.  
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 Compared to strong and weak PEs, hydrophobically-modified PEs (HPEs) have received 

little attention in the literature.  Often, studies employing HPEs have focused on block 

copolymers incorporating a hydrophobic domains or large pendant hydrophobic groups along a 

PE backbone.
24-26

  These materials tend to aggregate in solution, especially as charge density 

decreases or hydrophobic domain size increases.
25

  Adsorption of HPEs onto hydrophobic 

surfaces is often a focus of research,
27,28

 as is LbL films involving HPEs.
29,30

  Systems prepared 

by LbL assembly containing HPEs tend to result in thicker films, as hydrophobic groups may 

sterically hinder electrostatic effects in a manner analogous to increased ionic strength.
31

  

Collectively, these studies indicate that hydrophobic content plays a significant, and sometimes 

even a dominant, role within a PE system.  However, the role of hydrophobic content in 

dewatering PE systems has not been established.   

 The aim of this work is to determine how increasing the hydrophobic environment 

around the cationic charge of HPEs affects their adsorption onto an anionic substrate and to 

quantify the water within the PE complex.  Towards this end, the adsorption of a series of amine-

functionalized, cationic dextran derivatives (cDex) onto sulfated nanocrystalline cellulose (SNC) 

thin films was studied via quartz crystal microbalance with dissipation monitoring (QCM-D) and 

surface plasmon resonance (SPR) experiments.  QCM-D and SPR are complementary techniques 

that enable measurement of both adsorbate surface excess (Γ), as well as water entrapped within 

the film.
32

  Three types of cDex, each having different degrees of substitution (DS), were 

studied: (N,N-dimethylamino)ethyl dextran (DMAE-Dex), (N,N-diethylamino)ethyl dextran 

(DEAE-Dex), and (N,N-diisopropylamino)ethyl dextran (DIAE-Dex) (Figure 1).  A solvent 

exchange procedure using QCM-D was used to quantify the amount of water before and after 

HPE adsorption and was compared to a PE without hydrophobic groups.
33,34

  The results of this 
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work are expected to yield new strategies to dewater PE systems and have potential applications 

in mineral recovery, paper manufacturing, and biomedical materials.
14,35,36

 

 

Figure 6.1 Reaction scheme for the preparation of (N,N-dimethylamino)ethyl dextran (DMAE-

Dex) (5), (N,N-diethylamino)ethyl dextran (DEAE-Dex), (6) and (N,N-diisopropylamino)ethyl 

dextran (DIAE-Dex) (7) in aqueous NaOH. 
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6.3 Experimental 

 Samples of (N,N-dimethylamino)ethyl dextran (DMAE-Dex), (N,N-diethylamino)ethyl 

dextran (DEAE-Dex), and (N,N-diisopropylamino)ethyl dextran (DIAE-Dex)  with degrees of 

substitution (DS) ranging from 0.05 to 0.82 were synthesized and characterized according to 

Chapter 3.1.2.  Films of sulfated nanocrystalline cellulose (SNC) with a charge density of 0.293 

mequiv·g
-1

 and an average height and length of 4.8 ± 1.4 nm and 154 ± 84 nm, respectively,
37

 

were prepared as detailed Chapter 3.2.4.  Atomic force microscopy (AFM), ellipsometry, and 

refractive index increment measurements were conducted according to Chapter 3.3.1, 3.3.3, and 

3.3.7, respectively.  Surface plasmon resonance (SPR) and quartz crystal microbalance with 

dissipation monitoring (QCM-D) data were collected according to Chapter 3.3.5 and 3.3.8, 

respectively, with the following details specific to this work.  Water was introduced into the flow 

cell at a rate of 0.200 mL·min
-1

 at 25 °C for several hours until a stable baseline was obtained.  

cDex solution (30 mg·L
-1

) at the same temperature and flow rate as water was then pumped into 

the flow cell for ~20 min before switching back to water. 

6.3.1 Analysis of QCM-D Adsorption Data 

 The surface excess, ΓQCM, was calculated using the Sauerbrey equation,
38

 








 


n

f
CΓQCM  (6.1) 

where f is the frequency, n is the overtone (n = 5 for this work), and C is the Sauerbrey constant 

(0.177 mg·s·m
-2

).  This equation was originally derived assuming rigidly attached layers in the 

gas phase that have the same shear modulus and density as quartz.  As the QCM-D is sensitive to 

changes in density and viscosity of the surrounding medium, the addition of a viscous, floppy 

film containing associated liquid requires the use of modeling (e.g. Voigt or Maxwell models) to 
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obtain explicit ΓQCM values for the adsorbed film.  An indication of the viscous nature of an 

adsorbed layer is provided by changes in dissipation (ΔD), 

   
            

         
 (6.2) 

where Estored is the energy stored in the sensor crystal and Edissipated is the energy dissipated by the 

viscous nature of the surrounding medium.  An increase in magnitude of ΔD x 10
6
 greater than 

5% of the absolute scaled frequency shift (Δf/n) signifies that the Sauerbrey equation may be 

invalid.  However, the increase in ΔD for this work was small and application of the Voigt model 

resulted in an adjusted (Δf/n) that was less than the spread of the data.
39

  Consequently, the 

Sauerbrey equation was considered to be a good approximation to determine ΓQCM.  

6.3.2 Analysis of QCM-D Solvent Exchange Data 

 The water content of the SNC film before PE adsorption was determined using a 

previously published technique in which the scaled frequency shift caused by switching the 

solvent from water to deuterium oxide (D2O) is used to measure the water within the film.
33,34

  

For this method, 
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(6.3) 

where (Δf/n)Film Water is the scaled frequency shift of exchangeable water within the film, (Δf/n)film 

is scaled frequency shift measured when the SNC film is switched from H2O to D2O, (Δf/n)bare is 

the scaled frequency shift measured when the bare substrate (without SNC film) is switched from 

H2O to D2O (-55.2 Hz),
34

 and ρH2O and ρD2O are the densities of H2O and D2O, respectively 

(0.9970 g·cm
-3

 for H2O
40

 and 1.1044 g·cm
-3

 for D2O
41 

at 25.0 °C).  Likewise, the scaled 
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frequency shift contribution from water after PE adsorption and solvent exchange can also be 

calculated,   
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(6.4) 

where (Δf/n)Film+PE Water is the scaled frequency shift of exchangeable water within both the SNC 

film and adsorbed PE layer and (Δf/n)film+PE is the scaled frequency shift measured when the 

SNC/PE composite is switched from H2O to D2O.  (Δf/n)Film Water and (Δf/n)Film+PE Water from Eqs. 

6.3 and 6.4, respectively, were then used to calculate the "surface concentration" of water (ΓFilm 

Water, ΓFilm+PE Water) using the Sauerbrey equation.  Consequently, the percentage change of water 

released by the system after PE adsorption to SNC was calculated using Eq. 6.5. 
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6.4 Results 

6.4.1 Preparation of (N,N-dialkylamino)ethyl Dextrans (cDex)   

 The dextran used in this work originated from the most frequently used bacterial strain 

Leuconostoc mesenteroides NRRL B-512F. The α-(1,6) linked glucose main chain contained 

about 5% of randomly distributed α-(1,3) branches. A detailed structural analysis of the dextran 

was previously published.
36,42

  To synthesize the (N,N-dialkylamino)ethyl dextrans,  a 

convenient homogeneous procedure was used via the application of aqueous NaOH as the 

reaction media. The amount of NaOH was adjusted to a molar ratio of NaOH to reagent of 6:1. 

2-chloro-N,N-dialkylethylamine hydrochlorides, with methyl, ethyl and isopropyl moieties as 

alkyl substituents were used as reagents.  The synthetic procedure applied yielded 
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(N,N-dimethylamino)ethyl (DMAE), (N,N-diethylamino)ethyl (DEAE), and 

(N,N-diisopropylamino)ethyl (DIAE) dextrans. Depending on the molar ratio of anhydroglucose 

units (AGU) to 2-chloro-N,N-dimethylethyl-, 2-chloro-N,N-diethylethyl- or 2-chloro-N,N-

diisopropylethylamine hydrochloride, different values of the degree of substitution (DS) were 

obtained (Table 6.1), where DS is defined as the number of substituents per repeat unit (thus, 

maximum DS = 3.0).    It should be noted that higher DS values for the DMAE samples could 

not be obtained due to hydrolysis of the reagent.  The sample nomenclature used throughout this 

work is to use a four letter prefix to indicate the type of substituted group along the dextran chain 

(e.g. DMAE, DEAE, or DIAE), followed by a subscripted numerical value indicating the DS, 

where the first digit is the tenths and the second digit is the hundredths. 

Table 6.1 DS values for (N,N-dialkylamino)ethyl dextrans studied in this work. 

Dextran Derivative Sample Name DS
a
 

(N,N-diethylamino) 

ethyl dextran 

DMAE07 0.07 

DMAE12 0.12 

DMAE20 0.20 

DMAE22 0.22 

(N,N-diethylamino) 

ethyl dextran 

DEAE06 0.06 

DEAE12 0.12 

DEAE22 0.22 

DEAE30 0.30 

DEAE38 0.38 

DEAE45 0.45 

DEAE55 0.55 

(N,N-

diisopropylamino) 

ethyl dextran 

DIAE05 0.05 

DIAE13 0.13 

DIAE20 0.20 

DIAE33 0.33 

DIAE56 0.56 

DIAE82 0.82 
    a

 As determined by elemental analysis. 
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6.4.2 Adsorption of cDex onto SNC Films Measured via QCM-D and SPR 

 In collecting data for cDex adsorption onto SNC films, several parameters were fixed.  

For the cDex solutions, no salt was added and the temperature was fixed at 25 ºC, resulting in a 

pH of ~5.5 for each solution.  As the tertiary amino groups of cDex have a pKa = 9.5,
36

 at these 

conditions, they are essentially fully ionized as quaternary ammonium cations.  Two additional 

parameters were fixed in the adsorption studies – the concentration of the cDex solutions and the 

thickness of the SNC films.  Isotherms studies of cDex indicated that concentrations as low as 30 

mg·L
-1

 were sufficient to obtain maximum adsorption onto SNC films (Figure 6.2).  

Consequently, all subsequent work used cDex concentrations of 30 mg·L
-1

.  Additionally, similar 

to previous work,
34

 SNC films were porous to cDex and the amount of cDex adsorbed onto SNC 

varied linearly with film thickness (d) over the thickness range studied (Figure 6.3).  Thus, with 

the exception of the H2O/D2O experiments, all subsequent work used a constant SNC film 

thickness of 14 ± 1 nm. 

 

Figure 6.2  Representative adsorption isotherms for (●) DEAE12 adsorption onto a SNC film (d 

= 9 nm) and (■) DEAE55 adsorption onto a SNC film (d = 15 nm) obtained via QCM-D at a 

temperature of 25 
○
C.  Dashed lines represent Langmuir fits to the data. 
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Figure 6.3 ΓSPR vs. SNC film thickness for ( ) DMAE12, ( ) DEAE12, ( ) DEAE55, ( ) DIAE13, 

( ) DIAE82, and ( ) PAH adsorbed from 30 mg·L
-1

 aqueous solutions of cDex and 2000 mg·L
-1

 

aqueous solutions of PAH at a temperature of 25 
○
C.  Lines represent linear fits of the data. 

 

 

 Using these experimental conditions, the adsorption of all cDex samples listed in Table 

6.1 onto SNC films was studied by QCM-D and SPR.  A representative figure of the resulting 

data obtained by these two methods is shown in Figure 6.4 for DMAE07.  Representative 

adsorption data for all other cDex samples can be found in Figures 6.5 to 6.7.  Examining Figure 

6.4A, when cDex was introduced into the flow cell at ~10 min, rapid adsorption onto the SNC 

surface occurred, as evident from the sharp decrease in the resonant frequency of the QCM-D 

sensor crystal.  The system reached equilibrium adsorption in less than 20 min.  Little spreading 

of the overtones occurred, and, coupled with the relatively small increase in ΔD, this suggested 

that use of the Sauerbrey equation would be appropriate for determining the adsorbed mass.  For 

this particular run, a shift of (Δf/n) = -74 Hz (n = 5) yielded a ΓQCM = 13.1 mg·m
-2

.  Examining 

Figure 6.4B, the sharp increase in Δθsp at ~10 min also indicated prompt adsorption of cDex onto 

SNC.  Conversion of the SPR data as previously outlined in Chapter 3.3.5 resulted in ΓSPR = 7.4 
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mg·m
-2

.  As SPR is an optical technique that determines the “dry mass” of adsorbate, while 

QCM-D is an acoustic method that measures the “wet mass”, the difference of these two 

methods (assuming ideal solution behavior) can be used to calculate the water content of the 

adsorbed cDex film,
32

 

%1001% 





























QCM

SPR

Γ

Γ
Water  (6.6) 

where ΓSPR and ΓQCM are the surface excess values for the adsorption of a particular cDex sample 

onto an SNC substrate as determined by SPR and QCM-D, respectively. 

 ΓQCM and ΓSPR for the adsorption of each of the cDex samples onto SNC films as a 

function of DS are shown in Figure 6.8.  Both Figure 6.8A and 6.8B show decreasing Γ with 

increasing DS and for Figure 6.8B, the substituent (methyl, ethyl, or isopropyl) on the (N,N-

alkylamino)ethyl group for a particular DS does not significantly affect the determined value of 

ΓSPR.  This result suggests that the type of (N,N-alkylamino)ethyl group used in this study has 

little impact on the amount of cDex adsorbed onto the SNC substrate.  However, as seen in 

Figure 6.8A, for similar values of DS, the determined value of ΓQCM may be quite different 

depending on the type of (N,N-alkylamino)ethyl substituent, most notably at DS ~ 0.12, 0.30, 

and 0.55.  Of particular significance is the negative ΓQCM determined for DIAE with DS ≥ 0.33.  

For these samples, the measured (Δf/n) actually increased, while ΔD decreased.  This observation 

is consistent with loss of mass from the system and/or the formation of a more rigid film.  

Recalling that QCM-D measures a “wet mass” and SPR data indicated cDex adsorption 

independent of substituent type, these results suggest that the type of the alkyl moiety of the 

(N,N-alkylamino)ethyl substituent may affect the amount of water within the PE system and may 

actually cause the release of significant quantities of water initially present in the SNC substrate. 
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Figure 6.4 Representative (A) QCM-D and (B) SPR data for the adsorption of DMAE07 onto a 

SNC film (d = 14 nm).  Symbols correspond to (●) (Δf/n) for n = 5, (▼) (Δf/n) for n = 7, (■) 

(Δf/n) for n = 9, (○) ΔD for n = 5, ( ) ΔD for n = 7, (□) ΔD for n = 9, and (♦) Δθsp.  DMAE07 was 

introduced into the flow cell at t ~10 minutes. 
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Figure 6.5 Representative (A) QCM-D (Δf/n) (n = 5) and (B) SPR Δθsp for the adsorption of ( ) 

DMAE07, ( ) DMAE12, ( ) DMAE20, and (●) DMAE22 onto SNC films (d ~ 14 nm) from 30 

mg·L
-1

 aqueous solutions at a temperature of 25 
○
C.  DMAE was introduced at t ~ 10 min. 
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Figure 6.6 Representative (A) QCM-D (Δf/n) (n = 5) and (B) SPR Δθsp for the adsorption of ( ) 

DEAE06, ( ) DEAE12, ( ) DEAE22, and (●) DEAE30, ( ) DEAE38, ( ) DEAE45, and ( ) DEAE55 

onto SNC films (d ~ 14 nm) from 30 mg·L
-1

 aqueous solutions at a temperature of 25 
○
C.  DEAE 

was introduced at t ~ 10 min. 
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Figure 6.7 Representative (A) QCM-D (Δf/n) (n = 5) and (B) SPR Δθsp for the adsorption of ( ) 

DIAE05, ( ) DIAE13, ( ) DIAE20, and (●) DIAE33, ( ) DIAE56, and ( ) DIAE82 onto SNC films 

(d ~ 14 nm) from 30 mg·L
-1

 aqueous solutions at a temperature of 25 
○
C.    DIAE was introduced 

at t ~ 10 min. 
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Figure 6.8 (A) ΓQCM and (B) ΓSPR vs. Degree of Substitution for (▲) DMAE-Dex, (●) DEAE-

Dex, and (■) DIAE-Dex. 
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6.4.3 Water Content of PE Nanocomposites after cDex Adsorption onto SNC Films   

 Equation 6.6 was used to calculate the percentage of water within cDex layers after 

adsorption onto SNC substrates.  The water content for cDex samples with similar DS are 

provided in Table 6.2.  While the error bars for the calculated water contents are significant, this 

data is still useful for highlighting several trends.  For all three (N,N-alkylamino)ethyl 

substituents, water content decreased as DS increased.  For the lowest DS (~0.06), the water 

contents of DMAE-, DEAE-, and DIAE-Dex are comparable.  However, for DS ~ 0.12, the 

water contents of DEAE- and DIAE-Dex decreased significantly, while that of DMAE-Dex was 

about the same as the DS ~ 0.06 sample.  This trend of less water for DEAE- and DIAE-Dex 

samples relative to DMAE-Dex samples with the same DS continued for DS ~0.20, in which the 

DMAE-Dex layer still contained some water, while that of the DEAE- and DIAE-Dex samples 

contained essentially no water.  For the DEAE- and DIAE-Dex with DS ≥ 0.30, Eq. 6.6 could not 

be used to calculate a meaningful water content as ΓQCM < ΓSPR and, for the case of DIAE-Dex, 

ΓQCM was actually negative.  However, as noted in Table 6.2 and with careful consideration of 

Figure 6.8, it is evident that for similar DS values, ΓQCM for DIAE-Dex is much smaller (e.g. 

negative) than ΓQCM for DEAE-Dex even though their ΓSPR values are similar.  Again, this data 

indicated that the amount of adsorbed cDex was independent of the type of (N,N-

alkylamino)ethyl substituent, but the resulting water content of the PE complex depended upon 

the hydrophobic content of the adsorbed cDex film.  As the hydrophobic content increased (e.g. 

from DMAE to DEAE to DIAE), the water content of the resulting PE system decreased.  

However, the DS of the PE also affected the water content, as the water content decreased with 

increasing DS of the PE system.   
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Table 6.2 Percent water in different cDex layers adsorbed onto SNC
a
 by DS. 

 Water Content of Adsorbed cDex Film (%) 

DS
b
 DMAE-Dex DEAE-Dex DIAE-Dex 

0.06 42 ± 7 41 ± 5 41 ± 8 

0.12 39 ± 16 10 ± 16 16 ± 8 

0.20 18 ± 9 0 ± 18 3 ± 7 

0.30 - ΓQCM < ΓSPR ΓQCM << ΓSPR 

0.55 - ΓQCM < ΓSPR ΓQCM << ΓSPR 
          a

 SNC films with d ≈ 14 nm. 
          b

 Approximate, see Table 6.1 for exact DS values. 

 

 To separate the effect of water removal due to increased hydrophobic content from that of 

increased DS (charge neutralization) and to further explore the somewhat unusual increase in 

(Δf/n) with DIAE-Dex adsorption onto SNC, a solvent exchange technique was employed to 

quantify the water content of the system before and after adsorption of both a HPE and a PE 

(primary amine, i.e. less hydrophobic character) using QCM-D.
33,34

  The choice of 

poly(allylamine hydrochloride) (PAH) as the PE meant the primary amines were completely 

ionized at the pH studied, similar to the cDex samples.  Additionally, PAH was also able to 

access the SNC films, as adsorption increased linearly with film thickness (Figure 6.3).  

Additionally, a high concentration of PAH (2000 mg·L
-1

) was selected to ensure PAH saturation 

of the surface. 

 As shown in Figure 6.9, a SNC film (d = 9 nm) was initially exposed to water.  After a 

stable baseline was attained, the film was exposed to D2O for several minutes before switching 

back to water.  The frequency shift (Figure 6.9A) caused by switching from H2O to D2O, 

(Δf/n)Film, was -66.9 Hz and Eqs. 6.3 and 6.1 were used to calculate ΓFilm Water = 19.8 mg·m
-2

.  

Upon exposure to DIAE82, the frequency increased, indicating a loss of mass, although SPR once 

again showed adsorption of DIAE82 onto SNC films.  After switching from DIAE82 to water and 

establishing a stable baseline, the D2O exchange procedure was repeated.  For DIAE82, 
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(Δf/n)Film+PE = -61.6 Hz and Eqs. 6.4 and 6.1 were used to calculate ΓFilm+PE Water = 11.0 mg·m
-2

.  

Using Eq. 6.5, for the representative data shown in Figure 6.9A, the percentage of water removed 

from the system after adsorption of DIAE82 onto SNC was 42%.  As this procedure was run in 

triplicate for DIAE82, the percentage of water removed for this case was 48 ± 6%.  For the data 

shown in Figure 6.9A for PAH, (Δf/n)Film = -66.9 Hz and (Δf/n)Film+PE = -63.4 Hz.  A similar 

analysis as outlined above yielded a percentage of water removed after PAH adsorption of 34 ± 

6%.  For PAH, it is interesting to note the fluctuations evident in both Figure 6.9A and 6.9B 

during adsorption onto SNC.  These fluctuations are likely due to conformational changes during 

the adsorption process.  Regardless, this data indicated that both DIAE82 and PAH released 

significant quantities of water from the PE system and DIAE82 released more water than PAH.  

For the case of PAH, the release of water likely stemmed from charge neutralization. In contrast, 

the release of water during DIAE82 adsorption was likely caused by both charge neutralization 

and the presence of hydrophobic substituents around the charge center, especially if one 

considers the mass to charge ratio for DIAE82 (~354 g·mol repeat unit
-1

 · eq.) was much larger 

than for PAH (~44 g·mol repeat unit
-1

 · eq.). 

6.4.4 AFM Images of SNC Films after cDex Adsorption  

 Figure 6.10 shows AFM images of a representative, smooth SNC film (RMS roughness = 

2.5 ± 0.2 nm, Figure 6.10A) and SNC films after cDex adsorption.  Rather than testing each 

sample listed in Table 6.1, a low and high DS sample for each type of hydrophobic substituent 

was measured.  As seen in the figure, no appreciable cDex aggregation is present on the surface 

after cDex adsorption onto SNC films and the cellulose nanocrystals are still well defined, even 

for samples that had significant cDex surface excess values (e.g. DMAE12, DEAE12, DIAE13).  

After cDex adsorption onto SNC, the average film RMS roughness was 2.2 ± 0.3 nm and was the 
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same within experimental error as the bare SNC film prior to adsorption.  This data further 

suggested that SNC films were porous to cDex samples and the measured increase in Γ was 

primarily due to sorption of cDex into the SNC film rather than adsorption onto the film surface.  

 

Figure 6.9 Representative changes in (A) (Δf/n) (n=5) and (B) ΔD measured via QCM-D using a 

H2O/D2O solvent exchange technique before and after adsorption of DIAE82 (─) and PAH (- -) 

onto an SNC film (d = 9 nm).  Vertical lines on the x-axis indicate the solution exposed to the 

sensor.  Frequency shifts used in calculating water content using Eqs. 6.1 through 6.5 are 

indicated on Figure 6.9A.   
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Figure 6.10 2 x 2 μm AFM images (40 nm z-scale) of a (A) bare SNC film and SNC films after 

adsorption of (B) DMAE12, (C) DMAE22, (D) DEAE12, (E) DEAE55, (F) DIAE13, and (G) 

DIAE82.    
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6.5 Discussion 

 Two factors contributed to the observed differences in Γ and resulting water content for 

cDex layers adsorbed onto SNC films – DS of the sample and the type of hydrophobic 

substituent.  A change in sample DS is essentially a change in PE charge density and results in 

conformational changes for the PE.
21

  These alterations in chain conformation affect the 

thickness and swelling (and thus water content) of the adsorbed PE layer.
21

  For all three types of 

PE studied here (DMAE-, DEAE- and DIAE-Dex), increasing the DS resulted in smaller ΓSPR 

and decreased water content (Figure 6.8).  This result is typical for PE adsorption at low ionic 

strength because high DS leads to electrostatic repulsion along the chain and a stretching of the 

polymer backbone, resulting in the adsorption of a thinner, de-swollen PE layer.
8,23,43

  

Consequently, low DS cDex samples adsorbed onto SNC substrates in greater amounts with 

loop-train conformations and contained more water than high DS cDex samples.   

 Although charge neutralization leads to release of water of hydration during PE 

adsorption,
18

 this effect was not observed for the low DS cDex samples, likely because of the 

correspondingly large increase in PE and water mass, as well as the smaller number of 

neutralized charges per unit area.  However, for the case of high DS cDex samples (DS ≥ 0.30), 

the release of water from the hydration water was implied, as ΓQCM was less than ΓSPR.  For the 

case of high DS, this effect of water release was likely observable because of the 

correspondingly smaller increase in PE mass, as well as a greater quantity of neutralized charge 

per unit area.  For DS approaching 1.0 (e.g. DIAE82 and PAH), the release of hydration water 

was suggested by the increase in measured QCM-D resonant frequency during PE adsorption 

onto SNC rather than a frequency decrease as is typically observed with adsorption.  QCM-D 

frequency increases have previously been attributed to water release for the case of PE brushes 
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that collapsed in the presence of a more cosmotropic counterion.
44

  For this work, the released 

water was quantified using the aforementioned solvent exchange technique to yield 34 ± 6 % and 

48 ± 6 % water by mass for PAH and DIAE82 adsorption onto SNC films, respectively.  The fact 

that DIAE82 released more water than PAH despite having a lower charge density was attributed 

to a second factor affecting adsorption and water content in this work – the greater hydrophobic 

character of DIAE82 in the PE complex. 

 Increasing the hydrophobic character of the cDex did not affect ΓSPR or the ability of the 

cDex to penetrate into the porous SNC film.  Though some studies have shown that hydrophobic 

domains may sterically hinder ionic interactions between PEs,
31

 this did not appear to be the case 

for this work as the size of the hydrophobic groups was relatively small (e.g. isopropyl group).  

Additionally, although some HPEs are known to aggregate in solution via association of the 

hydrophobic domains,
25

 any changes in conformation that may have occurred between DMAE-, 

DEAE-, and DIAE-Dex (with the same DS) did not result in significant changes in adsorption 

(Figure 6.8B).  Furthermore, AFM images did not contain cDex aggregates for any DS or type of 

hydrophobic substituent, suggesting that most of the cDex sorbed into the SNC film rather than 

adsorbing onto the SNC surface.   

 However, increasing the hydrophobic content of a cDex sample by changing from a 

DMAE to DEAE to DIAE substituent at the same DS did affect the water content of the resulting 

PE nanocomposite.  As evident from Figure 6.8 and Table 6.2, increased hydrophobic content 

resulted in decreased water content associated within the adsorbed cDex layer.  This observation 

is similar to the case of physically crosslinked gels, where the presence of hydrophobic groups 

decreased the gel water content.
22

  Similarly, Illergård et al. studied adsorption of a HPE via 
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QCM-D and their data showed a trend of decreasing water content with increasing 

hydrophobicity.
23

   

 Perhaps the most interesting result from this study is that of the adsorption of DIAE82 and 

PAH onto SNC films.  As previously noted, release of water of hydration during PE adsorption is 

expected due to charge neutralization.
18

  DIAE82 had a lower charge density (DS = 0.82) than 

PAH (DS ~ 1.0) per repeat unit (even lower on a per mass or volume basis) and, based on charge 

density alone, PAH should release more water upon adsorption onto SNC films than DIAE82.  

However, the QCM-D solvent exchange data (Figure 6.9) indicated that DIAE82 released more 

water (48 ± 6%) than PAH (34 ± 6%) despite DIAE82 having a lower charge density.  For the 

case of PAH, the release of water was attributed to charge neutralization.
18

  For the case of 

DIAE82, the release of water was attributed to both charge neutralization and the incorporation of 

hydrophobic groups around the charge center.  A decreased water content of the PE system with 

incorporation of hydrophobic moieties is not so surprising considering similar results obtained 

for physically crosslinked gels.
22

  Assuming that the difference between water released upon 

adsorption of PAH and DIAE82 onto SNC films was caused solely by the inclusion of the 

hydrophobic isopropyl groups, then use of an HPE (e.g. DIAE82) resulted in the release of an 

additional 14 ± 8% water from the system relative to a PE without hydrophobic substituents (e.g. 

PAH).  To our knowledge, this is the first quantification of the amount of water driven from a PE 

system due to incorporation of hydrophobic content.   

 The picture that emerges from this data is illustrated schematically in Figure 6.11.  Figure 

6.11A shows a porous SNC film fully accessible to water.  After adsorption of HPE (Figure 

6.11B), about half of the water initially present in the SNC is released from the PE complex.  
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This release is due primarily to charge neutralization and the release of water of hydration, 

although the incorporation of hydrophobic moieties significantly contributes to the water release.   

 

Figure 6.11 Schematic depiction of (A) a porous SNC film accessible to water and (B) the SNC 

film after the adsorption of a HPE and subsequent release of water from the PE nanocomposite.  

Gray cylinders represent SNC, blue circles signify water molecules, green lines depict HPE 

chains, and red circles represent the hydrophobic substituents along the HPE chain. 

 

(A)

(B)

HPE

Adsorption
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6.6 Conclusions 

 This study demonstrated that altering the hydrophobic character of a Pe offers a strategy 

to tailor the water content of a PE complex.  Dextran derivatives with different hydrophobic 

moieties and degrees of substitution were synthesized.  These samples adsorbed strongly onto 

SNC films, with lower DS samples resulting in greater surface excess.  The type of hydrophobic 

group (e.g. methyl vs. isopropyl) did not affect the amount of HPE adsorbed, but did affect the 

resulting water content of the film.  Samples with greater hydrophobic content adsorbed onto 

SNC films with less associated water and, for high DS, up to half of the initial water present in 

the film was released.  Considering samples with comparable DS, HPE samples dewatered SNC 

substrates to a greater extent than a PE without hydrophobic groups.  This dewatering of PE 

nanocomposites via the incorporation of hydrophobic functionality has significant and attractive 

applications in the paper, biomedical, and mineral recovery industries. 
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Chapter 7: 

Ultrathin Chitin Films for Nanocomposites and Biosensors 

Published Chapter: Kittle, J. D.; Wang, C.; Qian, C.; Zhang, Y.; Zhang, M.; Roman, M.; Morris, J. R.; Moore, R. B.; 

Esker, A. R. Biomacromolecules 2012, In Press. 

 

7.1 Abstract 

 Chitin is the second most abundant biopolymer and insight into its natural synthesis, 

enzymatic degradation, and chemical interactions with other biopolymers is important for 

bioengineering with this renewable resource.  This work is the first report of smooth, 

homogeneous, ultrathin chitin films, opening the door to surface studies of binding interactions, 

adsorption kinetics, and enzymatic degradation.  The chitin films were formed by spincoating 

trimethylsilyl chitin onto gold or silica substrates, followed by regeneration to a chitin film.  

Infrared and X-ray photoelectron spectroscopy, X-ray diffraction, ellipsometry, and atomic force 

microscopy were used to confirm the formation of smooth, homogenous, and amorphous chitin 

thin films.  Quartz crystal microbalance with dissipation monitoring (QCM-D) solvent exchange 

experiments showed these films swelled with 49% water by mass.  The utility of these chitin 

films as biosensors was evident from QCM-D and surface plasmon resonance studies that 

revealed the adsorption of a bovine serum albumin monolayer. 

7.2 Introduction 

 The scientific community has increasingly focused on biomaterials as candidates for 

renewable energy and functional materials.
 
 Cellulose and chitin are two such candidates and 

together represent the most abundant materials in nature.
1,2

  These two biopolymers are 

chemically similar, crystalline, and both form natural hierarchal composites.  However, the 

strength conferred by these crystalline polymers hinders their processability for use in novel 

materials as well as their degradation into accessible energy.
  

Consequently, fundamental 
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knowledge of their natural synthesis, enzymatic degradation, and chemical interactions with 

other polysaccharides and proteins is important for facilitating bioengineering of a renewable and 

readily available resource.
3,4 

 

 Chitin has shown promise in several areas due to its biocompatibility, biodegradability, 

antimicrobial properties, and high tensile strength.  As such, chitin has found applications within 

the biomedical, food, cosmetic, and textile industries.
5  

Chitin is found naturally in arthropods 

and is composed of β-1,4 linked N-acetylglucosamine units (Figure 7.1).
6
  As with cellulose, the 

crystalline nature of chitin inhibits its solubility in most organic solvents.
2  

Deacetylation of 

chitin leads to water-soluble chitosan, which, due to its enhanced solubility over chitin, has been 

more widely studied.
7
  However, the direct study of chitin is important in gaining insight into 

enzyme degradation pathways, interactions with natural composite materials (e.g. proteins and 

polysaccharides), and mechanisms behind biocompatibility and biofunctionality.
4,8 

 

Figure 7.1 Scheme for obtaining RChi from TMSChi. 

 

 One significant advantage of cellulose research over that of chitin is the ability to form 

ultrathin (<100 nm), smooth cellulose films.
9-11  

Thin films enable research into a variety of 

areas, including binding assays, adsorption kinetics, degradation studies, and interfacial 

interactions.
12-14  

Several groups have solution-cast chitin films from ionic liquids onto silica 

substrates, though the reported thickness ranged from 200-600 nm.
15,16

  Kikkawa et al. formed a 
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50 nm chitin film from an ionic liquid via spincoating onto silica.  However, the surface 

roughnesses of the films exceeded 20 nm.
17

  Precipitation of chitin from ionic liquids yielded 

films of chitin nanofibers with reported diameters as low as 3 nm, but the films are quite porous 

and rough.
18

  While East et al. reported the acetylation of chitosan fibers to form regenerated 

chitin fibers, these techniques have not been applied to form homogenous, smooth chitin films.
19

  

Consequently, homogeneous, smooth, ultrathin chitin films have not been reported.
 

 Interestingly, Kurita et al. demonstrated that silylation of hydroxyl groups of chitin 

yielded trimethylsilyl chitin (TMSChi), resulting in an acetone soluble product.
20

  In that work, 

TMSChi was solution cast into thick (mm scale) films and the silyl groups were cleaved by 

acetic acid, resulting in an amorphous, regenerated chitin (RChi) film.  Hence, TMSChi is the 

chitin analog of trimethylsilyl cellulose, which is known to form smooth, regenerated cellulose 

films.
20

    

 This work presents a simple method to form homogeneous, smooth, ultrathin chitin films 

by spincoating from a TMSChi/chloroform/tetrachloroethane solution onto a silica or gold 

substrate and exposing the substrate to the vapor of a hydrochloric acid solution to regenerate 

amorphous chitin.  The compositions, morphologies, surface roughnesses, and thicknesses of 

these ultrathin films were characterized using X-ray photoelectron spectroscopy (XPS), 

reflection absorption infrared spectroscopy (RAIRS), atomic force microscopy (AFM), X-ray 

diffraction (XRD) and ellipsometry.  The water content of these films was examined using a 

quartz crystal microbalance with dissipation monitoring (QCM-D) and H2O/D2O solvent 

exchange.  The utility of these chitin films as biosensors was demonstrated through bovine serum 

albumin (BSA) adsorption onto the film surface in QCM-D and surface plasmon resonance 

(SPR) studies. 
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7.3 Experimental Section 

 α-Chitin from shrimp shells (Sigma-Aldrich, practical grade, >95% acetylated) was 

converted to trimethylsilyl chitin (TMSChi).
20

  RChi films were spincoated onto gold or silica 

surfaces according to Chapter 3.2.5.  Atomic force microscopy (AFM), X-ray photoelectron 

spectroscopy (XPS), ellipsometry, X-ray diffraction (XRD), and reflection absorption infrared 

spectroscopy (RAIRS) measurements were collected in accordance with Chapter 3.3.1, 3.3.2, 

3.3.3, 3.3.4, and 3.3.6, respectively.  Surface plasmon resonance (SPR) and quartz crystal 

microbalance with dissipation monitoring (QCM-D) measurements were collected according to 

Chapter 3.3.5 and 3.3.8, respectively, with the following details specific to this work.  Water was 

introduced into the QCM-D and SPR flow cells at a rate of 0.200 mL·min
-1

 and 25 °C until a 

stable baseline was achieved.
21

  Solutions of BSA in ultrapure water (100 mg·L
-1

) were then 

introduced for 10 min, followed by a rinse with ultrapure water. 

7.4 Results and Discussion 

 The homogeneity of RChi films regenerated from spincoated TMSChi films was 

investigated by AFM.  The films were formed on silicon substrates with native oxide layers 

(silica) and had thicknesses of ~20 nm.  Films spincoated from acetone or isopropanol yielded 

regions with large aggregates and root-mean-square (RMS) surface roughnesses comparable to 

the average film thickness (Table 7.1).  However, RChi films obtained from solutions of 

TMSChi in chloroform were smooth (roughnesses < 2 nm), although pinhole defects were 

present. Presumably, fast evaporation of the solvent caused the pinholes.
22  

Thus, higher boiling 

point tetrachloroethane was added to the spincoating solution in a ratio of 4:1 v/v 

chloroform:tetrachloroethane and AFM images of the RChi films on silica were homogeneous, 

smooth and pinhole-free (Figure 7.2).  Smooth, thin RChi films could also be formed on gold 
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substrates, however, the films were ~30% thinner than on silica substrates for identical 

spincoating conditions.  

 

Table 7.1 Thickness, morphology and roughness data for regenerated chitin films spincoated 

from various solvents onto silicon wafers with native oxide (silica) layers. 

 

Solvent
a
 Thickness

b 

(nm) 

AFM Image
c
 RMS Roughness 

(nm) 

Acetone 20 

 

 
 

14 

Isopropanol 22 

 

 
 

20 

Chloroform 16.9 

 

 
 

1.5 

Chloroform:Tetrachloroethane 

1:4 
21.0 

 

 
 

1.2 

a
 Films prepared by spincoating from a 0.5 % by weight TMSChi solution onto silica substrates  

  at spin speed of 3000 rpm for 1 min followed by regeneration through exposure to the vapor of a  

  hydrochloric acid solution. 
b
 Thickness determined by ellipsometry. 

c
 10 x 10 μm image with a 60 nm z-scale 
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Figure 7.2 (A) XPS spectra and (B) a 2 x 2 μm AFM image of chitin thin films on gold.  XPS 

data show silicon peaks for TMSChi films that are absent for RChi films.  The AFM image of an 

~15 nm RChi film has a RMS roughness of ~1.2 nm. 

 

 The composition, surface coverage, and morphology of RChi films was probed via XPS, 

XRD, and RAIRS.  Data for TMSChi films on gold from XPS showed the presence of silyl 

groups as indicated by silicon peaks at 153 and ~102 eV (Figure 7.2).  RChi films did not contain 

silicon peaks, suggesting the complete removal of the silyl groups after exposure to hydrochloric 

acid solution vapor.  The XPS data also indicated that the atomic ratio of N to O was the same 

before and after regeneration, suggesting the degree of N-acetylation (DA) of these films 

remained constant during the regeneration process.  Furthermore, the absence of a gold peak at ~ 

80 eV indicated the substrate was fully covered.  Powder samples of TMSChi and RChi were 

amorphous and lacked the crystalline peaks seen in the XRD for the chitin used as the starting 

material (Figure 7.3).  

 Spectra from RAIRS (Figure 7.4) further suggest that RChi films are essentially 

amorphous.  The RChi films exhibit the same peaks as previously reported IR data of chitin.
23

  

Full peak assignments for the TMSChi and RChi films are provided in the Table 7.2.  The Si-C 
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contributions of the TMSChi film at 1254, 885 and 845 cm
-1

 are not present in the RChi film, 

indicating removal of the silyl groups.  The broad peak centered at 3332 cm
-1

, likely due to 

hydrogen-bonded OH groups, may include contributions from water, amine groups and 

unsubstituted hydroxyl groups.  However, 
1
H NMR spectra (Figure 7.5) of TMSChi revealed a 

degree of substitution of 2.0, indicating few unsubstituted hydroxyls.  The sharper peak of the 

RChi film centered at 3307 cm
-1

 is indicative of the regenerated hydroxyl groups and is not 

found in the TMSChi spectra.  The degree of acetylation (DA) of the TMSChi and RChi films 

was calculated from the RAIRS spectra by comparing the integrated peak areas associated with 

the amide groups (1700-1500 cm
-1

) and ring modes (1230-900 cm
-1

).
24

  The DA from the RAIRS 

spectrum of TMSChi was 0.96, while that of RChi was 1.01, indicating that both samples were 

completely acetylated within experimental error. This result is in agreement with the DA of 

TMSChi obtained from NMR (DA = 0.98, Figure 7.5).   

 

 

Figure 7.3 Powder X-ray diffraction data for (a) as supplied chitin, (b) TMSChi, and (c) RChi.   
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Figure 7.4 RAIRS spectra for TMSChi and RChi films on gold.  

 

 

Table 7.2 RAIRS spectral assignments for TMSChi and RChi films. 

 

Wavenumber (cm
-1

)  
Vibrational Mode

a
 

TMSChi RChi  

3332 3470  

     O-H Stretch - 3307  

3089 3100  

2953 2953       CH3 Stretch 

2876 2881       C-H Stretch 

1670 1670       Amide I 

1550 1558       Amide II 

1434 1434       CH2 Bend and CH3 Deformation 

1377 1380       C-H Bend and CH3 Deformation 

1303 1308       Amide III 

1254 -       Si-C 

1119 1123  

     C-O Stretch 1076 1073  

- 1034  

884 -  
     Si-C 

845 -  
         a For additional information on peak assignments, see references 20, 23, and 24 
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Figure 7.5 
1
H NMR spectrum (400 MHz, Varian INOVA-400) for TMSChi in acetone-d6.  

Spectral assignments are δ 0.00 (s, Si-CH3, 18H), 1.84 (s, CO-CH3, 3H), 3.20 (br s, pyranose, 

1H), 3.66 (br m, pyranose, 5H), 4.30 (br s, pyranose, 1H), and 7.05 ppm (br s, N-H, 1H).  The 

degree of TMS substitution per pyranose repeat unit (DS) was determined by dividing the 

normalized TMS area (9H) by the normalized pyranose area (7H) to yield a DS of 2.0.  The 

degree of N-acetylation (DA) per repeat unit was determined by dividing the normalized N-H 

area (1H) by the normalized pyranose area (7H) to yield a DA of 0.98.  

 

 

 The water content of the RChi films was studied using QCM-D and a previously reported 

H2O/D2O solvent exchange procedure (for more details see Chapter 4).
21

  A RChi film-coated 

QCM-D sensor was exposed to water, and then the solvent was switched from H2O to D2O, 

causing a change in the scaled frequency (Δf/n), where n is the overtone number.  This frequency 

change is due to the difference in the molar mass, density, and viscosity of the two solvents, and 

can be related to the mass of water associated with the film (Γwater).
21
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Figure 7.6 QCM-D data for (A) Γwater vs. film thickness (d) of RChi (Δ, ―) and regenerated 

cellulose (---) films
21

 and (B) (Δf/n) vs. time (t) for BSA adsorption onto bare silica (♦), RChi 

(●), and bare  gold substrates (■).  BSA was injected at ~ 5 min.  The last data points in (B) for 

each substrate have representative one standard deviation error bars.  

 

 The water content of the RChi films increased with film thickness (d) (Figure 7.6).  

Assuming a monolayer of RChi film has the same thickness and maximum surface excess as a 

monolayer of regenerated cellulose (~0.36 nm and 0.45 mg·m
-2

, respectively), the slope of the 

RChi line from Figure 7.6A (1.19 ± 0.05 mg·m
-2

·nm
-1

) yields a RChi water content of 49 ± 2 % 
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by mass or 60% by volume, assuming ideal solution behavior.
9,25

  Data for amorphous, 

regenerated cellulose films (the cellulose analog to the RChi films of this work) are also plotted 

on Figure 7.6A.  Comparatively, RChi films have more water by mass than regenerated 

cellulose.  This increase in water content of RChi films, relative to regenerated cellulose films, 

might be explained by weaker interchain interactions between the amide groups of RChi films 

than the extra hydroxyl group in cellulose, thereby increasing the RChi permeability to water.  

The significant swelling of these RChi films in water may have interesting implications for the 

use of RChi for hydrogels. 

 The utility of RChi films as a biocompatible substrate and sensor was probed through 

BSA adsorption studies via QCM-D and SPR.  As BSA is physiologically similar to human 

serum albumin, BSA is widely studied as a model protein because of its availability, robustness, 

aqueous solubility, and its utility as an antigen and substrate for cell adhesion.
26

  The adsorption 

of BSA onto gold has previously been studied using QCM-D, an acoustic technique, and SPR, an 

optical technique, to determine the mass per unit area (Γ) of BSA adsorbed onto the surface.
27,28

  

It should be noted that the primary difference between these techniques is that ΓQCM includes 

both the adsorbed layer and water coupled within that layer, while ΓSPR only includes the 

adsorbed layer.
29,30

  Consequently, differences between the two measurements are related to the 

mass of water within the adsorbed layer.
31

  

 As shown in Figure 7.6B, BSA adsorption onto gold yielded (Δf/n) = 20 ± 1 Hz via 

QCM-D, which corresponds to ΓQCM = 3.6 ± 0.1 mg·m
-2

.  This value compares favorably with 

previous studies of BSA adsorption onto gold via QCM-D and suggests that a monolayer of BSA 

is formed on the gold surface.
27

  Conversely, Figure 7.6B also shows that BSA adsorbed onto 

silica failed to form a complete monolayer ((Δf/n) = 7 ± 2 Hz or ΓQCM = 1.2 ± 0.4 mg·m
-2

).  
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However, ΓQCM values for BSA adsorbed onto RChi films with gold or silica substrates were the 

same as the bare gold surface within experimental error ((Δf/n) = 18 ± 2 Hz or ΓQCM = 3.2 ± 0.4 

mg·m
-2

).  Hence, BSA adsorption onto RChi was consistent with a monolayer and was 

determined to be independent of film thickness (Figure 7.7).  Hence, the RChi films are not 

porous and BSA is confined to the film surface.  Measurements of BSA adsorption onto bare 

gold and RChi films by SPR were similar (Figure 7.8), and ΓSPR values indicated the formation of 

a BSA monolayer.
28

  The Γ values for BSA adsorption from QCM-D and SPR yielded a water 

content of 30 ± 7% by mass for the BSA film on gold and RChi.
31   

 

 

Figure 7.7 Surface excess (ΓQCM) vs. film thickness (d) for BSA adsorption (100 mg·L
-1

) onto 

RChi films obtained via QCM-D. The line represents the average, ΓQCM = 3.2 ± 0.4 mg·m
-2

. 
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Figure 7.8 Representative resonance angle changes (Δθsp) for BSA (100 mg·L
-1

) adsorption onto 

(■) gold and (●) RChi-coated substrates obtained by SPR. 

 

7.5 Conclusions 

 In summary, this work highlights the first report of smooth, homogeneous, ultrathin 

chitin films.  These films are formed by spincoating TMSChi onto a gold or silica substrate, 

followed by regeneration to an amorphous chitin film.  RAIRS and XPS confirmed that these 

films are chitin, while a QCM-D solvent exchange procedure demonstrated that these films swell 

considerably in solution.  The utility of these chitin films as biosensors is evident from BSA 

adsorption studies and they may be useful as a substrate for cell adhesion work.  These results 

are expected to enable studies of chitin interactions with natural and synthetic materials by a 

variety of previously unapplicable experimental techniques. 

7.6 References 

(1) Klemm, D.; Heublein, B.; Fink, H.-P.; Bohn, A. Angew. Chem. Int. Ed. 2005, 44, 3358. 



 

172 

 

(2) Pillai, C. K. S.; Paul, W.; Sharma, C. P. Prog. Polym. Sci. 2009, 34, 641-678. 

(3) Himmel, M. E.; Ding, S.-Y.; Johnson, D. K.; Adney, W. S.; Nimlos, M. R.; Brady, J. W.; 

Foust, T. D. Science  2007, 315, 804-807. 

(4) Vaaje-Kolstad, G.; Westereng, B.; Horn, S. J.; Liu, Z.; Zhai, H.; Sørlie, M.; Eijsink, V. G. H. 

Science 2010, 330, 219-222. 

(5) Jayakumar, R.; Prabaharan, M.; Nair, S. V.; Tamura, H. Biotechnology Advances 2010, 28, 

142-150. 

(6) Rinaudo, M. Prog. Polym. Sci. 2006, 31, 603-632. 

(7) Mourya, V. K.; Inamdar, N. N. Reac. Funct. Polym. 2008, 68, 1013-1051. 

(8) Boddohi, S.; Kipper, M. J. Adv. Mater. 2010, 22, 2998-3016. 

(9) Schaub, M.; Wenz, G.; Wegner, G.; Stein, A.; Klemm, D. Adv. Mater. 1993, 5, 919-922.  

(10) Kontturi, E.; Thüne, P. C.; Niemantsverdriet, J. W. Langmuir 2003, 19, 5735-5741. 

(11) Aulin, C.; Ahola, S.; Josefsson, P.; Nishino, T.; Hirose, Y.; Ӧsterberg, M.; Wågberg, L. 

Langmuir 2009, 25, 7675-7685. 

(12) Butt, H.-J.; Graf, K.; Kappl, M. Physics and Chemistry of Interfaces, Wiley-VCH: 

Weinheim, 2003.  

(13) Roman, M. In Model Cellulosic Surfaces. Roman, M. Ed.; ACS Symposium Series 1019; 

American Chemical Society: Washington DC, 2009; pp 3-53. 

(14) Josefsson, P.; Henriksson, G.; Wågberg, L. Biomacromolecules 2008, 9, 249-254. 

(15) Yusof, N. L. B. M.; Lim, L. Y.; Khor, E. Carbohydr. Res. 2004, 339, 2701-2711. 

(16) Montiel-González, Z.; Luna-Bárcenas, G.; Mendoza-Galván, A. Phys. Stat. Sol. C. 2008, 5, 

1434-1437. 



 

173 

 

(17) Kikkawa, Y.; Tokuhisa, H.; Shingai, H.; Hiraishi, T.; Houjou, H.; Kanesato, M.; Imanaka, 

T.; Tanaka, T. Biomacromolecules 2008, 9, 2126-2131. 

(18) Zhong, C.; Cooper, A.; Kapetanovic, A.; Fang, Z.; Zhang, M.; Rolandi, M. Soft Matter 

2010, 6, 5298-5301. 

(19) East, G. C.; Qin, Y. J. Appl. Poly. Sci. 1993, 50, 1773-1779. 

(20) Kurita, K.; Sugita, K.; Kodaira, N.; Hirakawa, M.; Yang, J. Biomacromolecules 2005, 6, 

1414-1418. 

(21) Kittle, J. D.; Du, X.; Jiang, F.; Qian, C.; Heinze, T.; Roman, M.; Esker, A. R. 

Biomacromolecules 2011, 12, 2881-2887. 

(22) Lawrence, C. J. Phys. Fluids 1988, 10, 2786-2795. 

(23) Pearson, F. G.; Marchessault, R. H.; Liang, C. Y.  J. Polym. Sci. 1960, 43, 101-116.  

(24) Shigemasa, Y.; Matsuura, H.; Sashiwa, H.; Saimoto, H. Int. J. Biol. Macromol. 1996, 18, 

237-242. 

(25) Kawaguchi, T.; Nakahara, H.; Fukuda, K. Thin Solid Films 1985, 133, 29-38. 

(26) Peters, T., All About Albumin, Academic Press: San Diego, 1996. 

(27) Figueira, V. B. C.; Jones, J. P. J. Colloid Interface Sci. 2008, 325, 107-113. 

(28) Jung, L. S.; Campbell, C. T.; Chinowsky, T. M.; Mar, M. N.; Yee, S. S. Langmuir 1998, 14, 

5636-5648. 

(29) Kanazawa, K. K.; Gordon, J. G. Anal. Chem. 1985, 57, 1770-1771. 

(30) Homola, J. Chem. Rev. 2008, 108, 462-493. 

(31) Hedin, J.; Löfroth, J.-E.; Nydén, M. Langmuir 2007, 23, 6148-6155. 

 

 



 

174 

 

Chapter 8: 

Conclusions and Suggested Future Work 

 

8.1 Overall Conclusions 

 In this work, we used a quartz crystal microbalance with dissipation monitoring (QCM-

D) and an H2O/D2O solvent exchange procedure to show that regenerated cellulose (RC), 

sulfated nanocrystalline cellulose (SNC), and desulfated nanocrystalline cellulose (DNC) thin 

films contain significant amounts of water entrapped within the film.  Additionally, SNC and 

DNC films were porous to a variety of macromolecules, to include cellulases, xyloglucan (XG), 

and dextran derivatives (cDex), while these species were confined to the surface of RC films.  As 

outlined below, these results have several important implications for those using these cellulose 

films to probe surface interactions. 

 We have shown that cellulose morphology and surface charge play a limited role in the 

adsorption of XG onto cellulose.  Clearly, however, the accessible surface area (as assessed by 

varying the film thickness of the porous substrates) of a film plays a significant role in adsorption 

and must be addressed for future studies between cellulose and other polysaccharides.  As XG 

binding to cellulose appears non-specific and uninfluenced by crystallinity of the cellulose 

sample, RC films have significant advantages over nanocrystalline films in competitive 

adsorption studies because the adsorbents are confined to the surface of the RC substrate and 

adsorption onto RC is thus thickness independent.  Additionally, the fact that XG penetrates the 

DNC films has important implications in building nanoscale models of the cell wall and 

biomimetic composites.  One envisions using the porous DNC substrate as a construct for 

multicomponent cell wall models of XG, other hemicelluloses such as arabinoxylan, and pectin. 



 

175 

 

 The porosity and surface charge of SNC films presented a unique opportunity to examine 

polyelectrolyte (PE) adsorption and subsequent dewatering of the substrate.  This study 

demonstrated that increasing the hydrophobic content of a PE offers an alternative strategy to 

tailor the water content of a PE complex.  The adsorption of a series of cDex PEs with various 

degrees of substitution (DS) onto SNC was studied using QCM-D and surface plasmon 

resonance (SPR).  These samples adsorbed strongly onto SNC films, with lower DS samples 

resulting in greater surface excess values.  The type of hydrophobic group (e.g. methyl vs. 

isopropyl) did not affect the amount of PE adsorbed, but did affect the resulting water content of 

the film.  Samples with greater hydrophobic content adsorbed onto SNC films with less 

associated water and, for high DS, up to half of the initial water present in the film was released.  

Considering samples with comparable DS, PE samples with hydrophobic character dewatered 

SNC substrates to a greater extent than PE without hydrophobic groups.  This dewatering of PE 

nanocomposites via incorporation of hydrophobic functionality was significant and may prove 

attractive to the paper, biomedical, and mineral recovery industries. 

 Finally, this work highlighted the first report of smooth, homogeneous, ultrathin chitin 

films.  It is quite suprising that this has never been reported for chitin, even though thin films of 

cellulose are widely studied.  These films were formed by spincoating TMSChi onto a gold or 

silica substrate, followed by regeneration to an amorphous chitin film.  Reflection absorption 

infrared spectroscopy and X-ray photoelectron spectroscopy confirmed that these films are 

chitin, while a QCM-D solvent exchange procedure demonstrated that these films swell 

considerably in solution.  The utility of these chitin films as biosensors is evident from BSA 

adsorption studies and they may be useful as a substrate for cell adhesion work.  These results 
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are expected to enable studies of chitin interactions with natural and synthetic materials by a 

variety of previously unapplicable experimental techniques. 

8.2 Suggestions for Future Work 

8.2.1 Determination of Polymer Thin Film Water Contents 

 The QCM-D solvent H2O/D2O solvent exchange technique outlined in Chapter 3.3.8 and 

used to experimentally determine the water content of a cellulose substrate in Chapter 4, quantify 

the dewatering of a cellulose substrate in Chapter 6, and determine the water content of a chitin 

thin film in Chapter 7, is a simple, fast method to measure the initial water present within a thin 

film and to quantify changes in the system’s water content with deposition of additional film 

layers.  As such, after first discussing the limitations of this technique, several suggestions for 

future experiments are provided. 

 As shown in Figure 8.1 for a cellulose thin film, the switch from H2O to D2O reaches 

equilibrium quickly (< 1 min) and, upon switching back from D2O to H2O, the frequency shift 

returns to the initial baseline.  However, upon careful consideration of Figure 8.1, it becomes 

clear that this technique is somewhat insensitive and requires a significant presence of water 

within the film.  When switching from H2O to D2O, the frequency of a bare QCM-D crystal 

shifts ~55 Hz.  The frequency shift for an ~20 nm regenerated cellulose film (which contains 

~40% water by mass) is only ~65 Hz, a difference 10 Hz from the bare gold substrate.
1
  Thus, 

because there is only a 10% difference in the density of D2O and H2O, this technique is not 

suitable for thin films containing little water or where changes in the water content are small. 

 With the requirement for significant water content in mind, the QCM-D H2O/D2O solvent 

exchange technique should be suitable for a wide range of studies.  Typically, our group uses 

both QCM-D and SPR to characterize adsorption processes and the differences between these 
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measurements are used to calculate the water content.
2
  Subsequent work by our group should 

also employ the solvent exchange procedure as a quick means to determine the water content for 

comparison with QCM-D and SPR measurements.  For example, if lignin were to be 

polymerized from monolignols within a nanocrystalline cellulose film, H2O/D2O solvent 

exchange before and after polymerization would be useful in characterizing the change in water 

content of the system after introduction of a hydrophobic lignin matrix. 

 

 

Figure 8.1 QCM-D H2O/D2O solvent exchange data (n = 5) for (- -) a bare gold QCM-D sensor 

and (─) a gold QCM-D sensor coated with an ~20 nm regenerated cellulose film. 
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 Additionally, the water content of any new thin film used as an adsorption substrate by 

our group should be characterized using the solvent exchange technique.  As noted in Chapter 4, 

by measuring the thickness dependence of the water content, an idea of the porosity and 

accessibility of a substrate may be determined (e.g. water present in nanocrystalline cellulose 

films >> water present in regenerated cellulose films).  Further, establishing the water content of 

the film is important in recognizing possible applications, such as potential use as a hydrogel.  

Consequently, the water content of some films currently used in our group, such as chitin 

nanocrystals, should be measured.  The water contents and porosities of other films that are 

potentially relevant to our group, such as bacterial cellulose,
3
 microfibrillar cellulose,

4
 and 

cationic nanocrystralline cellulose,
5
 should also be determined. 

 Finally, using the solvent exchange technique could provide information concerning the 

water contents of polyelectrolytes.  Because many polyelectrolytes form hydrogels with 

significant water content,
6
 the QCM-D H2O/D2O exchange should be able to quickly detect how 

changes in pH, temperature, counterion etc. affect the water content of the polyelectrolyte.  For 

example, changing the type of counterion has been shown to collapse or swell a polyelectrolyte 

film and QCM-D measurements showed an increase in frequency that was attributed to a loss of 

water.
7
  For such a system where the change in water is likely significant, an H2O solution 

containing the appropriate counterion could be switched to a D2O solution with the same 

counterion concentration to determine water loss. 

8.2.2 Binding of Hemicelluloses to Various Cellulose Substrates 

 Similar to work presented in Chapter 5 for the adsorption of xyloglucan (XG) onto thin 

RC, SNC and DNC films, a variety of other hemicelluloses are commercially available from 

Megazyme, Inc. and QCM-D and SPR could be used to measure adsorption isotherms.  The 



 

179 

 

adsorption of arabinoxylan might be of particular interest.  As previously noted, while XG is the 

primary hemicellulose of higher plants, arabinoxylan, is the primary hemicellulose of grasses.
8
  

Though less frequently researched than XG, adsorption studies of arabinoxylan onto various 

cellulose surfaces (e.g. RC, SNC, DNC) could provide insight into the organization of the 

primary cell wall of grasses. 

 Several galactomannan samples with different galactose to mannose ratios are available 

from Megazyme.  As galactose residues of xyloglucan are known to be important to the 

mechanical strength of Arabidopsis primary cell walls,
9
 a study on how galactose mass fraction 

affects adsorption and the resulting viscoelastic properties of the adsorbing films may prove 

interesting.  For these studies, RC films would provide the best information on relative 

preference of a hemicellulose (e.g. XG, arabinoxylan, glactomannan) for cellulose because the 

measurement is thickness independent and, as noted in Chapter 5, cellulose morphology plays a 

limited role in adsorption.  However, greater adsorption and changes in viscoelasticity would 

likely be measured for adsorption onto thick, porous, DNC films. 

 8.2.3 Layer-by-Layer Films of Cellulose Nanocrystals and Pectin 

 Recently, a layered SNC/xyloglucan nanocomposite was formed by spincoating.
10

  

Because XG is charge neutral, the XG formed a thin layer between SNC layers.  Pectins, 

however, are charged polysaccharides (Figure 8.2) and thus have been employed in layer-by-

layer (LbL) films.
11

  Furthermore, cationic nanocrystalline cellulose (CNC) suspensions have 

been formed by reaction of DNC with epoxypropyltrimethylammonium chloride (Figure 8.3).
5
  

To date, thin films of these CNCs have not been studied, although it is likely that stable films 

would form on silica and could thus be quantified by a variety of surface techniques (e.g. QCM-

D H2O/D2O solvent exchange, AFM, XPS etc.). 
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Figure 8.2 The chemical structure of one component found in pectic polysaccharides.  Shown is 

a homogalacturonan chain depicting both the anionic carboxylic and methyl esterified repeat 

units.  As noted in Chapter 2.2.3, pectins are the most complex polysaccharides in nature and 

comprehensive structures are difficult to determine. 

  

 As pectins are anionic and CNCs are cationic, these materials should form 

nanocomposites with similarities to the cell wall of plants.  Recent studies have suggested that 

pectin, rather than xyloglucan, may link cellulose microfibrils together.  Consequently, a layered 

nanocomposite of CNC/pectins may be interesting as a model for the primary cell wall of plants.  

These layered films could be formed by spincoating, as in the previously reported SNC/XG 

study,
10

 or by LbL assembly.  LbL films of CNC/pectin offer several potential avenues of 

research, as various parameters (concentration, pH, counterion, temperature, deposition time) 

could be used to vary the thickness, water content, and viscoelastic properties of the layers and 

the assembly could be studied in situ using QCM-D. 

 

 

Figure 8.3 Reaction of DNC with epoxypropyltrimethylammonium chloride under basic 

conditions to form CNC.
5 
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8.2.4 Layer-by-Layer Films of Hydrophobically-Modified Dextran Derivatives  

 As noted in Chapter 6, polyelectrolytes containing significant hydrophobic content were 

more effective at dewatering a SNC film than a polyelectrolyte without hydrophobic groups.  

This dewatering of polyelectrolyte nanocomposites may prove attractive to the paper, 

biomedical, and mineral recovery industries.
12-14

  Several avenues of research in this area include 

studying LbL films of SNC and (N,N-diisopropylamino)ethyl dextran (DIAE-Dex), LbL films of 

cationic nanocrystalline cellulose (CNC) and dextran derivatized with sulfate and coumarin 

groups (coum-Dex), and LbL films of DIAE-Dex and coum-Dex. 

   As evident from Chapter 6, DIAE-Dex strongly adsorbs onto SNC films.  As DIAE-Dex 

adsorbs onto gold, it is likely that by spincoating from a DIAE-Dex solution, then spincoating 

from a dilute SNC suspension etc., a multilayer film could be formed.
10

  Films with different 

numbers of layers could be formed and their film thickness could be studied using ellipsometry.  

Additionally, changes in morphology with the number of layers could be examined with AFM.  

Finally, QCM-D H2O/D2O solvent exchange could be used to examine how water content 

changes during multilayer buildup.  It might also be possible to form LbL films by flowing the 

DIAE-Dex solution or SNC suspension through a QCM-D flow cell and study the layered 

buildup, viscoelastic changes, and water content in situ.
15

  The effect of pH on the viscoelastic 

properties, film thickness, and water content for these LbL films could also be studied.
 
 

 Work in the Heinze group (University of Jena) has provided several coum-Dex samples 

with various degrees of coumarin and sulfate substitution along the chain (Figure 8.4A).  When 

exposed to UV light, the coumarin groups will crosslink (Figure 8.4B).
16

  Thus, similar to 

Chapter 6, a study into how degree of sulfate and coumarin substitution affects the adsorption 

onto and water content of a CNC film could be examined.  Additionally, as discussed in the 
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preceding paragraph, LbL films of CNC and coum-Dex could likely be formed and studied using 

AFM, ellipsometry, and QCM-D.  These films might be particularly interesting because their 

viscoelastic properties would likely change upon exposure to UV light and this change could be 

studied in situ using the Q-sense E4 QCM-D equipped with a window module flow cell.  

 

Figure 8.4 (A) Structure of dextran derivatized with coumarin and sulfate groups provided by 

the Heinze group and (B) schematic illustration of photocrosslinking between two chains via the 

coumarin groups of the dextran derivatives depicted in (A). 

 

 Finally, LbL films composed of alternating DIAE-Dex and coum-Dex layers could be 

formed.  These nanocomposites may form ultra-rigid, dry nanocomposites, both because of their 

hydrophobic species and photocrosslinkable groups.  The effect of such parameters as degree of 

R = H or –SO3Na   or 

hv > 300 nm

(A)

(B)
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substitution, pH, type of counterion, deposition time, and UV exposure placement in the LbL 

cycle (e.g. at the end of the film deposition or after each coum-Dex layer) on the film thickness, 

morphology, viscoelasticity, and water content could be studied using ellipsometry, AFM, and 

QCM-D. 

8.2.5 Further Studies of Amorphous Regenerated Chitin Films 

 Though some initial characterization of regenerated chitin (RChi) thin films was 

presented in Chapter 7, these films could still be further characterized.  Similar to work by 

Karabiyik et al.,
17

 multiple-incident-media ellipsometry could be used to determine both the 

refractive index and thickness of trimethylsilyl chitin (TMSChi) and RChi films.  Furthermore, 

Langmuir-Blodgett (LB) films of TMSChi and subsequent regeneration to RChi might be 

possible, similar to its cellulose analog.
18

  However, a basic subphase may be required, as 

isotherms from an aqueous subphase (pH ~5.5) resulted in an increasing surface pressure (Π) 

with decreasing area (A) and never reached a collapse pressure (Figure 8.5).  This data suggested 

that TMSChi was entering the subphase, perhaps because of deactylation caused by the aqueous 

environment.  However, LB films would be an attractive avenue of research because the Π-A 

isotherms could be used to determine the cross-sectional area of a TMSChi repeat unit.  

Additionally, LB-film deposition would allow for films with a known number of TMSChi (and 

thus RChi) layers to be formed, and thus the thickness of a single layer of RChi could be 

determined using ellipsometry.    

 In addition to the adsorption of BSA onto RChi films (Chapter 7), the interaction of a 

wide variety of other macromolecules with RChi thin films may be interesting. Though some 

work on the enzymatic degradation of RChi films using QCM-D, AFM, and ellipsometry has 

already begun in our group, a wide variety of chitinases are available for study.
19

  Additionally, 
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chitosan thin films have been used to examine lipase immobilization, collagen adsorption,
 
and 

drug delivery, so similar studies employing chitin thin films may be of interest to the biosensor, 

wound dressing, tissue engineering, drug delivery research fields.
20

  Finally, a nanocomposite of 

chitosan and clay platelets that mimics the natural structure of chitin and calcium 

carbonate/proteins (e.g. collagen) found in the shells of crustaceans has recently been studied and 

showed a strength comparable to bone.
21

  A similar study that more closely resembles nature 

could be possible in which TMSChi is spincoated onto a substrate, followed by spincoating of 

clay platelets or even calcium carbonate and collagen.  After subsequent spincoating of multiple 

layers, the films could be regenerated to RChi.   

 

 

Figure 8.5 Π-A isotherm for TMSChi using water as the subphase. 
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