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ABSTRACT 
 
 

Nature creates high performance materials under modest conditions, i.e., neutral pH 

and ambient temperature and pressure.  One of the most significant materials is the plant 

cell wall.  The plant cell wall is a composite of oriented cellulose microfibrils reinforcing 

a lignin/hemicellulose matrix.  In principle, the plant cell wall composite is designed 

much like a synthetic fiber-reinforced polymer composite.  Unlike synthetic composites, 

the plant cell wall has an excellent combination of high modulus, strength, toughness and 

low density that originates in the optimal interactions between the biopolymers.  

Therefore, to produce high performance composites, a unique route may be to mimic a 

biological system like the plant cell wall.  The present work focuses on understanding the 

thermodynamics of biopolymer assembly to exploit the process in vitro. 

In our system, we use an already polymerized nanocellulose template and 

polymerize phenolic monomers on the template using a peroxidase enzyme. In the first 

part, we have polymerized phenol using horseradish peroxidase (HRP) in the presence of 

TEMPO-oxidized nanocellulose. Similar to native plant cell wall structures, the 

polyphenol-nanocellulose composite had intimate mixing of polyphenol and cellulose at 

the nanoscale with the presence of cellulose promoting a uniquely organized structure. 

The obtained composite material showed synergy that enhanced the thermal stability, 

hydrophobicity, and possibly mechanical properties. 

In the second part, monolignol coniferyl alcohol was polymerized in the presence of 

nanocellulose by the same procedure. A comparison between the polyphenol composite 

and poly(coniferyl alcohol) (PCA) composite revealed that the propanyl substitution 

imparted flexibility to the PCA molecules so that they could bend and form a hollow 

globule structure to envelope nanocellulose inside.  Polyphenol could not do this because 

of its rigidity.  
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CHAPTER 1  

  Introduction  

Nature creates amazing materials under modest conditions, i.e., neutral pH and ambient 

temperature and pressure. One of the most significant cases is the plant cell wall. Basically, the 

plant cell wall is a cellulose microfibril-reinforced lignin/hemicellulose matrix, much like fiber-

reinforced composites in synthetic systems. The plant cell wall has an excellent combination of 

high modulus, strength, toughness and low density that is difficult to achieve synthetically. 

Synthetic composites are usually formed with large amounts of process energy and the potential 

to produce harmful environmental by-products exists. Attempting to understand a biosynthetic 

route to composites manufacturing could reduce energy consumption and negative 

environmental impacts. The simplest way to do this is to mimic a high performing biological 

system in vitro. 

Biological systems are large, complex, thermodynamically “open” systems. The first 

objective of the present work is to isolate a small, thermodynamically “closed” system that has 

the potential to be biomimicked easily. The plant cell wall is composed of an intimate mixture of 

cellulose fibrils, hemicellulose, and lignin. The proposed system consists of nanometer-sized 

cellulose fibrils that act as a substrate for oxidation and phenolic reactions to mimic actual plant 

cell wall construction. By utilizing peroxidase enzymes to catalyze reactions between the 

substituents, the only input is hydrogen peroxide, so the system is simpler than a fully 

biosynthetic route and nearly thermodynamically “closed”. Considering that woody plants are 

the most abundant renewable resources in the world, the proposed synthesis method will initiate 

a new field to make use of wood and wood byproducts into bio-based materials. 

There is still debate about the exact plant cell wall structure and organization. The excellent 

properties of the plant cell wall are not from the complexity of unit molecules, but from an 

efficient assembly of simple unit molecules to a delicate configuration. For instance, cellulose 

consisted of repeating glucose rings. When glucose is polymerized into a high molecular weight 

polymer via β-1-4 linkages between the rings, subsequent hydrogen bonding within and amongst 

chains makes one of the most robust materials on Earth. Lignin is made of a combination of three 

phenonylpropanes. However, the 11 potential kinds of covalent bonding between lignin and 

lignin/polysaccharides and multiple physical interactions on various length scales give rise to the 
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complicated structure of the plant as a whole [1, 2]. It has been shown that after isolating 

individual polysaccharide and polyaromatic biopolymers from plant material, the native 

properties of the plant are lost usually resulting in materials with high density and low toughness. 

So it is indeed the interactions of the biopolymers at the various length scales that give the plant 

cell wall its unique physical properties. Therefore, it would be intriguing to exploit the processes 

of plant cell wall formation and utilize the resulting structure. 

The second objective of the present study is to investigate the role of the propanyl 

substitutent in the lignification process and its effect on final properties. Specifically, the current 

work is focused on comparing the products obtained by using two different lignin-like 

compounds: polyphenol and poly (coniferyl alcohol). 
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CHAPTER 2  

Literature review 

2.1 Structure of the plant cell wall 

2.1.1 The hierarchical structure of the plant cell wall 

The cell wall of a plant fiber is a heterogeneous membrane [1]. It is built up of two sections: 

the primary cell wall (P) and the secondary cell wall (S), which is further divided into three 

layers (S1, S2, and S3). The primary cell wall is the first to be laid down when the cell is formed 

and is composed of randomly oriented microfibrils, which allows for expansion of the cell as cell 

growth take place. The S2 layer occupies the greatest volume of the cell wall and influences the 

properties of the cell the most and hence the macroscopic properties of the plant [2]. The S2 

layer comprises at least three hierarchical microstructures: macrofibril, microfibril and micelle 

(Figure 2.1) [3]. 

 



 
 

Figure 2.1  a–e Schematic view of a woody plant cell wall at four different levels of magnification which 
increase from a to e. a. Cross-section through a wood fiber showing the middle lamella and the cell wall 
with the primary and secondary cell walls. b. Cross-section through a part of the secondary cell wall with 
macrofibrils. c. A bundle of microfibrils. d. The micelle strands. e. Cross-section through a micelle, 
indicating the ultrastructural composition: lignin, hemicellulose and cellulose. The interspace between the 
wood fibers (middle lamella), the macrofibrils, microfibrils and the micelles is filled with lignin. 

 
The plant cell walls are formed from reinforcing semicrystalline cellulose microfibrils 

embedded in a matrix of hemicelluloses/lignin. Most plant fibers are mainly composed of  
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cellulose, hemicelluloses, and lignin. Many of the physical, chemical and biological properties of 

wood can be understood by referring to these three polymeric constituents. 

2.1.2 Cellulose 

Cellulose is the major component of most plant fibers, about 40% to 50% of the plant [4]. 

Cellulose is a linear macromolecule consisting of D-anhydroglucose repeating units joined by 

β-1,4-glycosidic linkages (Figure 2.2). The degree of polymerization (DP) of cellulose is 

around ten thousand, although this may be underestimated because of the degradation during 

isolation of cellulose from the cell wall [2]. A cellulose molecule can extensively hydrogen bond 

with itself, with another cellulose molecule, and with polar molecules [5]. The hydrogen bonding 

plays a major role in chain arrangement and hence provides cellulose with crystal-like properties. 

Cellulose crystallinity imparts mechanical strength to the cell wall and makes it relatively 

unreactive and insoluble in aqueous systems. 

 

 

 

Figure 2.2 Cellulose chain 

 

2.1.3 Hemicellulose 

Hemicelluloses are also polysaccharides, but they are composed of various 5- and 6-carbon 

ring sugars (Figure 2.3). The composition of sugar units varies from one plant to another and also 

varies in different parts in a single plant. The polymer chains are short (DP is around 50-300) and 

branched, with some acetyl and carboxylate groups [1]. These groups as well as its amorphous 

nature allow hemicellulose to readily react with cellulose and lignin. Hemicelluloses are believed 

by many researchers to act as interfacial coupling agents between the polar surface of cellulose 

and the relatively nonpolar lignin matrix. Koshijima and Watanabe reported the hemicelluloses 

form H-bonds with cellulose microfibrils and covalent linkages with the lignin matrix [6]. 

Through a softening experiment, Slamen and Olsson concluded that xylan was associated with 
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lignin and glucomannan with cellulose [7]. Atalla proposed that besides being a coupling agent, 

hemicellulose can also influence the aggregation of cellulose and the pattern of lignin linkage in 

when it is present [8]. From these studies, it is clear that hemicelluloses play an important role in 

interacting with both cellulose and lignin. 

 

 

Figure 2.3 Some monomers of hemicellulose (from left to right): D-glucose, D-glucuronic acid, D-mannose, 

D-arabinose, D-xylose. Xylose is always the sugar present in the largest amount. 

 

2.1.4 Lignin 

Lignin is the second most abundant natural polymer on earth. It is a phenolic compound, 

created by the enzymatic polymerization of three phenolic alcohols, known as monolignols (p-

coumaryl, coniferyl and sinapyl alcohols). It has aliphatic and aromatic constituents. However, 

the native structure of lignin remains unclear because no method has been established to isolate 

lignin from the plant cell wall in its native state. The difficulty in isolation originates from the 

high cross-linking of lignin with other lignin molecules or polysaccharides, so any isolation will 

inevitably break these covalent bonds and change the structure.  

Both lignin isolated from softwood [5] or synthetic lignins obtained by free radical 

polymerization [9-12] have revealed that more than eleven kinds of inter-molecular linkages 

exist in lignin. The most abundant linkage is the β-O-4 ether bond, which accounts for 40%-

60%. The other major linkages include: β-5 phenylcoumaran (10%), 5-5 biphenyl (5%-10%)，5-

O diphenyl ether (5%), and β-βpinoresinol (<5%) (Figure 2.4) [5].  
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Figure 2.4 Major linkages occurring in lignin (shown as dimers of coniferyl alcohol). 

 

Lignin contributes to many physiological functions, including structural support, cementing 

polysaccharides, and resistance to microbial degradation [1, 13]. All these functions originate 

from the hydrophobicity and rigidity of the lignin structure and the poly-phenolic nature. 

2.2 Lignin structure and formation 

2.2.1 Biosynthesis of lignin 

Biosynthesis of lignin starts from the shikimate pathway, the biosynthetic sequence 

employed by plants and bacteria to generate aromatic amino acids from carbohydrates. During 

lignin synthesis, phenylalanine (Phe) and tyrosine (Tyr) are generated and then de-aminated to 

yield cinnamic acid and p-hydroxycinnamic acid, respectively. Ferulic acid can be obtained by 

hydroxylation and methylation of hydroxycinnamic acid. Ferulic acid can be converted to sinapic 

acid through a similar pathway. The reduction of hydroxycinnamic acid, ferulic acid, and sinapic 

acid produces the three monolignols: coumaryl alcohol, coniferyl alcohol and sinapyl alcohol 

(Figure 2.5) [5, 14]. 
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Figure 2.5 Biosynthesis of monolignols. 

 

After the formation of monolignols, the next step is the oxidative coupling of lignin 

monomers into lignin polymers. Laccase and horseradish peroxide are the two main enzymes 

catalyzing the polymerization. While the formation of precursors is intracellular, the 

polymerization process takes place outside the cell.  Among all the steps of lignin biosynthesis, 

the polymerization is the least defined. Each monolignol is oxidized into phenoxyl radicals that 

have several resonant structures (Figure 2.6). Further oxidation can lead to various linkages and 

structures of lignin. Lignification mostly happens through free radical coupling reactions first 

described by Freudenberg [15]. It is assumed that the distribution of linkage types is determined 

by the relative reaction rates between free radicals and variations in the microenvironment are 

thought to influence electron density distributions within the radical intermediates.  
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2.2.2 Native lignin structure 

Several studies attempted to elucidate the structure and morphology of lignin by direct 

visualization and indirect measurement of the isolated lignins. Rezanowich et al. observed a 

spherical form of isolated lignin fragments [16]. Kosikova et al. observed a near- spherical form 

of lignocellulose from beechwood [17]. Gilardi and Cass reported the formation of lignin 

aggregates with a hydrodynamic radius of 60 nm in a dioxane-water solvent system. Each 

aggregate is composed of ca. 256 molecules and has a cross-section area of 190 nm2 [18]. Lignin 

was first believed to be an amorphous polymer with a random structure. However, recent studies 

show that lignin may exist in an ordered state. Atalla and Agarwal reported orientation of lignin 

relative to the plane of the cell wall from black spruce earlywood tissue using Raman 

spectroscopy [19]. Lignin could have an organization that either gets destroyed in the isolation 

process or has still not been fully revealed. 

2.2.3 DHP synthesis 

Given the potential destruction of the native structure of lignin by treatment, in vitro 

synthesized model systems have become an alternative to identify the role of lignin in the plant 

cell wall and some basic physico-chemical processes in its formation. Ever since Freundenberg’s 

pioneering work [15], studies of lignin structure and function have focused on enzymatically 

polymerized dehydrogenate polymer (DHP), obtained in vitro. DHPs (or synthetic lignin) are 

usually synthesized using peroxidase/hydrogen peroxide systems. During the polymerization, 

monolignols are oxidized to an aroxyl radical, which can be presented in four mesomeric forms. 

The coupling reactions of these radicals lead to various linkages as shown in Figure 2.6. The 

reaction between radicals I and IV forms a β-O-4 linkage, the most abundant one (Figure 2.5) 

[20]. During the coupling, monolignol radicals also react with sugar molecules, forming cross-

links between lignin and hemicellulose, pectin, and other polysaccharides[21-23].  
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Figure 2.6 Polymerization of monolignols. RadicalsⅠ,Ⅳ and water form β-O-4 linkage;  radicals can also 

react with polysaccharides forming lignin carbohydrate complexes. 

 

Usually, two synthesis methods are used. The Zutropfverfahren (ZT) method relies on the 

slow and continuous addition of monomers. In the Zulaufverfahren (ZL) method, all the 

reactants are added at one time. The final lignin structure has been shown to be dependent on 

which method is used. The ZT DHPs have a higher molecular weight that is closer to milled 

wood lignin (MWL) than ZL DHPs [10, 20, 21, 24]. ZT DHPs have a high concentration of β-

O-4 linkages while ZL DHPs are relatively rich in 5-5’ structures [9]. There are also differences 

in the way lignin prepared from each method reacts with polysaccharides [10, 24].  

2.2.4 DHP structure 

   The reproducibility and reliability of DHPs as lignin model compounds have been tested 

and appear to be well accepted. Thus, DHPs are widely used to investigate lignin structure and 

chemistry. Cathala et al. evaluated the reproducibility of the systhesis of DHPs as model 

compounds for native lignin [20]. FT-IR, GPC, and thioacidolysis results all showed good 

reproducibility of DHP synthesis by careful control of the synthesis parameters. Several studies 
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have focused on the organization of synthetic lignin by visualization of the temporal formation of 

DHP. Radotic et al. first proposed the hypothesis of four levels of supermolecular structures 

(module-supermodule-globule-superstructure) through observation by scanning tunneling 

microscopy (STM) [25]. Modules consisting of about 20 molecules form first and then 

polymerize into supermodules containing about 500 monomers. The supermodules subsequently 

aggregate into globules and finally form large superstructures. Micic et al. furthered this work 

observing the same organization via environmental scanning electron microscopy (ESEM) and 

concluded that the first two structural levels were organized by covalent bonds while the latter 

two were organized by physical interactions [26]. With the same technique, they demonstrated 

that the structure was unique for enzymatically synthesized lignin but not for photochemically 

polymerized lignin [27]. They proposed a complete model of step-wise formation of lignin from 

module to globule after observation by a combination of near-field scanning optical microscopy 

(NSOM) and atomic force microscopy (AFM) (model shown in figure 2.7) [28]. 

 



 

 
Figure 2.7  Lignin organization model proposed by Micic et al. About 20 lignin molecules form a module. 
25 modules form a supermodule, which then aggregate into a globule. Finally, globules aggregate into even 
larger superstructures (not shown here). Thick and thin lines represent hydrophilic and hydrophobic regions, 
respectively [28].  

2.3   Lignin-polysaccharide interaction 

2.3.1 Interaction forces 

Although the DHP structure can partially represent the structure of lignin existing in vivo, it 

was realized that significant differences between DHPs and native lignin could exist [27]. One of  

 12
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the reasons for the differences is the environment that the lignification process occurs, most 

importantly the effect from polysaccharides. 

As mentioned in section 2.1.4, the problem with lignin isolation is that lignins are highly 

cross linked with polysaccharide molecules nearby. These linkages are believed to form during 

the lignification process, which explains one source of the polysaccharide’s affect on lignin 

formation. Although all of the details of these linkages in the lignocellulosic material are not well 

known, lignin is believed to be linked with the polysaccharide through an ester-type bond 

between lignin hydroxyls and carboxyls of uronic acid on hemicellulose and the other an ether 

type bond through the lignin propanyl and the hydroxyls of cellulose and hemicellulose [1].  

Besides the strong covalent bonding, physical interactions such as hydrogen bonding and 

van der Waals forces can be significant. The large amount of hydrogen bonding in cellulose 

creates an incredible attractive force, providing strong mechanical properties. The mechanical 

properties of cellulose are so high that the number of hydrogen bonds and/or the inter-molecular 

hydrogen bonding energy has been underestimated [28-30]. Similarly, the lignin network has a 

lot of groups with potential to form hydrogen bonds with polysaccharides. These include 

phenolic and alcoholic hydroxyl groups (that can act as donators or receptors), carbonyl groups, 

methoxyl groups, or even σ-rich bases [4].  

A number of observations have given indications that the polysaccharide component of 

plant cell walls can modify the course of the lignin formation. Most of these studies are using 

model systems, which is also the approach adopted in this project. To get a better review of these 

results, They are divided into two categories, the study of the adsorption of lignin monomers or 

oligomers to cellulose, i.e. physical interaction and the study of lignin-carbohydrate complex 

(LCC), i.e. covalent bonds. The following two sections will introduce these studies in details. 

2.3.2 Adsorption process 

There has been some doubt expressed about the capacity of lignin to adsorb on a 

polysaccharide surface because lignin is very hydrophobic and polysaccharides are not. This 

doubt ignores some phenomenon unique for the molecular level: 1. Although lignin monomers 

have an aromatic ring and aliphatic branch, they also have plenty of hydroxyl and methoxyl 

groups to form hydrogen bonds with polysaccharides [4, 27] and 2. Micro fibrils have a typical 

diameter of 3-5 nm [1], which means there is an enormous surface area to interact with 
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surrounding molecules. In addition, other effects may also favor the interaction between 

polysaccharides and lignin. For instance, the entanglement of lignin and polysaccharide chains 

may occur. 

Based on the considerations above, most adsorption studies use dynamic modeling to take 

the molecular structures into account. Houtman and Atalla’s calculation shows that coniferyl 

alcohol and DHP oligomers adsorb on model cellulose microfibrils in the region of high 

concentration of hydroxyl groups, indicating that the major force is electrostatic force [27]. 

Besombes and Mazeau also used dynamic simulation to investigate β-O-4 dimer adsorption 

onto cellulose whiskers [31]. They showed similar results and found that the interaction between 

the lignin dimer and cellulose whisker led to orientation of the lignin ring parallel to the cell wall, 

which is consistent with the observation of the orientation of native lignin by Atalla [19]. Later, 

they repeated the same process with oligomers of 10- and 20-units. Oligomers with 10-units had 

some of the aromatic rings oriented with the cellulose surface, while the 20-unit oligomer 

absorption was hindered by conformational stiffness [32]. Perez et al. did both computational 

and experimental studies on the adsorption of aromatic compounds onto cellulose. It was shown 

that the cellulose surface properties had an influence of the adsorption and that substituent 

groups can promote the adsorption [33].  

2.3.3 LCC formation 

LCC formation is a widely accepted concept that occurs during lignification and has great 

influence on it. Lignification starts at the end of cell growth in the cell corner within or just 

inside the primary cell wall and then rapidly extends to the middle lamellae. Ultra-violet 

fluorescence microscopy and electron microscopy observations have both demonstrated that the 

level of lignification was highest in middle lamella [9]. These regions are usually described as 

hydrophilic and highly porous structures that consist of cellulose/hemicellulose polymers 

embedded in an amorphous pectin/calcium matrix [34]. The polysaccharides are believed to 

regulate the lignification process mainly through LCC formation.  

Early studies on LCC were focused on searching for indirect evidence from isolated lignins 

to characterize linkages between lignin and hemicellulose. Two dominant types of linkage were 

observed: ether linkages between lignin and hemicellulose hydroxyls and ester linkages between 

lignin and uronic acids or between hemicelluloses and phenolic acids.  The linkage type and 
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position were different from species to species. Watanabe et al. isolated LCCs from pine and 

found that mannose, galactose and glucose were O-6 ether linked to lignin [35]. But Yaku et al. 

indicated that O-2 or O-3 positions of mannose and glucose from Pinus densiflora were linked to 

lignin [36]. Takahashi and Koshijima found that lignin was linked to glucuronoxylan at C-2 or 

C-3 positions of xylose in beechwood [37]. The discrepancy of LCC position found in the same 

species may be because of different isolation treatments. Kosikova et al. showed that the 

frequency of LCCs in vivo are two to eight times higher than that of isolated samples showing 

that isolation breaks some LCC [38].  

Recent studies have focused on LCC formation in the presence of polysaccharides.  Micic et 

al. observed DHP formation in the presence and absence of cellulose using ESEM [39]. DHP 

polymerized without cellulose showed a 3-D structure with short-range ordered motifs, while the 

DHP formed in the presence of cellulose arranged in a compact single layer structure consisting 

of several domains. They suggested that cellulose serves as a template in the course of lignin 

polymerization. Barakat et al. polymerized coniferyl alcohol in the presence of a 

glucuronoarabinoxylan (GAX) extracted from oat spelts and found that DHPs and GAX formed 

hydrophobic aggregates. Moreover, NMR detected the formation of ether bonds between the two 

[24]. A further study of DHP synthesized in the presence of xylan showed that increased reactant 

concentration increased the solubility of DHPs and the number of β-O-4 bonds [40]. 

Among all the polysaccharides, pectin solutions were used the most because in woody 

xylem the first lignified region (middle lamella) contains a large amount of pectin [39]. Using 

C
13

-NMR, Terashima et al. showed that the structure of DHPs prepared in the presence of pectin 

approximated that of milled wood lignin (MWL) more closely than conventional DHP [40, 41]. 

Cathala et al. observed a DHP-pectin aggregate that was stable in solution [1, 13, 46]. Ester 

bonds were detected inside the aggregate between DHP and pectin and this aggregate prevented 

the precipitation of unbound DHP. Hence, pectin increased the solubility and molecular weight 

of DHP [10]. In addition to the investigation of the binary system of DHP and pectin, Cathala et 

al. and Touzel et al. examined the difference between DHPs polymerized in a pectin/cellulose 

composite and DHPs polymerized in a bacterial cellulose mat [44, 45]. Both groups showed that 

the presence of pectin induced a better dispersion of DHPs in the cellulose network and 

enhanced the proportion of β-O-4 bonds. 
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CHAPTER 3  

Polyphenol-Nanocellulose nanocomposite  

that biomimic the plant cell wall 

3.1 Abstract 

We have polymerized phenol using horseradish peroxidase (HRP) in the presence of 

TEMPO-oxidized nanocellulose.  FT-IR analysis of polyphenol-nanocellulose 

composites showed changes indicative of carbon-carbon and ether bond formation 

between phenols and ether bonds between phenol and nanocellulose.  Manipulation of the 

composite showed that it was more robust than cast films of nanocellulose.  SEM 

imaging of the fracture surfaces of polyphenol, nanocellulose, and composite indicated 

brittle failure in polyphenol and nanocellulose but ductile failure in the composite 

pointing to a synergistic effect from the addition of the components.  TGA showed that 

the composite was more thermally stable than the components.  Polyphenol existed as 

spherical or near-spherical “clusters” that were ca. 10 m in the absence of 

nanocellulose and ca. 0.1 m in the presence of nanocellulose.  The polyphenol -

nanocellulose composite was insoluble in organic solvents, which polyphenol and 

nanocellulose alone were not, and was the most hydrophobic indicating strong bonding 

and loss of hydroxyls.  Similar to native plant cell wall structures, our biomimicked cell 

wall had intimate mixing of cellulose and polyphenol at the nanoscale with the presence 

of cellulose promoting a uniquely organized structure. 

3.2 Introduction 

Many studies [10, 13, 20-23, 27, 31, 32, 36, 38, 42-44] point to the possibility that 

polymerization of phenolic monomers in the presence of a polysaccharide matrix can re-

establish some of the organization of the plant cell wall and possibly obtain good 

mechanical properties, but they are usually focused on exploring the chemical details of 

lignin and polysaccharide interactions using costly monolignols like coniferyl alcohol 
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(section 2.3).  Lignin is believed to be linked with the polysaccharide through two types 

of linkages, one an ester-type between lignin hydroxyls and carboxyls of uronic acid on 

hemicellulose and the other an ether-type through the lignin propanyl and the hydroxyls 

of cellulose [3, 42].  Therefore, it may be possible to biomimic the plant cell wall and 

construct a lignin/polysaccharide-like matrix by similar ether or ester linkages in vitro 

using easier to obtain components. 

Lignin monomers (coniferyl alcohol, sinapyl alcohol, and coumaryl alcohol) are 

difficult to synthesize or isolate.  Therefore, it is doubtful that economical polymers could 

be made through their synthesis [3].  Other potential monomers may be less substituted 

phenols.  These can be obtained from biomass and are at least 2 orders of magnitude 

cheaper than lignin monomers [45].  Phenols do not contain the propanyl substitution of 

lignin monomers.  Wood adhesives of phenol-formaldehyde may closely mimic lignin 

monomers with a basic structure of a ring with a short linear substituent.  These adhesives 

work well because of their strength, toughness, and hydrophobicity, similar to the role 

lignin plays in the plant cell wall.  There are numerous attempts in the literature to 

enzymatically polymerize polyphenols either alone or in the presence of wood.  These 

polymers could in principle serve as replacements for phenol-formaldehyde wood 

adhesives that are currently being banned because of the toxicity of the formaldehyde.  

The polyphenols are produced by oxidative polymerization under mild conditions using 

peroxidase or laccase.  The produced polyphenols have an average molecular weight of 

2,000-6,000 g/mol and are thermally stable [46-52].  Nanoscale cellulose can also be 

obtained cheaply from biomass.  For instance, cellulose nanocrystals and fibrillated 

nanocellulose have been produced through fairly facile processing to yield nanometer 

sized cellulosic materials [53, 54]. 

Here, we attempted to biomimic the plant cell wall by enzymatically polymerizing 

phenol into a nanocellulose solution. We chose 2,2,6,6-tetramethylpiperidinyloxy radical 

(TEMPO)-oxidized nanocellulose because of its availability, ease of preparation, 

nanometer dimension, and its potential to act as a hybrid of cellulose and hemicellulose.  

Through characterization of our system, we attempted to test two hypotheses: 

1. That TEMPO-oxidized nanocellulose can serve as a hybrid of cellulose and 

hemicellulose and hence achieve the role of both components in the plant cell wall. 
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2. That polyphenol can disperse in the polysaccharide matrix and inter-connect with 

polysaccharide fibers, even without the propanyl substitution.   

3.3 Materials and methods 

3.3.1 Materials 

Horseradish peroxidase (HRP, type I, 25-125 units/mg solid), hydrogen peroxide 

(30%), phenol (99+ %), phosphate buffer (0.1 mol/L, pH=7.5), 2,2,6,6-

tetramethylpiperidinyloxy (TEMPO), sodium bromide, and 13% sodium hypochlorite 

solution were purchased from Sigma-Aldrich and used without further purification.  Kraft 

pulp of 88% brightness from Weyerhauser was used to prepare the nanocellulose. 

3.3.2 Preparation of TEMPO-oxidized nanocellulose  

Never dried cellulose wood pulp (10 g) was suspended in 500 ml de-ionized water in 

a three-neck flask.  TEMPO (0.06 g, 0.0385 mmol) and sodium bromide (2.4 g, 0.0235 

mmol) were dissolved in the three-neck flask.  TEMPO-mediated oxidation was initiated 

by adding 13% sodium hypochlorite solution at room temperature drop-wise, and 

oxidation controlled by 5 mmol of NaClO per gram of dry cellulose.  The solution was 

stirred at 500 rpm and the pH was maintained at 10±0.5 by continuous addition of 0.1 

mol/L NaOH.  The process was complete when all NaClO was consumed and pH was 

stable.  Ethanol was added at a ratio of 3:1 to quench the reaction.  The resulting 

suspension was vacuum-filtered and thoroughly washed with deionized water. Moisture 

content was determined by thermogravimetric analysis and pure H2O was added to the 

oxidized cellulose to make a 0.3% solution.  The solution was sonicated with a Sonics® 

ultrasonic processor (Model GE 505) for 20 min within a temperature range of 5-10
o
C, 

followed by centrifugation at 12000g for 15 min. The supernatant was a liquid crystalline 

solution of charged rigid rods of diameter 3-5 nm and 580±330 nm long that were 10 nm 

apart [55]. Henceforth, references to nanocellulose are TEMPO-oxidized nanocellulose.  



 

19 

3.3.3 Enzymatic polymerization of phenol 

Phenol (1 g) and HRP (0.02 g) were added to a mixture of 10 ml of methanol and 10 

ml of phosphate buffer.  Hydrogen peroxide (28 µl) was added to the mixture every 15 

min for 20 times at 20
o
C under air.  After 24 h, the mixture was washed with de-ionized 

water and filtered.  The polymer mass was dried in vacuo.  Phenol polymerization in the 

presence of TEMPO-oxidized nanocellulose was performed using the same procedure 

with 0.25 g nanocellulose added to the solvent at the beginning, which is labeled as 

polyphenol-nanocellulose composite.  As controls, phenol and nanocellulose were 

individually processed in the same manner without HRP.  As a control for covalent 

bonding between polyphenol and nanocellulose, both were physically mixed in water and 

this sample is labeled polyphenol-nanocellulose mixture.  

3.3.4 Fourier transform-infrared spectroscopy (FT-IR) 

FT-IR analysis was performed with a Thermo Nicolet 6700 with a diamond 

attenuated total reflectance (ATR) crystal.  Pressure was applied to each sample to ensure 

good sample/crystal contact.  A resolution of 4 cm
-1

 was used over 64 scans.  Background 

spectra were obtained before each analysis with blanks run between samples to ensure 

that there was no crystal contamination. 

3.3.5 Thermal analysis 

TGA was performed using a TA instruments Q500 TGA with 4-6 mg sample size 

under nitrogen atmosphere.  The heating cycle proceeded from room temperature to 

600
o
C at 10

o
C/min. 

3.4 Results  

3.4.1 SEM observation 

Enzymatically polymerized phenol and composites were isolated, dried, fractured 

and the topology of the fractured surface investigated using SEM.  It was observed that 
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fracture surfaces of the polyphenol and nanocellulose were flat with little topography, 

indicative of brittle failure, but the composite contained peaks and valleys indicative of 

more ductile failure as shown in Figure 3.1. This result pointed to a possible synergistic 

effect from the addition of the components over the individual components.  As shown in 

Figure 3.2, some of the polyphenol existed as elliptical particles in the pure polyphenol 

and as small spheres in the composite.  In Figure 3.2(a) the pure polyphenol consistently 

had elliptical particles of about 10 µm embedded in a non-elliptical polyphenol matrix.  

In Figure 3.2(b) the polyphenol in the composite had spherical particles of about 0.1µm 

in diameter.  While the magnification was different for the two samples, the composite 

had no aggregates of 10 µm.   

 

 

(a) 
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(b) 

 

(c) 

Figure 3.1 Scanning electron micrographs of (a) polyphenol (6Kx), (b) nanocellulose (6Kx),  

and (c) polyphenol-nanocellulose composite (11Kx) fracture surfaces. 
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(a) 

 

(b) 

Figure 3.2 Scanning electron micrographs of polyphenol spheres in (a) pure polyphenol (500x) 

 and (b) polyphenol-nanocellulose composite (56Kx). 

 

The control, a mixture of polyphenol and nanocellulose, did not have the same 

microstructure as the composite as shown in Figure 3.3.  The large particle size of about 
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10 µm was maintained and had nanocellulose film around it as shown in Figure 3.3(a).  In 

Figure 3.1(a) the 10 µm elliptical particles were not broken but in Figure 3.3(b) the 

particles were broken after fracture, revealing smaller spheres of about 0.1 µm in 

diameter.  There was some separation of the nanocellulose film from the large 10 µm 

polyphenol particles in Figure 3.3(a) and some small 0.1 µm spheres adsorbed onto the 

nanocellulose film in Figure 3.3(b).  The 10 µm aggregates in pure polyphenol did not 

break upon fracture but the non-aggregated material around the aggregates did break.  

When the polyphenol was physically mixed with the nanocellulose, interaction between 

the surface of the aggregates and the nanocellulose facilitated the breaking of the 

aggregates. 

 

(a) 
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(b) 

Figure 3.3 Scanning electron micrographs of polyphenol-nanocellulose mixture (a) 500x and (b) 

10Kx.  Arrows indicate spherical structures of polyphenol, with (a) large clusters phase separated 
and (b) small spheres adsorbed at the cellulose surface.   

 

3.4.2 Thermogravimetric analysis 

After similarly conditioning the films, nanocellulose retained the most water, while 

the composite contained the least water as evidenced from TGA analysis.  In addition, 

nanocellulose lost water the fastest and the composite maintained the most weight up to 

500oC as observed in TGA weight loss data in Figure 3.4.  Thermal stability of the 

materials was better observed from TGA first derivative with temperature, d(%W)/dT or 

dTGA, in Figure 5.  The peak in nanocellulose at 203
o
C has been attributed to 

degradation of oxidized groups, i.e., -C=O [56] and the peak at 288
o
C was from 

degradation of glucose rings.  Polyphenol had one large degradation peak at 283
o
C 

originating from unassembled polyphenol polymers with a small shoulder at 250oC 

originating in a small amount of oligomeric polyphenol.  The polyphenol peak at 355
o
C 

originated in the polymerized and assembled 10 µm ellipsoids, which we surmised from 

the fact that the amount of covalent bonding between the phenols was high and that loss 
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of –OH made it more stable.  The absence of a peak at 180
o
C, the boiling point of phenol, 

indicated no monomer was present after polymerization and filtering.  The composite 

showed a shifting of the nanocellulose –C=O degradation peak from 203oC to 230oC, 

which would be indicative of loss of some free acid and aldehyde groups that are now 

covalently bound to phenol.  The two higher temperature peaks of the composite were at 

297
o
C and 362

o
C, which were higher than the corresponding polyphenol and 

nanocellulose peaks.  The mixture more closely resembled the polyphenol dTGA except 

shifted to slightly higher temperatures.  These results clearly illustrate that intimate 

mixing of polyphenol and nanocellulose occurred for in situ polymerization but there was 

phase separation when the components were added separately. 

 

 

Figure 3.4 Absolute weight loss data from thermogravimetric analysis of polyphenol (red), 



 

26 

nanocellulose (blue), polyphenol-nanocellulose composite (green), and polyphenol-nanocellulose 

mixture (black). 

 

Figure 3.5 First derivative of weight loss with temperature from thermogravimetric analysis, dTGA, 

of polyphenol (red), nanocellulose (blue), polyphenol-nanocellulose composite (green), and 

polyphenol-nanocellulose mixture (black). 

 

3.4.3 FT-IR spectroscopy 

After phenol polymerization, the ν(OH) at 3220 cm
-1

 and δ(COH) at 1350 cm
-1

 

disappeared and the νas(CH2) and ν(C-C) on the phenol ring at 1450 cm
-1

 shifted in the 

FT-IR spectra in Figure 3.6.  This strongly suggested phenol polymerization through 

ether linkages and C-C bonding between rings.  Compared to the polyphenol and 

nanocellulose components, the FT-IR spectra of the composite showed: a) a much larger 
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peak centered around 3300 cm
-1

 indicative of more hydrogen-bonding, b) a shoulder at 

3075 cm
-1

 from νas(C=C) and νs(C-H) on C=C vibrations from phenol, c) a broad peak 

around 2900 cm-1 from νas(CH2) and νs(CH2), d) a loss of the quinone peak that existed in 

the polyphenol at 1650 cm
-1

, e) a decrease and shift in the ν(C-C) in the phenol ring at 

1600 cm
-1

, 1488 cm
-1

, and 1450 cm
-1

, f) a decrease and shift in the δ(C-OH) at 1350 cm
-1

 

and 825 cm
-1

 from phenol, and g) a decrease and shift in ν(C-O) from aryl OH at 1225 

cm
-1

 as shown in Figure 3.7. 

Comparison of the FT-IR spectra of the mixture, composite, polyphenol and 

nanocellulose showed that the mixture closely resembled the polyphenol spectrum except 

that the mixture compared to the composite had: a) a larger peak centered at 3300 cm
-1

, b) 

a more pronounced shoulder at 3100 cm
-1

 with two distinct peaks on the shoulder at 3075 

cm
-1

 and 3050 cm
-1

 similar to pure polyphenol, c) a shifted broad peak around 2920 cm
-1

; 

this peak was broad like the peak in the composite and did not have the two well defined 

peaks at 2925 cm
-1

 and 2860 cm
-1

 like the polyphenol, and d) the remnants of quinone; 

the peak was smaller than in pure polyphenol but larger than in the composite.  

Subtraction of the components from the composite and mixture and comparison to the 

pure component spectra corroborated these results.  The observed changes supported the 

hypothesis that polymerization of polyphenol in the presence of nanocellulose to form the 

composite resulted in differences in organization and covalent chemical linkages between 

the two. 
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Figure 3.6 Fourier transform-infrared spectra of pure phenol (blue) and polyphenol (red). 
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(a) 
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(b) 

Figure 3.7 Fourier transform-infrared spectra of polyphenol (red), nanocellulose (blue), 

polyphenol-nanocellulose composite (green), and polyphenol-nanocellulose mixture (black) in 
wavelength ranges (a) 3800-2400 cm-1 and (b) 1800-600 cm-1. 

 

3.4.4 Solubilization 

Further investigation of the level of mixing involved dissolution experiments at 

room temperature.  Polyphenol pellets dissolved in acetone and DMSO were soluble as 

shown in Figure 3.8(a).  TEMPO-oxidized nanocellulose was completely dispersible in 

water and made a clear solution because of the molecular dimensions of the cellulose.  

However, the composite and mixture materials were not soluble in acetone, DMSO, or 
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water.  Some surface material, possibly polyphenol oligomers, solubilized in DMSO, but 

the bulk of the material did not as shown in Figure 3.8(b). 

 

 

(a) 

 
(b) 

Figure 3.8 (a) Polyphenol is soluble in acetone (left) and DMSO (right).  (b) Polyphenol-

nanocellulose composite is not soluble in acetone (left), DMSO (middle), or water (right).  

Polyphenol-nanocellulose mixture displayed a similar result. 

3.5 Discussion 

The combination of microstructural, thermal, spectroscopic, and solubility data can 

be used to create a model of the chemical bonding in and physical structure of the 

polyphenol-nanocellulose composite and how closely it mimicked the actual plant cell 

wall.  Recent work on lignin structure, coniferyl alcohol polymerization and organization 

on solid substrates, and coniferyl alcohol polymerization in the presence of cellulose and 

soluble hemicelluloses showed several common features that may be generic to 
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lignification [57-67].  It has been demonstrated that actual lignin fragments aggregate 

into particles with a cross-sectional area of 0.048 µm
2
, which would give aggregates of 

about 0.22 µm in diameter [60].  “Supermodules” of DHP that were 5-20 nm diameter 

were composed of layers of 2 nm diameter “modules” and the DHP was less ordered on 

rough gold surfaces than on smooth graphite surfaces [66].  The layered module concept 

was furthered when it was shown that DHP formed much larger aggregates of average 

diameter 0.43 µm with a wide distribution of diameters when deposited from solution 

onto mica but a very narrow distribution when deposited onto graphite [62].  The DHP 

deposited onto the oriented graphite surface showed elliptical particles about 1 µm long 

similar to the polyphenol described here.  This observation may indicate that polyphenol 

was elongated when dried on the fibrous cellulose filter paper because the large cellulose 

fibers would have directionality.  The same DHP spheres ordered on cellulose acetate 

surfaces, which would be chemically similar to a cellulose/hemicellulose surface [65].  

DHP spheres of 1-7 µm and 0.25-0.50 µm were observed when polymerized in the 

presence of cellulose and cellulose and pectin, respectively [59].  We observed 0.1 µm 

diameter spheres that coalesced into 10 µm diameter spheres in the absence of oxidized 

nanocellulose but remained at 0.1 µm when concurrently polymerized with oxidized 

nanocellulose.  We polymerized our polyphenol in a solution of randomly oriented rigid 

rods of oxidized nanocellulose.  Therefore, the polyphenol may have organized on the 

nanocellulose, but there would be no long-range ordering or elongation like that observed 

previously because of the lack of a large surface area substrate [62-64].  The covalent 

linking between polyphenol and nanocellulose would have prevented the polyphenol 

from further aggregation.   

The spherical shape resulted from the amphiphilic nature of the DHP, lignin, or 

polyphenol as it polymerized, i.e., it went from totally hydrophilic to 

hydrophilic/hydrophobic as it lost -OH groups through formation of ether bridges.  

Hydrophilic portions of the molecule pointed out towards the water while hydrophobic 

portions pointed inward away from the water forming the thermodynamically favorable 

sphere, like micelles [58, 64].  Although our polyphenol:nanocellulose ratio was 4:1 and 

a typical plant cell would have 1:2.5, hydrophobic clustering was observed in both [68, 

69].  In the plant cell wall, lignin exists as very small aggregates, i.e., on the order of 10 
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nm, similar to one in vitro study [66], while other studies showed much larger aggregates.  

The observation of large aggregates in vitro has been attributed to experimental 

conditions based on the hypothesis that, in vivo, lignin would be polymerized in limited 

space with slow rates of monomer addition around a multitude of other polymers [59].  A 

peculiarity found in the literature was the order of magnitude difference in the DHP 

“supermodules” observed by two studies performing the same experiments [62, 66].  The 

interesting question about lignin sphere size in the plant cell wall is if it was indeed 

limited by spatial considerations or the thermodynamics of polymerization and assembly.    

There were clear large differences in the microstructures of polyphenol-

nanocelluose composite and mixture.  Phenol polymerized into 0.1 µm spheres that then 

aggregated into 10 µm ellipsoidal particles, which was 10% of the polyphenol material as 

estimated from Figure 2(a).  Higher resolution inspection of the unassembled material in 

the polyphenol did not reveal small spheres although they could exist on ~1-10 nm length 

scales, which was beyond the imaging resolution.  More than likely, the polyphenol 

material around the 10 µm ellipsoidal particles was oligomeric polyphenol as suggested 

previously [66].  

Spatial experiments across the composite revealed no spectral differences, but 

spatial experiments across the mixture revealed spectra that resembled polyphenol, 

nanocellulose, and a hybrid of the two.  We surmised that the spectra that resembled a 

hybrid of the two were of the interface between the two phases and this spectrum is 

plotted in Figure 3.7.  It would be expected that some of the oligomeric polyphenol 

existed in the film-like nanocellulose as well.  To discern the possibility of covalent 

linkages between polyphenol and nanocellulose, all of the spectra in Figure 3.7 were 

considered together.  In the composite, the shifted and less pronounced carbon-carbon 

and hydroxyl peaks originating in phenol as compared to polyphenol and the mixture 

suggested covalent bonding between phenols through the same chemical groups.  

Interestingly, the 1600 cm
-1

 peak did not reduce as much as the 1488 cm
-1

 and 1450 cm
-1

 

peaks.  Each peak could originate in a different carbon on the ring with some carbons 

more reactive than others resulting in a larger peak reduction.  For instance, carbons 

further from the phenol hydroxyl could be more reactive than ones closer to the hydroxyl 

because of steric hindrance.  In lignin biosynthesis, quinone methide is a highly reactive 
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intermediate favoring reaction with carboxylic acids and phenolic groups [57, 70].  The 

quinone peak at 1650 cm
-1

 was largest in polyphenol, smallest in the composite, and the 

mixture was intermediate.  During in situ phenol polymerization on nanocellulose, the 

quinone was very reactive with other phenols and surface carboxylate groups on 

nanocellulose.  So quinone acted as the precursor to ether bonding.  The νs(COO
-
) and 

νas(COO
-
) peaks at 1400 cm

-1
 and 1600 cm

-1
, respectively, on nanocellulose confirmed 

the oxidation of nanocellulose but the lack of clear ester linkages around 1700-1750 cm
-1

 

suggested ether bonding only.  The phenolic δ(C-OH) at 1350 cm-1 and 825 cm-1 and 

ν(C-O) at 1225 cm
-1

 had a much larger reduction than the ν(C-OH) at 1050 cm
-1

 on the 

nanocellulose CH2OH.  Only surface CH2OH groups were oxidized on nanocellulose so 

this group remained intact in the majority of the nanocellulose resulting in only a slightly 

reduced peak.  These observations also corroborated covalent bonding between phenols 

and the surface of nanocellulose.  

The smaller peak around 3300 cm
-1

 for the composite compared to the mixture 

suggested less hydrogen bonding through –OH, which would have been lost during 

covalent bonding between phenol rings.  One study has suggested covalent bonding 

between hemicellulose and lignin through uronic acid on hemicellulose [67].  But a later 

paper by the same researchers did not observe covalent bonding between the two [57].  

The strong physical interactions also observed may mean that these were as important as 

covalent bonding, which has been postulated before after observation of strong physical 

interactions leading to aggregation and a lack of ester bonding [59].  We also observe 

strong physical interactions between the polyphenol and nanocellulose in the mixture, 

which had higher thermal stability than the components and was insoluble in a variety of 

solvents.  The solubility data does not discern covalent bonding but simply strong 

bonding, because we could possibly expect it in the composite but not the mixture yet 

both were insoluble in organic solvents that solubilized polyphenol.  Barakat and co-

workers proposed that lignin-polysaccharide complexes could continue to form during 

the dehydration process via nucleophilic addition on the quinone, providing an 

explanation for the lack of solubility for the mixture and the reduced quinone peak in the 

mixture compared to the polyphenol [57].   Regardless, the case for physical bonding 

may not be so far fetched because cellulose does not covalently bond to itself but the 
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large number of hydrogen-bonds per cellobiose unit make it insoluble in a variety of 

solvents and of high modulus.    

TGA data show reduced water absorption in the composite relative to the 

components.  The loss of –OH groups in the composite from ether bonding between the 

two phases contributed to hydrophobicity.  From a physical perspective, it could also 

mean that the smaller polyphenol spheres in the composite were less able to accept water 

compared to the larger polyphenol ellipsoids, even though the former were of higher 

surface area but could be of limited free volume.  The dTGA data showed that covalent 

or physical bonds between polyphenol and nanocellulose made the material more 

thermally stable.  However, the smaller peaks for the composite indicated an overall more 

thermally stable material from a majority of chemical bonds.   

Based on recent work, our observations suggested that the described abbreviated 

system had similarities to other in vitro replications of lignification.  A model of the 

proposed assembly and organization in the polyphenol-nanocellulose composite is shown 

in Figure 3.9.  It has been shown that cellulose had an influence on DHP structure [65] 

and that soluble hemicelluloses, which existed in the actual plant cell wall, acted as 

dispersants and organizers for DHP during polymerization [59].  The latter work 

insinuated that ordered cellulose was not needed as a template to organize lignin because 

it happened in the presence of a soluble polysaccharide.  Hemicelluloses were exactly 

that: “almost cellulose”.  They were smaller molecular weight (degree of polymerization 

~200) substituted sugars with acid and aldehyde groups that were sometimes branched.  

So the acids and aldehydes on the hemicelluloses acted as aqueous dispersants.  Ordering 

appeared to have happened on short length scales as evidenced by scattering experiments, 

which would be consistent with ordering on the soluble polysaccharides [59].  The 

ordering was “layering” in the DHP globules or “modules”.  However, long-range order 

did not exist.  Our system utilized oxidized cellulose, also with plentiful acid (in the form 

of COO-) and maybe some aldehyde groups on surface cellobiose.  So it resembled 

hemicellulose in surface chemistry and we were able to observe small, unaggregated 

polyphenol spheres.  The acid and aldehyde groups allowed the nanocellulose to be 

dispersed in water for processing and caused polyphenol dispersion and initiation sites for 

polymerization just like hemicellulose did for lignin in vivo.  Polyphenol spheres grew to 
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be 10-40% of the length of the nanocellulose rods.  Based on SEM analysis, the 

sufficiently oxidized nanocellulose showed the potential to create polyphenol-

nanocellulose composites with plant cell wall-like structure achieving intimate mixing, 

providing for a synergistic effect for the thermal stability and possibly mechanical 

properties.  Therefore, polysaccharide intermediates like pectin and hemicellulose may 

not be needed to form useful covalently linked polyphenol-nanocellulose composites.   

 

Figure 3.9 Proposed model of polyphenol organization, polymerization, and assembly in the 

presence of nanocellulose. Phenol monomers adsorb to the nanocellulose rods (left); phenols 

covalently bond to nanocellulose and themselves (middle); polyphenol spheres with hydrophobic 

cores and hydrophilic surfaces are similar size in size to nanocellulose rods and non-spherical 
polyphenol ties the entire structure together (right). Dark and light sides of spheres represent 

hydrophilic and hydrophobic regions respectively. 

3.6 Conclusions 

We have synthesized a biomimetic plant cell wall by enzymatically polymerizing 

phenol in the presence of nanocellulose.  Polyphenol existed as globular or near globular 

clusters similar to previous reports of DHP morphology.  The presence of oxidized 

nanocellulose during polymerization highly influenced the polyphenol sphere size and 

therefore material morphology and properties giving rise to an intimately associated 

mixture at the nanoscale.  Composites produced from phenol polymerized into oxidized 

nanocellulose had higher thermal stability, more hydrophobicity, and fracture surfaces 

indicative of increased toughness compared to similar observations on the components 

alone. 
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CHAPTER 4  

Interaction of DHP and nanocellulose:  

A model to study the lignification process 

4.1 Abstract 

In this chapter, monolignol coniferyl alcohol was polymerized in the presence of 

nanocellulose by the same procedure described in chapter 3. The produced composite is 

hypothesized to be closer to the structure of native lignocellulosic material. Fourier 

transform-infrared spectroscopy (FT-IR) only detected the DHPs, while thermal analysis 

showed both DHPs and nanocellulose, indicating a different morphology then using 

phenol. Scanning Electronic Microscopy (SEM) showed that the DHP-nanocellulose 

composite was composed of domains with a hydrophobic shell and hydrophilic core. 

Local water inside the shell was consumed to enhance further coupling of DHP 

molecules and the formation of LCC. A comparison between the polyphenol composite 

and poly(coniferyl alcohol) composite revealed that the propanyl substitution plays an 

important role in lignin synthesis and lignin-carbohydrate interaction.  

4.2 Introduction 

The lignification process is the last step in plant cell wall formation and is the least 

defined. Currently, the most broadly accepted hypothesis was proposed by Freudenberg 

half a century ago, who first performed lignin polymerization in vitro and outlined the 

process by describing it as the sum of three physico-chemical phenomena: (1) Diffusion 

of lignin monomers from the cell to the inner part of the wall [13, 47]; (2) 

Dehydrogenative polymerization of three monolignols (p-coumaryl, coniferyl and sinapyl 

alcohols, Figure 2.5) using an enzyme-initiated but chemically controlled process [13, 20, 

42]; (3) Extensive incorporation of lignin into polysaccharide network through covalent 

and noncovalent interactions [1, 5]. However, this hypothesis does not elucidate the exact 

mechanism of lignin assembly with the carbohydrate matrix [1, 31]. For instance, why is 
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the molecular weight of extracted lignin higher than that of synthetic lignin [10, 71] 

(dehydrogenation polymer, DHP)? How does the hydrophobic lignin coalesce with 

hydrophilic polysaccharides? During the addition of nucleophilic groups on the transient 

quinine methide (QM), how can the polysaccharides compete with water molecules [13, 

24] (Figure 2.5)?  

Attempts to answer these questions have formed a large body of research. Cathala 

and Monties polymerized coniferyl alcohol in the presence of pectin, which formed a 

lignin carbohydrate complex (LCC) with DHP. The occurrence of the LCC linkage 

enhanced the miscibility between hemicelluloses and lignin, avoided precipitation, and 

consequently modified the molecular weight and chemical structure of the lignin [10]. 

This hypothesis was supported by several other observations of stable colloidal 

suspensions formed by lignin-pectin complexes or lignin-xylan complexes [13, 42]. Later 

studies showed that LCC also increased the β-O-4 linkages (the dominant linkage in 

lignin) [47, 48]. The exact covalent linkages in LCC were also uncovered. Ether bonds 

between xylan and DHP and ester bonds between pectin and DHP were detected by NMR 

[13, 42]. During the nucleophilic addition to QM, water is believed to be removed to 

provide an ideal environment to allow carbohydrates to react with QM. The 

thermodynamics of the dehydration process is a controversial topic. Cathala et al. 

proposed that lignin is responsible for dehydration in an earlier study [43]. But later the 

same group suggested that pectin collapse plays the most important role in expelling 

water out of the complex [13, 47]. Barakat et al. proposed a model indicating that non-

covalent interaction between hemicellulose and lignin induced the formation of 

hydrophobic microdomains, which decreased local water concentration. 

In chapter 3, we polymerized phenols using HRP in the presence of oxidized 

nanocellulose. The resulting composite had features similar to the plant cell wall from at 

least three aspects: polyphenol morphology, ether bonds between polyphenol and 

nanocellulose, and enhanced thermal stability and possible mechanical properties. Native 

lignin is polymerized from three monolignols, which not only had a phenol ring but an 

aliphatic substituent. The simplified sytem described in Chapter 3 used phenol without a 

linear substituent and this may naturally omit some features of native lignin. For instance, 

ester bonds were not detected in the polyphenol-nanocellulose composite. To identify the 
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role of the propanyl branch in lignin formation and structure, it is necessary to use DHPs 

polymerized from known lignin monomers. In this chapter, lignin monomer coniferyl 

alcohol was polymerized in the presence of TEMPO-oxidized nanocellulose, which again 

acted as a hybrid of cellulose and hemicellulose. The polymerization and characterization 

of the poly(coniferyl alcohol)-nanocellulose system was performed exactly as the 

polyphenol-nanocellulose system detailed in Chapter 3. 

4.3 Materials and methods 

4.3.1 Materials 

Horseradish peroxidase (HRP, type I, 25-125 units/mg solid), hydrogen peroxide 

(30%), coniferyl alcohol (98%), phosphate buffer (0.1 mol/L, pH=7.5), 2,2,6,6-

tetramethylpiperidinyloxy (TEMPO), sodium bromide, and 13% sodium hypochlorite 

solution were purchased from Sigma-Aldrich and used without further purification.  Kraft 

pulp of 88% brightness from Weyerhauser was used to prepare the nanocellulose. 

4.3.2 Preparation of TEMPO-oxidized nanocellulose  

Never dried cellulose wood pulp (10 g) was suspended in 500 ml de-ionized water in 

a three-neck flask.  TEMPO (0.06 g, 0.0385 mmol) and sodium bromide (2.4 g, 0.0235 

mmol) were dissolved in the three-neck flask.  TEMPO-mediated oxidation was initiated 

by adding 13% sodium hypochlorite solution at room temperature drop-wise, and 

oxidation controlled by 5 mmol of NaClO per gram of dry cellulose.  The solution was 

stirred at 500 rpm and the pH was maintained at 10±0.5 by continuous addition of  0.1 

mol/L NaOH.  The process was complete when all NaClO was consumed and pH was 

stable.  Ethanol was added at a ratio of 3:1 to quench the reaction.  The resulting 

suspension was vacuum-filtered and thoroughly washed with deionized water. Moisture 

content was determined by thermogravimetric analysis and pure H2O was added to the 

oxidized cellulose to make a 0.3% solution.  The solution was sonicated with a Sonics® 

ultrasonic processor (Model GE 505) for 20 min within a temperature range of 5-10
o
C, 

followed by centrifugation at 12000g for 15 min. The supernatant was a liquid crystalline 
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solution of charged rigid rods of diameter 3-5 nm and 580±330 nm long that were 10 nm 

apart [55]. Henceforth, references to nanocellulose are TEMPO-oxidized nanocellulose.  

4.3.3 Enzymatic polymerization of phenol 

Coniferyl alcohol (1 g) and HRP (0.02 g) were added to a mixture of 10 ml of 

methanol and 10 ml of phosphate buffer.  Hydrogen peroxide (28 µl) was added to the 

mixture every 15 min for 20 times at 20
o
C under air.  After 24 h, the mixture was washed 

with de-ionized water and filtered.  The polymer mass was dried in vacuo.  Coniferyl 

alcohol polymerization in the presence of TEMPO-oxidized nanocellulose was performed 

using the same procedure with 0.25 g nanocellulose added to the solvent at the beginning, 

which is labeled as poly(coniferyl alcohol)-nanocellulose composite (PCA-nanocellulose 

composite).   

4.3.4 Fourier transform-infrared spectroscopy (FT-IR) 

FT-IR analysis was performed with a Thermo Nicolet 6700 with a diamond 

attenuated total reflectance (ATR) crystal.  Pressure was applied to each sample to ensure 

good sample/crystal contact.  A resolution of 4 cm
-1

 was used over 64 scans.  Background 

spectra were obtained before each analysis with blanks run between samples to ensure 

that there was no crystal contamination. 

4.3.5 Thermal analysis 

Differential scanning calorimetry (DSC) was performed using a TA Instruments 

Q100 DSC.  Thermogravimetric analysis (TGA) was performed using a TA instruments 

Q500 TGA.  Both experiments used samples between 4 and 7 mg under nitrogen 

atmosphere.  Two heating cycles were used for DSC: one from 0 oC to 150oC at 10oC/min, 

cooling back to room temperature, and then a second cycle from room temperature to 
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150oC at the same heating rate. The heating cycle for TGA proceeded from 20 oC to 

600
o
C at 10

o
C/min. 

4.4 Results 

4.4.1 Thermal stability 

Nanocellulose, poly(coniferyl alcohol), and PCA-nanocellulose composite were 

similarly conditioned and the thermal stability tested using TGA. The results of first 

derivative of weight loss with temperature, d(%W)/dT, are shown in Figure 4.1 and 

summarized in Table 4.1. The peak in nanocellulose at 203
o
C was attributed to 

degradation of oxidized groups, i.e., -C=O, and the peak at 288
o
C was from degradation 

of glucose rings[72-74]. Poly(coniferyl alcohol) had two peaks, one at 227oC originating 

from unassembled polymers and one at 380
o
C originating from assembled supermodules. 

The shoulder originating from oligomers that was observed in the polyphenol sample 

(Section 3.4.2) was absent in poly(coniferyl alcohol), which may be due to the absence of 

oligomers. Compared to polyphenol, unassembled poly(coniferyl alcohol) was less stable, 

probably induced by the propanyl branch. However, after assembly, the thermal stability 

increased by ca. 30
o
C, indicating a stronger interaction between poly(coniferyl alcohol) 

chains than polyphenol chains. This may be because of increased cross-linking off the 

propanyl substituent. The PCA-nanocellulose composite showed peaks positioned 

similarly to the components, but shifted to higher temperatures. This suggested that the 

interaction between PCA and nanocellulose enhanced the thermal stability of the 

composite. A shoulder at 203
o
C  in the PCA composite, coincident with carbonyls, 

indicated that perhaps the carboxylic or aldehyde groups did not participate in the 

interaction between nanocellulose and PCA. 
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Figure 4.1 First derivative of weight loss with temperature from thermogravimetric analysis, dTGA, 

of PCA (red), nanocellulose (green), PCA-nanocellulose composite (blue). 

  

Table 4.1 dTGA results of nanocellulose, PCA, and their composite 

 

Samples Decomposition temperature (
 o
C) 

Nanocellulose 203  288  

PCA  222  380 

Composite 181 (shoulder) 225 300 389 
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4.4.2 Differential scanning calorimetry (DSC) 

Figure 4.2 shows the DSC second scan of PCA, nanocellulose and PCA-

nanocellulose composite. The first scan removed water in all samples (not shown here) so 

that the glass transition temperature (Tg) could be observed clearly in the second scan. In 

our investigation of polyphenol and polyphenol-nanocellulose composite, no clear glass 

transition or melting temperature was observed in DSC in the range of 0-200
o
C, 

consistent with previous reports on thermal properties of polyphenol [75, 76]. This 

probably originated in the rigidity of the highly cross-linked phenolic. However, in the 

case of PCA, nanocellulose, and PCA-nanocellulose composite Tg’s can be clearly 

defined. PCA had Tg=57
o
C, nanocellulose Tg=54

o
C, and PCA-nanocellulose composite 

Tg=80
o
C. No melting behavior was observed in the experimental temperature range. 
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Figure 4.2 Second scan of differential scanning calorimetry curves of PCA (red), nanocellulose 

(green), and PCA-nanocellulose (blue). 

4.4.3 Solubility  

PCA was soluble in acetone as shown in Figure 4.3 (left). TEMPO-oxidized 

nanocellulose is completely dispersible in water because of the molecular dimensions of 

the cellulose. However, Figure 4.3 (right) shows that PCA-nanocellulose composite was 

not soluble in acetone or water. This was further evidence of the strong interaction 

between PCA and nanocellulose. 

         

Figure 4.3 PCA is soluble in acetone (left) but PCA-nanocellulose composite is not soluble in acetone 

(right). 

 

4.4.4 Fourier transform-infrared (FT-IR) spectroscopy 

Figure 4.4 shows the FT-IR spectra of PCA, nanocellulose, and PCA-nanocellulose 

composite. The spectra of the PCA-nanocellulose composite did not show any significant 

difference from that of PCA and no peaks from nanocellulose were observed. TGA, DSC, 

and solubility data showed differences between the three. Previous studies also reported 

the difficulties of characterizing polysacchrides after lignification in vivo and in vitro. 

Cathala et al. could not detect synthetic lignin-carbohydrate complex by NMR and FT-IR 

without modification to the sample and attribute the failure to the poor solubility of the 

sample [10]. Lairez et al. proposed that it was because the polysaccharide was fully 

embedded in the lignin matrix after lignification [13] . Westermark et al. thought that a 

pectin deficiency in the native lignified plant cell wall was caused by possible in vivo 

hydrolysis or removal of pectin after lignification [39]. TGA shows no nanocellulose 

mass loss and it was hard to imagine cellulose degradation during polymerization. DSC, 
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TGA, and solubility data showed synergy in the PCA-nanocellulose composite. Therefore, 

the hypothesis of Lairez et al. seems most plausible and easy to prove through imaging of 

the composite. 

 

 
(a) 
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(b) 

Figure 4.4 Fourier transform-infrared spectra of PCA-nanocellulose composite (red), nanocellulose 

(blue), PCA (green) in wavelength rangs (a) 4000-2400 cm
-1

 and (b) 400-1800 cm
-1

. 

4.4.5 Scanning electron microscopy (SEM) 

Figure 4.5 shows the morphology of unfractured surface PCA and PCA-

nanocellulose composite using SEM. PCA had a paucity of 0.1-20 µm spherical particles 

distributed on a smooth surface. The morphology was very similar to the morphology of 

polyphenol except that the largest polyphenol aggregates were ellipsoidal in shape and 

we did not observe smaller spherical aggregates unless we fractured a larger 10 µm one 

[25]. Compared with polyphenol, the wider distribution of polymer particle sizes for PCA 

may have resulted from the more diversified linkage types for PCA than polyphenol. No 

matter how the monomers covalently bonded, the thermodynamically favorable sphere 
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appeared again. In the presence of nanocellulose, coniferyl alcohol polymerized into 

uniformly-sized spheres with diameters around 1 µm. This was similar to the polyphenol 

result. Therefore, nanocellulose played crucial role in the organization of PCA by 

controlling the particle size and dispersion. This is consistent with previous studies that 

pectin facilitates the dispersion of DHP in the polysaccharide matrix and thus decreases 

polydispersity of DHP [13, 44]. However, the size of PCA particles was 10 times bigger 

than that of solvent-extracted lignin from spruce (123 nm) [18], synthetic lignin deposited 

on mica, glass and graphite (400 nm) [26, 77], and polyphenol polymerized in the 

presence of nanocellulose (100 nm) (section 3.4.1) and may be related to the minimum 

sphere size attainable when a branch was introduced onto the phenol ring. Previously, we 

posed the question of whether or not the size of lignin aggregates in the plant cell wall 

was spatially or thermodynamically limited. This result suggested at least a partial 

thermodynamic limitation because, in the absence of spatial restrictions, the lignin size 

can be controlled by the type of interactions between lignin and itself and lignin and 

polysaccharides. 

 

 
(a) 
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(b) 

Figure 4.5 Scanning electron micrographs of (a) PCA (1Kx), (b) PCA-nanocellulose composite 
unfractured surface (2Kx). 

 

Figure 4.6 compares a higher magnification view of the unfractured PCA-

nanocellulose composite sample surface in Figure 4.5(b) to a fractured PCA-

nanocellulose composite surface at the same magnification. In Figure 4.6(a) it is clear 

that the spheres appear to be coated because spaces in-between the spheres are filled in. 

There was no evidence of a nanocellulose film in the micrographs.  This appeared 

consistent with the FT-IR data and may indicate that nanocellulose and PCA spheres 

were completely covered by unassembled and PCA and oligomeric coniferyl alcohol. 

Smaller spheres of 0.1µm diameter were also observed. The fractured PCA-nanocellulose 

composite surface in Figure 4.6(b) shows clear evidence of a drawn out film, similar to 

what was observed in the polyphenol-nanocellulose mixture sample in Chapter 3. The 

film was probably a mixture of nanocellulose, unassembled PCA, and oligomeric 

coniferyl alcohol as we surmised in Chapter 3. However, PCA was much more efficient 

at coating everything in the system as compared to polyphenol and explained why it was 

not possible to observe nanocellulose or PCA-nanocellulose interactions in FT-IR. The 

diameter of PCA globules inside the composite ranged from 0.2 µm to 2 µm. Some 
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particles were broken after tensile break, revealing a hollow structure, and indicating 

good interaction between the spheres and the polymeric film coating them. 

 

 

(a) 

 

 
(b) 
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Figure 4.6 Scanning electron micrographs of (a) unfractured PCA-nanocellulose composite 

sample surface (10Kx) and (b) fractured PCA-nanocellulose composite sample surface 

(10Kx). 

 

4.5 Discussion 

4.5.1 DHP morphology 

The characterization of the two composite samples is summarized in Table 4.2. Both 

composites displayed similar TGA and solubility results but some differences in 

morphology. 

 

Table 4.2 Comparison of polyphenol composite and PCA composite 

 

 Polyphenol composite PCA composite 

dTGA Peaks from nanocellulose & 

polyphenol 

 

Peaks from nanocellulose & PCA 

DSC No Tg observed for  

polyphenol or composite 

Tg composite > Tg nanocellulose 

Tg composite > Tg PCA 

 

Solubility Polyphenol soluble in organic 

solvent; 

Composite insoluble 

 

PCA soluble in organic solvent; 

Composite insoluble 

 

FT-IR Peaks from nanocellulose & 

polyphenol 

 

Peaks from PCA only 

SEM Nanocellulose on surface & cross-

section 

 

Nanocellulose only in cross-section 

Particle 

size 

(SEM) 

Polyphenol: 10 µm 

Composite: 0.1 µm 

PCA: 1-20 µm 

Composite: 1 µm 

 

Studies on DHP polymerized into pectin or hemicellulose matrices also observed 

similar polysaccharide-DHP aggregates, where DHPs were in the outer section and 

polysaccharide in the inner section [13, 42]. It appeared that aggregation of polyphenol 

into spheres was limited by the nanocelluose size, but the same process in PCA was not. 

The propanyl substituent allowed more diverse interactions in the system resulting in a 
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wider size distribution of aggregates with the mean size larger than for polyphenol, which 

did not allow for a wide distribution of aggregate sizes [18, 26, 28]. 

Polyphenol was a very rigid molecule with many benzene rings linked directly to 

each other through C-C and C-O-C bonds. This was the reason for the high Tg [75, 76]. 

When deposited onto the extended and similarly rigid nanocellulose chains, polyphenol 

could only form an extended configuration. In the case of PCA, the propane side chain 

dramatically increases the flexibility of the molecules as shown by the relatively low Tg 

(57
o
C) of PCA. This increased flexibility allowed PCA to bend to form hollow spheres. 

In the presence of nanocellulose, the PCA could bend around the nanocellulose rigid rods 

and coat them, but the nanocellulose limited how much the PCA could bend (not as much 

as it bending by itself and forming a hollow sphere) and resulted in a restricted motion 

and a higher Tg of 80oC, close to that of isolated lignin (around 90oC) [1].  

The amphiphilic PCA molecules can still organize into a minimum energy 

configuration, i.e., a sphere in aqueous solution. This was evidenced by Gilardi and Cass 

[18] and Micic et al. [28] for both isolated and synthesized lignin. Micic’s group 

established a model to describe the lignin molecules in aqueous solution as shown in 

Figure 2.6. In their model, DHP supermodules showed a shell-like globular structure. The 

shell was formed of a double layer, much like the cell membrane, with the hydrophobic 

regions pointing towards the inside of the double layer and the hydrophilic towards the 

outside. In the present study, polymerized coniferyl alcohol was bonded with 

nanocellulose by strong physical attraction (section 2.3.2) and/or covalent bonding (as 

ether bonding was detected in polyphenol-nanocellulose composite, it is possible that 

PCA forms similar ether bonding between nanocellulose and rings). So PCA may 

preferentially interact with nanocellulose, similar to polyphenol, bend around it and coat 

it. 

4.5.2 LCC formation 

The occurrence of lignin carbohydrate complexes (LCC) was well established and 

previous studies emphasized the interaction of the polysaccharide with DHP via the LCC 

formation [1, 46, 48]. Two cross-linking mechanisms have been proposed for LCC 

formation. The first was the polymerization of monolignols in the presence of 
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feruloylated polysaccharides, suggesting dehydrodiferulate formation could be an 

efficient way of coupling polysaccharides to the lignin network in growing cells [11, 79]. 

But this pathway is restricted to herbaceous species and is thought to occur in the early 

stage of lignification [24]. The second mechanism, ubiquitous in all lignified walls, 

involved the addition of nucleophilic groups on the transient quinine methide (QM) 

intermediate generated during the oxidative polymerization of lignin (Figure 2.5) [22]. 

However, many nucleophiles with similar potentials, including hydroxyl and carboxylic 

groups and water are coexisting in the solution and will compete to react with QM. 

Usually, the concentration of water is much more than the concentration of other groups. 

So simply from the viewpoint of kinetics, water would add to QM to form longer DHP 

chains while ester or ether bonding between DHP and polysaccharide would be less 

likely. 

However, studies on cell wall materials have indicated that ether and ester bonds 

formed through the second mechanism are quite prevalent [1]. Ether and ester bonds were 

confirmed between DHP and xylan and DHP and pectin [1, 24]. Therefore, it is not clear 

why water does not attack QM and what would be the dehydration mechanism. 

Cathala et al. observed that DHP formed a denser structure when its concentration 

increased, indicating that lignin-like structures can remove water from their environment 

probably by self-association due to hydrogen bonding and/or hydrophobic effects [22]. 

But a later study by the same group pointed out that coniferyl alcohol polymerization 

induces pectin collapse resulting in the expulsion of water out of the complex because 

pectin’s concentration increased whereas DHP’s concentration decreased [23]. Another 

hypothesis proposed by Barakat et al. attributed the process to the aggregation of 

hemicellulose and DHP, which formed a hydrophobic microenvironment and lowered the 

local water concentration [24]. 

In our investigation, PCA molecules formed a shell to envelop the nanocellulose 

rods during polymerization. Such a wrapped spherical structure can be considered as an 

isolated unit, similar to the lignin-hemicellulose aggregate in Barakat’s hypothesis. But in 

their hypothesis, the aggregate was formed by noncovalent interaction. Our study on 

polyphenol-nanocellulose composite showed that ether bonds between benzene rings on 

polyphenol and oxidized hydroxyl groups on nanocellulose. This reaction maybe follows 
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a mechanism other than the two mentioned for LCC above, because QM could not 

formed in the case of polyphenol. The shell formation did not terminate the 

dehydrogenation polymerization of coniferyl alcohol. Previous studies found that the 

molecular weight and amount of β-O-4 linkage of DHPs were lower than those of the 

extracted lignin, indicating that in the plant cell wall high molecular weight polymers 

react with each other [44, 71]. In addition, the presence of macromolecular lignin 

facilitated the further dehydrogenative polymerization of DHPs [78]. Therefore, we 

surmise that even after the shell configuration formed, PCA chains continued to crosslink 

with each other. Simultaneously, water inside the shell was consumed for the formation 

of β-O-4 linkage. This covalent bonding, in return, enhances the lignin-polysaccharide 

interaction, forming a stable structure. 

4.5.3 Lignification model 

To summarize the above discussion, a model is proposed to explain the lignification 

process and the effect of lignin molecular structure on the process. For both polyphenol-

nanocellulose and PCA-nanocellulose, the beginning steps are the same. Monomers 

adsorb to the nanocellulose surface (Section 2.3.2) and begin to polymerize on and form 

ether bonds with the nanocellulose (Section 3.4.3). Due to the rigidity of polyphenol, it 

can only polymerize into globules with a diameter around 0.1 µm and form a layer-by-

layer conformation. For PCA, during polymerization, the flexibility of these polymers 

allows them to bend into a hollow spherical structure, enveloping nanocellulose inside. 

While the PCA particles are less than 0.1 µm in diameter, larger globules were observed 

to be as large as 10-20 µm. The shell thickens with polymerization and water inside the 

shell is consumed to promote LCC formation, possibly resulting in the hollow structure. 

At the end of the reaction, DHPs are linked with nanocellulose via hydrogen bonds and 

multiple covalent bonds. 
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(a) 

 
(b) 

Figure 4.7 Proposed model of (a) phenol polymerized into nanocellulose and (b) 

ligninfication process using PCA as a lignin model compound. 
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Apparently, these processes cannot be achieved without the specific structure of 

monolignol. The shape of monolignols allows them to adsorb onto cellulose and interact. 

The flexibility induced by propane side chains provides the potential to bend and shield 

nanocellulose. The benzene rings make the shell of the complex hydrophobic and stiff to 

isolate the microdomain from the solution. In addition, the DHPs can form various 

linkages (Section 2.1.4) and these linkages are confirmed to influence a specific stage and 

coordinate the whole process. Ether bonds between benzene rings and nanocellulose 

oxidized hydroxyl groups facilitate pulling PCA molecules together to form a shell. β-O-

4 bonds consume the local water in the isolated globule to increase the nanocellulose 

concentration. Ester and ether bonds formed through carboxylic and hydroxyl groups in 

nanocellulose added to QM strengthens the LCC formation. 

4.6 Conclusion 

Coniferyl alcohol was polymerized in the presence of nanocellulose in the same 

condition as shown in Chapter 3. The morphology of synthesized composite was 

observed to be different from the polyphenol-nanocellulose composite. We hypothesize 

that the PCA molecules bend and form a hollow globule structure to envelope 

nanocellulose inside while polyphenol could not bend because of its rigidity. The shell of 

the hollow globule thickens with the continuing polymerization of DHP and water was 

consumed by polymerization. Nanocellulose concentration increased to add to QM and 

linked with DHPs. A model was proposed to explain the above mechanism, which 

emphasized the role of lignin structure and different linkages in the process. 
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CHAPTER 5  

Conclusion 

Plant cell wall is a composite with great mechanical properties. Its exact structure 

remains unknown because the organization will be destructed during isolation. 

Attempting to reconstruct a plant cell wall in vitro through an enzymatic way, the work 

presented in this thesis proposed a simple method to synthesize a composite material 

using bio-based components and also provide valuable insight into the details of 

lignification process. 

Chapter 3 focused on polymerize phenol into TEMPO-oxidized nanocellulose 

matrix to synthesize a composite that biomimics the plant cell wall. Polyphenol and 

nanocellulose have potential to act as lignin model compounds and 

cellulose/hemicellulose hybrid respectively. The “lignin-carbohydrates interaction” was 

embodied in the composite via a “polyphenol-nanocellulose interaction”. The obtained 

composite had higher thermal stability, more hydrophobicity, increased toughness 

compared to polyphenol itself.  

Chapter 4 duplicated the same process by polymerizing monolignol compound, 

coniferyl alcohol into nanocellulose matrix. The PCA-nanocellulose composite was then 

compared with polyphenol-nanocellulose composite. With both benzene ring and propane 

chains, coniferyl alcohol molecules were more flexible and could couple with itself and 

nanocellulose through more versatile linkages. These linkages proved to be important in 

lignin formation. The polyphenol-nanocellulose composite formed an extended structure, 

while the PCA-nanocellulose composite was composed of globules with PCA shell 

enveloping nanocelluose chains inside. 

In summary, reconstructing biomimic plant cell wall is a useful method in material 

science and biology. For the former area, the mechanism of biogenesis could provide 

hints for creating materials with excellent properties; for the latter area, the in vitro 

synthesis could provide evidences for the plant cell wall structure and organization. Many 

details on this topic are still open for future researches. In the material science area, 

mechanical properties could be assessed for these composites; the crystalline structure 

could be investigated; other composite synthesis could be realized through a general 
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“phenol-carbohydrate interaction”. In the biology area, the structure and linkage details 

of the PCA-nanocellulose composite could be elucidated through more advanced 

techniques, like Raman spectroscopy, NMR, GPC, et al; other lignin compounds like 

propylbenzene could polymerized through the same process and discern the side chain 

effect; other polysaccharides like starch and those with a five carbon ring could be used 

to further the understanding of LCC formation. 
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