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ABSTRACT
Microbial community composition plays a vital role in soil biogeochemical cycling.
Information that explains the biogeography of microorganisms is consequently necessary for
predicting the timing and magnitude of important ecosystem services mediated by soil biota,
such as decomposition and nutrient cycling. Theory developed to explain patterns in plant and
animal distributions such as the prevalent relationship between ecosystem productivity and
diversity may be successfully extended to microbial systems and accelerate an emerging
ecological understanding of the "unseen majority." These considerations suggest a need to
define the important mechanisms which affect microbial biogeography as well as the sensitivity
of community structure/function to changing climatic or environmental conditions. To this end,
my dissertation covers three data chapters in which I have 1) examined patterns in bacterial
biogeography using gradients of environmental severity and productivity to identify changes in
community diversity (e.g. taxonomic richness) and structure (e.g. similarity); 2) detected
potential bacterial ecotypes associated with distinct soil habitats such as those of high alkalinity
or electrical conductivity and; 3) measured environmental controls over the function (e.g.
primary production, exoenzyme activity) of soil organisms in an environment of severe
environmental limitations. Sampling was performed in the polar desert of Antarctica's McMurdo
Dry Valleys, a model ecosystem which hosts microbially-dominated soil foodwebs and displays
heterogeneously distributed soil properties across the landscape. Results for Chapter 2 indicate
differential effects of resource availability and geochemical severity on bacterial communities,

with a significant productivity-diversity relationship that plateaus near the highest observed
concentrations of the limiting resource organic carbon (0.30mg C/g soil). Geochemical severity
(e.g. pH, electrical conductivity) primarily affected bacterial community similarity and
successfully explained the divergent structure of a subset of samples. 16S rRNA amplicon
pyrosequencing further revealed in Chapter 3 the identity of specific phyla that preferentially
exist within certain habitats (i.e. Acidobacteria in alkaline soils, Nitrospira in mesic soils)
suggesting the presence of niche specialists and spatial heterogeneity of taxa-specific functions
(i.e. nitrite oxidation). Additionally, environmental parameters had different explanatory power
towards predicting bacterial richness at varying taxonomic scales, from 57% of phylum-level
richness with pH to 91% of order- and genus-level richness with moisture. Finally, Chapter 4
details a simultaneous sampling of soil communities and their associated ecosystem functions
(primary productivity, enzymatic decomposition) and indicates that the overall organic substrate
diversity may be greater in mesic soils where bacterial diversity is also highest, thus a potentially
unforeseen driver of community dynamics. I also quantified annual rates of soil production
which range between 0.7 - 18.1g C/m2/yr from the more arid to productive soils, respectively. In
conclusion, the extension of biogeographical theory for macroorganisms has proven successful
and both environmental severity and resource availability have obvious (although different)
effects on the diversity and composition of soil microbial communities.
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Chapter 1: General Introduction
Ecologists have long recognized patterns in the biodiversity of organisms along gradients
of both space and time (Rosenzweig 1995, Gaston 2000). Explorations of biogeography rank
among the earliest ecological studies, with many conclusions still being reinforced and expanded
today (Lomolino et al. 2004). While such observations often contribute towards a better
understanding of the natural history of both plants and animals, they have also been used to
suggest mechanisms important for driving community assembly (Ricklefs and Schluter 1993).
Comparable examinations for microorganisms, however, have remained limited. Only in the last
few decades has the advent of culture-independent techniques allowed ecologists to examine
spatial variation in the diversity of microbiota, raising the question whether biogeographical
patterns analagous to macrobiota exist and what mechanisms may underlie them (Martiny et al.
2006, Fierer and Lennon 2011).
Research aimed towards explaining patterns of diversity (i.e. taxonomic richness) in
macroecological systems is broad and ongoing. Patterns in plant species richness include early
examinations across elevation (Linnaeus 1781), latitude (von Humboldt 1814), and successional
time (Clements 1916, Gleason 1926). Additional patterns for both plants and animals have been
observed over sampling area (Darlington 1957, MacArthur and Wilson 1967), disturbance
regimes (Connell 1978), and productivity (Tilman 1982, Abramsky and Rosenzweig 1984).
Experimental testing of biodiversity patterns has also become increasingly vital for
understanding causative mechanisms (Connell and Slatyer 1977, Chase 2010) which are now
broadly believed to represent a combination of niche (Diamond 1975) and neutral (Connor and
Simberloff 1979, Hubbell 2001) effects. Respectively, these effects explain apparent community
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diversity through either species-specific interactions (e.g. competitive ability) or stochastic
events (e.g. birth and death rates).
Within this broad context of work, examinations of community diversity patterns across
productivity (e.g. resource availability) gradients have frequently revealed significant, unimodal
associations for both plant and animal communities (Mittelbach et al. 2001). Mechanisms
suggested to explain this pattern involve both species-specific resource use efficiencies (Tilman
1982, Tilman and Pacala 1993) and the life history strategies of biotic guilds (Grime 1973), a
combined view of which suggests the hump-shaped relationship results from the positive effects
of resource availability and negative effects of competition along a gradient of increasing
ecosystem production (Michalet et al. 2006). In addition, work surrounding productivitydiversity relationships has underscored the effects of community diversity on rates of important
ecosystem functions such as productivity and nutrient cycling (Tilman et al. 2001).
Consequently, this represents an attractive avenue for investigating potential links between
microbial community assembly, community diversity/composition, and the resulting functions
mediated by prokaryotes.
Recent applications of biogeographic theory to microorganisms have yielded variable
results. For example, microbial communities have displayed similar levels of diversity between
productive and non-productive soils in some field surveys (Niederberger et al. 2008, Aislabie et
al. 2009) but not others (Smith 2007, Logue et al. 2012). Likewise, experimental manipulations
of soil resources (e.g. carbon availability) have shown significant shifts in community structure
during some trials (Judd et al. 2006, Eilers et al. 2010) but not others (Langenheder et al. 2006).
These conflicting results may originate from a lack of consideration for neutral effects (which
may influence microbial communities along with niche processes, although possibly to a lesser
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extent (Hanson et al. 2012, Sokol et al. 2013)). Alternatively, the taxonomic scale at which
inference is made can cause a natural bias in conclusions, particularly as molecular methods
inherently produce results specific to differing taxonomic resolutions (Petrosino et al. 2009) and
ecological coherence (e.g. ecotypes; Philippot et al. 2010) within prokaryotic phyla is still
uncertain (although increasingly recognized; Fierer et al. 2007, Martiny et al. 2013, Zimmerman
et al. 2013). Similar effects of taxonomic scale have been previously recognized for inferences
about macroorganismal communities (Bailey et al. 2001, Anderson et al. 2005).
A better understanding of the factors that explain variability in microbial biogeography
will also provide the ability to better forecast temporal and spatial fluxuations in ecologically and
economically vital functions mediated by prokaryotic communities. Soil bacteria in particular
are important regulators of global carbon and nutrient balances through the process of organic
matter decomposition (Cotrufo et al. 2013). Given the environmental sensitivity of these
communities in both composition and activity, small changes in environmental conditions
(particularly those which affect soil temperature and moisture or the accessibility of organic
substrates) may result in significant and unpredictable effects on ecosystem functions. Links
between microbial diversity and function are indeed becoming broadly acknowledged (Fierer et
al. 2007, Strickland et al. 2009, Haettenschwiler et al. 2011).
These considerations suggest a need to define the important mechanisms that affect
microbial biogeography and the sensitivity of community structure/function to changing climatic
or environmental conditions. To this end, I have 1) examined patterns in bacterial biogeography
using gradients of environmental severity and productivity to identify changes in community
diversity (e.g. taxonomic richness) and structure (e.g. similarity); 2) detected potential bacterial
ecotypes associated with distinct soil habitats such as those of high alkalinity or electrical
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conductivity and; 3) measured environmental controls over the function (e.g. primary production,
exoenzyme activity) of soil organisms in an environment of severe environmental limitations.
The soil environment of Antarctica's McMurdo Dry Valleys will be used as a model
system in which to examine these questions. Dry valley soils are predominantly hyperarid,
poorly weathered, alkaline, and contain high concentrations of aerially-deposited salts
(Bockheim 1997). These characteristics are generally limiting to the biomass and taxonomic
richness of most soil biota, however the presence of liquid meltwater during the short 60-day
austral summer can create steep environmental gradients along short (i.e. meter) scales near the
margins of snowpacks, streams, and lakes (Fountain et al. 1999, Barrett et al. 2004). Such
productive zones support higher rates of biological activity and nutrient cycling, although trophic
interactions are still believed to be relatively simple overall (Hogg et al. 2006). Instead, liquid
water and organic matter (both in amount and compositional diversity) is most limiting to
diversity and thus clear patterns between primary production and heterotrophic microbial
diversity are possible. The presence of environmental stressors, including broad ranges of pH
and salinity, additionally permit the evaluation of these abiotic controls over microbial
community structure and activity.
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Chapter 2: Environmental controls over bacterial communities in polar desert soils
Introduction
Despite early suggestions that microbial taxa experience cosmopolitan distribution (Baas
Becking 1934, Finlay 2002), recent evidence is revealing a diverse microbial world exhibiting
spatial patterns over environmental gradients spanning meter, kilometer (Noguez et al. 2005,
Zeglin et al. 2011), and regional to continental scales (Fierer and Jackson 2006, Yergeau et al.
2007, Bryant et al. 2008). Although geographic patterns in microbial communities are now
evident, the mechanisms driving them remain poorly understood (Soininen 2012). One
promising avenue for beginning to frame hypotheses behind microbial biogeography is the
application of macroecological theory, with which researchers may test whether controls over the
spatial organization of eukaryotic communities are equally appropriate for microorganisms
(Martiny et al. 2006, Soininen 2012).
Environmental controls have been long recognized as major drivers of a species' presence
or absence and abundance (Ricklefs and Schluter 1993). For instance, productivity-diversity
hypotheses predict that spatial or temporal variation in resource availability (e.g., nitrogen,
organic matter) influences communities by eliciting niche-specialization of, and even
competitive exclusion by, particular species across ranges of nutrient availability or productivity
(Tilman 1982, Waide et al. 1999). Often a unimodal (hump-shaped curve) relationship is
observed between productivity and diversity, a result of positive effects of resource availability
and negative effects of competition along a gradient of increasing ecosystem production
(Michalet et al. 2006). Field surveys (Abramsky and Rosenzweig 1984, Mittelbach et al. 2001)
and experimental resource manipulations (Silvertown et al. 2006, Chase 2010) support these
predictions for a variety of taxa in terrestrial and aquatic ecosystems. Environmental severity
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(e.g., extreme pH or salinity) may also generate a range of physical conditions that influences
productivity, habitat suitability, and community structure of organisms (Freckman and Virginia
1997, Lee et al. 2012). Given the universal constraints to biological diversity and activity which
arise from both resource limitations and environmental severity, these mechanisms likely operate
together to control macro- and microorganismal community structure alike (Prosser 2007).
Indeed, examples of significant productivity/diversity relationships have been reported for
microorganisms (Horner-Devine et al. 2003, Smith 2007, Logue et al. 2012).
Antarctica's polar deserts are a model system in which to address questions of controls
over microbial biogeography. Resident organisms are sensitive to resource availability, and
abiotic factors in general, given the exceptionally low soil organic matter content and extreme
soil pH (exceeding 9.0) and salinity (exceeding 10,000 µS/cm) (Bockheim 1997). Distinct
biogeochemical gradients span orders of magnitude in nutrient availability, major ion
concentrations, and biomass (Barrett et al. 2004, Poage et al. 2008), characteristics of a
landscape where abiotic factors are the primary controls over the diversity and structure of
microbial communities. Recent research conducted in this region has described responses of
microbial communities to a number of abiotic drivers including: water availability (Zeglin et al.
2011); geochemistry (Lee et al. 2012); carbon concentration (Aislabie et al. 2009); or a
combination of these factors (Niederberger et al. 2008, Smith et al. 2010, Stomeo et al. 2012).
The anticipated response of dry valley biota to environmental controls is also supported by
evidence from other ecosystems and experimental manipulations, which have demonstrated a
community response to environmental variability, such as positive influences of moisture levels
on diversity (Zhou et al. 2002) and effects on community similarity due to carbon substrate
(resource) diversity (Orwin et al. 2006, Eilers et al. 2010).
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Here I focus on the distinct effects of resource availability on both bacterial community
diversity and structure, as well as the influences of geochemical severity (pH and salinity). To
evaluate these abiotic drivers, I studied soils representing a productivity gradient while
additionally capturing an extensive range in geochemical conditions. Based on evidence from
productivity/diversity theory and other field surveys, I hypothesize: 1) bacterial community
diversity will exhibit a positive relationship with resource availability (organic carbon and/or
water) and a negative association with geochemical severity, while 2) bacterial community
structure will be influenced by both resource availability and geochemical severity. In addition I
quantify a gradient of primary production (chlorophyll a) for Antarctic soils and examine the
influence of aboveground productivity on belowground biology and biogeochemistry.
Methods
Site description
The McMurdo Dry Valleys are an ice-free polar desert in Southern Victoria Land,
Antarctica. Aridity (generally less than 10cm of annual precipitation), temperature (mean annual
between -16°C to -21°C), and low soil organic carbon availability (0.03% average by weight)
together constrain the diversity and activity of native biota (Kennedy 1993, Burkins et al. 2000,
Hogg et al. 2006). Dry permafrost soils are poorly weathered and composed of >90% sand-sized
particles with ice cement occurring within 0.5m of the surface (Ugolini and Bockheim 2008).
Salinity and pH are generally high, a consequence of limited vertical water movement through
soil layers that results in the accumulation of weathered carbonates and aerially-deposited salts,
particularly on old, exposed surfaces (Bockheim 1997). Only during the austral summer
(November - February) does 24-hour incident radiation generate above-freezing temperatures,
inducing melt and stimulating biological activity (Fountain et al. 1999, McKnight et al. 2007).
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Liquid water creates environmental gradients across fine and landscape scales by altering soil
geochemistry, e.g., environmental severity gradients (Barrett et al. 2009) and promoting
localized hotspots of primary production (Barrett et al. 2006).
The soil food web is simple, microbially-dominated, and at the base composed of various
prokaryotic, photosynthetic bacteria (Families Nostocaceae, Oscillatoriaceae), eukaryotic algae
(Phyla Chlorophyta, Bacillariophyta), and fewer than 10 species of moss (Family Bryaceae)
(Broady 1996, Seppelt and Green 1998) that associate in cryptogamic communities. Several
species each of tardigrades, rotifers, and nematodes represent the apex of the soil foodweb
(Freckman and Virginia 1997, Adams et al. 2006). Molecular analyses of microbial
communities from mineral soils have revealed higher than expected diversity in comparison to
non-polar soils, with an abundance of heterotrophic bacteria (~90% of total isolates) (Cary et al.
2010, Takacs-Vesbach et al. 2010). This suggests a carbon (energy) limitation to terrestrial
microbiota, although extremes in pH and conductivity reported for this region can also exceed
levels known to limit the abundance and distribution of microorganisms, here and elsewhere
(Fierer and Jackson 2006, Poage et al. 2008).
Sample collection
I collected samples from 16 regional sites (8 each in Taylor and Wright Valleys; Fig. 1;
Table 1) chosen with the intent of including locations exhibiting the full range of soil primary
production for these valleys. Regional site separation ranged from 0.3km to 60km. To capture
fine-scale gradients of soil production, 3 local plots were chosen within a 25m2 area of each
regional site on the basis of surface cryptogam cover. Thus, local plots (n=48) varied from dry,
mineral soil without obvious surface production (e.g., Site 1) to intermittently saturated zones
along stream, lake, and snowpack margins supporting dense cryptogamic mats composed
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primarily of either cyanobacteria or moss (e.g., Site 16). One location (Site 2) consisted of rockassociated cryptogams (e.g., hypoliths; Pointing et al. 2009) found locally within an otherwise
dry, upland landscape. More site information can be found in Appendix A1.
Samples were collected from local plots in December 2010 to characterize the following:
(1) surface cryptogam chlorophyll a and (2) belowground soil and associated bacterial
communities. A rectangular prism of cryptogamic mat of known surface area (<0.4m2) was
separated from the mineral soil and collected into an opaque Nalgene® bottle. The top 1mm of
mineral soil exposed by the removal of surface mat was additionally collected for chlorophyll a
analysis, and in the absence of visual mat this top 1mm provided the sole estimate of producer
biomass. For each local plot (n=48) this collection scheme was repeated in triplicate within a
2.5m2 area. Finally, ~500g of bulk mineral soil was collected and pooled from beneath the areas
sampled for cryptogams (at each local plot) to a depth of 5cm. From this composite sample,
~10g of soil was preserved in-field with a sucrose lysis buffer for nucleic acid stabilization
(Mitchell and Takacs-Vesbach 2008). All samples were frozen within 12 hours of collection at
-20°C, with nucleic acids moved to -80°C storage within 48 hours of collection. All samples
were returned to the Blacksburg, VA campus of Virginia Tech for further analysis.
Soil productivity and biogeochemistry
Chlorophyll a concentrations were measured on composited surface mats and mineral
soils (1mm layer) as a proxy for soil productivity. Although not a direct measure of production,
this remains a quick and efficient technique for an index of potential productivity in soil and
other habitats, as chlorophyll a is subject to rapid photochemical degradation and is therefore
representative of living or only recently senesced tissue (Metting 1994). Chlorophyll was
extracted from 2mm sieved material using a dimethylsulfoxide (DMSO) extraction procedure
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under low-light conditions adapted from Metting (1994) and Castle et al. (2011). Sample
extractions (5mL DMSO:1.5g sieved material standard ratio) took place at 65°C for 1h with 20s
vortexing every 30min. Samples were then centrifuged at 4000rpm for 15min. to pelletize
particulates and a portion of the supernatant used for spectrophotometric analysis using a
Shimadzu UV-1601 UV-VIS spectrophotometer (Shimadzu, Columbia, MD, USA). Absorbance
at both 665nm and 750nm was recorded before and after dilute-acid degradation of chlorophyll a
to account for phaeopigment content. All results were standardized to dry weight of starting
material and thus expressed in w/w of chlorophyll a per mass of starting material. A second
round of extraction performed on a subset of samples indicated an average first-round
chlorophyll extraction efficiency of 85%, leaving many second round extracts too dilute for
spectrophotometry. One extraction was used for all future samples.
Belowground biogeochemical parameters are reported per unit dry soil mass. A 1:2 and
1:5 soil/water slurry was used to assess soil pH and electrical conductivity, respectively,
following standard procedures developed for this region (Nkem et al. 2006). Soil water content
was determined gravimetrically by oven-drying for 48 hours at 105°C. Total soil organic carbon
(SOC) and total nitrogen were estimated from ~300mg of ground, dried, and acidified soil using
a FlashEA 1112 NC Elemental Analyzer (CE Elantech, Lakewood, NJ, USA) (Barrett et al.
2009). A 1:5 soil/deionized water slurry was centrifuged and the supernatant analyzed for major
soluble ions using standard ion chromatography methods (Thermo Scientific Dionex, Sunnyvale,
CA, USA). Soil nitrate (NO31--N) concentrations were estimated using a 2M KCl soil extraction
and subsequent Lachat QuikChem 8500 Flow Injection Analyzer (Lachat Instruments, Loveland,
CO, USA) assay of centrifuged extracts (QuikChem Methods 10-107-04-1-B).
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Chloroform-labile carbon was used as an indication of soil microbial biomass and
involved a 5-day fumigation of soil samples with gaseous chloroform (Cheng and Virginia
1993). Paired fumigated and non-fumigated samples were then extracted with a 0.5M K2SO4
solution and final extracts analyzed for total organic carbon using a OI Model 1010 Total
Organic Carbon Analyzer (OI Analytical, College Station, TX, USA), where final chloroformlabile carbon was calculated as the difference between fumigated and non-fumigated total soil
organic carbon. Soil invertebrates were extracted using a modified sugar centrifugation method
(Freckman and Virginia 1993), enumerated by microscopy into the three major taxonomic
groups (rotifers, tardigrades, and nematodes), and later pooled into total invertebrate abundances.
Soil extracellular enzyme activity was assayed targeting α- and β-glucosidase to
characterize major organic matter degrading enzymes. These hydrolytic enzymes are produced
by microorganisms to initiate the decomposition of complex extracellular organic compounds
into simple units (e.g., glucose) that are easily transported across the cell membrane. α-1,4
glycosidic bonds are common in starch and simple polysaccharides, while β-1,4 glycosidic bonds
typify more structurally-complex compounds such as cellulose and chitin. The relative ratio of
β/α-glucosidase enzyme activity, therefore, may serve as an indication of the relative complexity
of soil organic matter pools (Sinsabaugh et al. 2010). Potential enzyme activity was measured
using 0.5g soil incubations with the labeled substrates 4-methylumbelliferyl(MUB)-α-Dglucopyranoside and 4-MUB-β-D-glucopyranoside in the presence of 50mM NaHCO3 buffer
(pH = 8.2) following the methods of Zeglin et al. (2009). Triplicate samples were incubated at
room temperature on a platform shaker (250rpm) for a minimum of 2hs. and enzyme-induced
fluorescence measured by excitation (360nm) and emission (465nm) using a Tecan SpectraFluor
Plus plate reader (Tecan, Mannedorf, Zurich, Switzerland). In addition to sample incubations,
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control (buffer only), substrate (substrate + buffer), and standard (standard + buffer) references
were analyzed to account for other sources of fluorescence. Final activity was normalized to
sample soil organic carbon content and expressed as activity (nmol)·h-1·g SOC-1.
Bacterial communities
A terminal restriction fragment length polymorphism (TRFLP) procedure was chosen in
order to provide an index of bacterial taxonomic richness and community structure in the soils of
my local plots. TRFLP is a largely automated process suited for high sample through-put and
remains particularly useful for tracking changes in microbial community structure over time and
space (Schutte et al. 2008). The TRFLP method involves use of a fluorescent primer during
DNA amplification, amplicon digestion with one or more restriction enzymes to produce DNA
fragments of varied length, and fragment separation/quantification via capillary electrophoresis.
Fragment relative abundance provides an estimate of community diversity and structure (Thies
2007).
DNA was extracted from soils using a modified cetyltrimethylammonium bromide
(CTAB) procedure that involves a mixture of 1% CTAB, 10% sodium dodecyl sulfate,
phenol/chloroform/isoamyl alcohol (pH=7.5), lysozyme (0.2µg/µL), and proteinase K (20µg/µL)
with ~0.75g soil. Extracted DNA was resuspended in Tris buffer (pH=8.0) and quantified via
spectrophotometry (NanoDrop 2000; Thermo Scientific, Wilmington, DE, USA). PCR
amplification took place in triplicate (25µL reaction volume) using a standard 2uL of diluted
template, 5 units/µL of Taq Hot Start Polymerase (Promega Corporation, Madison, WI, USA),
and the universal bacterial primers 8F (5'-AGAGTTTGATCMTGGCTCAG-3') and 519R (5'ACCGCGGCTGCTGGCAC-3'), the forward primer labeled with a 5' 6-FAM fluorophore
(Integrated DNA Technologies, Coralville, IA, USA). Amplification was optimized for
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concentrations of MgCl2 (2.5mM per reaction), BSA (1µL/reaction), annealing temperature
(53°C), and final extension time (5min.). Amplification replicates were pooled and cleaned
using a QuickClean II PCR Extraction Kit (GenScript, Piscataway, NJ, USA). Successful
amplifications (32 of 48 total) were digested with HaeIII (New England BioLabs, Ipswich, MA,
USA) in triplicate (20µL reaction volume) for 3 hours at 37°C following manufacturer's
suggested protocols. Digestion replicates were then pooled and cleaned using GenScript
extraction kits. Fragment separation/quantification took place in quadruplicate with an ABI
3130xl Genetic Analyzer (Applied Biosystems, Carlsbad, CA, USA) and fragments binned using
the GeneMarker software AFLP protocol. Resulting sample profiles were standardized using the
procedures outlined in Dunbar (2001) to produce both a consensus profile among replicates and
final normalization of all sample profiles by total sample fluorescence.
Data analysis
All data analysis was restricted to a subset of 32 plots where DNA extraction was
successful and thus bacterial community information available. Plots were categorized into
productivity classes based on levels of surface chlorophyll a using k-means non-hierarchical
clustering with JMP statistical software, specifying three conservative a priori groups (Fig. 2).
Univariate statistics (simple regressions, partial regressions, Spearman rank correlations) were
performed on square-root transformed biogeochemical data using JMP statistical software to
explore the relatedness among measured variables (JMP, Version 9, SAS Institute Inc., Cary,
NC, USA).
MANOVA and multivariate tests/ordinations were performed using R statistical freeware
(R Development Core Team). Mantel tests involved comparisons of three distance matrices
(50000 permutations each): community (TRFLP) data transformed using a Bray-Curtis distance
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metric; decimal degree geographic data which were transformed using the earth.dist (fossil) R
package (Vavrek 2011); and soil biogeochemistry data (scaled and centered) transformed using a
euclidean distance metric. Principle components analysis (PCA) was performed of soil
properties using a correlation distance metric and scores of the two primary eigenvectors were
plotted. Non-metric multidimensional scaling (nMDS) analysis was performed using bacterial
community data and the Bray-Curtis distance metric with axes rotated to principle components.
The final nMDS ordination represents a plot of site scores for the two primary axes. Canonical
correspondence analysis (CCA) was used to ordinate weighted average, scaled (by eigenvalue)
site scores under the constraints of multiple linear regression with environmental variables.
Multi-response permutation procedure (MRPP) was used to assess differences among groups of
response variables in ordination results. TRFLP results of fragment abundance was used for
calculations of bacterial richness and Shannon-Weiner diversity and were square-root
transformed to reduce the distortional influence of high abundance taxa.
Results
Soil productivity and biogeochemistry
Soil biogeochemical properties exhibited orders of magnitude variation across all 48 plots
(Table 1, Appendix A1). For example, chlorophyll a concentrations exhibited a gradient of soil
productivity spanning more than three orders of magnitude (Fig. 2) and are comparable to those
reported for hot desert soil biological crusts of North America (~5-10µg chla/g soil) (Castle et al.
2011), although the range here is considerably greater. Organic carbon (mean = 733.1mg/kg dry
soil) and total nitrogen (mean = 92.0mg/kg dry soil) concentrations also exhibited wide variation,
again ranging over an order of magnitude, generating average molar C:N ratios of 9.2 +/- 1.7
standard deviations.
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Mean α- and β-glucosidase activities were 3590 and 4010 nmol·h-1·g SOC-1, respectively.
These values are higher than previously reported for dry mineral soils in the McMurdo Dry
Valleys (Zeglin et al. 2009) and are more comparable to those found in semi-arid deserts (Zeglin
et al. 2007). Total invertebrate densities averaged 1200 individuals/kg dry soil but ranged from
none detected to over 6300 individuals/kg dry soil, similar to modal densities reported by others
in similarly productive Antarctic soil environments (Barrett et al. 2006, Simmons et al. 2009).
Microbial biomass averaged 25.5mg/kg dry soil, within the range previously reported for dry
valley soils (Barrett et al. 2006).
Correlations among these variables indicate a strong relationship between biological
parameters such as chlorophyll concentration, soil organic carbon, total nitrogen, microbial
biomass carbon, enzyme activity, invertebrate abundance, and TRFLP bacterial richness (Table
2). However, only chlorophyll was significant (using partial regression analysis) in predicting
soil carbon concentrations (standard coefficient = 0.68, all variance inflation factors < 1.8) in a
model also considering pH, conductivity, and moisture. In turn, soil organic carbon was the only
significant predictor of TRFLP bacterial richness in a model also including pH, conductivity,
chlorophyll, microbial biomass carbon, and moisture (standard coefficient = 0.84, all variance
inflation factors < 5.8).
Because the influence of soil productivity on the subsurface environment was of specific
interest for this study, I used k-means clustering to bin local plots into productivity classes to
serve as predictors of underlying soil properties and microbial diversity in multivariate analyses.
Figure 2 depicts the results of this clustering, where 8 plots grouped below 2µg chla/g dry
material ('low productivity'), 15 plots between 2-35µg chla/g dry material ('medium
productivity'), and 9 plots above 35µg chla/g dry material ('high productivity'). With
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productivity class and regional site location as predictors, a multivariate ANOVA (MANOVA)
was used to examine the amount of variability in soil properties which could be explained by
these factors and their interaction. Results indicate that ad hoc soil productivity classes explain
very significant levels of variation in organic carbon, total nitrogen, microbial biomass, and total
invertebrates (all p ≤ 0.001), while enzyme activity ratios and bacterial (TRFLP) richness were
also significantly constrained (p ≤ 0.01) (Table 3). In contrast, differences in geochemical
parameters such as pH and conductivity were associated with regional variation among the sites
in Taylor and Wright Valley.
Bacterial community diversity and structure
Soil DNA amplification was successful for a subset (32) of all 48 local plots, dictated
primarily by levels of microbial biomass (multiple logistic regression, p = 0.012). Final TRFLP
results indicate an average bacterial ribotype richness of 23.4 and an average Shannon Index (H')
of 2.5 which is similar, although somewhat lower, than those of Fierer and Jackson’s (2006)
global assessment of microbial biodiversity. A Mantel test was performed to correlate distance
matrices of bacterial community similarity with both geography (spatial distance) and soil
properties (environmental distance). The results of these tests indicate a much stronger
correlation of communities with soil properties than with geography (Mantel's R = 0.542, p <
0.0001; 0.210, p = 0.006 respectively). When the influences of both spatial proximity and soil
properties are controlled in these analyses (e.g., partial Mantel tests), the strength of correlation
remained very high between bacterial communities and soil properties (Mantel's R = 0.533, p <
0.0001), while the correlation between communities and geographic distance declined (Mantel's
R = 0.173, p = 0.018). Finally, a distance decay plot using simple linear regression (data not
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shown) suggests that geographic separation explains only a small proportion of the variance in
bacterial community similarity (r2 = 0.044, p < 0.0001).
Principle components analysis (PCA) was used to examine how soil habitats differ with
respect to the primary soil properties of water content, pH, electrical conductivity, organic
carbon, and total nitrogen (Fig. 3). PC1 (eigenvalue = 1.53) and PC2 (eigenvalue = 1.15)
together were able to constrain 73.4% of the variation in soil properties, with little additional
explanation from addition of further axes (eigenvalues < 1.0) (McCune and Grace 2002).
Correlations of soil properties with the primary axes indicate a strong correlation of PC1 with
soil organic carbon (r = -0.92), total nitrogen (r = -0.89), moisture (r = -0.66), and pH (r = 0.50).
PC2 was most strongly correlated with pH (r = -0.73) and conductivity (r = -0.57). Multiresponse permutation procedure (MRPP) of the ordination indicates a significant difference
between points when grouped by the 3 ad hoc productivity classes (A = 0.251, p = 0.001).
A non-metric multidimensional scaling (nMDS) analysis was performed using TRFLP
bacterial relative abundance data (Fig. 4). A stable solution was achieved within 20 iterations of
the test (stress = 0.178). Resulting axes were then correlated with soil environmental properties
to assess which soil characteristics were associated with the spread of ordinated communities.
Axis 1 appears most strongly related to electrical conductivity (r = 0.87), while Axis 2 was
negatively related to a number of properties associated with highly-productive plots, namely
moisture (r = -0.55) and soil organic carbon (r = -0.48), along with a positive relationship to pH
(r = 0.51). As with PCA, I found significance among plots when grouped by productivity class
(A = 0.042, p = 0.001) using MRPP.
Finally, canonical correspondence analysis was used to examine the direct relationship of
bacterial communities to the soil properties of organic carbon, pH, and electrical conductivity,
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chosen based on their lack of multicollinearity (variance inflation factors < 1.1) and strong
correlation with nMDS axes (Fig. 5). Five hundred test permutations yielded strong significance
(p = 0.002). The proportion of inertia (total variance) captured by constrained axes was low
(18.8%), and eigenvalues for the first two axes were also small (0.543, 0.288 respectively).
Correlation analysis indicated that CCA1 was strongly related to conductivity (r = 0.94), while
CCA2 was strongly related to pH (r = -0.73) and soil organic carbon (r = 0.62).
Discussion
Spatially heterogeneous soil conditions are a common characteristic of arid ecosystems
(Aguiar and Sala 1999, Wall and Virginia 1999). Such variation, particularly with respect to
productivity and resource availability, has been widely used in macroecological research to
examine the distribution and structure of both plant and animal communities and to test
ecological theory explaining patterns in biodiversity (Abramsky and Rosensweig 1984, Waide et
al. 1999, Mittelbach et al. 2001). In the McMurdo Dry Valleys, productivity gradients associated
with photosynthetic cryptogams are an important source of resources supporting soil organisms
(Simmons et al. 2009) and contribute to the observed spatial patterns in diversity and community
structure of bacterial communites described here. Surface chlorophyll associated with a
productivity gradient spanning both local and regional scales was significantly correlated with
subsurface soil properties including microbial biomass carbon, total nitrogen, and invertebrate
abundance. Chlorophyll was also the best predictor of soil organic carbon, a vital resource in
this energy-limited ecosystem. This demonstrates the linkage between above- and below-ground
processes and soil properties in driving patterns of diversity, as has been noted for numerous
temperate systems (Wardle et al. 2004).
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Variation in biological properties such as total invertebrates, microbial biomass, and
diversity of bacterial communities was well explained by the stratification of study plots into
productivity classes determined by clustering. Variation in geochemistry (e.g., pH, conductivity)
was primarily related to regional differences in landscape history and soil development (Table 3),
as has been previously described by others (Bockheim 1997, Ugolini and Bockheim 2008).
Similar conclusions were drawn by Barrett et al. (2004) for biological communities in the Dry
Valleys, where scale-dependent variation in soil properties (e.g., salinity, pH, and organic matter)
significantly influenced spatial variation in invertebrate communities.
Bacterial community diversity was significantly correlated to soil organic carbon content
suggesting that organic matter is a primary resource limitation to soil microbes in this system
(Fig. 6). This relationship, and other recent findings (Horner-Devine et al. 2003, Langenheder
and Prosser 2008, Logue et al. 2012) illustrate signficant productivity-diversity relationships for
microbial communities. Although the polynomial relationship I found does not conform to the
unimodal curve often reported for diversity-productivity studies of macroorganisms (Waide et al.
1999, Mittelbach et al. 2001), the gradient I describe may represent a more restricted range of
resource availability, insufficient to support highly competitive copiotrophic bacterial taxa
(Fierer et al. 2007) and the competitive exclusion of other taxa as observed in more productive
ecosystems. Dry valleys zones of high productivity are also likely composed of increasingly
diverse primary producer assemblages (e.g., mosses, chlorophytes, diatoms and cyanobacteria)
(Cary et al. 2010), the activity of which may increase the structural complexity of the soil
organic matter pool. Indeed, I observed a significant increase in the activity of complex carbon
acquiring enzymes (increasing ratio of β/α glucosidase activity) in the most productive habitats.
Resource (carbon substrate) richness may play an important role in facilitating the greater
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taxonomic diversity of microbial communities reported for such locations (e.g., Grayston et al.
1998, Orwin et al. 2006), but further research will be needed to determine the relative effects of
resource quantity and quality (i.e., resource diversity) on microbial diversity and activity in such
systems.
In contrast to diversity, variation in bacterial community structure appears to be more
strongly influenced by geochemical properties, such as pH and conductivity, than resource
availability. Ordination results (both nMDS and CCA) suggest that although significant
differences exist in communities when grouped by ad hoc productivity classes, the association of
multivariate axes with geochemistry (particularly electrical conductivity and pH) is generally
stronger than the relationship with resources such as organic carbon or water (Fig. 4, 5). Thus,
although resource availability has a measurable influence on structure, the most divergent
bacterial communities are primarily associated with extreme geochemical conditions
(particularly when electrical conductivity exceeds 1000 µS/cm and pH is greater than 9.40).
Such values may represent threshold levels beyond which specialized taxa predominate.
Analogous thresholds in geochemistry have been shown to influence the presence and absence of
invertebrate species in this region (Treonis et al. 1999, Poage et al. 2008).
My results demonstrate that bacterial community dynamics are driven primarily by
variation in soil properties (i.e., organic matter, pH, and salinity), however a weaker (yet still
significant) effect of geographic distance is detectable using Mantel and partial Mantel tests. A
linear regression of geographic distance versus community similarity indicates a weak, yet
significant, pattern of distance decay (likely inflated by the high number of pairwise
observations, n=496). Taken together these results suggest that although geographic processes
may play a significant role in determining bacterial community structure in dry valley soils, for

24

the locations observed here the influence of local soil conditions appears to be the primary
driver. Because sampling was performed specifically to encompass extremes in both spatial
distance and soil conditions, this may provide evidence for predominantly local, environmental
controls over the distribution of dry valley microorganisms.
A bacterial diversity response to resource availability, and community structure response
to environmental severity, mirrors effects demonstrated for both grassland plant ecosystems
(Piper 1995) and experimental aquatic mesocosms (Chase 2010). Considering these examples,
the minimal response in community structure to resource availability may be interpreted as
taxonomic nestedness along a productivity gradient, where oligotrophic communities represent a
diminished, tolerant subset of those taxa normally present under more eutrophic conditions.
Similarly, the lack of response in community diversity along an environmental severity gradient
may be interpreted as turnover of community members better adapted to geochemical extremes
(saline/alkaline habitats) without modification of alpha richness. Still unknown are the temporal
responses of dry valley bacterial communities to changing abiotic conditions caused by seasonal
and other long-term dynamics, although it seems probable that alterations to the physicochemical
environment will induce a response in bacterial community structure. Altogether this evidence
suggests that bacterial communities can respond to abiotic controls in ways similar to
macroorganisms, yet the response is context dependent, contingent on the nature of
environmental change (e.g., altered resource availability or geochemical severity). The
functionality of the soil microbiome may be subsequently dependent on whether bacterial
diversity, structure, or both metrics respond to shifting environmental conditions.
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Figure 2. Productivity (chlorophyll a) gradient observed for 48 local plots, log scale. Error bars
represent standard deviation. Gradient divided by horizontal lines into three productivity classes
created using k-means non-hierarchical clustering. Regional sites ranked by increasing
maximum chlorophyll a content. Filled circles indicate locations where DNA could be extracted
(32 of 48 plots).
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Figure 3. PCA ordination of the soil properties moisture, soil organic carbon (SOC), total
nitrogen (TN), electrical conductivity, and pH for 32 local plots. Biplot of soil properties, as
correlated with major axes, is overlain. Labels indicate productivity classes determined via
clustering of local plots by soil surface chlorophyll a concentrations.
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Figure 4. nMDS ordination of square-root transformed relative abundance bacterial (TRFLP)
data for 32 local plots. Labels indicate productivity classes determined via clustering of local
plots by chlorophyll a concentrations. Biplot of soil properties moisture, soil organic carbon
(SOC), total nitrogen (TN), electrical conductivity, and pH (as correlated with major axes) is
overlain.
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Figure 5. CCA ordination of 32 local plots using weighted average site scores. Labels signify
productivity classes determined via clustering of local plots by chlorophyll a concentrations.
Biplot of soil properties soil organic carbon (SOC), electrical conductivity, and pH is overlain to
emphasize the relationship between site bacterial communities and environment.
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Figure 6. Polynomial regression relating bacterial (TRFLP) richness to soil organic carbon
(SOC) concentrations (mg/kg dry soil), square-root transformed. r2 = 0.269, p = 0.028.

41

Chapter 3: Bacterial community composition of divergent soil habitats in a polar desert
Introduction
Soil microbial communities, like macroscopic communities, are subject to a variety of
niche-based and neutral-based mechanisms which contribute to observed biogeographical
patterns (Martiny et al. 2006, Fierer and Lennon 2011, Hanson et al. 2012). Examples of nichebased drivers come from laboratory manipulations of edaphic properties like organic carbon
(Orwin et al. 2006, Eilers et al. 2010) as well as across natural (e.g. pH, moisture) gradients
spanning local (Zhou et al. 2002, Zeglin et al. 2011) to continental (Fierer and Jackson 2006)
scales. Although examples of neutral-based mechanisms (e.g. dispersal) also exist for
microorganisms (Takacs-Vesbach et al. 2008, Sokol et al. 2013), evidence of environmental
controls dominate the soils literature (Hanson et al. 2012). Consequently, understanding the
effects of environmental drivers on microbial communities is an important step towards
developing an integrated understanding of biodiversity patterns in soil systems, particularly as
we increasingly recognize the intimate connection between certain soil functions and the
community composition of mediating microbes (Strickland et al. 2009).
Desert ecosystems are ideal locations to examine environmental controls over the
diversity and composition of microbial communities because of strong spatial heterogeneity in
soil properties and generally low foodweb complexity, relative to temperate systems. Soils of
low habitat suitability (saline, low organic carbon) are interspersed with localized 'resource
islands' that display more mesic conditions due to the availability of moisture and primary
production (e.g. Noy-Meir 1973). In the McMurdo Dry Valleys of Antarctica, such locations are
hotspots of rapid biogeochemical cycling where extremes in pH (> 9.0) and electrical
conductivity (>10,000 µS/cm) are ameliorated, organic carbon is more abundant, and biological
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activity is increased (Barrett et al. 2009). Although the overall diversity and abundance of
Antarctic eukaryotic organisms is reduced because of severe climatic constraints (Treonis et al.
1999, Adams et al. 2006), diverse communities of soil microorganisms have been revealed by
molecular sequencing (Cary et al. 2010, Takacs-Vesbach et al. 2010). Recent studies have
demonstrated that moisture availability (Zeglin et al. 2011), geochemistry (e.g. pH, soluble ions)
(Lee et al. 2012), carbon concentration (Aislabie et al. 2009, Geyer et al. 2013), or some
combination of these (Niederberger et al. 2008, Smith et al. 2010, Stomeo et al. 2012, Sokol et
al. 2013, Van Horn et al. 2013) are key drivers of bacterial diversity and community
composition.
Methods and Analysis
Previous work in this region has focused on the identification and characterization of soil
habitats associated with the full range of observable primary production as determined by
chlorophyll a quantification from moss and cyanobacterial cryptogamic mats (Geyer et al. 2013).
This effort documented soil habitats from among the more extreme in geochemical conditions
(e.g. pH, electrical conductivity) as well as resource availability (e.g. moisture content, organic
carbon) locally known. Multivariate (canonical correspondence) analysis revealed three
divergent soil habitats: 1) those with extreme pH (> 9.40), 2) high conductivity (> 1000 µS/cm),
3) and mesic habitats with higher moisture, soil organic carbon (SOC), and generally lower pH
and conductivity. Based on these previous results, twelve samples from among these three
habitats (four from each) were selected for pyrosequencing of the 16S rRNA gene to address the
following questions: 1) How does bacterial community diversity and composition vary among
geochemical habitats? 2) What environmental properties are the best predictors of bacterial
community diversity? 3) How does taxonomic resolution influence these conclusions, i.e., do
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phyla- and genera-level assessments change our understanding of the importance of
environmental drivers?
Soils were collected from Wright and Taylor Valleys of southern Victoria Land,
Antarctica in December 2010. Triplicate samples were taken from within a 2.5m2 area to a depth
of 5cm, pooled into a single (~500g) composite sample, and immediately frozen at -20°C to be
shipped to Virginia Tech for further analysis. Soils were sourced from five sampling sites
distributed throughout the region (CAST - Canada Stream; HYPO - hypolithic uplands; GRCR Green Creek; BRBB - Lake Brownworth pond; ONYX - Onyx River) found near open water
(except the uplands) as described by Geyer et al. (2013). These sites constrain a natural gradient
in dry valley soil productivity as determined by visual inspection of cryptogamic mat density
while also capturing broad gradients in soil geochemistry. Distance-decay effects for bacterial
communities were previously examined for these soils and found to be significant, though of
much less importance than environmental effects. Geochemical properties were assayed from
soil/liquid extract slurries using standard methods for this region (Nkem et al. 2006).
Chlorophyll a was measured using a spectrophotometric analysis adapted from Metting (1994)
and Castle et al. (2011). DNA was extracted from soil using a modified
cetyltrimethylammonium bromide (CTAB) and phenol/chloroform isoamyl alcohol procedure
(Giovannoni et al. 1990)
Barcoded amplicon pyrosequencing of 16S rRNA genes was performed as described
previously (Van Horn et al. 2013) using the universal bacterial primers 939F (5’ TTG ACG
GGG GCC CGC ACA AG) and 1492R (5’-GTT TAC CTT GTT ACG ACT T-3’) containing
variable regions V6-V9. Briefly, 50 ng of template DNA was amplified per sample with Rochespecific sequencing adapters and an error-correcting barcode (Hamady et al. 2008). Amplicons
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were purified using Agencourt Ampure beads and combined in equimolar concentrations for
pyrosequencing on a Roche 454 FLX using Roche titanium reagents and titanium procedures.
Raw sequences were quality filtered, denoised, screened for PCR errors, and chimera-checked
using AmpliconNoise and Perseus to minimize potential artifacts (Quince et al. 2011). Sequences
were then processed using the QIIME pipeline v. 1.6 (Caporaso et al. 2010). After quality
control and demultiplexing, 125,812 sequences were clustered into 7,343 OTUs at 97%
similarity using uclust (Edgar 2010). Taxonomic assignments were made using the RDP
classifier (Wang et al. 2007). Raw sequence files for the 12 samples analyzed here have been
deposited in the NCBI Sequence Read Archive and are accessible through a BioProject database
(Accession: PRJNA228946).
All univariate and multivariate statistical analyses were performed with R statistical
freeware (R Core Team) using square-root transformed environmental data and rarefied, log
(x+1) normalized community data. Distance based (Bray) redundancy analysis (RDA) was used
to ordinate the twelve sites in space constrained by the independent environmental parameters
pH, conductivity, and SOC (capscale {vegan}). Significance of geochemical groupings was
assessed using analysis of similarities (ANOSIM {vegan}) and the contribution of taxa to
average overall pairwise sample dissimilarity with similarity percentages (SIMPER {vegan})
(Clarke 1993). Relative abundance heatmap (heatmap.2 {gplots}) was created from phylumlevel bacterial annotations.
Results and Discussion
Rarefaction demonstrated that sequencing depth was sufficient to generate decreasing
slopes of collector curves for all but one sample (CAST-H; Appendix B1), suggesting most
samples had low to intermediate diversity. Sequencing results also corroborate findings from
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previous TRFLP analysis of the same sites (Geyer et al. 2013), in that communities from habitats
of divergent soil properties appear highly dissimilar (Fig. 1). Sites grouped by their geochemical
association (SOC, pH, and conductivity) are significantly different in community composition
from one another (ANOSIM p-value = 0.001). Also apparent are the distinct phyla which appear
strongly associated with particular geochemical habitats, such as the phyla Acidobacteria and
Actinobacteria in high pH regions, genus Nitrospira in high carbon regions, and phylum
Firmicutes in high carbon and conductivity regions (confirmed by SIMPER analysis) (Fig. 2).
Acidobacteria are common inhabitants of oligotrophic environments and across the range of soil
pH examined here (pH >9.4, SOC <700 mg/kg dry soil, gravimetric moisture <0.30%),
providing support for the ecological classification of soil bacteria as suggested by Fierer et al.
(2007). Although initially isolated from acidic mineral environments, this phylum is
increasingly recognized to constitute ~20% of most soil bacterial communities regardless of
acidity (Cary et al. 2010, Naether et al. 2012). My sequencing results indicate the presence of 7
Acidobacteria subgroups (1, 3, 4, 6, 7, 10, and 25), along with 21 genera of Actinobacteria (e.g.
Arthrobacter and Pseudonocardia) and 18 genera of Firmicutes (e.g. Alkaliphilus and
Clostridium). The abundance of Nitrospira in mesic habitats is also consistent with our
understanding of dry valley biogeochemistry, as these wetted areas often display elevated
ammonium availability (mean = 0.3 µg/g dry soil) (e.g. Barrett et al. 2009).
Analysis of variance between geochemical groupings indicates a significantly reduced
richness and diversity of bacterial communities at the phylum, order, and genus levels, as well as
Chao1 estimated richness, from locations with high soil pH. Bacterial richness of high
conductivity and mesic habitats were not significantly different. Correlations with soil properties
suggest few parameters with potential explanatory power of phylum-level richness, but a very
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strong relationship between soil moisture and genus-level richness (Table 1). Multiple linear
regression (mixed stepwise selection) was used to examine these results further and confirmed
that bacterial community richness is primarily explained by pH (adjusted R2 = 0.57; SOC and
conductivity as co-parameters) at the phylum level, shifting to water (adjusted R2 = 0.91;
chlorophyll a and conductivity as co-parameters) at the order level, and moisture alone (R2 =
0.91) at the genus level (Table 2). Van Horn et al. (2013) also found context-dependent roles for
edaphic factors in explaining dry valley bacterial richness, in that case across kilometer spatial
scales.
Soil habitats of the McMurdo Dry Valleys have divergent properties that harbor distinct
bacterial communities which in some cases have significantly lower diversity (e.g. alkaline
locations). The explanation of approximately 60% of phylum-level richness by soil pH agrees
with the continental-scale assessment of bacterial biogeography by Fierer and Jackson (2006).
Adjusting the taxonomic resolution to a finer (order or genus) scale provided much more
explanatory power (91%). This result is logical considering the extensive diversity among
prokaryotes at the phylum level and potential difficulty in explaining properties of any such
complex group by only a few parameters. However, such increasing explanatory power with
increasing taxonomic resolution may also suggest a shift from neutral to niche-based controls for
bacteria at the genus level. Additional sequencing effort will be needed to understand the
complex response among diverse microbial taxa and resulting diversity patterns to edaphic
drivers, with particular attention needed to constrain potential variability caused by spatial
relationships among communities. An important consideration for the maintenance and
management of bacterial communities and associated functions should therefore be the
taxonomic level at which different soil properties may elicit effects (Martiny et al. 2013). As our

47

understanding of the functional redundancy of microorganisms continues to be refined,
information linking environmental conditions to specific taxa, or even communities of different
inherent diversities, may provide avenues for the intentional selection of communities capable of
desirable and predictable (e.g. low variability) functioning using knowledge of environmental
controls.
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Figure 1. Distance-based (Bray) redundancy analysis of log (x+1)-normalized phylum-level
bacterial communities, constrained by the independent, square-root-normalized soil properties
soil organic carbon (SOC), pH, and electrical conductivity. Species scores (red text),
environmental parameter biplots, and 95% standard deviation confidence intervals (of
geochemical associated groups) are overlain. Axes indicate the percent of variation explained by
nonindependent, constrained eigenvalues. Site labels indicate region of sampling followed by a
visual estimate of surface primary production noted during sampling (e.g. high, medium, low).
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Figure 2. Relative abundance heatmap of log (x+1)-normalized phylum-level bacterial
communities. Dendrogram of sample sites (average clustering technique) based on community
similarity along left axis; locations color-coded by geochemical association (light blue =
conductivity; blue = soil organic carbon; dark blue = pH). Upper dendrogram depicts clustering
of phyla by co-occurrence.
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Chapter 4: Productivity-diversity relationships in a simple terrestrial ecosystem
Introduction
Terrestrial primary production is the fundamental source of energy within soil foodwebs
for all resident organisms. Variability in the quantity, quality, and timing of organic matter made
available by carbon fixation affects producer and consumer productivity (Lindeman 1942,
Tilman 1982, McNaughton et al. 1989) as well as community diversity and composition (Waide
et al. 1999, Judd et al. 2006). Rates of primary production are also representative of abiotic
processes such as inorganic nutrient availability and biogeochemical activity, to the extent that
production is nutrient limited (Chapin 1980). Quantification of primary production can thus
provide vital information regarding both structure and function within soil ecosystems, an
important understanding as climate change alters the distribution and activity of vegetation.
Arid soils such as those within Antarctica's McMurdo Dry Valleys are model systems for
examining the influence of primary production on soil communities. Here the landscape is
dominated by largely alkaline (pH > 9.0), saline (conductivity >1000uS/cm), and low organic
matter (< 0.03%) soils except where open water along the margins of streams and lakes
ameliorates environmental severity and supports dense cryptogamic mats of cyanobacteria and
moss (Barrett et al. 2009). Turnover of producer biomass reinforces the habitability of these
hotspots by generating measurable levels of organic carbon which promotes the abundance and
diversity of microbial and microfaunal communities (Treonis et al. 1999, Simmons et al. 2009,
Geyer et al. 2013).
Environmental controls over Dry Valley soil diversity have been well described (Adams
et al. 2006, Barrett et al. 2006). However, efforts to measure direct rates of primary production
and link them to other soil functions or community diversity have been few, as rates of carbon
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fixation are near levels of instrumental detection. Instead, productivity has been inferred from
measures of chlorophyll concentrations, standing stocks of microbial biomass or organic matter,
and gas (CO2) flux estimates. The latter has indeed provided estimates of production originating
from multiple terrestrial producers and habitats such as cryptoendolithic lichens (0.6g C/m2/y;
Friedmann et al. 1993), wetted lake margins (19.6g C/m2/y; Elberling et al. 2006), Nostoc
cyanobacterial mats (21.0g c/m2/y; Novis et al. 2007), and the average arid soil environment
(1.0g C/m2/y; Elberling et al. 2006). The availability of new approaches to directly measure
photosynthetic activity (e.g. using pulse amplitude modulated (PAM) fluorometry) provides a
unique opportunity to compare analytical techniques and further refine estimates of the energetic
basis of dry valley foodwebs.
Here I present the results of a field survey in the McMurdo Dry Valleys where two
ecologically significant soil functions were measured along a broad environmental gradient
previously demonstrated as an important driver of biotic diversity and activity (Geyer et al.
2013). First, PAM fluorometry was used to provide estimates of primary productivity from
among the most and least productive dry valley soils. Second, exoenzyme activity assays were
performed to provide an indication of the primary decompositional pathways within these soils.
The activity of five enzymes that target a diversity of natural organic substrates (e.g. starch,
cellulose, chitin, lignin, and proteins) was measured to specifically examine how carbon
utilization changes between soil habitats and also infer the diversity of organic substrates.
Finally I discuss the overall significance of primary production within a low organic matter
ecosystem towards influencing subsurface processes and community structure, and promising
avenues for using PAM fluorometry in conjunction with other techniques to constrain rates of
primary production (and its sensitivity to environmental factors) within arid systems.
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Site Description and Methods
Field surveys were conducted in Taylor Valley, a site of particular research interest
within the larger McMurdo Dry Valleys, Antarctica. Severe abiotic conditions restrict biological
activity within this region to an approximately 6-8 week austral summer period during which 24hour radiation boosts air and soil surface temperature (10°C and 25°C maxima, respectively;
(Doran et al. 2002) and stimulates the melting of ice and snow to yield free water. Cryotolerant
organisms such as cyanobacterial mats are reactivated and, in some cases, can resume
photosynthesis and nitrogen fixation with minutes of rehydration along the soil surface
(McKnight et al. 2007). Underground, a surprisingly diverse assemblage of microbes exists
alongside only a limited variety of microarthropods at the apex of the foodweb (Adams et al.
2006, Takacs-Vesbach et al. 2010).
Primary production in this region is primarily performed by communities of
cyanobacteria, moss, lichens, and eukaryotic algae often distinguished by their habitat of
specialization. For instance, a diversity of lithophytic cyanobacteria (e.g. families Nostocaceae
and Oscillatoriaceae) are commonly broken into subgroups as hypolithic, endolithic, and
epilithic according to the type of rock surface colonized (Broady 1996, Pointing et al. 2009).
Cyanobacteria and fewer than ten species of moss frequently form dense cryptogamic mats along
the wetted soil margins of streams, lakes, and snowpacks (Seppelt and Green 1998, Adams et al.
2006). Because of the lack of prominent morphological characteristics easily available for infield identification, many mat-forming colonies are distinguished by morphotypes of color (e.g.
black, orange, red) and/or physical location (e.g. wetted stream margin, submerged aquatic)
(Broady 1996, Alger et al. 1997).
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Field surveys during the austral summer of 2010/2011 from Taylor and Wright Valleys
yielded soils associated with a productivity gradient ranging three orders of magnitude in surface
chlorophyll a (0.30 - 270 µg/g dry material). Across this gradient I observed an increase in soil
moisture, organic carbon, invertebrate abundance, microbial biomass carbon, and diversity of
bacteria with productivity (Geyer et al. 2013). The activity of two common carbon-acquiring
microbial exoenzymes (α- and β-glucosidase) were also positively associated with soil
productivity, suggesting that productive habitats are functionally more active with respect to
organic matter decomposition because of the preponderance of organic substrates, enhanced
habitat suitability and subsequent activity or biomass of decomposers, or perhaps both.
Here I report the results of field sampling performed during the austral summer of
2012/2013 of 15 locations representing three broad categories of productivity (e.g. low,
intermediate, high) as described by Geyer et al. (2013) from the above-described productivity
gradient. Triplicate soils were collected from within a 2.5m2 area of each location such that
surface cryptogams were stored separately as replicates and subsurface soils (to a depth of 5cm
per pit) combined to produce one composite sample (~ 500g) per location. Ten grams of soil
from this composite sample was immediately preserved in a sucrose-lysis buffer for nucleic acid
stabilization (Mitchell and Takacs-Vesbach 2008). All samples were frozen at -20°C (molecular
samples -80°C) within 48 hours of collection. Locations ranged from meters to tens of
kilometers apart. More general information on these locations (sourced from five regions - Site
ID # 8, 9, 11, 12, 15) can be found in Appendix A1 (Geyer et al. 2013).
Chlorophyll a concentrations were measured spectrophotometrically from the acetone
extract of dried, 2mm sieved soil/cryptogam material (sensu Castle et al. 2011 and Geyer et al.
2013). A 1:2 and 1:5 soil/water slurry was used to assess soil pH and electrical conductivity,
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respectively, using standard procedures developed for this region (Nkem et al. 2006). Soil water
content was determined gravimetrically by oven-drying for 48 hours at 105°C. Soil nitrate and
ammonium concentrations were found using a 2M KCl soil extraction and subsequent Lachat
QuikChem 8500 Flow Injection Analyzer (Lachat Instruments, Loveland, CO, USA) assay of
centrifuged extracts (QuikChem Methods 10-107-04-1-B for nitrate-N; 10-107-06-1-G for
ammonium-N). Chloroform-labile carbon was used as an indication of soil microbial biomass
and involved a 5-day fumigation of soil samples with gaseous chloroform (Cheng and Virginia
1993). Paired fumigated and non-fumigated samples were then extracted with a 0.5 M K2SO4
solution and final extracts analyzed for total organic carbon using a OI Model 1010 Total
Organic Carbon Analyzer (OI Analytical, College Station, TX, USA), where final chloroformlabile carbon was calculated as the difference between fumigated and nonfumigated total soil
organic carbon.
Potential soil extracellular enzyme activity was assayed for five carbon and nitrogen
acquiring enzymes (Table 1) to characterize the diversity and magnitude of hydrolytic and
oxidative decompositional pathways (Sinsabaugh and Shah 2011). Indirectly, these measures
may also serve as an index of organic matter complexity (Tscherko et al. 2003). Hydrolytic
activity was measured using 0.5 g soil incubations in the presence of labeled substrates and 50
mM NaHCO3 buffer (pH = 8.2) following the methods of Zeglin et al. (2009). Oxidative assays
underwent similar treatment, although standards were created by reacting a known mass of L3,4-dihydroxyphenylalanine (L-DOPA) with horseradish peroxidase from which a standard
curve (dilution series) of the product was used to infer activity within field samples. For all
assays, triplicate samples were incubated at room temperature on a platform shaker (250 rpm) for
a minimum of 2 h and enzyme-induced fluorescence (hydrolytic enzymes) measured by
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excitation (365 nm) and emission (450 nm) or light absorbance (oxidative enzyme) measured by
absorbance (460nm) using a Tecan Infinite M200Pro plate reader (Tecan, Mannedorf, Zurich,
Switzerland). In addition to sample incubations, control (buffer only), substrate (substrate +
buffer), and standard (standard + buffer) references were analyzed to account for other sources of
fluorescence. Final activity was normalized to sample microbial biomass carbon and expressed
as activity (nmol of substrate cleaved) h-1 g MBC-1.
Bacterial diversity was estimated using a terminal restriction fragment length
polymorphism (TRFLP) procedure, a conservative estimate of broad (phylum) level diversity
(Thies 2007). DNA was extracted from soils using a modified cetyltrimethylammonium
bromide (CTAB) procedure that involves a mixture of 1% CTAB, 10% sodium dodecyl sulfate,
phenol/chloroform/isoamyl alcohol (pH = 7.5), lysozyme (0.2 µg/µL), and proteinase K (20
µg/µL) with ~0.75 g soil. PCR amplification took place in triplicate using a standard 2 µL of
diluted template, 0.025 units/µL of Taq Hot Start Polymerase (Promega Corporation, Madison,
WI, USA), and the universal bacterial primers 8F (5’-AGAGTTTGATCMTGGCTCAG-3’) and
519R (5’-ACCGCGGCTGCTGGCAC-3’), the forward primer labeled with a 5’ 6-FAM
fluorophore (Integrated DNA Technologies, Coralville, IA, USA). Amplification reaction
conditions were previously optimized for these soils by Geyer et al. (2013). Successful
amplification (13 of 15 samples) were digested with HaeIII (New England BioLabs, Ipswich,
MA, USA) in triplicate for 3 h at 37°C following manufacturer’s suggested protocols. Fragment
separation/quantification took place in quadruplicate with an ABI 3130xl Genetic Analyzer
(Applied Biosystems, Carlsbad, CA, USA) and fragments binned using the GeneMarker software
AFLP protocol. Resulting sample profiles were standardized using the procedures outlined in
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Dunbar (2001) to produce both a consensus profile among replicates and final normalization of
all sample profiles by total sample fluorescence.
A MINI-PAM (Walz) pulse-modulating fluorometer was used to examine rates of surface
cryptogam production for 12 locations. The PAM fluorometer uses saturating light to induce a
measurable change in fluorescence directly proportional to the drop in photochemical quenching
which results from the instantaneous light-induced reduction of the photosystem II (PSII)
electron transport chain. The key measurements I obtained from the PAM were effective
quantum yield of PSII (YII) and electron transport rate (ETR). Additional measures of photon
flux density (photosynthetically active radiation, or PAR) and temperature at the cryptogam
surface were also obtained. YII is the proportion of incident light used to drive the
photochemistry of photosynthesis (Ritchie and Bunthawin 2010) while ETR is derived from the
product of YII, PAR, and two factors which account for a photon allocation factor between PSI
and II (0.5) and a mean absorptance factor (0.84) previously described for a variety of plants.
ETR (µmol/m2/s) = YII x PAR x 0.5 x 0.84
ETR is thus an estimate of the rate of electron passage through PSII. Because 4 electrons pass
through PSII per oxygen molecule produced in photosynthesis, estimates of gross
photosynthesis, or more accurately photosynthetic capacity, were calculated using:
GPP (µmol O2/m2/s)L = 1/4 ETR
A strong linear relationship between ETR and gross photosynthesis has also been previously
demonstrated for Antarctic mosses (Green et al. 1998), although authors suggest the relationship
may be coincidental due to the unique stress adaptations for such poikilohydric organisms.
Data analysis (correlation, t-tests, ANOVA, and simple/multiple linear regressions) were
performed using SAS JMP. The normality of studentized residuals was examined and, if found
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significantly non-normal by Shapiro-Wilks test, either log10 (e.g. all enzyme activity values) or
square-root transformed. Spearman correlation was used to assess pairwise interactions between
all variables because of the presence of some nonlinear (monotonic) relationships. Multiple
regression was performed using mixed stepwise selection of model parameters (α = 0.15) with all
variance inflation factors <10. Both TRFLP fragment abundances and enzyme activities were
used in calculations of Shannon-Weiner diversity indexes. Enzyme diversity calculations
exclude the rate of leucine aminopeptidase (nitrogen acquiring) to provide a metric of carbonacquiring enzyme activity from which the diversity of organic substrates could be inferred.
Results
Soil parameters for these 15 locations fall within ranges observed in previous studies
(Barrett et al. 2009, Geyer et al. 2013). Significant trends exist in the magnitude of parameters
between zones of soil productivity as determined by non-hierarchical k-mean clustering of all 15
locations according to soil moisture content (Table 2). Properties associated with environmental
severity, such as electrical conductivity (mean = 43.6 µS/cm) and pH (mean = 8.67), are
positively correlated with one another and negatively correlated with properties of mesic
(moisture-influenced) soil conditions, such as chlorophyll a (mean = 0.88 µg/g dry material),
microbial biomass carbon (mean = 12.71 µg C/g dry soil), and bacterial (TRFLP) diversity
(Table 3). Soil moisture values ranged over an order of magnitude and chlorophyll a
concentrations over two orders of magnitude.
Ecosystem functions also show clear trends along this productivity gradient. As
expected, PAM measures of YII and ETR were both positively associated with soil moisture and
chlorophyll a, a strong suggestion that mesic sites are productive on both short (second) time
scales as well as longer (weekly) scales as evidenced by YII/ETR and chlorophyll results,
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respectively. ETR was significantly predicted by both PAR and temperature levels in a positive
linear fashion (r2 = 0.68; r2 = 0.24; Fig. 1). Although the relationship with PAR is largely
expected (given that light intensity is a factor in calculating electron transport rate), both
relationships are consistent in magnitude with the findings of Green et al. (2002) for photobionts
from a more temperate clime.
As additional proof of concept for the utility of PAM fluorometry in measuring rates of
production in this system, I also examined instantaneous differences in PAM values between
moss tufts at one sampling location for a small number of samples (n ≤ 7), which were visibly
different in physical state (Table 4). For example, scraping the upper surface of both wetted
(within wetted soil margin) and dried (outside of wetted soil margin) mosses indicated that both
YII and ETR were significantly higher (paired t-test, p < 0.05) before disturbance, with no
concomitant effect on measured temperature or PAR. In a comparison of wetted and dry moss
(both undisturbed), however, ETR was significantly higher (t-test, p < 0.01) in dry moss while
YII was not. The difference in ETR appears to be due to higher PAR associated with dry moss
(t-test, p < 0.001). Lastly, a comparison of green versus black moss (both wetted) indicated
black moss to have a higher ETR and YII (t-test, p < 0.05) with no difference in PAR or
temperature between the two morphotypes.
Significant patterns in enzyme activity were also observed in soils collected from across
the productivity gradient (Fig. 2). POX and LAP (lignin- and protein-degrading enzymes,
respectively) both exhibited a negative correlation with soil water content, as activity tended to
be highest in the most arid habitats (a result observed previously for these soils (Zeglin et al.
2009). Activity of AG and BG (starch- and cellulose-degrading enzymes, respectively) had an
opposite trend with the highest values found in productive soils, while NAG (chitin-degrading)

65

activity showed no obvious trend (Fig. 3). An index of overall enzyme diversity was calculated
using the Shannon-Weiner equation to highlight the relative change in evenness of carbonacquiring enzyme activity (excluding nitrogen-acquiring LAP), as has been previously used
(Tscherko et al. 2003). Enzyme diversity had a significant positive relationship with soil
moisture (r2 = 0.34; p < 0.05) and significant negative relationship with pH (r2 = 0.32; p < 0.05).
This result is a consequence of higher POX activity (as indicated by the relative abundance of
standardized enzyme activities; Fig. 2) in arid soils, which is gradually replaced by a more even
activity of all enzymes in productive soils. LAP activity did not correlate with any estimates of
soil nitrogen pools (either nitrate-N or ammonium-N).
Discussion
Environmental gradients are a key feature of arid environments (Noy-Meir 1973) and are
often targeted for investigation because of the altered diversity and functioning common to such
"resource islands." Such hotspots of diversity have been well characterized by their community
composition within McMurdo Dry Valley soils (Simmons et al. 2009, Zeglin et al. 2011),
although rates of biogeochemical processes have received less attention. Here I contribute to this
characterization of environmental gradients by quantifying the rates of certain key functions that
promote and reinforce the habitability of otherwise hyperarid Antarctic soils.
PAM fluorometry was used to measure the rate of PSII electron transport rate (ETR),
from which I calculated gross primary production (GPP). Moisture gradients result in
predictable increases in GPP, organic carbon, and chlorophyll a concentrations. To examine this
more closely, the means of these measures were compared after being clustered into three classes
of productivity (k-means non-hierarchical procedure) based on soil moisture levels, the primary
soil parameter responsible for promoting producer biomass and carbon fixation (Table 2). GPP,
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organic carbon, and chlorophyll a peaked in the wettest soils that supported the most dense
cryptogam mats where average GPP was 6.97 µmol O2/m2/s (with a maximum of 17.74 µmol
O2/m2/s for one location). Assuming one mole of simple carbohydrate is produced for every six
moles of oxygen liberated during photosynthesis, a 50% carbon content of photosynthate, and a
50% respiratory carbon loss during fixation (i.e. net primary productivity, NPP), this is
equivalent to a NPP rate of 0.29 µmol C/m2/s. Considering that some wetted soils of Taylor
Valley contain highly concentrated amounts of organic matter (e.g. up to 257g C/m2; Moorhead
et al. 2003), producer mats must require years (≥ 14) of suitable environmental conditions to
generate observed organic matter levels assuming only 60 growing days per year (although
evidence suggests that the provenance of some soil carbon, particularly more stabilized pools,
may be the legacy of ancient Dry Valley productivity as well (Barrett et al. 2005)).
Average rates of gross primary production for the least productive soils (0.27 µmol
O2/m2/s), again assuming a 50% respiratory loss, would generate equal rates of NPP and
respiration at 0.135 µmol O2 (or CO2)/m2/s. This is a very close approximation of the soil
respiration rates measured previously for arid dry valley soils (0.11 µmol CO2/m2/s) and even for
those experimentally wetted (0.12 µmol CO2/m2/s) (Burkins et al. 2001). The consistency of
these findings should encourage future work to pair PAM fluorometry with soil CO2 flux
measurements to attempt discriminating rates of GPP, NPP, and respiration for producer
communities at higher spatial and temporal resolution (Green et al. 1998, Pannewitz et al. 2006).
Various physical states of nearshore moss communities also displayed differences in
PAM measurements. Visibly dry mosses had significantly higher ETR than wetted mosses, with
differences in light intensity the most likely explanation. Reduced PAR near the surface of wet
mosses may result from reflection by surface water films while the dry surface of others may
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permit unimpeded light usage. This result would suggest that although soil moisture positively
influences overall rates of ETR across broad productivity gradients, the response may become
unimodal in that overwetting could eventually reduce ETR should light reflectance become a
significant loss of incoming radiation. Reduced productivity for water-saturated mosses may
also be linked to a depression in CO2 exchange (Pannewitz et al. 2006). Significantly higher
ETR and YII for black (versus green) moss patches may also be related to light even though
measured PAR was not different between these moss types. Instead, the black exterior of some
patches may represent an adaptation to avoid the adverse effects of ultraviolet radiation through
darkened photopigments (Green et al. 2005). More field surveys will be necessary to further
investigate these conclusions, but both cases underscore the potential utility of PAM fluorometry
for understanding the functional variability both within and among cryptogam communities.
Interestingly, while ETR and GPP values appear to provide valuable measures of soil
productivity, they did not significantly correlate with chlorophyll levels (Table 3). This would
suggest that the better measure of soil productivity may depend on the temporal scale of
inference. Concentrations of chlorophyll best reveal slow producer biomass accrual (from days
to weeks) from which can also be inferred stable periods of producer maintenance, growth, and
likely the subsidization of fixed carbon to soils beneath. ETR and GPP values, however, provide
instantaneous measures of producer performance under immediate light, temperature, moisture,
etc. conditions. The sensitivity of producers to rapid environmental change, identification of
potential production-limiting stressors, and repeated (non-invasive) long term measures of diel or
even seasonal fluxuations in productivity of sample plots may be the best uses of PAM
fluorometry. Indeed, previous work has identified certain PAM measures that reveal the effects
of stress and damage to photosystem functioning (Schreiber 2004).
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Patterns in enzyme activity across the productivity gradient indicate distinct shifts in the
nature of decompositional pathways as well as organic matter pool complexity. The most arid
locations exhibited low evenness in an index of carbon-acquiring enzyme diversity, as the
activity of phenol oxidase constituted the majority of overall activity despite the absence of
vascular plants (and lignified organic compounds) to this system. However, recalcitrant
substrates may be found within hyperarid soils in the form of legacy organic matter derived from
ancient high-stands of a proglacial lake during the Last Glacial Maximum in Taylor Valley (Hall
et al. 2000) and may be an important energetic source. In a broader sense the activity of
oxidative enzymes worldwide has been found to be greater in drier, more alkaline soils, perhaps
a consequence of high mineral surface stability (Zeglin et al. 2009) or higher phenol solubility
(Sinsabaugh 2010). LAP was also relatively more active in arid rather than more mesic
locations, perhaps indicating greater nitrogen limitation, reduced substrate (protein) availability,
or potentially a higher enzyme reactive efficiency at increased pH as suggested by Sinsabaugh et.
al (2008). Together the predominance of recalcitrant organic substrates and low nitrogen
availability in arid soils would seem to translate into low diversity, low activity communities for
such habitats.
Soils of high water content and chlorophyll concentration displayed a more even carbonacquiring enzyme diversity largely due to the increased activity of AG and BG enzymes. The
diversity of organic compounds can thus be inferred to be higher in more productive regions, a
logical conclusion considering the presence of greater producer biomass and diversity (Orwin et
al. 2006). Increased diversity of organic compounds may therefore be an additional factor
influencing the diversity of prokaryotic communities for such ecosystems (Grayston et al. 1998),
as enzyme diversity and bacterial diversity are positively related (Fig. 3). Niche differentiation
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among microorganisms for various substrates, particularly those that may be decomposed only
via specialized enzymatic pathways, may be a mechanism responsible for increases in microbial
diversity, along with increased resource availability. Distinguishing the relative effects of
resource quantity and quality remains an important direction for further research for establishing
important drivers of microbial community diversity.
The measurable rates of primary production I report, even within drier habitats, provide
evidence that in-situ carbon fixation is occurring widely across the McMurdo Dry Valley
landscape with effects on soil communities and biogeochemical signatures. Changing enzyme
activity along a productivity gradient also highlights higher potential organic matter complexity,
an unforeseen factor which may promote microbial diversity. My estimates for annual NPP of
the most productive dry valley soils indicate a yield of ~18 g C/m2/y, assuming only 60 days per
year that are suitable for production. Overall the Dry Valley landscape should have a much
smaller aggregate estimate of average soil productivity (once arid soils are factored), likely much
less than the global desert mean of 80 g C/m2/y (Waide et al. 1999). And yet in spite of these
low rates a diverse and active microbial community persists here, providing testament to the
strength of interaction between environmental conditions (climate, resource quantity/quality,
geochemical severity), ecosystem functioning (production, decomposition), and biotic diversity.
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Chapter 5: Synthesis
Conclusions
Research surrounding the physical distribution of microorganisms and the functional
significance of these communities has become an emerging societal topic within the fields of
human health and nutrition (Huttenhower et al. 2012). Ecologists are poised to ride this wave of
public interest and technological advancements to ask increasingly powerful and tractable
(although largely the same) questions about environmental (non-human) communities, such as
the factors primarily responsible for community composition and the functional significance of
microbial activity (van der Heijden et al. 2008). The answers to these questions will provide
insight into ecologically and economically vital services mediated by the "unseen majority,"
particularly in soil systems which can be rapidly tipped between carbon source or sink as the
relative rates of decomposition and production fluctuate. Understanding what role microbes play
in this balance is therefore a key part of managing ecosystem services and mitigating the
negative effects of climate change.
Throughout my dissertation, I utilized the McMurdo Dry Valleys of Antarctica as the
focus of research because of the 1) simple trophic structure and lack of vascular plants; 2)
primarily abiotic controls over the presence and activity of microbes due to resource limitation
and severe climatic conditions; 3) and pronounced environmental gradients that exist across short
(meter to submeter) scales. Ultimately these landscape characteristics allowed me to generate
conclusions about bacterial biogeography that were robust and are likely generalizable to soils
beyond the polar desert. Although the magnitude of environmental effects on microbial
communities may differ by region, the soil factors of temperature, moisture, resource
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availability, and pH remain among the most frequently implicated drivers of community
variability worldwide (Fierer and Jackson 2006, Martiny et al. 2006).
Environmental controls over the distribution of bacterial taxa are very strong in the dry
valleys. Chapter 2 summarizes these effects, highlighting in particular the relative effects of
resource availability and geochemical severity. Similar to diversity patterns for plants and
animals, bacterial diversity (i.e. taxonomic richness) demonstrated a positive polynomial
relationship with a limiting resource (organic carbon; Chapter 2 Fig. 6). This suggests an
environmental filter exists for the most arid soils which limits community richness. However,
the beneficial effects of resource availability plateaus near the peak of organic carbon
concentrations, potentially because of biotic interactions among populations with different
inherent substrate use efficiencies which may cause competitive exclusions (Michalet et al.
2006). Because these are also the mechanisms used to explain unimodal relationships between
macroorganisms and resource availability, there is evidence here that theory behind plant and
animal biogeography may also apply to soil bacteria.
In contrast to community richness, structure (i.e. similarity) was more significantly
affected by environmental severity. Communities most dissimilar to the multivariate norm
(centroid) were strongly associated with electrical conductivity and pH (Chapter 2 Fig. 5). In
Chapter 3 I investigate this more closely by selectively pyrosequencing bacterial DNA isolated
from 3 divergent soil habitats (high pH, conductivity, and organic carbon regions). Alkaline
soils of low moisture and organic carbon availability contained a significantly reduced diversity
that contained higher proportions of Acidobacteria and Actinobacteria, the former phylum
having been previously suspected to contain common oligotrophs (Fierer et al. 2007). The
sequenced diversity of the organic carbon and high conductivity regions did not differ, although
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their composition indicated a shift from Nitrospira to Firmicutes, respectively, again
highlighting that environmental selection for taxa even at the broadest taxonomic resolution
(Chapter 3 Fig. 2). In sum, the consequences of environmental change on bacterial communities
appears to depend on the nature of change, where resource availability modifies community
diversity while environmental severity predominantly alters composition. The ramifications of
these effects will ultimately depend on the degree to which community diversity and/or structure
impact processes such as nitrogen cycling. Nitrospira, for example, is an important mediator in
the steps of nitrification yet is found in higher relative abundance only within more mesic
habitats.
I examined in Chapter 3 associations between environmental properties and bacterial
diversity at different levels of taxonomic resolution (Chapter 3 Table 2). Sixty percent of
phylum-level richness was explained primarily by pH, while greater than 90% of order- and
genus-level richness was explained primarily by moisture. These results underscore the
magnitude of environmental controls over community diversity in this system but also suggest
the changing role of neutral effects on community dynamics. Assuming that unexplained
variability in richness is largely attributable to niche-independent processes such as speciation
and dispersal, a decrease in neutral effects is evident at finer taxonomic resolution. Thus,
environmental change may be more likely to cause predictable changes in community diversity
at fine scales, along with functions phylogenetically dispersed among many narrowly-defined
taxa (e.g. simple carbon substrate use). Conversely, functions that are deeply rooted within a
few broad clades (e.g. oxygenic photosynthesis, methanogenesis) may be more responsive to
variation in pH or otherwise neutral effects (Martiny et al. 2013).
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A simultaneous examination of bacterial community structure and functional responses to
environmental gradients was performed in Chapter 4. Pulsed amplitude modulation (PAM)
fluorometry was used to quantify rates of primary production along a productivity gradient
extending into even the most arid soils, yielding measures previously undetectable by other
techniques. PAM values were strongly correlated with chlorophyll a concentrations as well as
moisture, evidence that both factors may be valuable means of characterizing soil productivity in
the dry valleys (Chapter 4 Table 3). Ultimately the most valuable measure of productivity will
be dependent on the level of inference; while chlorophyll levels may provide a better indication
of day-to-week variability in carbon fixation, PAM fluorometry is more appropriate for
examining instantaneous or diel fluctuations in production that may result from rapid changes in
light, moisture, or temperature conditions.
Irrespective of the technique used to quantify production, this gradient (as in Chapter 2)
was again associated with a positive increase in bacterial diversity. Additionally, I found a
positive increase in the diversity of carbon-acquiring enzyme activity (Chapter 4 Fig. 3), a
surrogate measure for the overall complexity of the organic matter pool (Tscherko et al. 2003).
The most arid soils exhibited an uneven level of overall activity due to the predominance of
phenol oxidase and leucine aminopeptidase activity, an indication that this environment is
characterized by a complex organic matter pool with possible nitrogen limitations. Mesic
habitats showed a higher overall enzyme diversity because of the higher activity of alpha- and
beta-glucosidase, a likely result of the activity and senescence of cyanobacterial and moss
biomass. This result would also suggest that, in addition to organic carbon availability, the
higher diversity of organic substrates may play a role in promoting bacterial diversity by creation
of specialized resource niches (Grayston et al. 1998).
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Future Directions
Continued investigation of microbial biogeography would benefit from further
application of theory established for plant and animal communities. Productivity-diversity
relationships appear to be among the first "universal" patterns for biota (Mittelbach et al. 2001)
and may encourage additional efforts to place an ecological context around microorganisms. An
understanding of microorganisms that included functional guilds, ecotypes or niche specialists,
r/K strategists, or even native/exotic taxa to certain habitats would provide the framework for
developing a practical (i.e. managerial) guide to how communities assemble, maintain
themselves, and function.
Distinguishing the relative effects of resource availability and complexity is another
important step that will require careful experimentation. While some taxonomic groups are
believed to fit predictably along an oligotroph/copiotroph spectrum (Fierer et al. 2007), there is
sufficient evidence to suggest that resource identity may play an equal role in determining
community composition (Orwin et al. 2006, Hernandez and Hobbie 2010). Changing climatic
conditions are likely to cause changes in the amount of carbon allocated belowground by plant
communities, as well as changes to the diversity of plant communities (and thus litter
stoichiometry and recalcitrance) themselves. What feedbacks may result as a consequence of
this depends largely on the microbial intermediaries which process this litter. Recent literature
has suggested that substrate complexity, in conjunction with matrix stabilization, is the primary
factor determining the eventual fate of carbon during decomposition (e.g. mineralization or
incorporation into stable organic matter) (Cotrufo et al. 2013). Reconciling the nexus of organic
matter quantity/quality, microbial diversity, and ecosystem functions should be the next direction
for future research.
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APPENDIX B. BACTERIAL DIVERSITY OF SOIL HABITATS

Appendix B1. Rarefaction curves of 12 pyrosequenced samples. Lowest species (sequence)
abundance (5189) was used to rarefy all communities.
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