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ABSTRACT 

 
 

Body adiposity is generally considered the most pertinent factor in puberty 

attainment; however, recent data suggests that pre-pubertal reproductive tract 

development may be altered by dietary sugar consumption. Two experiments 

were conducted to delineate the direct effects of fructose on the maturation of the 

pre-pubertal reproductive tract and fertility. At three weeks of age, forty gilts were 

placed on one of five dietary treatments (n=8) containing 15% fat (FAT), 35% 

fructose (FRU), both fat and fructose (HFHF), or two different controls: one 

standard industry (IND) diet meant to result in optimal lean growth and a second 

diet to account for the reduced lysine (LYS) intake in the treatment diets. Body 

weights did not differ amongst any of the five treatments on the day of sacrifice 

(P=0.32). As a percentage of BW, total reproductive tracts were heavier in 

fructose fed gilts (1.3±0.1 v. 0.8±0.1%; P=0.01) compared to non-fructose gilts.  

In the second experiment, starting at 130d of age, gilts were checked twice daily 

for puberty attainment. Gilts that attained puberty were artificially inseminated 

(AI) on their third estrous cycle. On gestational day 38±3, pregnant gilts were 

harvested for reproductive tract collection. Fewer fructose fed (FRU and HFHF) 

pigs became pregnant than non-fructose fed (IND, LYS, and FAT) gilts (25% v. 

75% respectively; P=0.03). All HFHF gilts failed to become pregnant. Placental 

weights were greater in LYS fetuses than FAT fetuses (79.07 ± 6.55g v. 47.26 ± 
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6.45g, respectively, P= 0.04). Taken together, these results demonstrate that 

fructose consumption increases reproductive tract size, but that reproductive 

capabilities are reduced. 
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INTRODUCTION 

 
Puberty has traditionally been linked with body condition. However, 

previous work from our laboratory suggested that inclusion of sugars in diets fed 

to gilts accelerated reproductive tract development independent from body 

adiposity. These changes in reproductive tract development may be used 

beneficially in agriculture and as a research model for humans.  

Rates of obesity have been increasing since the 1970’s. Obesity rates in 

children ranged 5-6.5% in 1976 (Ogden et al., 2010). As of 2010, 16.9% of all 

children between 2-19 years old were considered obese (Flegal et al., 2012), and 

32.9% of those diagnosed children between 6-18 were defined as centrally 

obese, or having excess abdominal adipose tissue; (Xi et al., 2014).  Among 

adults, 35.5% of men and 35.8% of women were considered obese (Ogden et 

al., 2012). These obese individuals are at risk for metabolic, cardiovascular, and 

reproductive diseases (Kahn et al., 2005). 

Sow herd productivity may be improved by hastening puberty. Gilts bred 

on their third estrous cycle have larger litters than gilts bred on their first estrous 

cycle (MacPherson et al., 1977), and lifetime productivity is greater in sows that 

reach puberty at a younger age (Patterson et al., 2010; Saito et al., 2011). Gilts 

that achieve early puberty are more likely to have larger litters than gilts that 

achieve puberty at a later age and are less likely to be culled from the breeding 

herd before their third parity (Tummaruk et al., 2001; Kummer et al., 2006; Young 

et al., 2008). The number of estrous cycles before breeding, body adiposity, and 

weight all influence the breeding success of a gilt.   
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High breeding herd retention rates are important for maximizing profits for 

producers. A sow must remain in the herd until her third parity before she 

reaches positive net present value (Stalder et al., 2002), so sows removed from 

the breeding herd before the third parity represent a monetary loss to the 

producer. The most common reason for sows to be removed from the breeding 

herd is reproductive failure. From 1996-2007, reproductive failure, including 

anestrous, accounted for half of the sows that are removed after their first parity 

(Engblom et al., 2010). Methods for improving reproductive function  in gilts 

before they enter the breeding herd are essential for improving swine production. 

Characterization of the reproductive status of obese pigs may reveal 

important insights into the physiological aberrations responsible for reproductive 

disorders experienced by overweight humans and pigs. Obesity is well known to 

disrupt normal endocrine function.  If this disruption occurs prior to puberty, it can 

be detrimental to fertility and either hasten or delay the attainment of puberty. For 

these reasons, two experiments were conducted to delineate the direct effects of 

fructose on 1) the maturation of the pre-pubertal reproductive tract and 2) the 

attainment of puberty and reproductive success. 
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CHAPTER 1. Literature Review 

 
 Reproductive performance is one of the most influential factors affecting 

sow productivity and producer profitability (Engblom et al., 2010). It is important 

to understand how attainment of puberty may be manipulated to enhance 

reproductive performance. Folliculogenesis begins before puberty, or sexual 

maturation, and the subsequent estrous cycles after puberty are affected by 

several environmental factors, including nutrition (Cox et al., 1994; Soede et al., 

2011). In order to have a successful pregnancy, the sow must recognize and 

respond to the conceptuses; lack of response by mother can lead to pregnancy 

failure. Fetal development is also affected by nutrition. Reproductive function and 

fetal development may be altered by changes in metabolism and diet (Ostrup et 

al., 2011). Obesity and metabolic syndrome are also factors affecting human 

reproduction (Anderson et al., 2014). Because swine are useful models for 

studying human metabolic disorders, they may be used to understand how diet 

and obesity affect reproductive function in humans as well (Spurlock and Gable, 

2008; Litten-Brown et al., 2010). 

Estrous 

 
The estrous cycle in pigs is an average of 21 days long. The first part of 

the estrous cycle, prior to ovulation, is termed the follicular phase and is 

characterized by follicular growth and maturation. The second part of the estrous 

cycle occurs after ovulation and is characterized by corpora lutea (CL) on the 

ovaries and progesterone production (Soede et al., 2011).  
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Puberty in gilts is typically achieved between 150-220 days of age when 

the estrous cycle and ovulation first occur. The estrous cycle is divided into two 

general phases: the follicular phase, which is a period of follicular growth; and the 

luteal phase, a period dominated by corpora CL. The luteal phase commences 

immediately after ovulation. Progesterone (P4) concentrations at this time are low 

because CLs are just beginning to form, and inhibin and estradiol (E2) are low 

because follicles have just ovulated. This relative lack of hormones removes the 

negative feedback on follicle stimulating hormone (FSH). Follicle stimulating 

hormone briefly increases and small and medium (1-4mm) antral follicles are 

recruited. As the follicles grow, inhibin from these small follicles increases, 

reducing FSH again. At the same time, CL are forming independently of 

hypothalamic input in place of the ovulated follicles and begin producing more P4 

(Soede et al., 2011). Corpora lutea reach maximal size, between 6-10g, around 

one week after ovulation. Progesterone reaches peak concentrations eight to 

nine days after ovulation. About fourteen days after ovulation, CLs undergo 

luteolysis, P4 production decreases, and the follicular phase begins (Soede et al., 

2011).  

The follicular phase is four to six days long.  Plasma E2 concentrations 

begin to rise rapidly after P4 levels decrease. Large antral follicles are selected 

for ovulation. The large follicles, approximately 7mm in diameter, will produce E2 

that provides positive feedback on the hypothalamus for release of luteinizing 

hormone (LH) in increasingly higher amplitudes. A surge of LH will begin to 19-21 

days after the previous ovulation, and LH secretion will peak approximately 44 
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hours from the beginning of the surge. After the LH surge, the gilt will be 

physically receptive, or in estrus, for 24-96 hours (Soede et al., 2011). Ovulation 

of the dominant follicles will occur over a six hour period during the last two-thirds 

of estrus (Soede et al., 2011). 

Folliculogenesis 

 
Folliculogenesis is the process undergone by oocytes and their supporting 

cells in preparation for ovulation. Follicular development is initially regulated by 

numerous growth factors. Follicles are influenced by gonadotropins after antral 

development, and prepubertal gilt ovaries have been shown to respond to 

gonadotropin treatment (Knox, 2005).  

Ovulation and estrus first occur at the attainment of puberty, and then 

usually continue in regular 21 day cycles until the follicle pool is depleted. Before 

the first ovulation, ovaries are already undergoing follicular development and 

atresia. Follicles begin as primordial follicles (Knox, 2005). A primordial follicle 

contains an oocyte arrested in prophase at meiosis I, surrounded by a layer of 

squamous pre-granulosa cells. These primordial follicles will undergo the 

transition to primary follicles without the influences of gonadotropins. Instead, 

factors such as insulin, kit ligand, basic fibroblast growth factors, platelet derived 

growth factor, leukemia inhibitory factor, bone morphogenic proteins, and growth 

differentiation factors stimulate the primordial follicles to transition to primary 

follicles. The surrounding pre-granulosa cells will then take on a cuboidal shape, 

undergo mitosis and form several layers of granulosa cells (GC) around the 

oocyte creating a secondary follicle (Skinner, 2005; Nilsson et al., 2006).  
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Granulosa cells respond to FSH to promote follicular growth. While 

secondary follicles have several layers of GC, they have not yet begun to form an 

antrum.  Preantral follicular development does not strictly require stimulation by 

the pituitary gonadotropins FSH and LH. Follicles become gonadotropin-

dependent after antrum formation (Soede et al., 2011; Matsuda et al., 2012). The 

GC will begin to express FSH receptors. Eventually, an antrum will form within 

the GC, thus becoming a tertiary follicle, and the follicle will become responsive 

to LH (via receptors on the theca interna). Recruitment or atresia appears to 

occur in synchrony for small groups of follicles (Knox, 2005). Androgens interact 

with oocyte secreted factors such as growth differentiation factor 9 (GDF9) to 

induce GC growth. In vitro, dihydrotestosterone (DHT) increases GC proliferation 

without the presence of IGFI or FSH. The combination of GDF9 and DHT 

amplifies GC numbers and cumulus like properties at early antral stages of 

folliculogenesis (Hickey et al., 2005). The transient rise in FSH is responsible for 

the recruitment of small follicles and initial maintenance of the cohort. Luteinizing 

hormone is necessary for further growth of these follicles to ovulation and meiotic 

maturation. Small (non-selected) follicles lack sufficient LH receptors on GC so 

are completely dependent on FSH. When FSH concentrations decrease, these 

small follicles undergo atresia. Gilts with higher FSH concentrations during mid-

luteal phase have higher ovulation rates (Soede et al., 2011; Matsuda et al., 

2012), probably due to an increase in the number of follicles selected for further 

development. The LH-dependent larger follicles continue to develop (Knox, 2005; 
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Soede et al., 2011). These follicles may continue developing and ovulate, or they 

may become atretic (Knox, 2005). 

 In pigs, follicular growth rate increases with follicle size. It takes about 

three to four weeks for a follicle to reach 1mm in size after antrum formation. It 

takes an additional two to three weeks for that follicle to reach 7mm.  Preantral 

and small antral follicles are generally healthy, but with growth past 1mm, atresia 

rates increase. In addition, LH responsiveness of follicles differs between breeds 

at various times before puberty. In the prepubertal gilt, small and medium sized 

follicles (<4mm) are present on the surface of the ovary in the absence of luteal 

structures (Soede et al., 2011).  

Prepubertal gilts respond to gonadotropins. Follicle stimulating hormone 

increases small follicle numbers while LH increases ovulating follicles. Ovaries 

become responsive to gonadotropins around 60 days of age and fully operational 

around 100 days. Ovarian antral follicles in gilts that are four to five months old 

grow in a distinct wave-like pattern (Schwarz et al., 2013). Follicle populations 

transition from the presence of only small follicles to a mix of medium to large 

follicles over a twenty day cycle.  Follicles on the ovaries of prepubertal gilts are 

capable of responding to exogenous hormone stimulation. Gilts receiving FSH 

have higher numbers of small and medium sized follicles. Treatment with LH 

increases the number of large follicles, reduces the numbers of small follicles and 

decreases their atresia rate. Lutenizing hormone and pregnant mare serum 

gonadotropin (PMSG) do not alter the numbers of medium follicles, but LH 
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decreases, while PMSG increases the atresia in this class. Both LH and PMSG 

increase the numbers of large follicles (Knox, 2005). 

Insulin like growth factor I is crucial for folliculogenesis and CL function. 

Granulosa cells express both IGFI and IGFI receptor (IGFIR) in ruminants, pigs, 

rodents, and humans. Insulin like growth factor -I increases the physiological 

response to FSH, FSH receptors expression, aromatase production, and LH 

receptor expression. Insulin like growth factor -I promotes an increased 

responsiveness of the dominant follicle to gonadotropins during selection. This 

ovarian response continues into the luteal phase, during which IGFI increases 

luteal cell secretion of P4 (Soede et al., 2011; Matsuda et al., 2012).  

Growth differentiation factor 9 and BMP15 are necessary for follicular 

development. The numbers of follicles that ovulate depends on number of GC 

that develops LH receptors. The previously mentioned factors GDF9 and BMP15 

regulate GC proliferation, apoptosis, theca cells (TC) differentiation, oocyte 

maturation, cumulus cell differentiation, and the timing of functional LH receptor 

acquisition. A strong correlation between GDF9 and BMP15 expression suggests 

tight co-regulation between the oocyte secreted factors, but the ratio of 

GDF9:BMP15 is low in pigs compared to other mammals (Crawford and 

McNatty, 2012) suggesting species specific regulation.  

 The factors BMP15 and GDF9 are more abundant in the oocyte 

compared to GC and TC.  Abundance of mRNA and protein for both factors 

remains constant throughout the estrus cycle. Growth differentiation factor-9 and 
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BMP15 expression in the GC and TC are highest during the mid-selection period 

when follicles either grow or begin to undergo atresia if not selected. Bone 

morphogenic protein-I5 is more abundant than GDF9 in the oocyte, while GDF9 

is more abundant than BMP15 in the GC (Paradis et al., 2009). In an in vitro 

bovine study, growth differentiation factor-9 stimulated proliferation while 

inhibiting P4 and androstenedione production by the TC aspirated from small 

follicles (Spicer et al., 2008). The small follicle pool in prepubertal gilts will 

respond to GDF9; GDF9 fragments injected into two month old gilts increases 

the number of primary through tertiary follicles, and decreases the number of 

primordial follicles (Shimizu et al., 2004). Ligand receptor abundance changes 

throughout the estrous cycle; BMP15 receptors increased in GC/TC during the 

periovulatory period, suggesting it plays a role in ovulation (Paradis et al., 2009).  

Puberty 

 
  

 Many factors influence sexual maturity in females. Body condition is usually 

considered to be the most important aspect determining puberty attainment. 

However, many studies have indicated that other factors such as diet, genetics, 

and altered metabolism such as insulin resistance play a crucial role in puberty 

attainment.   

 Puberty begins with the maturation of the hypothalamic-pituitary axis. The 

kisspeptin pathways in the hypothalamus are activated, thus stimulating the 

release of gonadotropin releasing hormone (GnRH). The GnRH binds to its 

receptor on the gonadotrope cells of the anterior pituitary to stimulate the release 
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of FSH and LH.  The FSH and LH are transported through the circulation to the 

ovary where they act on follicles to increase ovarian production of estrogen and 

eventually initiate ovulation (Sanchez-Garrido and Tena-Sempere, 2013).   

 Ovarian steroid production may also be influenced by insulin resistance. 

Insulin acts on the ovary via insulin receptors and insulin like growth factor-I 

receptor (IGFIR). Insulin receptors are found on granulosa, theca, and ovarian 

stromal cells in pigs, sheep, cows, and humans (el-Roeiy et al., 1993; Spicer and 

Echternkamp, 1995). Insulin upregulates LH receptors and stimulates ovarian 

steroidogenesis in TC and GC (Poretsky et al., 1999). It also affects ovarian 

steroidogenesis indirectly by enhancing sensitivity of gonadotrope cells in the 

pituitary to GnRH (Brewer and Balen, 2010). Reports also suggest that insulin 

acts directly on the ovary in addition to the pituitary to stimulate follicle growth. In 

humans with polycystic ovary syndrome (PCOS) and rats with hyperinsulinemia, 

ovarian insulin receptors are down regulated while IGFIR are upregulated 

(Leitner et al., 1997). This suggests that the effects of insulin could be enhanced 

by excess insulin binding to IGFIR even though ovarian insulin receptors are 

reduced (Poretsky et al., 1999).   

Insulin concentrations are correlated with LH pulsatility. Insulin reduces 

follicular atresia in prepubertal gilts and increases ovulation rates in cyclic gilts. 

Increased circulating insulin concentrations in sows fed  a high starch diet may 

explain why they have larger day 2 follicles than sows fed a high fat diet (van den 

Brand et al., 2000). Diabetes directly effects ovarian function. In sows with 

induced diabetic symptoms, such as higher circulating insulin, follicular function 
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is reduced and sows fail to ovulate while GnRH production remained normal. 

Interestingly, these sows also have reduced IGFI concentrations in follicular and 

peripheral fluid (Cox et al., 1994).  

Body condition is important for puberty attainment. The lipostatic theory 

implies that the hypothalamic-hypophysis-ovary axis suppresses endocrine 

activity until a critical live weight and body composition is achieved, allowing the 

onset of puberty in the female and reproductive function (Rawlings et al., 2003). 

Leptin is produced by adipocytes and acts through leptin receptors in the 

hypothalamus to communicate degree of fatness. Leptin may act as a permissive 

metabolic signal for initiation of puberty (Maqsood et al., 2007). Higher body fat 

content is generally associated with earlier puberty both in girls and gilts 

(Patterson et al., 2002; Kummer et al., 2009; Gonzalez-Anover et al., 2010; 

Knauer et al., 2011; Hillman et al., 2013; Lie et al., 2013; Zhuo et al., 2014).  

Body fat may not be as crucial as previously thought because leptin is not 

directly correlated to puberty initiation. Despite its apparent permissive 

relationship with body adiposity and puberty, circulating leptin concentrations are 

not predictive for age at puberty, and therefore should not be used as a selection 

tool for gilts (Kuehn et al., 2009). Kuehn et al. (2009) reported a negative 

correlation between circulating leptin concentrations and age at puberty. Four 

different breeds were cross bred into three lines. The line with the youngest age 

at puberty also had the lowest BW and leptin concentrations compared to all 

other pigs (Kuehn et al., 2009). However these results may be related to 

differences in breeds rather than leptin action. Beltranena (1993) demonstrated 
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that in a study designed for equal lean accretion but differing fat deposition 

between groups of gilts, the gilts fed a high fat diet had increased adiposity, but 

there were no relationships between reproductive tract development and body 

adiposity (Beltranena et al., 1993). A separate study by Patterson and colleagues 

showed that diet affected lean growth rate, but attainment of puberty did not differ 

by diet or lean growth rate. In that study, composition varied greatly between 

these treatment groups at puberty. However, puberty attainment had a normal 

distribution, and no relationship between puberty and leptin could be determined 

(Patterson et al., 2002). Puberty may be influenced more by genetics than diet, 

making predictive genetic markers more effective tools for selection of 

replacement gilts. (Kuehn et al., 2009). Puberty is a complex physiological event 

influenced by factors yet to be completely understood, therefore, a direct link 

between leptin, body fat, and advanced puberty attainment is difficult to 

elucidate.  

In conclusion, the exact causality for puberty remains unclear, but 

manipulating metabolism may affect age of puberty attainment. Although 

absolute body adiposity is not predictive of approaching puberty in swine, many 

studies have nutritionally manipulated porcine puberty. Feed restriction delays 

puberty compared to gilts given ad libitum access. Miller et al. (2011) reported a 

seven percentage point decrease in pubertal estrus detection by 235d in age in 

gilts fed a diet created to restrict fat deposition and energy intake. However, it is 

difficult to separate the effects of feed intake and growth rate on age at puberty 
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because of the potentially confounding effects on body composition created by 

the dietary restrictions (Miller et al., 2011).  

Short-term changes in nutrition can have an impact on follicular 

development. For example, prepubertal gilts fed either a restricted or ad libitum 

diet for 14d with half the gilts from each treatment diet crossed over to the other 

diet (either restricted or ad libitum) for an additional 14d while the rest stayed on 

their original diet for the remainder of the trial. While there were no differences in 

back fat (BF) or longissimus dorsi depth between these treatments, ovarian 

weights were decreased in gilts remaining on a restricted diet compared to those 

that were realimented. The volume of the largest 20 ovarian follicles was larger in 

pigs fed a continuous ad libitum diet compared to those that stayed on a 

restricted diet (Booth et al., 1994).  In a follow up study, prepubertal gilts were fed 

a restricted diet for 7d, then remained on a restricted diet or fed to appetite 

satiation for another 7d. Follicle number, follicular fluid volume, and uterine 

weights were lower in those continuously restricted compared to realimented 

gilts. Insulin, FSH concentration, and LH pulsatility were all reduced in feed 

restricted gilts as well (Booth et al., 1996). As previously discussed, insulin can 

act on the ovary to augment LH function, steroidogenesis and follicular growth 

(Sebert et al., 2005). A dietary-related reduction in insulin may be the reason why 

LH pulsatility and ovarian growth is reduced even in short-term feed restricted 

animals. This indicates that reproductive function is altered before any outward 

physical characteristics such as weight or fatness are changed.  
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Establishment of Pregnancy 

 
After ovulation, and if fertilization takes place, the conceptus will move 

through the oviduct and enter the uterus. Ovulation and fertilization rates in pigs 

can vary by age, breed, and nutrition. Typically, gilts may ovulate between 12-14 

oocytes while sows may ovulate between 18-20 oocytes. Fertilization rates can 

be as high as 100%, but embryonic loss can reduce litter size by up to 30% by 

time of parturition. Blastocyst formation begins about two days after fertilization 

as the conceptus moves from the oviduct into the uterus. The blastocysts will 

eventually hatch from the zona pellucida and remain floating in the uterus. They 

will migrate to implantation sites equally spaced throughout the uterine horns 

(Ostrup et al., 2011).  

On gestational days 11-12, the blastocyst will begin to elongate and form 

a filamentous structure. This elongation occurs in conjunction with placentation. 

Placentation occurs in phases. The first phase, the apposition phase, is the first 

cell-cell contact between the embryo and uterine wall. In the next phase, 

implantation, the trophoblast firmly adheres to the uterine wall (Ostrup et al., 

2011). Prior to apposition and implantation, glycocalyx, an anti -adhesive 

carbohydrate, covers the luminal uterine epithelium to prevent early implantation 

(Bowen et al., 1996). Mucin 1 is a glycocalyx commonly found in sow uteri and 

inhibits access of the trophoblast to uterine adhesion proteins (Brayman et al., 

2004). Reduction of this glycoalyx occurs just before implantation as the 

trophoblasts end their migrations. (Ostrup et al., 2011).  
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There is no direct contact between maternal and fetal blood flows. Pigs 

form an epitheliochorial placenta. The placental barrier includes the 

trophectoderm and uterine epithelium and is the least invasive placental form. 

Uterine glands produce histotroph: glandular secretions which provide a nutrient 

bath for the embryo. Histotroph is actively secreted through late pregnancy by 

the uterine glands and absorbed by the trophoblasts through areolae which are 

diffusely scattered across the placenta. The areolae are sites of exchange for 

growth factors and nutrients necessary for fetal development (Ostrup et al., 

2011).  

Maternal recognition of pregnancy also occurs during gestational days 11-

12. As the blastocysts expand, they secrete large amounts of estrogens, the 

major embryonic signal for maternal recognition of pregnancy in swine. In non- 

pregnant pigs, prostaglandin F2a (PGF2a), acts in a local, endocrine manner and 

is secreted from the endometrial cells into the uterine venous drainage and finally 

transported to the ovary by counter-current exchange to induce CL regression. In 

pregnant pigs, PGF2a secretion is shifted towards the uterine lumen to prevent 

the hormone from reaching the ovaries. Estradiol production from the 

conceptuses increases prostaglandin E2 production in the endometrium which 

acts in a luteotropic manner to support the CL (Ostrup et al., 2011).  

The Bazer and Thatcher Theory have been long accepted as the 

mechanism of maternal recognition of pregnancy in swine. This theory states that 

PGF2a secretion shifts from an endocrine to an exocrine manner. Prostaglandin 
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F2α  is secreted directly into the uterine lumen rather than the uterine vasculature 

to prevent PGF2a  from reaching the ovaries (Bazer and Thatcher, 1977).   

Recently, however, the mode of PGF2a  redirection has been challenged 

(Krzymowski and Stefanczyk-Krzymowska, 2002). A second model that was put 

forth in 2002 suggests that PGF2a is regulated by uterine blood flow, 

progesterone, and estrogen. Uterine blood flow is reduced by P4 and increased 

by estrogen; blood flow is maximal at estrus and ovulation. During the luteal 

phase, uterine blood flow decreases. By d12 of the estrous cycle, uterine blood 

drops 30-40% compared to early in the estrous cycle. This is important because 

high levels of PGF2a remain in the lymph in the uterus rather than travelling 

systemically. Endometrial responsiveness to oxytocin develops on d12- 14 of the 

estrous cycle, just before luteolysis initiation. Oxytocin stimulates PGF2 a 

production, and PGF2a positively feedbacks on the CL to produce more oxytocin.  

Oxytocin also increases uterine contractions and outflow of lymph. On d13-14, 

PGF2a flows out of the uterus and lymph at higher concentrations than in the 

earlier stages of the estrous cycle due to increased uterine contractions and 

increasing uterine blood flow.  High concentrations of PGF2a reach the ovary by 

the mesometrial arteries to penetrate the CL directly (Krzymowski and 

Stefanczyk-Krzymowska, 2004).  

During early pregnancy, prostaglandin E2 produced by the embryos also 

reach the ovaries in the same manner as PGF2a (Ziecik, 2002), but acts to save 

the CL by reducing oxytocin function. Since oxytocin also positively feedbacks on 
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PGF2a, reducing oxytocin also reduces PGF2a production (Ziecik, 2002; 

Krzymowski and Stefanczyk-Krzymowska, 2004). 

 First Estrus and Reproductive Performance 

 
Ovulation rate is the main factor limiting litter size in gilts (Prunier and 

Quesnel, 2000). Traditionally, gilts are bred on their third estrous cycle after 

puberty to maximize litter size. MacPherson et al., (1977) observed an increase 

from 7.8 piglets to 10.4 piglets per litter in first parity gilts bred on their first estrus 

compared to third estrus (MacPherson et al., 1977). First versus third estrus 

effects on litter size disappear, however if gilts are stimulated to attain early 

puberty, or less than 180d of age (Young et al., 1990).  

If gilts are near puberty, puberty can be hastened by exposing them to a 

sexually mature boar, greater than 10-12mo old, for 10-20min sessions twice 

daily. Often during these sessions, gilts are given full physical contact with the 

boar while pressure is placed on their back to test for lordosis, or standing reflex 

behavior (Kummer et al., 2006; Amaral Filha et al., 2010). Interestingly, 

Tummaruk (2001) demonstrated that at early puberty, gilts with higher body fat 

and growth rates had more normal cycling patterns than leaner gilts and farrowed 

more piglets per litter and more litters per sow than late puberty gilts or those 

with low growth rates over five parities (Tummaruk et al., 2001). Increased BF 

and higher growth rates are usually associated with larger litter sizes (Tummaruk 

et al., 2001; Kummer et al., 2006). 
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Body condition is more important than age at first breeding because body 

condition of gilts at first mating has a significant effect on lifetime performance. 

Interestingly, age at first breeding is relatively unimportant provided that a 

minimum weight and body condition is reached (Kummer et al., 2006). It is 

important to recognize, however, that gilts bred at >280d may have reduced 

lifetime performance. Over three parities, these gilts produce and wean fewer 

total piglets than gilts bred at < 280d, and they are more likely to be removed 

from the breeding herd for reproduction and lameness issues (Young et al., 

2008).  

Growth rates of gilts might help determine when gilts will achieve puberty. 

Ideally, gilts will reach a body weight (BW) of 135-150kg and complete at least 

two estrous cycles so that they can be mated prior to 280 d of age (Kummer et 

al., 2006). In one study, gilts were bred on their third estrus regardless of age. 

This resulted in a 60d of age and 95kg BW difference between the lightest and 

heaviest giIts at breeding (Patterson et al., 2010). In a study with an ad libitum 

feeding strategy, gilts with high growth rates (>700g/d) that were bred between 

185-210d and on their second estrus showed similar farrowing rates over three 

parities to gilts that were bred at >210d and on their third or fourth estrous 

(Kummer et al., 2006). In 2009, Kummer et al. demonstrated that gilts with a high 

growth rate were more likely to reach puberty than gilts of the same age with a 

lower growth rate (95 v. 76%), and high growth rate gilts were less likely (3.4 v. 

19%) to display behavioral anestrous (Kummer et al., 2009).  
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Nutrition on Reproductive Performance 

 

Most studies on reproductive performance in sows compare the effects of 

feed restriction to maintenance, and/or overfeeding. Feed consumption is related 

to ovulation rate, and this is likely due to a direct effect of insulin on follicular 

development (Cox et al., 1994). Insulin treatment during periods of restricted 

feeding in the luteal phase increases ovulation rate (Almeida et al., 2001). Gilts 

fed at a high feeding level also have a higher ovulation rate (Cox et al., 1987). 

Decreased feed intake during the luteal phase has a negative effect on follicular 

development, ovulation rate, and later embryonic survival. Fewer follicles 

reached the large antral stage, suggesting that either a reduction in LH 

secretions or follicles were less responsive to LH. (Hazeleger et al., 2005). In 

prepubertal gilts, feed restriction delays the occurrence of first ovulation (Prunier 

and Quesnel, 2000). 

Nutrition is important for follicular development because feeding affects 

metabolic status. Since insulin affects ovarian function, it is important to consider 

not only the amount of feed consumed, but also the composition of that feed. 

Insulin stimulates LH receptor formation and estrogen production in the GC of 

antral follicles, thereby increasing ovulatory success (Hazeleger et al., 2005). 

Plasma insulin and IGFI concentrations are higher in sows fed starch-rich diet 

rather than fat-rich diet after weaning and the follicles of those sows were larger 

two days post weaning. (van den Brand et al., 2001). Zhou et al. (2010) also 

demonstrated that gilts fed high energy diets had higher circulating insulin, more 

large follicles than gilts fed normal and low energy diets, and more oocytes had 
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reached metaphase II. Additionally, gilts fed the high starch rather than the high 

fat diet had increased IGFI concentrations in blood and follicular fluid, and 

improved oocyte maturation (Zhou et al., 2010).  

Progesterone concentrations are influenced by diet. Progesterone inhibits 

aromatase activity, decreasing follicular development. Increased circulating P4 

can lead to decreased ovulation rates. Progesterone concentrations increase in 

underfed females due to lower hepatic P4 metabolism  which probably 

contributes to an inhibition of folliculogenesis (Prunier and Quesnel, 2000). 

Progesterone clearance increased by 47% in gilts fed 3kg of feed per day 

compared to gilts fed 1kg of feed daily (Prime and Symonds, 1993). 

Undernutrition inhibits hypothalamic GnRH production, thereby decreasing 

gonadotropin signaling to the ovaries and reducing folliculogenesis. 

Progesterone acts directly on follicular development at the ovarian level by 

inhibiting aromatase activity in the GC (Guthrie and Bolt, 1990; Flowers et al., 

1991). In feed restricted prepubertal gilts, the small (up to 1.0mm) follicle 

population increased while the large follicle population decreased in numbers, 

diameter and volume (Prunier and Quesnel, 2000). 

In rats, obesity and excess fructose consumption reduces fertility. If rats 

are able to become pregnant, a 50% reduction in preimplantation and term litter 

size has been observed along with decreased ovulation rates, decreased 

blastocyst rates, and increased number of stillbirths. While excess fructose is 

clearly detrimental to reproductive performance, other metabolic changes 
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associated with obesity such as increases in non-esterified fatty acids, 

triglycerides, and cholesterol should not be ignored (Gray et al., 2013). 

Obesity increases circulating testosterone and alters estrous cycles. When 

fed excess calorie, high fat, high cholesterol, and high fructose diets, female 

Ossabaw minipigs develop obesity, metabolic syndrome, and abnormal 

reproductive function. Obese pigs have longer estrus cycles and higher serum 

androstenedione. Increased androgen production could be from altered adrenal 

and ovarian function. Hyperandrogenism is commonly diagnosed in women with 

polycystic ovary syndrome (PCOS). Indeed, the obese pigs in that trial developed 

abnormal ovarian morphologies such as ovarian cysts (Newell-Fugate et al., 

2014). 

Increased testosterone alters gonadal LH and FSH response. During the 

luteal phase, obese pigs have more medium, ovulatory, and cystic ovarian 

follicles, whereas control pigs have more small ovarian follicles. The increase in 

cystic follicles may indicate either an alteration in LH pulsatility and inability to 

generate an effective LH surge, or lack of response from the follicles. Obese pigs 

had higher leptin, triglycerides, and total cholesterol concentrations than control 

pigs and lower P4 concentrations during the luteal phase, which is similar to 

peripheral blood profiles in obese women. (Newell-Fugate et al., 2014). 

Simple Dietary Carbohydrates 

 
Human fructose intake has increased dramatically; consumption has 

increased over 1000% since 1970. From 1977-1998, high fructose corn syrup 
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increased from 10.1% of carbohydrates consumed to 13.1% while refined sugar 

itself made up 31.5% of total carbohydrates consumed (Bray et al., 2004). 

Refined sugar costs more than high fructose corn syrup, making high fructose 

corn syrup the more cost effective sweetener for food production (USDA, 2015). 

Today, over 40% of sweeteners used in 2000 were high fructose corn syrup 

(Bray et al., 2004).  

In excess consumption, there is no difference in carbohydrate oxidation 

between fructose and glucose. Fructose has a fast rate of hepatic uptake 

independent of insulin (de Kalbermatten et al., 1980; Frayn and Kingman, 1995). 

In a human study, women were overfed 50% of their energy requirements with 

the excess energy provided as fat, fructose, glucose, or sucrose. Carbohydrate 

oxidation increased significantly with carbohydrate overfeeding, but there were 

no differences between types of carbohydrates, and alterations in fat were almost 

identical regardless of carbohydrate source confirming that carbohydrates given 

in equal amount are metabolically equivalent in humans (McDevitt et al., 2000). 

However, fructose is not entirely absorbed and metabolized like glucose. 

Fructose is absorbed in the duodenum and jejunum by non-sodium dependent 

transporters (Gracey et al., 1972). Fructose uses Glut-5 transporters to enter 

cells while glucose uses primarily Glut-4 transporters (Joost and Thorens, 2001). 

Pancreatic beta cells and brain tissue do not have Glut-5 transporters, so 

fructose does not stimulate a similar insulin secretion response as glucose. 

Fructose is transported to the liver where it can be converted to glucose and 

enter the general circulation (Tappy et al., 2010). In human livers, fructose can 
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be phosphorylated to form fructose-1-phosphate, which can be cleaved by 

adolase to form trioses for phospholipid and triglyceride production (Tappy et al, 

2010). In pigs, up to 12% of fructose that enters the small intestines is converted 

to lactate, and a small amount of fructose is converted to glucose before entering 

circulation. Both lactate and fructose are metabolized in swine livers (Bjorkman et 

al., 1984). Added sweeteners have increased the total fructose and caloric 

intake, contributing to the current obesity epidemic. (Bray et al., 2004).  

The role of fructose in swine fetal development is unknown (Bazer et al., 

2012, Kim et al., 2012). Glucose is transported into the uterus, and excess 

glucose not used for energy metabolism is converted to fructose by the placenta. 

Fructose is the most abundant hexose sugar in fetal blood (Bazer et al., 2012). It 

is not metabolized via the glycolytic pathway or the Kreb’s cycle. Fructose may 

be metabolized intracellularly via the pentose phosphate pathway to produce 

ribose sugars and fatty acids for the synthesis of lipids (Bazer et al., 2012). 

However, glucose and fructose are equally metabolized via the hexosamine 

pathway to stimulate mammalian target of rapamycin signaling to increase cell 

proliferation and mRNA translation and to increase production of 

glycosaminoglycans critical for the growth of the conceptus (Kim et al., 2012). 

Obesity and the Metabolic Syndrome 

 

There is no clear definition of metabolic syndrome making it difficult to 

diagnose or model. Two definitions for metabolic syndrome currently exist. The 

first definition describes metabolic syndrome as having a least three of the 
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following symptoms: high waist circumference, high serum triglycerides, high 

blood pressure, high HDL-cholesterol ratio, and high blood glucose. The second 

definition qualifies metabolic syndrome as having diabetes plus at least two of 

the following symptoms: high waist/hip ratio, high triglycerides or HDL-

cholesterol, high blood pressure, high urine albumin excretion. Because of the 

variations in definitions, there can be up to a 24% variation in diagnosed patients. 

Almost everyone with metabolic syndrome are insulin resistant, but not everyone 

with insulin resistance has metabolic syndrome (Kahn et al., 2005; Eckel et al., 

2010). 

Excess fats can lead to lipotoxicity, hyperandrogenism, and ectopic fat 

storage. Central obesity increases risks for developing chronic diseases such as 

type 2 diabetes, cardiovascular diseases, and hypertension (Sebert et al., 2005). 

Obese individuals shunt lipids into skeletal muscle, liver, and beta cells creating 

pockets of excess fat called ectopic fat storage and can lead to atherosclerosis, 

steatosis, and lipotoxicity of the pancreatic beta cells. The degree of fat infiltration 

closely correlates with insulin resistance. Adipose derived estrogens drive fat into 

subcutaneous and breast tissue, while androgens promote central/visceral fat 

accumulation. Estrogen production in fat rises with BW and aging (Ronti et al., 

2006; Hirshfeld-Cytron et al., 2009).  

Increased body adiposity is linked with increased androgen production 

and lower amount of sex hormone binding globulin (SHBG) concentration. 

Hyperinsulinemia inhibits hepatic synthesis of SHBG which increases androgen 

bioavailability (Diamanti-Kandarakis and Dunaif, 2012). Obesity-related 
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hyperandrogenemia includes enhanced androgen production in expanded fat 

mass. Fat loss may improve hyperandrogenemia and ovulatory function in 

overweight or obese women with PCOS (Gambineri et al., 2002; Pantasri and 

Norman, 2013) 

Prepubertal obesity can effect lifetime reproductive capabilities and lead to 

diseases like polycystic ovary syndrome. Prepubertal obesity potentially 

promotes the development of adolescent PCOS (Anderson et al., 2014), and 

peripubertal hyperandrogenemia can be indicative of PCOS later in life (Yildiz et 

al., 2008). Several clinical studies have provided disparate information on the 

prevalence of PCOS with obesity. Obesity has prevalence as high as 80% in 

PCOS diagnosed women (Diamanti-Kandarakis and Dunaif, 2012). However, 

only 12% of obese women were diagnosed with PCOS and 9% of lean women 

were diagnosed with PCOS (Yildiz et al., 2008). Puberty is a critical 

developmental period for PCOS. Obesity at age 14 is linked with a 61% chance 

of having PCOS by age 31(Laitinen et al., 2003), and higher BMI at age 18 is 

linked to later ovulatory dysfunction (Rich-Edwards et al., 1994). Unfortunately, 

physiological changes during puberty create difficulty in diagnosing PCOS. Not 

all obese peripubertal girls demonstrate hyperandrogenemia, and testosterone 

levels vary among obese individuals (Anderson et al., 2014).  

 Hyperinsulinemia is part of the PCOS pathogenesis. Women with PCOS 

typically demonstrate insulin resistance, and obesity magnifies insulin resistance 

in PCOS (Anderson et al., 2014). Luteinizing hormone may  contribute to 

increased ovarian androgen production in some obese adolescents (Anderson et 
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al., 2014). Androgens can reduce the ability of P4 to slow GnRH pulse frequency. 

High GnRH pulses are associated with LH production and slow GnRH pulses are 

associated with FSH production. Since GnRH pulse frequency is high, the result 

is excess LH and low FSH production. Therefore, peripubertal 

hyperandrogenemia enhances LH production, which in turn exacerbates 

hyperandrogenemia and interferes with follicular maturation (McCartney, 2010).  

Obesity may also alter the signaling pathways of the oocyte. Mammalian 

target of rapamycin (mTOR) is a serine/threonine kinase found in the oocyte that 

regulates cell growth, proliferation, and protein translation (Wang et al., 2014). 

This mTOR has been implicated in promoting primordial follicle development and 

increasing follicle loss. Diet-induced obese mice have been shown to have higher 

gross ovarian weight and CL count than in control mice. Mammalian target of 

rapamycin signaling was also increased based on mTOR complexes and 

increased downstream activity suggesting that obesity promotes follicular 

development and subsequent loss via mTOR (Wang et al., 2014) 

Swine as Human Models 

 
Swine are effective models for obesity and metabolic studies. Typically, 

rats are used as models to study metabolic syndrome. However, humans tend to 

present three or more clinical symptoms while rats rarely present multiple 

symptoms. This is because of physiological and metabolic differences between 

rodents and primates (Litten-Brown et al., 2010). Swine are now considered an 

ideal model for investigating metabolic disorders because they exhibit clinical 

symptoms more comparable to people (Spurlock and Gabler, 2008). Published in  
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2002, Ossabaw minipigs fed a high fat, high energy diet for three months 

increased BW, body adiposity, hyperglycemia and compensatory 

hyperinsulinemia, effectively establishing a non-rodent model for  diabetes 

mellitus (Larsen et al., 2002). Using a similar model with commercially bred pigs, 

Fisher et al (2013) demonstrated that gilts fed a high fat, high sugar diet for four 

months increased in body adiposity and displayed hyperglycemia, 

hypoinsulinemia, and hypercholesterolemia compared to gilts on control diets 

(Fisher et al., 2013). 

 Pigs and humans have similar pancreatic structures and functions. Swine 

pancreatic structure and function provide useful insight into studying human 

diabetes mellitus (Litten-Brown et al., 2010). During a previous study, prepubertal 

pigs were fed a high fat, high sugar (diabetogenic) diet or a normal control diet 

over a six month period. Pigs fed the diabetogenic diet gained weight at a faster 

rate than the control pigs and were significantly heavier by over 20kg at the end 

of the trial. Fasting plasma insulin increased, which is typical in insulin resistant 

individuals. These high energy fed pigs also had hypertrophic adipocytes, liver fat 

deposits, and aortic fatty streaks (Xi et al., 2004) typical of ectopic fat storage 

syndrome seen in obese humans (Ronti et al., 2006).  

Pigs can act as models for metabolic syndrome. Similar physiological 

responses to high caloric diets supports the use of pigs for energy storage 

studies (Litten-Brown et al., 2010) and growth studies (Fisher et al., 2013). Pork 

producers have been selecting for leaner, faster growing pigs. Indeed, the 

modern pig is 30% leaner than those 50 years ago (Du et al., 2009). However, 
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humans and pigs share genes that may be involved in Type II diabetes, and 

therefore may still make good models for studying the genetic aspects of obesity 

and metabolic syndrome (Du et al., 2009). Domestic cross-bred (i.e., genetically 

selected lean) gilts fed a high fat, high sugar, protein restricted diet for four month 

resulted in a diet induced obese pig (Fisher et al., 2013).  

Many other breeds of pigs used for swine research including, but not 

limited to, Göttingen, Ossabaw, Iberian, and Yucatan pigs (Bellinger et al., 2006). 

Göttingen minipigs were developed specifically for research. They are small, 

therefore needing less space to house, and make ideal models for studying 

cardiovascular diseases (Schuleri et al., 2008). Ossabaw pigs readily display 

clinical signs of metabolic syndrome including hypertension, insulin resistance, 

atherosclerosis, and dyslipidemia (Spurlock and Gable, 2008). Ossabaw pigs 

exhibit a thrifty genotype for storing large amounts of fat to help them survive 

periods of famine on their island off of Georgia (Kruez et al., 2011). Iberian pigs 

also display a thrifty genotype and have not been genetically selected by humans 

for faster growth characteristics. They are useful for metabolism and puberty 

studies (Espin et al., 2007; Gonzalez-Añove, et al., 2009). Yucatan pigs, 

originally from Mexico, have been genetically selected for multiple phenotypes. 

Two of these phenotypes include impaired glucose tolerance and enhanced 

glucose tolerance lines which are useful for diabetes studies (Bellinger et al., 

2006). However, access to these pigs may be restricted either due to lack of 

commercial availability, such as Ossabaw pigs, or to institutional regulations. 
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Therefore, domestic pigs bred for agriculture are a cost effective and readily 

available option for research. 

 Swine also make good models for reproductive research. Pigs have 

epitheliochorial placentas that can be easily dissected for placental studies 

(Litten-Brown et al., 2010). While rats and humans are similar in that they have 

hemochorial placentas, cellular receptor expression differs between the two 

species.   

Although humans have one to two offspring per pregnancy while pigs 

produce litters, piglets are physiologically the most similar to infants when 

compared to other research animals, and fetal development is similar. Final fetal 

development occurs in utero in swine and humans while it occurs post-natally in 

rats. Large litter sizes reduce genetic variation while natural fetal growth 

restriction from limited uterine space provides variation in BW. Because they are 

so much larger than rat pups, piglets are easier to individually identify for 

measurement of growth curves through their development. Neonatal piglets are 

also large enough for individual organ sampling, while it may be necessary to 

pool rodent tissues to have enough samples for analyses (Litten-Brown et al., 

2010).    

Conclusions 

 

In conclusion, many factors contribute to puberty in female swine and 

other mammals. Maturation of the hypothalamic-pituitary axis activates the 

release of FSH and LH. FSH regulates small follicle growth and proliferation of 
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GC, while the LH surge is responsible for stimulating ovulation.  The activation of 

the hypothalamic-pituitary axis may be suppressed until the gilt reaches a critical 

live weight or body condition. Gilts with a high growth rate and deeper BF are 

more like to attain puberty at a younger age than leaner gilts. Puberty may also 

be manipulated dietarily. Ovarian development and LH pulsatility are reduced in 

feed restricted gilts while gilts fed a high energy diet have larger follicles and 

higher circulating insulin. Insulin upregulates LH receptors stimulates 

steroidogenesis, and increases the number of follicles ovulated in gilts. The 

similar metabolic responses between humans and pigs make pigs useful models 

for human disease like obesity and diabetes. Particularly, obese pigs can be 

used to understand how dietary changes may influence reproductive capabilities.  
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CHAPTER 2. Porcine pre-pubertal reproductive tract development is 
altered by consumption of high fructose but not high fat. 

 
 

Abstract   

 
The current study was designed to delineate the direct effects of fat and/or 

sugar intake on the maturation of the pre-pubertal reproductive tract. Three week 

old gilts (n=40) were placed on one of five dietary treatments: 15% fat included, 

35% fructose included, both fat and fructose included, and two different control 

diets. The first control diet was a standard industry diet meant to result in optimal 

lean growth. The second control diet was fed to match the lysine intake of the 

gilts receiving fat-containing diets.  Gilts were penned in pairs within treatments 

in a single barn. The treatment groups that received the fat and fat + fructose 

diets were fed for ad libitum intake. The fructose and lysine-restricted groups 

were pair fed to match the intake of the fat and fat + fructose groups. Each week, 

body weight (BW) and back fat (BF; via ultrasonography) measurements were 

recorded. On week nine of the trial, one gilt from each pen (n=4/treatment) was 

scanned with dual-energy X-ray absorptiometry to determine final body adiposity 

and then sacrificed for collection of reproductive organs.  Body weights did not 

differ amongst any of the 5 treatments on the day of sacrifice (P=0.32). 

Differences in body adiposity were solely based on whether or not the gilts 

consumed high levels of dietary fat (16.8±0.7 vs. 8.5±0.5% for fat and non-fat 

diets, respectively; P<0.01). Visible follicle counts (32.4±6.0 vs. 16.0±5.0; 

P=0.05), ovary volume (103.7±16.3 v. 52.9±15.3 mm3/kg of BW; P=0.04) and 

uterine horn length (9.18±0.58 v. 7.40±0.54 mm/kg of BW; P=0.04) were greater 
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in gilts consuming fructose (fructose and fat + fructose diets) compared to those 

that were not, but these variables were not affected by fat consumption. As a 

percentage of BW, total reproductive tracts were heavier in gilts consuming 

fructose-containing diets compared to non-fructose diets (1.3±0.1 v. 0.8±0.1%; 

P=0.01). Individually, cervical (0.28±0.04 v. 0.13±0.04%; P=0.01), uterine 

(0.91±0.08 v. 0.65±0.07%; P=0.03) and total ovarian weights (0.10±0.01 v. 

0.06±0.01%; P=0.04) were greater in fructose fed gilts compared to non-fructose 

treatments. Taken together, these results suggest that fructose consumption 

increases reproductive tract size and advances ovarian parameters of impending 

puberty regardless of fat consumption and body adiposity. These results 

demonstrate the sensitivity of the pre-pubertal female reproductive tract to sugar 

consumption. Future analyses will determine the long-term consequences of high 

sugar intake for fertility. 

Introduction 

 
Metabolic syndrome is defined by clinical symptoms including insulin 

resistance, central obesity, raised plasma triglycerol concentrations, 

hypertriglyceridemia, reduced high- density lipoprotein cholesterol, coronary 

artery disease, and hypertension. These symptoms are also related to Type 2 

diabetes, or non-insulin dependent diabetes mellitus (Eckel et al., 2010). 

Metabolic syndrome and impaired glucose tolerance are linked to obesity related 

hyperandrogenemia and impaired fertility (Anderson et al., 2014). 

Traditionally, rats are used a model for studying metabolic syndrome. 

However, physiological and metabolic differences between rats and humans 
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make them a less than ideal model. (Litten-Brown et al., 2010). There are several 

species specific responses to carbohydrates that are similar between swine and 

humans, but not between rats and humans, which make swine useful models for 

metabolic disorders. Swine are now considered the better model for investigating 

metabolic syndrome because they exhibit more similar dietary response and 

clinical symptoms comparable to humans (Spurlock and Gabler, 2008). For 

example, domestic pigs fed high fat, high sugar diets develop insulin resistance 

(Fisher et al., 2013). Similar physiological responses to high caloric diets 

supports using pigs for energy storage studies and the related physiological 

consequences (Litten-Brown et al., 2010).   

Insulin resistance and hyperinsulinemia can also affect puberty. Adipose 

tissue contains the steroidogenic enzyme aromatase, which is responsible for 

converting androgens to estrogens. As a result, higher body adiposity can 

directly affect an individual’s endocrine profile. If this disruption occurs prior to 

puberty, it can be detrimental to fertility and either hasten or delay the attainment 

of puberty.  Further exacerbating the situation, hyperinsulinemia and obesity are 

also linked to decreased sex hormone binding globulin (SHBG) production. The 

relative scarcity of SHBG results in an increase in sex steroid (i.e., estrogen) 

bioavailability (Burt Solorzano and McCartney, 2010).  

Rates of obesity have been increasing dramatically since the 1970’s. 

Obesity rates in children ranged 5-6.5% in 1976 (Ogden et al., 2010). As of 2010, 

16.9% of all children between 2-19 years old were considered obese (Flegal et 

al., 2012). Childhood obesity is particularly devastating because of related 
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propensities for various diseases and conditions including subsequent infertility. 

Attainment of puberty has traditionally been linked with whole-body adiposity. 

Characterization of the reproductive status of obese pigs may reveal important 

insights into the physiological aberrations responsible for reproductive disorders 

experienced by overweight humans and pigs. Previous work from our laboratory 

(unpublished data) suggested that inclusion of sugars in diets fed to gilts 

accelerated reproductive tract development, and this result was independent of 

body adiposity.  

These changes in reproductive tract development may have agricultural 

benefits. Patterson et al. (2010) demonstrated that gilts achieving puberty early 

were more likely to be retained in the breeding herd over three parities than gilts 

that achieved puberty at a later age (Patterson et al., 2010).  

The current study was specifically designed to more clearly delineate the 

direct effects of fat and/or sugar intake on the maturation of the pre-pubertal 

reproductive tract.  Results of this study will provide justification for future 

experiments investigating the effects of fat and/or sugar on puberty attainment 

and fertility. 

Materials and Methods 

Animals and Housing 

The Virginia Tech Institutional Animal Care and Use Committee approved 

all experimental procedures. Forty female cross- bred pigs (n=8) from Virginia 

Tech (Blacksburg, VA) were weaned at 21d of age and housed in large groups in 

1.0 x 3.0m pens in a single barn and offered a basal diet that met or exceeded 
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nutrient requirements as determined by the NRC (1998). The gilts were 

acclimated for three days in the new barn before starting their treatment diets. All 

gilts were weighed and penned in pairs matched by weaning weights. Pigs were 

given ad libitum access to food and water unless otherwise noted with an 11 h/13 

h day/night cycle. Start of the trial was designated as week 0 (Wk0), three days 

post- weaning.  In order to keep weights similar within each pen, gilts within each 

treatment were re-paired on Wk3 and remained in this new pairing for the 

duration of the trial. On Wk5, one gilt was dropped from the trial due to impaired 

gastrointestinal health, and replacement gilt was housed with the remaining gilt. 

The replacement gilt was not used in the analysis of this study.  

Diet 

At 24d of age, the paired gilts were randomly assigned to one of five 

dietary treatment groups: 15% fat included (FAT), 35% fructose included (FRU), 

both fat and fructose included (HFHF), and two different control diets. The first 

control diet (IND) was a standard industry diet meant to result in optimal lean 

growth. The high fat content in the FAT and HFHF diets caused the gilts to self-

restrict their feed intake which led a to 30% reduction in lysine intake in the 

treatment diets. Previous studies (Fisher et al., 2013) did not account for this 

protein restriction imposed by the fat inclusion, so a second control diet (LYS) 

was designed to account for reduced lysine intake by the gilts receiving diets 

containing fat. In order to keep balanced nutrient intake between treatment 

groups, daily feed intake was measured in FAT and HFHF groups, and FRU and 

LYS were pair fed to match the intake of the HFHF and FAT. The intake of the 
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IND fed group was measured weekly. All diets were formulated and fed in 

phases based on the changing nutritional requirements of pigs (Table 1). Diet 

phase was determined according to mean body weight (BW).  

Ultrasound 

Depths of subcutaneous back fat (BF) were collected weekly using a 

portable real time ultrasound scanner (Aloka SSD-500v, Aloka Co., LTD., 

Wallingford, CT) with a 7.5 MHz (week 1-7), 5 MHz (week 7-18), or 3.5MHz 

(week 19 onward) transducer (all from Aloka Co., Wallingford, CT). Vegetable oil 

was used as the ultrasound medium for the 7MHz and 5MHz transducer, and 

motor oil was used as the ultrasound medium for the 3.5MHz transducer. 

Ultrasonic measurements were used to estimate changes in body adiposity in 

individual pig throughout treatments. 

Blood Collections 

After ultrasounds, blood samples were collected from the jugular vein. 

Pigs less than 25kg were restrained on their backs while pigs over 25kg were 

restrained with a snout snare during sampling. Blood was collected into untreated 

evacuated glass tubes (BD Vacutainer; Franklin Lakes, NJ). Tubes rested at 

room temperature for 1.5-4h and were then stored for 24h at 4°C. Samples were 

centrifuged at 15,000 x g for 20 minutes so that serum could be collected and 

subsequently stored at -20°C until further analysis. 

Catheterizations 

On week 9, half the gilts (n=4/treatment) were removed from each pen in 

the barn and individually housed in 0.3 x 0.5m pens  in a separate facility for 



 38 

catheterization and intravenous glucose tolerance test.  The other half of the pigs 

remained at the barn for the duration of the trial. The removed gilts were fed their 

treatments diets based on the amount of feed offered to their pen mates at the 

original facility. After a 48-72h adjustment period, the pigs were fasted overnight 

and underwent catheter insertion. 

Pigs were anaesthetized with isofluorane for the procedure. A small 

incision was made in the ventral side of the neck and the jugular vein and carotid 

artery isolated. A catheter made of Tygon tubing was inserted into each blood 

vessel.  A second dorsal incision on the same side of the neck was made, and 

the catheters were guided subcutaneously to exit through the second incision, 

and the catheters were filled with heparinized saline. The pigs were treated with 

antibiotics and analgesics to prevent infections and monitored during recovery. 

Catheters were flushed daily with heparinized saline to maintain patency. 

Intravenous Glucose Tolerance Test 

After a 48h recovery period from surgery, the pigs were subjected to an 

intravenous glucose tolerance test (IVGTT).  Gilts were fasted overnight (12h). 

Blood samples were drawn 30, 20, 10, and 0 minutes before the test to establish 

fasting blood insulin concentrations. Immediately after time 0, dextrose was 

administered intravenously at a concentration of 100mg/kg of BW. Two milliliter 

blood samples were drawn 5, 10, 15, 20, 25, 30, 45, and 60 minutes after the 

dextrose injection into glass tubes treated with 50 units of heparin. Samples were 

immediately placed on ice, and then later centrifuged at 15,000 x g for 15 

minutes for plasma collection and stored at -20°C for later analysis. 
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DEXA Scan, Sacrifice, and Reproductive Tract Characterizations 

Gilts were given a 48h recovery period after the IVGTT and were 

anaesthetized with isofluorane and scanned with a dual-energy X-ray 

absorptiometry (DEXA) instrument to determine final body adiposity. Twenty-four 

h later, pigs were sacrificed using Beuthanol and internal organs collected. 

Visible antral follicles were counted on each ovary and the liver, cervix, uterus, 

oviducts, and ovaries were weighed. Liver samples were snap frozen in liquid 

nitrogen for mRNA analysis. The right ovary was divided into three sections. One 

piece was snap frozen in liquid nitrogen, the second and third pieces were 

preserved in Tissue-Tek optimum cutting temperature compound (Sakura 

Finetek; Torrance, Ca) or 4% paraformaldehyde for histological analysis. The 

cervix, right isthmus, and right ampulla were also sectioned then snap frozen in 

liquid nitrogen or preserved in 4% paraformaldehyde. The endometrium was 

separated from the myometrium and snap frozen in liquid nitrogen. The whole left 

ovary was retained to measure volume. Total ovary volume and three random 

follicles were measured using an ultrasound. The left uterine horn was removed 

from the tract and measured for total length. Omentum, leaf fat, heart, and 

kidneys were also weighed. All samples snap frozen in liquid nitrogen were 

stored at -80°C for later analyses. Samples preserved in 4% paraformaldehyde 

were transferred and stored in 70% ethanol after 48h. 

Blood Metabolites 

Serum progesterone (P4) concentrations were measured by 

radioimmunoassay (RIA; Coat-A- Count; Siemens, Los Angeles, CA). Plastic 
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tubes were purchased treated with antibodies specific to P4. Serum samples 

were added to the plastic tubes along with P4 labeled with irradiated iodine. The 

labeled and unlabeled hormones compete to bind with the antibodies. After 3h 

equilibrium incubation, the tubes were emptied and the radioactivity of the bound 

antigens was measured against a standard curve to determine P4 concentration 

(Epelu-Opia and Madej, 1988).  

Plasma glucose concentrations from the IVGTT were measured using a 

commercially available hexokinase colorimetric assay (Sigma-Aldrich; St. Louis, 

MO). Glucose is first converted to glucose-6-phosphate (G6P) by hexokinase 

then gluconate-6-phosphate by G6P dehydrogenase. Coupled with this second 

reaction is the conversion is NAD+ to NADH. NAD+ concentrations are 

measured spectrophotometrically at 340nm. The light absorbency of NAD+ is 

used to calculate the starting concentrations of glucose in the plasma (Gabler et 

al., 2007). 

Plasma insulin concentrations from the IVGTT were measured using a 

porcine insulin ELISA kit (Mercodia; Uppsala, Sweden). Briefly, 10µL of plasma 

samples were added to wells coated with an insulin antibody. The plasma 

equilibrated for 2h, and then a second reagent containing a colorimetric enzyme 

was added to the wells after a thorough well washing. After 15min, a stop 

solution was added to all the wells. The absorbency at 450nm of each well was 

used to calculate the insulin concentrations (Oliviero et al., 2009) .  

Statistics  
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Analyses were conducted by treatment (IND, LYS, FAT, FRU, HFHF), by 

carbohydrate source (FRU/HFHF v. IND/LYS/FAT), or fat content (FAT/HFHF v. 

IND/LYS/FRU). ). For measurements and samples collected while pigs were 

housed in pairs, pig pen was considered the experimental unit. Reproductive 

tract and final body measurements were analyzed by the GLM procedure of SAS 

(Cary, NC). Weekly BW and BF measurements were analyzed using the 

GLIMMIX procedure using week and treatments as fixed effects and pig as a 

random effect. Glucose and insulin total area under the curve (AUC) during 

IVGTT were calculated in Excel, and analyzed using the MIXED procedure 

Comparison of means were conducted using the Tukey-Kramer method. Results 

are presented as least squared means ± SEM. Statistical significance was 

determined as P ≤ 0.05; tendency for statistical significance was determined as P 

≤ 0.10. 

Results 

 
Growth and Carcass Characteristics 

Body weights (BW) were recorded and last rib back fat (BF) depth were 

measured by ultrasound from Week 1 to Week 8 of the treatment period.  Body 

weight was statistically different (P<0.05) between IND and FRU on Weeks 7 and 

8 (Fig. 1A).  Body weights did not differ (P=0.32) amongst any of the five 

treatments on the day of sacrifice, which was week 10 of treatment (Fig. 2A).  

Back fat depth as determined by ultrasound was greater in HFHF and FAT 

treatments than other treatments from Weeks 5 to 8 (P<0.05; Fig. 1B). Final body 

adiposity was measured via dual-energy X-ray absorptiometry (Fig. 2B). 
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Differences in body adiposity were solely based on whether or not the gilts 

consumed high levels of dietary fat (16.8±0.7 v. 8.5±0.5% for fat and non-fat 

diets, respectively; P<0.01). Chronic consumption of high-fat diets (FAT and 

HFHF) increased BF depth (indicative of whole-body adiposity) despite no 

difference in BW. 

IVGTT 

Plasma glucose and insulin did not differ by treatment group during the 

intravenous glucose tolerance test (P> 0.15; Table 2). When comparing between 

groups that did or did not receive fructose, significant differences existed 

between glucose area under the curve (AUC). Pigs consuming fructose 

containing diets had a higher glucose AUC than those consuming non-fructose 

containing diets (894.86 v. 676.78, respectively; P < 0.05). There were no 

statistical differences in insulin AUC between the two groups (P> 0.15). There 

was no treatment by time interactions for glucose or insulin (Fig. 3).  Neither 

glucose nor insulin AUC differed based upon fat consumption.  Fat consumption 

(fat v. non-fat) did, however, tend to cause a difference in baseline (83.54 v. 

76.73; P < 0.15) and glucose (95.47 v. 87.87; P= 0.09) levels, although there 

were no treatment by time interactions (Fig. 4). 

Reproductive Tract Characteristics 

Weights were collected on the total reproductive tract, uterus, cervix, and 

ovaries and analyzed by treatment, fat, and fructose diets.  Across all five 

treatments, as a percentage of BW, there were no significant differences in total 

tract, uterine, cervical, nor ovarian weights (P> 0.10; Fig. 5A). Uterine horn length 
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tended to differ between FAT and FRU treatments (6.8±0.9 v. 10.2±0.8 mm/kg 

for FAT and FRU, respectively; P= 0.08; Fig. 5B). Ovary volume did not differ 

between treatment groups (P> 0.10; Fig. 5C). There were no significant 

differences between treatments in the number of visible antral follicles (P> 0.10, 

Fig. 5D).   

Since there were no differences detected between individual treatment 

groups, the data were reanalyzed based upon whether or not the pigs received 

fructose in their diets.   As a percent of BW, total reproductive tracts were heavier 

in gilts consuming fructose-containing diets compared to non-fructose diets 

(1.3±0.1 v. 0.8±0.1%, respectively; P=0.01; Fig. 6A).  Individually, cervical 

(0.28±0.04 v. 0.13±0.04%; P=0.01), uterine (0.91±0.08 v. 0.65±0.07%; P=0.03) 

and total ovarian weights (0.10±0.01 v. 0.06±0.01%; P=0.04) were greater in 

FRU and HFHF than IND, LYS, and FAT (Fig. 6A). Uterine horn length 

(9.18±0.58 v. 7.40±0.54 mm/kg of BW, respectively; P=0.04; Fig. 6B), ovary 

volume (103.7±16.3 v. 52.9±15.3 mm3/kg of BW, respectively; P=0.04; Fig. 6C), 

and visible follicle counts (32.4±6.0 v. 16.0±5.0, respectively; P=0.05; Fig. 6D), 

were greater in gilts consuming fructose (FRU and HFHF) compared to those 

that were not, but these variables were not affected by fat consumption. When 

variables were analyzed by fat content of the treatment diet (FAT and HFHF v. 

IND, LYS, and FRU), there were no statistically significant differences in any of 

the reproductive tract measurements (P> 0.10, Fig. 7A-D).  
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Discussion 

 
Most peripubertal and reproductive studies primarily focus on effects 

resulting from altered plane of nutrition rather than dietary composition (Booth et 

al., 1994; Booth et al., 1996; Novak et al., 2003; Hazeleger et al., 2005; McNeel 

and Mersmann, 2005; Miller et al., 2011). Trials aiming to increase caloric intake 

will often indiscriminately utilize high fat and high sugar diets and tend to lack 

separation between the effects of dietary fats versus sugar (van den Brand et al., 

2001; Larsen et al., 2002; Sebert et al., 2005; Fisher et al., 2013; Newell-Fugate 

et al., 2014). Furthermore, many of these studies do not account for the fact that 

pigs offered high calorie diets (especially high fat) will often self-restrict their feed 

intake thereby inadvertently limiting their protein intake. Because dietary intake 

and plane of nutrition is inadvertently altered in these studies, it is difficult to say 

with accuracy which nutrient or scenario has the greatest impact on reproductive 

tract development. As a result, the primary aim of this study was to delineate the 

specific effects of high fat and high sugar diets on gilt prepubertal reproductive 

tract development.  

Fructose consumption increased reproductive tract size and advanced 

ovarian parameters of impending puberty, while fat consumption did not affect 

prepubertal tract development.  This is interesting because classic dogma would 

suggest that those gilts consuming high levels of dietary fat should be the first to 

achieve puberty.  This would presumably be the result of greater accumulation of 

body adiposity leading to higher circulating leptin concentrations. Leptin is 

considered a permissive metabolic signal for puberty (Kuehn et al., 2009; Burt 
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Solorzano and McCartney, 2010). In fact, three quarters of early puberty in 

humans is associated with increased central body adiposity (Hillman et al., 

2013).  The results of this study, however, are in agreement with previous studies 

suggesting that body adiposity may not be the best predictor of puberty (Evans 

and O’Doherty, 2001; Patterson et al., 2002; Kuehn et al., 2009; Kummer et al., 

2009; Knauer et al., 2011; Lie et al., 2013). 

The intravenous glucose tolerance test (IVGTT) provided insight into the 

metabolic status of these gilts. Gilts responded to the dextrose injection, with 

peak insulin levels occurring approximately five minutes after injection. Even 

though plasma glucose concentrations peaked at expected levels (Wray-Cahen 

et al., 1993), plasma insulin concentrations did not reach the expected 

physiological concentrations. This muted response may have made it more 

difficult to detect treatment based differences in response to the IVGTT.   

Despite this muted response, we found that gilts consuming the fructose 

containing diets had a greater AUC than those consuming the non-fructose diets.  

This may be indicative of a mild state of insulin resistance since insulin response, 

as determined by insulin AUC, did not differ between the fructose and non-

fructose groups. (calculate QUICKI, HOMA-IR and HOMA-B) 

When plasma insulin and glucose were assessed based on fat 

consumption, there were no differences in glucose or insulin AUC.  Even though 

the AUC did not differ, fat consumption tended to be associated with higher 

baseline glucose concentrations and total glucose concentrations.  Taken 
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together, these results indicate that fat consumption may not affect response to 

the IVGTT. 

Puberty is characterized by temporary decreased insulin sensitivity, which 

is typically associated with higher body adiposity (Hillman et al., 2013). 

Interestingly, this may be accomplished through mediation of  luteinizing 

hormone as a result of altered plasma glucose and insulin concentrations (Booth 

et al., 1996) even when  body composition does not differ (Booth et al., 1994). 

This supports the contention that body adiposity and leptin signaling may not be 

the best predictor of puberty (Kuehn et al., 2009).   

Of all the treatment groups represented in this study, the HFHF gilts 

appear to be the ones most likely to reach puberty at the youngest age.  The 

HFHF gilts have both high body adiposity and glucose/insulin parameters that 

suggested insulin resistance.  And although the difference was not statistically 

significant, numerically, the HFHF gilts have nearly the heaviest reproductive 

tracts (second only to FRU gilts). In order to test this hypothesis, the remaining 

twenty gilts (n=4) in this trial continued to be studied through physiological 

puberty and first pregnancy.  The results of the second phase of this experiment 

are presented in the subsequent chapter.  
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Table 1. Wean diet formulation and composition for the five dietary treatments.  
Female pigs were fed control (IND; n=8), lysine restricted (LYS, n=8), fat (FAT, 
n=8), fructose (FRU, n=8), or fat and fructose (HFHF, n=8) diets for 8 weeks. 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
  

Ingredient, % IND LYS FAT FRU HFHF 

Corn 69.98 78.70 61.63 30.18 23.90 

Soybean meal 24.00 19.00 20.50 20.50 23.20 

Beef tallow --- --- 15.00 --- 15.00 

Fructose --- --- --- 35.00 35.00 

Others 6.02 2.30 2.87 14.32 2.90 

Calc. nutrients      

ME, Mcal/kg 3.39 3.33 3.95 3.33 3.93 

Cal. from fat, % 11.0 9.1 34.5 7.3 32.2 

Cal. from sugar, % n/a n/a n/a 35.3 29.9 

SID Lys, % 0.98 0.68 0.68 0.68 0.68 

SID Lys/ME, g/Mcal 2.89 2.04 1.72 2.04 1.73 
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Figure 1 A. Body weight (BW) of pigs from Week 1 to Week 8 of the treatment 
period fed one of five dietary treatments: Industry control (IND), lysine restricted 
(LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and fructose (HFHF) 
included. BW was statistically different (P < 0.05) between IND and FRU on 
Weeks 7 and 8. B. Weekly last rib back fat (BF) depth measured with ultrasound. 
HFHF and FAT differed from other treatments from Weeks 5 to 8 (P < 0.05). 
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Figure 2 A. Final body weights of piglets (P= 0.32) on day of sacrifice. Gilts were 
fed one of five dietary treatments: Industry control (IND), lysine restricted (LYS), 
15% fat (FAT), 35% fructose (FRU), or both fat and fructose (HFHF) included. B. 
Final body adiposity of piglets as measured by dual-energy X-ray absorptiometry. 
Differing superscripts indicate statistical differences between treatments (a, b P < 
0.05).  
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Table 2.  Values for plasma glucose and insulin during IVGTT. 

 Treatment1  

Parameter IND LYS FAT FRU HFHF SEM 
P 

Value 

Baseline2 
Glucose 

72.9 78.05 89.18 78.62 79.31 4.54 0.26 

Glucose3 83.12 87.8 99.4 91.47 92.58 4.78 0.28 

Baseline2 
Insulin 

5.77 4.96 8.26 7.38 6.25 0.91 0.17 

Insulin3 7.44 6.32 9.93 8.59 7.76 1.17 0.36 

Glucose AUC4 712.94 711.28 588.05 866.86 922.86 121.52 0.35 

Insulin AUC5 114.56 104.78 67.77 67.19 100.17 27.00 0.61 
1 Gilts were fed one of five dietary treatments: Industry control (IND), lysine 
restricted (LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and fructose 
(HFHF) included. 
2Baseline concentrations calculated from all blood samples collected before 
dextrose injection. 
3Concentrations calculated from all blood samples collected after dextrose 
injection. 
4AUC = area under the glucose curve (mg/dL x mL x min). 
5AUC = area under the insulin curve (µIU/mL x mL x min). 
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Figure 3 A. Blood plasma concentration of insulin (µIU/mL) over time during the 
intravenous glucose tolerance test grouped by non-fructose or fructose fed pigs 
(treatment [trt]*time P>0.10; area under the curve [AUC] P>0.10).  B. Blood 
plasma concentration of glucose (mg/dL) over time during the intravenous 
glucose tolerance test grouped by non-fructose or fructose fed pigs (trt*time 
P>0.10; AUC P<0.05). 
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Figure 4 A. Blood plasma concentration of insulin (µIU/mL) over time during the 
intravenous glucose tolerance test grouped by by non-fat or fat fed pigs pigs 
(treatment [trt]*time P>0.10; area under the curve [AUC] P>0.10). B. Blood 
plasma concentration of glucose (mg/dL) over time during the intravenous 
glucose tolerance test grouped by non-fat or fat fed pigs (trt*time P=0.09; AUC 
P>0.10).  
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Figure 5 A. Total tract, uterine, cervical, and ovarian weights analyzed by 
treatment (P> 0.10). Gilts were fed one of five dietary treatments: Industry control 
(IND), lysine restricted (LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and 
fructose (HFHF) included. B. Length of uterine horns as a percentage of body 
weight (BW) analyzed by treatment (P> 0.05). C. Volume of the left ovaries as a 
percentage of BW analyzed by treatment (P> 0.10). D. Number of antral follicles 
visible on the surface of the ovaries by treatment (P> 0.10). 
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Figure 6 A. Total tract, uterine, cervical, and ovarian weights grouped by dietary 
fructose consumption (*P < 0.05). B. Length of uterine horns divided by body 
weight (BW) for non-fructose and fructose fed gilts (*P < 0.05). C. Volume of the 
left ovaries divided by BW for non-fructose and fructose fed gilts (*P < 0.05). D. 
Number of antral follicles visible on the surface of the ovaries for non-fructose 
and fructose fed gilts (*P= 0.05) 
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Figure 7 A. Total tract, uterine, cervical, and ovarian weights grouped by dietary 
fat (P> 0.15). B. Length of uterine horns divided by body weight (BW) grouped by 
dietary fat (P> 0.15). C. Volume of the left ovaries divided by BW grouped by 
dietary fat (P> 0.15). D. Number of antral follicles visible on the surface of the 
ovaries grouped by dietary fat (P> 0.15). 
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CHAPTER 3. Reproductive function is reduced in gilts consuming a high 
fat, high fructose diet. 

 

Abstract 

 
The results of the previous chapter demonstrated that pre-pubertal gilt 

reproductive tracts are sensitive to fructose consumption regardless of body 

adiposity but that experiment ended prior to puberty attainment. This study is a 

continuation of that work and was designed determine the effects of fructose on 

puberty attainment, pregnancy, and early fetal development. The twenty gilts 

from the previous chapter (n=4) continued their dietary treatments: 15% fat 

included (FAT), 35% fructose included (FRU), both fat and fructose included 

(HFHF), and two different control diets:  one standard industry (IND) diet meant 

to result in optimal lean growth and a second diet to account for the reduced 

lysine (LYS) intake in the treatment diets. Body weights (BW) and back fat (BF) 

measurements were recorded each week. Starting at 130d of age, gilts were 

checked twice daily for puberty attainment by back pressure test using boar 

spray and later confirmed with serum P4 analysis. Gilts that attained puberty were 

artificially inseminated (AI) on their third estrous cycle. Gilts that failed to become 

pregnant were treated with the product Matrix in order to prepare them for 

another opportunity to become pregnant to AI. On gestational day 38±3d, 

pregnant gilts were harvested for reproductive tract collection. Uterine, oviduct, 

ovarian, cervical, placental, and fetal weights were taken. Fetal and placental 

lengths were measured. Gilts fed the FAT treatment had more BF than the other 

treatment groups from week 6 through the study (P < 0.05), but IND pigs had the 
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heaviest BW from Week 12 through the end of the study (P < 0.05). There were 

no statistical differences in mean age or BWs at puberty. Gilts on the FAT 

treatment had more BF than LYS (2.63±0.30cm v. 1.36±0.30cm, respectively; P= 

0.05). There were no statistical differences between percentages of gilts 

achieving puberty. Fewer fructose fed pigs became pregnant than non-fructose 

fed (25% v. 75% respectively; P=0.03). All HFHF gilts failed to become pregnant. 

Placental weights were greater in fetuses from LYS gilts compared to fetuses 

from FAT gilts (79.0±6.55g v. 47.26±6.45g, respectively, P= 0.04). These results 

suggest that fructose reduces fertility in gilts. The exact mechanisms behind 

fructose’s impact on reproduction function are yet to be elucidated.  
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Introduction 

Puberty attainment may be directed dietarily in swine. Results from a 

preliminary study suggests that increasing fructose consumption rather than fat 

may act to advance reproductive tract development in gilts (unpublished data). . 

Agriculturally, this may present an opportunity for use of dietary manipulation 

rather than hormonal manipulation to advance puberty. By decreasing age of 

puberty, producers may increase the lifetime productivity of the sow. The number 

of estrous cycles before breeding, body adiposity, and weight all influence the 

breeding success of a gilt. Ideally, a gilt is bred on her second or third estrous 

cycle (Schukken et al., 1994; Kummer et al., 2006; Patterson et al., 2010). Gilt 

weight is more important than gilt age at breeding to help ensure that her body 

reserves are sufficient to support her first lactation (Williams et al., 2005; 

Kummer et al., 2006; Kummer et al., 2009). Gilts that reach at least 135kg and 

multiple estrous cycles earlier than their contemporaries will have a larger litter at 

her first parturition and have higher retention rates in the breeding herd 

(Patterson et al., 2010).   

This experiment is a continuation of the work presented in the previous 

chapter.  The results of the previously described experiment suggested that 

fructose consumption increases reproductive tract weight regardless of body 

adiposity. Therefore, we hypothesized that gilts consuming a high fructose diet 

will achieve puberty earlier than gilts on non-fructose diets butand have 

reducedgreater pregnancy success rates. 
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Materials and Methods 

 
Animals and Housing 

The Virginia Tech Institutional Animal Care and Use Committee approved 

all experimental procedures. Female cross- bred pigs (n=4) from Virginia Tech 

(Blacksburg, VA) were weaned at 21d and group housed in 1.0 x 3.0m pens in a 

single barn and offered a basal diet that meet or exceeded nutrient requirements 

as guided by the NRC (1998). For the first nine weeks of the experiment, gilts 

were housed in pairs as described in the previous chapter.   

Diet 

During the initial phase of the experiment, gilts were fed as described in 

the previous chapter.  On week nine of the experiment, one gilt from each pen 

was transported to the animal facility at Litton-Reaves Hall for additional study.  

The remaining pigs (with now only one per pen) continued to be fed as 

described.  All diets were formulated and fed in phases based on nutritional 

requirements of pigs (Tables 1-5). Diet phase was determined according to mean 

body weight (BW).  

Ultrasound 

Depths of subcutaneous fat at the last rib were collected weekly using a 

portable real time ultrasound scanner (Aloka SSD-500v, Aloka Co., LTD., 

Wallingford, CT) as described in the previous chapter. Ultrasound measurements 

were collected with a 7.5 MHz (week 1-7), 5 MHz (week 7-18), or 3.5MHz (week 

19 onward) transducer (all from Aloka Co., Wallingford, CT). Ultrasonic 

measurements were used to estimate changes in body adiposity in individual pig 
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throughout treatments and discontinued after the gilt entered the breeding 

program. 

Blood Collection 

After ultrasounds, blood samples were collected from the jugular vein. 

Blood was collected into untreated evacuated glass tubes (BD Vacutainer; 

Franklin Lakes, NJ). Tubes rested at room temperature for 1.5-4h at room 

temperature then stored for 24h at 4°C. Serum was separated by centrifuging 

samples at 15,000 x g for 20 minutes and then stored at -20°C until further 

analysis. Alternatively, for larger gilts resistant to blood sampling, fresh fecal 

samples were collected at the same time points as blood collections and frozen 

at -20°C until processing. Frozen fecal samples were diluted in water in a 1:24 

dilution and shaken for 5 minutes, then shaken for 10 minutes and allowed to 

settle. The supernatant was removed and stored separately at -20°C until further 

analysis (Sanders et al., 1994). 

Determination of Puberty Attainment 

Starting at 130d of age and ending at 365d of age, all gilts were checked 

daily for physical signs of estrus: swollen vulvas, vaginal discharge, and 

behavioral changes. Gilts suspected of coming into estrus were exposed to 

commercially available boar spray ( Hog Mate; ITSI Provisions, LLC; Walworth, 

WI) applied to a towel at least one hour after eating. After 5-20min of boar spray 

exposure, gilts were assessed for lordosis behavior by applying pressure to their 

back. Gilts who responded positively to the back pressure test were considered 

to be in behavioral estrus. Because boar exposure is known to decrease the age 
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of puberty in gilts, at no time during the duration of this study were gilts exposed 

to a live boar, reducing any confounding effects a boar may have on the gilts’ 

puberty attainment and their estrous cycles. Days between estrous cycles were 

recorded for each gilt. Ovulation was confirmed by measuring serum 

progesterone concentrations.  

Serum Progesterone Measurements 

Serum progesterone (P4) concentrations were measured by 

radioimmunoassay (RIA; Coat-A- Count; Siemens, Los Angeles, CA) as 

described in the previous chapter using either serum or fecal samples. Gilts were 

considered to be in estrus if P4 concentrations were greater than 2ng/mL for two 

weeks in a row, which is indicative of a functional corpus luteum. Blood and fecal 

collections ended after confirmation of puberty attainment or at 365d of age. 

Artificial Insemination and Pregnancy Confirmation 

Gilts that achieved puberty entered the breeding program on their third 

estrous cycle. All gilts were artificially inseminated (AI) with semen collected from 

a single boar provided by the Swine Center at Virginia Tech (Blacksburg, VA). 

Gilts with normal estrous cycles were inseminated on the first day they displayed 

lordosis behavior and again every 24hrs until estrus ended. If a gilt returned to 

estrus, she was inseminated for a second cycle. Any gilt remaining non-pregnant 

after her second insemination cycle was given commercially available altrenogest 

(Matrix; DPT Laboratories, Inc., San Antonio, TX) for 14 days before her third 

and final breeding attempt. Gilts with abnormal estrous cycles were treated with 

altrenogest for no more than two cycles before removal from the breeding 
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program. Estrous cycles were considered abnormal for the following reasons: no 

displays of lordosis after confirmation of puberty through P4 measurements, 

estrous cycles longer than 35d intervals, or because gilts displayed a normal first 

estrus but did not exhibit lordosis behavior during subsequent estrous cycles. 

Successful pregnancies were confirmed via portable real time ultrasound 

scanner (Ibex; E.I. Medical Imaging, Loveland, CO) and 5mHz curvilinear probe 

by a veterinarian at 30d of pregnancy.   

Reproductive Tract and Fetal Characterizations 

In order to collect reproductive tract samples and measurements, gilts 

were transported to the Virginia Tech abattoir for harvest. Gilts that became 

pregnant (eleven total) were harvested at 38±3d of pregnancy and tissue 

samples collected. Gilts that did not become pregnant or that did not attain 

puberty by one year of age were harvested at 411±3d of age and tissue samples 

collected. All gilts were harvested using standard industry practice monitored by 

a USDA inspector. Back fat, leaf fat, and omentum fat were removed from the 

carcass and snap frozen in liquid nitrogen. Visible corpora lutea were counted on 

each ovary, and the cervix, uterus, oviducts, and ovaries were weighed. The 

entire uterus with the cervix, conceptuses, oviducts, and ovaries were weighed 

and the weight recorded as “whole tract weight.” After removal of the 

conceptuses and other reproductive tract organs, the uterus was weighed again 

and weight recorded as “empty uterine weight.”  Liver samples were snap frozen 

in liquid nitrogen for mRNA analysis. The right and left ovaries were divided into 

two sections. One piece was snap frozen in liquid nitrogen, and the second piece 
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was preserved 10% formalin for histological analysis. Each oviduct was divided 

into three equal sections after removing the infundibulum. The two outer sections 

were snap frozen in liquid nitrogen and the middle section placed in 10% 

formalin. The anterior vagina, cervix, and uterine body were also sectioned then 

snap frozen in liquid nitrogen or preserved in 10% formalin. The uterine body was 

used for analysis instead of the uterine horns to reduce the likelihood that nearby 

fetuses would affect the results of the analyses. All samples frozen in liquid 

nitrogen were stored at -80°C for later analyses. Samples preserved in 10% 

formalin were transferred and stored in 70% ethanol after 48h. 

The reproductive tracts of pregnant gilts were weighed once with all 

conceptuses intact and again after all conceptuses were removed. Each 

conceptus was removed from the uterus and measured for placental length, 

placental weight, fetus crown-rump length, and fetus weight. The chorioallantoic 

membrane of each placenta was divided and placed in 10% formalin or snap 

frozen in liquid nitrogen. All fetuses were placed in ice-cold phosphate buffered 

saline until further processing. 

Fetuses were transported to the laboratory in ice-cold phosphate buffered 

saline for preservation preparation. Fetuses were equally divided into two groups 

by weight. One group was preserved in 10% formalin and transferred to 70% 

ethanol after 48h. The second group was preserved in 4% paraformaldehyde for 

2h, then transferred to a 30% sucrose solution and stored at 4°C for later 

analysis. All of the fetuses were decapitated to allow the preservation solutions to 

completely saturate the tissues.  
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Statistics 

Analyses were conducted by treatment (IND, LYS, FAT, FRU, HFHF), by 

carbohydrate source (FRU/HFHF v. IND/LYS/FAT), or fat content (FAT/HFHF v. 

IND/LYS/FRU). Weekly BW and BF measurements were analyzed using the 

GLIMMIX procedure of SAS 9.3 (Cary, NC) using, treatment, and week x 

treatment as fixed effects and pig as a random effect. Reproductive tracts and 

final body measurements were analyzed by the GLM procedure. Conceptus 

measurements were analyzed with MIXED procedure using conceptus number 

nested within gilt as the random statement. Time to puberty was analyzed using 

the LIFETEST procedure with a LogRank test. Percentages of pigs to achieve 

puberty and pregnancy were analyzed using the FREQ and CATMOD procedure. 

Comparisons of means were conducted using the Tukey-Kramer method. 

Results are presented as least squares means ± SEM. Statistical significance 

was determined as P ≤ 0.05; tendency for statistical significance was determined 

as P < 0.10. 

Results 

 
Growth and Puberty Characteristics 

Body weights (BW) were recorded and last rib back fat (BF) depth were 

measured by ultrasound on the pigs as described in the previous chapter.  Body 

weights of the IND group were statistically greater (P<0.05) than the other 

treatment groups from Week 12 through the end of the study period (Fig. 1). 

However, BW did not differ (P=0.22) amongst any of the five treatments at the 

time of puberty attainment (Table 6). When comparing non-fructose to fructose 
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fed pigs, non-fructose fed pigs weighed numerically more than fructose fed pigs 

(143.45±8.89kg v. 121.84±11.13kg, respectively) at puberty, but there were no 

statistical differences between BWs (P=0.14; Table 6). When comparing non-fat 

fed to fat fed pigs, mean BWs at puberty were almost identical (133.0±8.24kg v. 

132.21±11.98kg; P=0.95; Table 6). For pigs that became pregnant (n=11), there 

were no differences between BW at day of sacrifice (P>0.10).  

When data were analyzed across all five treatments, BF depth as determined 

by ultrasound was greatest in the FAT treatment group from Week 6 through the 

remainder of the study (Fig. 2). As described in the previous chapter, 

consumption of fat-fed diets (FAT and HFHF) increased BF depth which is 

indicative of whole-body adiposity. Mean BF depth at puberty was greater in FAT 

pigs than LYS pigs (2.63±0.30cm v. 1.37±0.30cm, respectively; P=0.05), but did 

not differ between the other treatment groups (Table 6).     

Age at puberty attainment did not differ between treatment groups (P=0.13, 

Fig. 3) as analyzed by a survival curve. When analyzed by dietary fructose and 

fat consumption, there were no differences in age at puberty compared to non-

fructose (P=0.40, Fig. 4) and non-fat pigs (P=0.16; Fig. 5). The number of gilts to 

achieve puberty is presented in Table 7 by treatment group as well as dietary 

fructose and fat additions. There were no statistical differences between the 

percent of gilts to attain puberty between treatment groups, fructose addition, nor 

fat addition (Table 7). Pregnancy rates did not differ between treatment groups or 

fat addition. Gilts fed a fructose containing diet, however, were less likely to 

become pregnant that non-fructose gilts (P= 0.03, Table 7). 
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Reproductive Tract and Fetal Characteristics 

Weights were collected on the total reproductive tract, uterus, cervix, and 

ovaries and analyzed by treatment. Across IND, FAT, FRU, and LYS treatments, 

as a percentage of BW, there were no significant differences in empty uterine 

tract, cervix, oviduct, nor ovarian weights (P>0.10; Fig. 6B-F). Whole tract 

weights were statistically greater in LYS than FAT pigs (0.024±0.002% v. 

0.016±0.002%; P<0.05) while IND and FRU whole tract weights did not differ 

from each other and tended to be intermediate to LYS and FAT treatments (Fig. 

6B). Because none of the HFHF gilts became pregnant, a full factorial analysis 

could not be completed to compare fat fed to non-fat pigs or fructose fed to non-

fructose pigs. 

Placental weights, placental lengths, fetal weights, crown-rump lengths, and 

fetal to placental ratios were analyzed by treatment. There were no differences 

between treatments in any measurements collected except placental weights; 

LYS placentas were heavier than FAT placentas (79.07±6.55g v. 47.26±6.5g, 

respectively; P= 0.04) while IND and FRU weighed intermediately between the 

two treatment groups (Fig. 7).  

  



 67 

Discussion 

 
Overall, fructose fed pigs had numerically lower mean BW and BF at 

puberty, although they attained puberty an average of 18.3d later than non-

fructose fed pigs. While none of these values were significantly different from 

each other, the numeric differences indicate that the fructose fed gilts grew more 

slowly, and that their attainment of puberty may have been more closely linked to 

having reached a threshold age rather than BW or body composition.   

All of the FRU pigs reached puberty while only half of the HFHF pigs 

reached puberty. The FRU gilts had the numerically lowest mean BW at puberty 

compared to the other treatment groups. The gilts in the HFHF treatment had the 

numerically highest mean age at puberty. They also had the highest proportion of 

gilts failing to achieve puberty, and of those gilts that were cycling, none of the 

HFHF were able to become pregnant. In fact, both HFHF gilts were each given 

two rounds of Matrix which all resulted in failure to become pregnant. After 

harvest, it was noted that one HFHF gilt had cystic ovaries, and the other gilts 

had prepubertal or otherwise abnormal ovaries in appearance. Similarly, cystic 

follicles were observed in obese female Ossabaw pigs given a diet high in fat and 

fructose (Newell-Fugate et al., 2014). None of the gilts in the other treatment 

groups had ovarian cysts, and only one other had ovaries that were prepubertal 

in appearance (gilt from FAT treatment).  

Fewer fructose fed gilts became pregnant compared to non-fructose gilts, 

which could indicate that dietary fructose is adversely affecting reproductive 

function, and excess fat may exacerbate that effect. In rats, a high fat diet did not 
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affect the timing of puberty, but was associated with irregular estrous cycles (Lie 

et al., 2013).  Due to the small sample sizes of this study, statistical significance 

was difficult to achieve, although the numerical differences provide valuable 

preliminary information for further investigation in future studies with larger 

sample sizes and increased statistical power. 

All gilts, including the control (IND) gilts, reached puberty at an older age 

than normally seen in a production setting. The IND pigs in this study achieved 

puberty at a mean age of 234d of age. Puberty is usually achieved between 150-

220d of age with an average of 180d of age (Patterson et al., 2002; Soede et al., 

2011). Two possible reasons for the delay in puberty could be lack of boar 

exposure and individually housing gilts instead of the typical group housing. 

Without boar exposure, less than a quarter of Large White x Landrace cross- 

bred gilts achieve puberty by 180d of age. Daily boar exposure can decrease 

time of puberty from 200-210d of age to 160-170d of age (Gonzalez-Anover et 

al., 2010). Prepubertal gilts that are group housed achieve puberty at a younger 

and more synchronized age than gilts that are individually penned (Pearce, 

1992). 

Fetal comparisons between fructose fed and non-fructose fed gilts could 

not be conducted because HFHF gilts failed to become pregnant. Only placental 

weights differed between treatment groups: LYS placentas were heavier than 

FAT placentas, and FAT placentas weighed the least numerically. These results 

are probably also directly related to the statistical differences in the whole tract 

weights; the uteri were weighed with the placentas intact and followed the same 
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statistical pattern as the placenta analysis. While a certain amount of body 

adiposity is required for optimal reproductive function, the negative effects of 

obesity have been well documented in the previous chapters, so these results 

were not unexpected.  

In swine, fructose is known to be the primary carbohydrate found in fetal 

and neonatal blood (Randall and L'Ecuyer, 1976; Pere, 1995). The role fructose 

may play in early fetal development has recently come to light. In utero, fructose 

signals trophectoderm proliferation (Kim et al., 2012). In a rat study, maternal 

fructose consumption decreased the placental weights of female embryos, 

though fetal weights were not affected (Vickers et al., 2011). The interactions 

between excess fat and fructose on fetal development have yet to be elucidated. 

Performance and the environment of gilts prior to puberty influence their 

reproductive outcome. In other works, gilts with a higher growth rate had a larger 

litter size. Gilts with a high BF thickness at 100kg BW had shorter weaning-to-

estrous intervals compared to gilts with lower BF, and more piglets at their 

second parity (Prunier and Quesnel, 2000). Recently, gilts fed a high fat diet 

were observed to have heavier reproductive tracts and achieve puberty 12d 

earlier than their non-fat fed counterparts (Zhuo et al., 2014) However, similar 

results were not observed in this study. 

Increased body adiposity is capable of affecting fertility through increased 

hormone production from adipose tissue. Adipose tissue is a site of steroid 

production, steroid metabolism, and controls bioavailability of sex steroids 

(Brewer and Balen, 2010). Adipose tissue stores lipid soluble steroids at a much 
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higher concentration than blood plasma. Because of this, the pool of sex steroids 

is much higher in obese than normal weight individuals (Pasquali and Gambineri, 

2006).  In this study, it was the gilts consuming both high fat and high fructose 

that exhibited the most severe phenotype.  This suggests that there may be a 

synergistic relationship between the two additives that is detrimental to fertility.  

Additional research is necessary to determine the mechanisms responsible, 

however. 

In conclusion, gilts consuming fructose were less likely to attain puberty or 

become pregnant compared to gilts on non-fructose diets. While excess fat 

consumption increased body adiposity in fat fed gilts, excess fructose or the 

combination of high fat and high fructose appears to have the greatest impact on 

reproduction. 
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Table 1. Wean diet formulation and composition for the five dietary treatments 
(10-30kg). Female pigs were fed control (IND; n=4), lysine restricted (LYS, n=4), 
fat (FAT, n=4), fructose (FRU, n=4), or fat and fructose (HFHF, n=4). 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Ingredient, % IND LYS FRU FAT HFHF 

Corn 69.98 78.70 30.18 61.63 23.90 

Soybean meal 24.00 19.00 20.50 20.50 23.20 

Beef tallow --- --- --- 15.00 15.00 

Fructose --- --- 35.00 --- 35.00 

Others 6.02 2.30 14.32 2.87 2.90 

Calculated 
nutrients 

     

ME, M cal/kg 3.39 3.33 3.24 3.95 3.93 

CP, % 19.15 15.56 15.43 14.85 13.01 

SID Lys, % 0.98 0.68 0.68 0.68 0.68 

Fat, % 4.71 3.64 2.8 17.72 16.33 

Available P, % 0.29 0.23 0.28 0.29 0.29 

Ca, % 0.69 0.56 0.57 0.7 0.7 

Cal. From sugar, % 0.00 0.00 36.31 0.00 29.92 

Cal. From Fat, % 11.66 9.17 7.26 34.93 32.16 

SID Lys/ME, g/Mcal 2.88 2.03 2.09 1.73 1.73 
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Table 2. Grower diet formulation and composition for the five dietary treatments 
(30-60kg). Female pigs were fed control (IND; n=4), lysine restricted (LYS, n=4), 
fat (FAT, n=4), fructose (FRU, n=4), or fat and fructose (HFHF, n=4). 

   
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Ingredient, % IND LYS FRU FAT HFHF 

Corn 78.20  84.26  38.30  68.29  30.48  

Soybean meal 19.50  13.39  14.90  14.35  17.16  

Beef tallow --- --- --- 15.00 15.00 

Fructose --- --- 35.00 --- 35.00 

Others 2.30 2.35 11.8 2.36 2.36 

Calculated 
nutrients 

     

ME, Mcal/kg 3.34 3.34 3.26 3.97 3.95 

CP, % 15.87 13.36 12.77 12.48 10.68 

SID Lys, % 0.78 0.53 0.53 0.53 0.53 

Fat, % 3.63 3.69 2.73 17.79 16.40 

Available P, % 0.22 0.22 0.28 0.22 0.22 

Ca, % 0.58 0.58 0.57 0.58 0.57 

Cal. From sugar, % 0.00 0.00 36.13 0.00 29.77 

Cal. From Fat, % 9.13 9.30 7.05 34.90 32.14 

SID Lys/ME, g/Mcal 2.34 1.60 1.62 1.33 1.34 
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Table 3. Grower diet formulation and composition for the five dietary treatments 
(60-90kg). Female pigs were fed control (IND; n=4), lysine restricted (LYS, n=4), 
fat (FAT, n=4), fructose (FRU, n=4), or fat and fructose (HFHF, n=4).  
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Ingredient, % IND LYS FRU FAT HFHF 

Corn 83.28  88.15  40.37  71.99  33.84  

Soybean meal 15.00  9.50  11.35  10.65  13.80  

Beef tallow --- --- --- 15.00 15.00 

Fructose --- --- 35.00 --- 35.00 

Others 1.72 2.35 13.28 2.36 2.36 

Calculated 
nutrients 

     

ME, Mcal/kg 3.36 3.36 3.33 3.97 3.95 

CP, % 14.12 11.83 11.24 11.04 9.36 

SID Lys, % 0.64 0.44 0.44 0.44 0.44 

Fat, % 3.70 3.72 4.18 17.83 16.43 

Available P, % 0.17 0.22 0.28 0.22 0.21 

Ca, % 0.51 0.57 0.56 0.57 0.56 

Cal. From sugar, % 0.00 0.00 35.31 0.00 29.76 

Cal. From Fat, % 9.25 9.37 10.54 34.97 32.19 

SID Lys/ME, g/Mcal 1.90 1.31 1.31 1.10 1.12 
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Table 4. Grower diet formulation and composition for the five dietary treatments 
(90-120kg). Female pigs were fed control (IND; n=4), lysine restricted (LYS, 
n=4), fat (FAT, n=4), fructose (FRU, n=4), or fat and fructose (HFHF, n=4).  

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

Ingredient, % IND LYS FRU FAT HFHF 

Corn 88.38 91.20  43.18  74.85  36.96  

Soybean meal 10 6.90  8.80 8.20  11.00  

Beef tallow --- --- --- 15.00 15.00 

Fructose --- --- 35.00 --- 35.00 

Others 1.62 1.90 13.02 1.95 2.04 

Calculated 
nutrients 

     

ME, Mcal/kg 3.34 3.35 3.35 3.99 3.97 

CP, % 12.16 10.85 10.31 10.11 8.29 

SID Lys, % 0.51 0.37 0.37 0.37 0.38 

Fat, % 3.75 3.76 4.27 17.87 16.47 

Available P, % 0.16 0.18 0.18 0.18 0.18 

Ca, % 0.46 0.53 0.53 0.53 0.53 

Cal. From sugar, % 0.00 0.00 35.11 0.00 29.67 

Cal. From Fat, % 9.36 9.42 10.71 34.92 32.18 

SID Lys/ME, g/Mcal 1.53 1.11 1.11 0.94 0.94 
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Table 5. Gestation diet formulation and composition for the five dietary 
treatments (120+ kg). Female pigs were fed control (IND; n=4), lysine restricted 
(LYS, n=4), fat (FAT, n=4), fructose (FRU, n=4), or fat and fructose (HFHF, n=4). 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 

 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
  

Ingredient, % IND LYS FRU FAT HFHF 

Corn 69.90  69.90  28.4 52.85  14.80  

Soybean meal 6.00  6.00  7 6.00  9.00  

Beef tallow --- --- --- 15.00 15.00 

Fructose --- --- 35.00 --- 35.00 

Others 24.10 24.10 29.60 26.15 26.20 

Calculated 
nutrients 

     

ME, Mcal/kg 3.24 3.24 3.19 3.81 3.79 

CP, % 14.03 14.03 12.53 13.42 11.70 

SID Lys, % 0.46 0.46 0.46 0.46 0.46 

Fat, % 5.57 5.57 4.44 18.87 17.48 

Available P, % 0.36 0.36 0.35 0.36 0.34 

Ca, % 0.78 0.78 0.79 0.79 0.80 

Cal. From sugar, % 0.00 0.00 36.90 0.00 31.05 

Cal. From Fat, % 14.43 14.43 11.70 38.75 35.91 

SID Lys/ME, g/Mcal 1.43 1.43 1.43 1.21 1.22 



 76 

 

0 1 0 2 0 3 0

0

5 0

1 0 0

1 5 0

2 0 0

W e e k

W
e

ig
h

t 
(k

g
)

F A T

F R U

H F H F

IN D

L Y S

 

 
Figure 1.  Body weight (BW) of pigs from Week 0 to Week 32 of the treatment 
period. BW fed one of five dietary treatments: Industry control (IND), lysine 
restricted (LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and fructose 
(HFHF) included. Body weight of IND was statistically different (P < 0.05) from 
the other treatments from Week 12 through the end of the study period. 
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Figure 2.  Back fat (BF) of pigs from Week 0 to Week 32 of the treatment period. 
Gilts were fed one of five dietary treatments: Industry control (IND), lysine 
restricted (LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and fructose 
(HFHF) included. Back fat of FAT treatment was statistically different (P < 0.05) 
from the other treatments from Week 6 through Week 29 of the study period. 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 
 



 78 

 
 

 Table 6. Age, body weights, and back fat depth of gilts that achieved puberty.  
 

  

Mean age 
at puberty 

(d)  SEM 

Mean body 
weight at 

puberty (kg)  SEM 

Mean back 
fat at puberty 

(cm) 2 SEM 

Treatment1         

IND 234.25 7.63 161.33 12.38 2.38x,y 0.26 

LYS 258.00 8.76 125.69 14.30 1.36 x 0.30 

FAT 235.50 9.74 137.94 14.30 2.63 y 0.30 

FRU 248.75 12.89 118.47 12.38 1.68 x,y 0.26 

HFHF 276.25 13.17 129.02 17.51 1.80 x,y 0.36 

Sugar       

Non-Fructose 244.17 5.96 143.45 8.89 2.15 0.20 

Fructose 262.50 9.58 121.84 11.13 1.72 0.30 

Fat       

Non-Fat 248.17 6.47 133.00 8.24 1.85 0.19 

Fat 260.38 11.27 132.21 11.98 2.3 0.28 
1 Gilts were fed one of five dietary treatments: Industry control (IND), lysine restricted 
(LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and fructose (HFHF) included. 
2Differing superscripts indicate a statistically significant difference between treatment  
groups (P=0.05). 
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Table 7. Percentage of pubertal and pregnant gilts in each treatment group.  

  
n pubertal 

(total) 
% 

pubertal P Value 
n pregnant 

(total) 
% 

pregnant P Value 

Treatment1         

IND 4 (4) 100.00 0.36 3 (4) 75.00 0.14 

LYS 3 (4) 75.00  3 (4) 75.00  
FAT 3 (4) 75.00  3 (4) 75.00  

FRU 4 (4) 100.00  2 (4) 50.00  

HFHF 2 (4) 50.00  0 (4) 0.00  

Sugar       

Non-Fructose 10 (12) 83.30 0.65 9 (12) 75.00 0.03 

Fructose 6 (8) 75.00  2 (8) 25.00  

Fat       

Non-Fat 11 (12) 91.70 0.11 8 (12) 66.70 0.20 

Fat 5 (8) 11.27  3 (8) 37.50  
1 Gilts were fed one of five dietary treatments: Industry control (IND), lysine restricted 
(LYS), 15% fat (FAT), 35% fructose (FRU), or both fat and fructose (HFHF) included. 
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Figure 3. Survival curve of puberty attainment by treatment group. Female pigs 
were fed control (IND; n=4), lysine restricted (LYS; n=4), fat (FAT; n=4), fructose 
(FRU; n=4), or fat and fructose (HFHF; n=4).  Age of puberty attainment did not 
differ statistically between treatments (P=0.13). 
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Figure 4. Survival curve of puberty attainment by dietary fructose. Age of puberty 
attainment did not differ statistically between fructose fed and non-fructose 
groups (P=0.40). 
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 Figure 5. Survival curve of puberty attainment by dietary fat. Age of puberty 
attainment did not differ statistically between fat fed and non-fat groups (P=0.16). 
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Figure 6. A. Body weight (BW) of gilts on day of sacrifice analyzed by treatment 
(P> 0.10). HFHF did not become pregnant, so are not represented on graphs. B. 
Total tract weight (ovaries, oviducts, uterus, conceptuses, and cervix) analyzed 
by treatment (a,b P < 0.05) C. Uterus weight after removal of conceptuses 
analyzed by treatment (P> 0.10). D. Cervix weight analyzed by treatment (P> 
0.10). E. Total ovary weight analyzed by treatment (P> 0.10). F. Oviduct weight 
analyzed by treatment (P> 0.10). 
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Figure 7 A. Placenta weights after removal of fetus and fluids compared by 
treatment (a, b P=0.04). Gilts were fed one of five dietary treatments: Industry 
control (IND), lysine restricted (LYS), 15% fat (FAT), 35% fructose (FRU), or both 
fat and fructose (HFHF) included. HFHF did not become pregnant, so are not 
represented on graph. B. Placental weights as compared by treatments (P> 
0.10). C. Fetus weights after removal from their placentas as compared by 
treatments (P> 0.10). D. Fetal lengths measured from the crown of the head to 
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top of the rump as compared by treatments (P> 0.10). E. Ratio of fetal weight to 
placental weight as compared by treatments (P> 0.10). F. Ratio of fetal crown-
rump length to placental length as compared by treatments (P> 0.10). 
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CONCLUSIONS 

 
 

In conclusion, these studies have demonstrated that diets containing 

fructose may have detrimental effects on the reproductive capabilities in swine. 

During prepubertal development, fructose consumption increased reproductive 

tract weights. Once gilts had reached pubertal age, gilts consuming fructose 

were less likely to attain puberty or become pregnant. These findings are 

important for understanding how dietary carbohydrates can impact lifetime 

productivity in sows. These findings are also an important step for human health 

in the continuing obesity epidemic. Future work into this topic should include 

intervention studies: replacing the fructose diets with a standard diet may rescue 

fertility. Other areas of research should focus on how the maternal diet may 

impact oocyte quality and fetal development. 
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