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Raman Spectroscopy for Monitoring of Microcystins in Water  

Rebecca A. Halvorson  

ABSTRACT   

Cyanobacterial blooms are of great concern to the drinking water treatment industry due to 

their capacity to produce microcystins and other cyanotoxins that are deadly to humans, 

livestock, pets, and aquatic life at low doses. Unfortunately, the strategies currently employed for 

cyanotoxin detection involve laborious analyses requiring significant expertise or bioassay kits 

that are subject to numerous false positives and negatives. These methods are incapable of 

providing rapid, inexpensive, and robust information to differentiate between the >80 cyanotoxin 

variants potentially present in an aqueous sample.   

The use of Raman spectroscopy for identification and quantification of the ubiquitous 

cyanotoxin microcystin-LR (MC-LR) was examined. Raman spectra readily reflect minute 

changes in molecular structure, spectra can be collected through water or glass, portable Raman 

spectrometers are increasingly available, and through surface enhanced Raman spectroscopy 

(SERS) it is possible to achieve femto or picomolar detection limits for a variety of target 

species. Drop coating deposition Raman (DCDR) was successfully implemented for quantitation 

of 2-100 ng of MC-LR deposited in 2 µL of aqueous sample, even without the use of a 

specifically designed DCDR substrate or Raman signal enhancements. Reproducible MC-LR 

Raman spectra were observed for both fresh and aged DCDR samples, and the MC-LR Raman 

spectrum remained identifiable through a matrix of >80% DOM by mass. DCDR methods show 

tremendous potential for the rapid, simple, and economical detection of cyanotoxins in 

environmental matricies at environmentally relevant concentrations.  
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Introduction  

The compiled chapters describe research efforts directed towards the development of a method 

for identification and quantification of microcystins in water matricies. The first chapter 

describes the dangers of cyanotoxin presence in water supplies and the necessity for the 

development of novel monitoring technologies. Chapter two documents the author’s research 

efforts to apply Raman methods for microcystin detection. Chapter three describes the potential 

utility of surface enhanced Raman spectroscopy (SERS) as a tool for environmental analyses. 

This chapter was published as a Feature article in Environmental Science & Technology on 

October 15th, 2010. The final chapter summarizes the engineering significance of the 

documented research efforts.  
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1  

Cyanotoxins: The Looming Danger and the Necessity for 

Development of New Monitoring Technologies 

The contamination of drinking water by cyanobacteria (blue-green algae) and their toxins is a 

significant health risk in both developed and developing regions of the world. Cyanobacterial 

blooms readily occur in freshwaters (e.g., reservoirs, lakes, rivers) used for drinking water supply 

when nutrient loads and temperatures are high and the water body is hydrologically stable (1), 

and they have even been identified in Blacksburg, VA (Figure 1.1). These blooms contain 

numerous cyanobacterial genera that can include Microcystis, Anabaena, Anabaenopsis, and 

Nodularia, among others (2,3). Although not all blooms are toxic, each of these genera has the 

potential to produce cyanotoxin byproducts that may elicit neurotoxic, hepatotoxic, cytotoxic, 

and gastrointestinal effects. The observation that 

cyanobacterial blooms can produce cyanotoxin 

byproducts that can exert a toxic effect at low doses 

has elicited great interest in protocols to quantify 

them both in raw and treated waters (4). 

Unfortunately, cyanotoxin monitoring programs are 

complicated by the existence of more than 90 

cyanotoxin variants, many of which are structurally 

very similar (5). LC-MS-MS methods that can 

distinguish between these toxins are often too costly for routine monitoring by water utilities (6). 

  

 Figure 1.1. A cyanobacterial bloom on 
a Blacksburg, VA pond. The inset is an 
image of Anabaena (400×) as identified 
in the Vikesland lab.  
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Simpler bioassay kits that are available cannot distinguish between the variants and are subject to 

numerous false positive and negative results. Due to difficulties associated with existing 

cyanotoxin detection technologies, the widespread occurance of cyanotoxins, and the potent 

toxicity of the cyanotoxins, the EPA has included the microcystins, one of the most common 

cyanotoxin classes, on the 2009 drinking water contaminant candidate list 3 (CCL3; ref. 7).  

The cyclic heptapeptide microcystin (MC) toxins are one class of cyanotoxin that are of 

concern because they are common, inhibit protein phosphatase function thus causing liver 

failure, have tumor-promoting properties, and have been associated with primary liver cancer 

(Figure 1.2; refs. 8,9). At present, over 80 microcystin variants have been identified (5) – these 

variants differ in terms of their peptide sequence, degree of methylation, and toxicity (10). Each 

microcystin has the general structure cyclo (D-Ala-L-X-D-MeAsp-L-Z-Adda-D-Glu-Mdha) 

where MeAsp is D-erythro-b-methylaspartic acid, Mdha is N-methyldehydroalanine, Adda is 

[(2S, 3S, 8S, 9S)-3-amino-9-methoxy-2,6,8-trimethyl-10-phenyldeca-(4E),(6E)-dienoic acid], 

and X and Z are variable amino acids. The hydrophobicity of the Adda group enables the 

microcystins to penetrate into hepatocytes, where they inhibit the activity of the serine-threonine 

protein phosphatases PP1 and PP2A (11).  

 

Figure 1.2. Structures of microcystins. 
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Of the different microcystins, the most frequently detected (ranging from 23-94% of total MC 

content) and one of the most toxic is microcystin-LR (MC-LR, whose peptide chain contains 

leucine (L) and arginine (R) amino acids) (3). Other commonly observed congeners include 

microcystin-RR (MC-RR), microcystin-YR (MC-YR), and microcystin-LA (MC-LA; ref. 10).  

Unfortunately, conventional water treatment processes do not completely remove microcystins 

(12-14)  and thus potential exposures via drinking water can result. A recent survey of U.S. lakes 

and water supply reservoirs indicated that 80% of the tested water bodies were positive for 

microcystin – clearly illustrating the ubiquity of cyanobacteria in the aquatic environment and 

the potential scope of the problem (15). In fact, it is estimated that the most likely routes by 

which one could be exposed to microcystins are via consumption of contaminated drinking water 

and exposure to contaminated recreational waters. Although the WHO suggested limit for MC-

LR in drinking water is 1 nM (1 g/L), dose-response experiments indicate that toxicity differs 

by variant with IC50 values of protein phosphatase inhibition for three tested microcystins and 

nodularin varying from 2.2-175 nM (9). Given the toxicity of the microcystins and their 

widespread presence, there is a dire need for water treatment utilities to possess an early warning 

system that provides either real-time or near-real-time warnings when microcystins are present in 

raw and treated waters. 

 

Existing protocols for isolation and quantification of cyanotoxins  

Typically, drinking water safety is maintained by analyzing source waters for either the 

presence of cyanobacteria or by measurement of the cyanotoxin concentration. Most current 

methods are expensive and time consuming or lack the sensitivity and repeatability to be applied 
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for large-scale drinking water monitoring.  The following section discusses both the strengths 

and shortcomings of the current detection methods and demonstrates the dire need for improved 

method development.  

 

Table 1.1. Existing detection methods for MC-LR. Method, method detection limit, and 
comments are included. 

Method                            MDL  Comments 
     
Brine shrimp toxicity assay (16)  5-10 g/kg Measure of nonspecific toxicity, 24  

   hrs/sample (MDL= LD50)      
TLC (thin-layer chromatography, ref. 17) 1 g/L  Requires 50 mL of sample, visual  

   measure of microcystin presence 
HPLC, UV-VIS detector (3,18,19)  1-10 ng* Expensive standards, spectral  

   overlap of different toxins  
HPLC, PDA detector (18)   1-10 ng* Spectral overlap of different toxins,  

   $300 and 0.5-1 hr/sample**  
LC-MS (18)     50 pg*  MS systems expensive, $400 and 0.5  

   hr/sample, fragment analyses 
SPE and LC-MS/MS (20,21)   2.6 ng/L    for variant identification  

   hindered by fragment overlap 
MALDI-TOF-MS (22)   15 g/L Fast, matrix interference decreases  

   sensitivity, expensive initial setup 
SELDI-TOF-MS (23)    0.025 g/L Very sensitive, expensive initial  

setup, problematic analyte  
competition 

ELISA (24,25)          0.2 g/L Kits available, $200/sample,  
antibody function can be difficult      
to predict 

PPIA (26,27)        0.1 g/L Not sensitive for all microcystins,  
   total toxicity, non-specific 

MIPs (28)     0.2 g/L New technique with great potential  
   for biosensors 

*MDLs for HPLC correspond to mass registered by the instrument regardless of volume. Typical 
volumes are 10-25 L. Extraction or concentration is necessary to increase sensitivity. 
**All cost and time estimates provided by Lawton and Edwards, 2007 are listed as contract 
quotes. Analysis times exclude sample concentration and preparation (18) 
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Microcystins were historically monitored by whole organism (e.g., rodent, insect, crustacean) 

toxicity assays that are useful in terms of determining the overall toxicity of a water, but are time 

consuming and do not allow toxin identification (Table 1.1; refs. 29-31). Given these limitations, 

most routine microcystin analyses are done using liquid chromatography with either UV-VIS 

diode-array or mass spectrometric (MS or MS/MS) detection (3,32-37). Microcystin 

quantification by UV-VIS entails comparison of retention times, UV-VIS spectra, and peak areas 

to commercially available standards. Unfortunately, most microcystins have identical UV-VIS 

profiles, so microcystin variants are usually expressed as equivalents of MC-LR. Quantitative 

analysis and unknown identification can be achieved with MS and MS/MS detection, however, 

the costs of these instruments preclude their widespread use (4).  

The most promising methods for the rapid detection of microcystins rely upon molecular 

recognition events between microcystins and either antibodies or molecularly imprinted 

polymers (MIPs). The binding of a microcystin to one of these recognition agents can be 

monitored by various methods (e.g., electrochemistry or spectroscopy) and the resulting output 

can be correlated to the microcystin concentration (11,38-40).  Although MIPs for microcystins 

have only recently been developed (41,42), the effectiveness of antibody based approaches is 

widely acknowledged. This utility is illustrated by the range of commercially available enzyme 

linked immunosorbent assays (ELISAs) currently on the market for microcystin analysis (e.g., 

SDI EnviroGard, EnviroLogix, Mistubishi ELISA). These ELISAs employ either monoclonal or 

polyclonal antibodies and exhibit varying affinities for different microcystin congeners (43). 

Unfortunately these assays are dependent upon the specificity of the antibody and as such are 

oftentimes subject to false positives.   
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The lack of sensitivity and specificity of the current microcystin detection methodologies are 

shortcomings that must be addressed to protect public health. These observations suggest the 

dire need for a detection system for cyanotoxins that requires minimal operator training 

and that can provide rapid, accurate information about toxin concentrations. 
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Drop Coating Deposition Raman (DCDR) for Microcystin-LR 

Identification and Quantitation in an Environmental Matrix  

Rebecca A. Halvorson and Peter J. Vikesland* 

 

Department of Civil and Environmental Engineering and Institute of Critical Technology and 

Applied Science (ICTAS), Virginia Tech, 418 Durham Hall, Blacksburg, VA 24060-0246 

 

ABSTRACT   

   A drop coating deposition Raman (DCDR) method was applied for analysis of 2-200 ng 

samples of microcystin-LR (MC-LR), a ubiquitous hepatotoxin secreted by cyanobacteria. 

Aqueous sample volumes of 0.5-20 µL generated sample deposits from which MC-LR Raman 

spectra could be obtained within seconds. Larger volume samples were not required to improve 

spectral resolution. Raman spectra of 2 µL “coffee-ring” deposits displayed distinct MC-LR 

Raman signals with high signal to noise in 1 s for a 200 ng (100 mg/L) sample and 300 s for a 2 

ng (1 mg/L) sample. A linear correlation between Raman signal intensity and concentration was 

observed for 2-100 ng MC-LR samples analyzed over 50 s after normalization to fused silica 

glass background and a correction for laser power fluctuations. Reproducible DCDR MC-LR 

Raman spectra were collected from a fresh sample and a 6 mo old sample that had aged at room 

temperature in the dark. The presence of dissolved organic matter (DOM) does not preclude MC-

LR identification in deposits of mixtures containing 3 µg DOM and 0.7 µg MC-LR. The DCDR 
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method for MC-LR identification can be applied following the routine filtration and SPE 

concentration steps commonly used prior to LC-MS-MS or ELISA detection of MC-LR. Raman 

based methods may facilitate faster sample throughput at a lower cost than traditional MC-LR 

detection methods.  

 

INTRODUCTION  

   The contamination of drinking water by cyanobacteria (blue-green algae) and their 

neurotoxic, hepatotoxic, cytotoxic, and gastrointestinal toxins is a significant health risk in 

freshwaters (e.g., reservoirs, lakes, rivers) used for drinking water supply throughout the world 

(1-4). The World Health Organization has recommended an action level of 1 g/L for 

microcystin-LR (MC-LR), one of the most commonly observed cyanotoxins. Unfortunately, 

MC-LR and the other cyanotoxins are not always completely removed by conventional drinking 

water treatment processes (12-14). Monitoring programs that have been implemented for 

cyanotoxin detection are hindered by the prevalence of more than 80 structurally similar forms of 

microcystin, the overlapping UV-Vis profiles of the microcystin variants, the common 

occurrence of false positives and negatives in immunoassays for microcystins, the lack of variant 

discrimination in enzyme inhibition assays, and the cost and expertise required to run LC-

MS/MS instruments for large numbers of samples (5,6). There is a dire need for a detection 

method for microcystins that can provide rapid, reliable, cost effective, and accurate results. 

Such a method would allow monitoring programs to identify problematic water bodies before the 

public is exposed to the toxins.  

Raman spectroscopy provides unique fingerprint spectra reflecting the molecular bond 

vibrations of polarizable molecules. Raman measurements can be made in aqueous matricies, 
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with portable spectrometers, through glass or plastic, and can be non-destructive under many 

circumstances (44). As a vibrational spectroscopic technique, Raman spectroscopy can identify 

subtle molecular differences such as chirality or local molecular environment, and can easily 

distinguish between the variant amino acids in different microcystins (i.e., leucine, arginine, 

alanine, phenylalanine, tryptophan; refs. 44-46).  

Historically Raman spectroscopy has not been applied for routine monitoring in the 

environmental field because of characteristically low intensity Raman signals and background 

fluorescence that can overshadow the analyte Raman signal. Recently, however, a drop coating 

deposition Raman (DCDR) method has facilitated successful analysis of human, bovine, and 

porcine insulin, lysozyme, glucose, glycans, taxanes, domoic acid, human tear fluid, and the 

synovial fluid of osteoarthritis patients, among other biomolecules at low concentrations, even in 

the presence of fluorescing matricies and mixtures (47-52). DCDR involves application of a few 

microliters of a sample solution to a substrate with a low solvent affinity and the absence of 

interfering Raman signals, absorbance, or adverse reflections. PTFE coated stainless steel, coated 

or uncoated glass, calcium fluoride slides, or gold foil have all been applied as DCDR substrates 

(47,53,54). As a drop of sample dries on a substrate, it leaves a “coffee-ring” of residue outlined 

by the pinned drop perimeter. This residue contains a majority of the sample conveniently 

concentrated at the drop edge (47,55). Raman analysis has shown that the DCDR sample drying 

process can segregate mixtures of analytes, fluorescing impurities, or buffer components from 

analytes such that the inner portion of the residue contains more soluble or less dense 

components such as sugars or buffer components, while the outer edge of the sample deposit is 

composed of denser proteins (53,54,56). Partial least squares (PLS) regressions and principal 

component analyses (PCA) can be used to distinguish DCDR spectra of human, bovine, and 
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porcine insulin as well as lysozyme, lactoferrin, and albumin proteins in human tear fluid (48,53). 

Concentrations of lysozyme, lactoferrin, and albumin in mixtures analyzed by DCDR  were also 

predicted by PCA with root-mean-square errors of ~10% (53). The current study provides 

evidence that the drop coating deposition Raman method can be applied for rapid analysis and 

quantitation of samples containing MC-LR at quantities as low as 2 ng.   

 

EXPERIMENTAL 

  MC-LR was purchased from Enzo Life Sciences (ALX-350-012) and used without further 

purification. Volumes of 0.5-20 µL containing 1-100 mg/L MC-LR were applied to fused silica 

glass substrates and allowed to air dry prior to analysis. Raman spectra of a dried 100 mg/L 

sample were collected on two instruments to optimize the instrument parameters for MC-LR 

Raman analysis: 1) A WiTec Alpha500R AFM Raman spectrometer with a UHTS300 

spectrometer, DU 401 BR-DD CCD camera, 10× and 100× microscope objectives, 300 and 1200 

gr/mm gratings, a TOPTICA XTRA diode 785 nm laser, and 633 nm He-Ne laser; and 2) A JY 

Horiba LabRAM HR 800 spectrometer with an Olympus BX-41 petrographic microscope, an 

Ancor electronically cooled CCD detector, 10× and 100× microscope objectives, 600 gr/mm 

grating, a 514 nm laser, and a 633 nm He-Ne laser. The UV-Vis spectrum of MC-LR was 

collected on a Varian Cary 5000 spectrophotometer between 200 and 900 nm. All subsequent 

Raman spectra were collected with the WiTec instrument, 785 nm laser, and 300 gr/mm grating 

(Supporting Info, Figure 2.1 and Supporting Info, Figure 2.2).  

Optical images and Raman spectra of sample deposits of interest were collected using 10× and 

100× microscope objectives. Raman spectral maps 6 µm wide by 50-100 µm long were collected 

perpendicularly to the sample residue ridge with 1 s per spectrum, 2 spectra per µm 
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perpendicular to the drop edge, and 1 spectra per 2 µm parallel to the drop edge. The Raman 

laser probed approximately 0.5 µm laterally during each acquisition using the 785 nm laser and a 

microscope objective with a numerical aperture of 0.9. The shorter maps were collected for 

samples with narrower sample ridges formed by drop coating deposition.  

 Low concentration samples were also probed with 30 s and 300 s Raman spectral maps in the 

same region. The point of most intense Raman signal in each Raman spectral map was probed to 

obtain a single Raman spectrum based upon the average of 10 spectra collected over 5 s each. 

Additional Raman spectral maps of varying sizes were collected at points of interest. Samples 

were stored at room temperature in the dark after analysis and re-analyzed following storage to 

assess sample stability. Image J software was used to estimate drop sizes from optical images 

and sample ridge thicknesses from Raman spectral maps. 

Dissolved organic matter was extracted from the Great Dismal Swamp in North Carolina by 

freeze drying swamp water that had eluted thru a cascade of filters down to a pore size of 0.45 

µm. DOM was rehydrated and mixed thoroughly with MC-LR before application onto fused 

silica substrates.  

 

RESULTS AND DISCUSSION 

MC-LR drops of 0.5-20 µL at 100 mg/L concentrations dried in the characteristic “coffee-

ring” shapes expected for the DCDR method (Figure 2.1; refs. 54,55). The sample rings were 

systematically analyzed by collecting Raman spectral maps of the sample surface. The Raman 

spectrum of MC-LR alone was isolated by subtracting the fused silica glass Raman peaks from 

the spectrum of MC-LR (Figure 2.1).  
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Figure 2.1. Optical images of DCDR samples display a “coffee-ring” residue deposit (left panel). 
MC-LR Raman signals are strong along the DCDR sample ridge (x). The region inside the ring 
and outside the ring exhibit fused silica glass Raman signals only (y) (center panel). The Raman 
spectral map of the region outlined in the optical image was created by tracking the intensity of 
the 1006 cm-1 Raman peak (produced by aromatic ring vibrations in the Adda portion of MC-LR; 
right panel). Thirty thousand spectra of 1 s acquisition/spectra were collected to create the 
spectral map.  

 

Raman peaks were assigned to their corresponding molecular vibrational origins (Table 2.1). 

The most intense MC-LR Raman peaks include carboxylate vibrations observed at 1645 cm-1, 

symmetric aromatic ring breathing modes at 1006 cm-1, and CH3/CH2 modes at 1307 cm-1 (57-

59). The fused silica substrate employed in these experiments was chosen because it exhibits 

minimal overlap with the MC-LR Raman spectrum, while simultaneously exhibiting Raman 

signals that could be used for signal normalization (Table 2.2). Experimental results suggest that 

the Raman intensities of fused silica peaks below 1140 cm-1 are largely dependent upon the 

instrument focal depth in relation to the sample (Supporting Info, Figure 2.3). Such changes 
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have also been observed for fused silica glass that was etched by laser irradiation; more intense 

signals were associated with the etched silica positions on the sample than the unmodified silica 

regions (60).  

 

Table 2.1. MC-LR Raman peaks were assigned by comparison to literature spectra (57-59). 
Asterisks (*) indicate the most intense peaks.   

Peak (cm-1) Molecular vibration 

751   CH2 out of plane bending 
828 * C-H out of plane bending in benzoid ring 
887 * C-COOH stretch, methylene rocking 
970 * v(C-C) wagging, p(CH3), δ(CCH) 
1004 ** Phenylalanine C-C vibrations, symmetric ring breathing, methyl aspartic acid 
1031 * Phenylalanine C-H in plane bending, C-N stretching of proteins, C-C skeletal 
1086 * v(C-C) gauche 
1204   Phenylalanine 
1208-
1214 * Phenylalanine, aromatic ring vibrations 
1200-300 * Amide III 
1259 * Amide III 

1307 ** CH3/CH2 modes (twist, wag, bend) 
1384 * CH vibrations 
1453 * C-H bending modes of proteins 
1645 ** COO vibrations, water in L-lysine aqueous sample 

 

Table 2.2. Fused silica Raman peaks were assigned by comparison to literature spectra (60-63).  

Peak (cm-1) Molecular vibration 

400-500 Si-O-Si stretching and bending 
~600 Three-membered ring structures of silica or –Si+ and –O-Si- defects 
~800 Si-O-Si bending 
1000-1140 Si-O stretching or stretching between disilicate and 3 bridging O atoms 
970-1860 Silica, H2O contained in the glass 

 

The signal to noise ratio was consistently high and the peak positioning constant for ten Raman 

spectra collected in 5 s acquisitions and averaged for 0.5, 1, 2, 10, and 20 µL samples. This 
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finding is consistent with literature reports for DCDR of lysozyme and insulin (47,54). For MC-

LR samples of 2 µL containing 2, 10, 20, 50, 100, and 200 ng of toxin, the Raman signal strength 

decreases as the analyte concentration decreases (Figure 2.2). Although the Raman signal of the 

glass becomes more intense than the MC-LR signal for the low concentration samples, spectral 

subtraction of the fused silica spectrum from the sample Raman spectrum produces clear MC-LR 

Raman spectra even for the 2 ng sample (Supporting Info, Figure 2.4).  

  

Figure 2.2. MC-LR DCDR spectra for 2 µL samples of 2-200 ng (1-100 mg/L concentrations).  
Highlighted peaks correspond to the 600 cm-1 glass peak, 1006 cm-1 aromatic MC-LR ring 
breathing, 1307 cm-1 CH2 and CH3 vibrations, and 1650 cm-1 COO- vibrations. Each spectrum is 
the average of 10 acquisitions collected over 5 s each.  
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MC-LR Raman peak heights from nearby baseline minimums were monitored following signal 

normalization to create a calibration curve for 2-100 ng of MC-LR using Raman bands at 1006 

cm-1, 1307 cm-1, 1457 cm-1, and 1648 cm-1 (Figure 2.3). Confidence intervals suggest the trend 

line slopes are more accurate than the y-intercepts. A non-zero y-intercept is not surprising for 

any of the trend lines, especially for the 1648 cm-1 peak due to the contribution of fused silica 

substrate peaks to the MC-LR Raman spectra. The glass contributes less signal between 1006 

cm-1 and 933 cm-1 than anywhere across the 970-1860 cm-1 silicate glass peak.  

 

Figure 2.3. MC-LR calibration by DCDR method. Raman intensity was computed by 
subtracting the peak height from a nearby baseline minimum, normalizing the peak height to the 
fused silica background, and correcting the intensity for fluctuations in Raman laser power. Each 
point represents the average of 10 spectra of 5 s acquisitions collected from a 2 µL sample. 
Circles represent 1006 – 933 cm-1, triangles signify 1307 – 1515 cm-1, bars symbolize 1457 –
1515 cm-1, and x corresponds to 1648 – 2000 cm-1.  In each case, the latter number indicates the 
nearby baseline minimum used to calculate the peak height. 

 

Raman signal normalization was necessitated by variations in the focal plane of the Raman 

instrument during DCDR sample analysis. Raman spectra were collected after setting the focal 

plane to the depth that produced the most intense MC-LR Raman spectrum. This position was 

identified specifically for each sample by tweaking the focal plane of the Raman instrument and 

scanning across the sample rim in a direction perpendicular to the sample rim.  Raman spectra 
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for 2-200 ng MC-LR were normalized to the fused silica glass background by dividing by a 

correction factor that fixed the height of the peak at 1515 cm-1 (corresponding to silica 

vibrations; ref. 63) from the baseline at 2000 cm-1 to a constant value for all spectra. Fused silica 

glass signals below 1070 cm-1 varied with focal depth from the fused silica surface, and could 

not be used to normalize Raman spectra (Supporting Info, Figure 2.3). Behrens and co-workers 

also observed a dependence of Raman signal intensity on instrument focal depth for 

alkalialuminosilicate glass; T-O-T bending vibrations observed at 500 cm-1 were stable and could 

be used to normalize Raman spectra, while other silicate peaks varied with focal depth (62). The 

collected Raman spectra were also multiplied by a correction factor to normalize for day to day 

fluctuations in Raman laser power. The laser power correction factor was determined using 520 

cm-1 and 942 cm-1 peak heights from the Raman spectrum of a silicon standard collected using 

maximum laser power for each analysis day. The peak height on analysis day one was divided by 

the peak height on analysis day two, and the ratios computed using the two different peaks were 

averaged to come up with a single correction factor describing the relative change in laser power.    

A logical hypothesis for the strong correlation between MC-LR Raman signals and sample 

concentration is that the thickness of the deposited sample ring on the DCDR substrate correlates 

with sample concentration. AFM measurements of 3 µL DCDR samples of 14.3 to 1430 mg/L 

lysozyme suggest sample thickness decreases with a decrease in concentration, but a linear 

correlation was not observed when a PTFE coated stainless steel substrate was employed (54). 

The hydrophobicity of this substrate produces more condensed sample droplets than those 

deposited for the MC-LR experiments. A 0.77 µm thick sample ridge was observed for the 14.3 

mg/L sample. Sample thickness of hyaluronic acid DCDR samples on Klarite SERS substrates 

from D3 Technologies Ltd. has also been estimated using thin film destructive interference 
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principles for 0.2 µL volume samples at 5, 1, and 0.25 g/L. Relative sample thickness was 

estimated to be 1.4 µm, 150 nm, and 150 nm respectively (64); however, the sample volume 

was much lower than those used in the MC-LR studies. Zhang et al. estimated insulin DCDR 

samples from 10 µL of 100 µM insulin (~57 mg/L) to be on the order of 10 µm thick on gold foil 

substrates.  

The toxicity of MC-LR makes AFM measurements of MC-LR DCDR sample deposit 

thickness hazardous, so instead the approximate sample thickness was calculated using estimates 

of drop perimeters from optical images of the DCDR sample drops, sample ridge widths 

estimated from Raman spectral maps, and assumptions of MC-LR size and volume estimated 

from molecular models of MC-LR (downloaded from the Protein Data Bank, PDB file lfjm.pdb). 

MC-LR DCDR sample ridge thicknesses was computed to be between 2.4 and 0.2 µm (Table 

2.3). However, drops were not of uniform shape, so these estimates contain a significant margin 

of error. Nonetheless the drop area did not correlate with concentration. Raman spectral maps 

suggest the width of the sample ridge decreased with decreasing concentration (though the 

sample ridge width was also not uniform), and this trend was reflected in the ridge thickness 

calculations.  

Table 2.3. Computed sample ridge thickness for optimal Raman signal. 

Mass 
(ng) 

Edge width at 
Raman map 

(µm) 

Image J 
measured drop 

area (µm2) 

Image J 
measured drop 
perimeter (µm) 

Calculated 
thickness at 
ridge (µm) 

200 16 3.0E+06 6300 2.4 
100 12 5.1E+06 8100 1.3 
50 10 2.8E+06 6000 1.0 
20 5 2.7E+06 6000 0.8 
10 7 4.9E+06 8200 0.2 
2 2 3.0E+06 6500 0.2 

 * Assumes MC-LR volume of 2 nm3 and a uniform drop edge.  
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The strength of the correlation between concentration and Raman intensities, the previous 

success of DCDR for the predictions of sample concentration, and the concentration levels that 

DCDR can observe suggest the DCDR method could be used for quantitation of MC-LR in pure 

samples (53,65). Solid phase extraction (SPE) using octadecyl silanised (C18) cartridges is 

routinely employed as a pre-concentration or sample purification step for analysis of plant, 

animal, or complex water samples containing MC-LR (16); in fact, an ISO standard (ISO 

20179:2005) exists for reverse-phase SPE and HPLC of microcystins-LR, -RR, and –YR (66). 

Although Raman spectrometry is not often thought of for analysis of trace contaminants in water 

samples, SPE pre-concentration would allow DCDR to be employed for microcystins in 

environmental samples. If one were to analyze a sample containing 1 µg/L of MC-LR (the 

suggested WHO limit for drinking water), 500 mL of a sample could be extracted by filtration 

and SPE. Assuming high SPE recoveries which are not uncommon (67), approximately 0.5 µg of 

toxin would be eluted and rehydrated in a small volume of water, leaving concentrations well 

above 1 mg/L for DCDR analysis.    

MC-LR DCDR sample aging. Sample stability was examined by collecting Raman spectra of 

DCDR samples that had been stored at room temperature in the dark after drop coating 

deposition on fused silica glass (Figure 2.4). Spectra are largely similar; however, an increase in 

the wavenumber of the 1006 cm-1 symmetric ring breathing peak and a decrease in the intensity 

of the 1648 cm-1 peak occur as samples age. These peaks correspond to symmetric aromatic ring 

breathing in the Adda group and C=O vibrations in MC-LR, although water O-H bending modes 

are also observed around 1650 cm-1 (68). Considering the stability and persistence of MC-LR in 

aquatic environments (69,70), significant degradation at room temperature is not expected. 

Instead, desiccation of the sample is a likely cause of the changes observed in the Raman 
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spectrum with aging. Most protein DCDR spectra resemble solution phase spectra (47,54), 

potentially due to the formation of a “glassy skin”  at the surface of the deposited DCDR sample 

ring that keeps the sample under the surface well hydrated over short timescales (71). Zhang et 

al. also observed stable Raman spectra of lysozyme DCDR samples stored at 0° C for three 

weeks, and the lysozyme spectrum continued to resemble the aqueous phase spectrum following 

the storage period (47). Sample drying could cause a decrease in H2O vibrations as observed at 

1650 cm-1 as well as a shift in the position of the 1006 cm-1 peak (59,72). The Adda side chain of 

MC-LR resembles phenylalanine, for which symmetric ring breathing vibrations are observed in 

the region of 1000-1008 cm-1, with the peak position shifting for different proteins; it is not 

unreasonable to assume the position of this peak is affected by the hydration state of the 

molecule.  

Effects of DOM on MC-LR DCDR. An experiment was conducted to determine if the 

presence of DOM overshadows the MC-LR Raman signal during DCDR analysis. Mixtures of 

1:1 and 1:5 MC-LR and DOM by mass were prepared and DCDR spectra collected. MC-LR was 

clearly identified in the deposited sample residue in every case (Figure 2.5), although regions of 

fluorescence were more common in the sample with the greatest amount of DOM. DCDR has 

been well established as a more effective method of fluorescence reduction than photobleaching  
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Figure 2.4. MC-LR DCDR sample aging. Raman spectra collected on fresh samples are 
compared with samples collected after an aging period of 20 days, 1 mo, and 6 mo. Spectral 
subtractions suggest small amounts of variation occur in the 1006 and 1648 cm-1 peaks. 

 

for extended amounts of time (56). The drying process also can facilitate segregation of 

impurities or mixture components (54,56). Separation of mixture components during DCDR 

sample drying occurs due to differences in mass or the size of the solution components, 

solubilities, crystallization kinetics, or free energies of pure solids in comparison to solid 

solutions (56).  
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Figure 2.5. Raman spectra of MC-LR mixed with DOM at ratios of 1:5, 1:1, and 1:0 MC-LR: 
DOM by mass. Samples contain 0.7 µg MC-LR and 3 µg DOM, 0.9 µg MC-LR and 0.9 µg 
DOM, and 1 µg MC-LR with no DOM. Regions with intense MC-LR Raman signal were located 
by conducting Raman scans across the surface of the largely fluorescing samples.   

 

FUTURE OUTLOOK 

   DCDR identification of MC-LR is successful in sample volumes of 0.5 L and greater; 

larger volumes do not produce better Raman spectra. Linear correlations between Raman signal 

intensity and sample concentration were observed for 2 L samples containing 2-100 ng of MC-

LR after signal normalization to substrate background spectra and laser power. DCDR sample 

prep is conducive to the analysis of impure samples; DOM presence within a sample does not 

hinder identification of MC-LR. SPE methods that are routinely employed before ELISA or 

LCMS detection of MC-LR may be beneficial for the analysis of especially complex MC-LR 
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samples by DCDR. However, further DCDR experiments should be conducted on microcystin 

mixtures and impure solutions to identify constituents that may hinder analysis. DCDR in 

conjunction with a SPE toxin concentration step will be capable of identifying MC-LR at 

concentrations below the WHO suggested limit for drinking water.  

The success of DCDR in classifying similar types of insulin despite only one amino acid 

difference between the tested varieties suggests DCDR may be capable of identifying the 

composition of a mixture of microcystin variants (48). Furthermore, similar proteins observed in 

human tear fluid have not only been distinguished from one another, but concentrations were 

also successfully predicted (53). DCDR analysis of MC-LR could be applied following HPLC 

separation (47) or filtration and SPE for routine monitoring. Although Raman instruments may 

not yet be established in all environmental laboratories, their initial cost is more economical than 

LC-MS-MS systems, Raman methods require fewer laboratory consumables than ELISA and 

PPIA, and Raman methods can utilize portable field instrumentation. The potential utility of a 

Raman method for microcystin analyses may one day enable cyanotoxin monitoring at more 

frequent intervals, thus resulting in a more robust detection program that would allow utilities to 

quickly respond to elevated toxin levels and to adjust their treatment practices accordingly. 

DCDR should not be overlooked for its potential in cyanotoxin monitoring. 
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SUPPORTING INFORMATION 

Raman instrument parameters. Raman spectra of MC-LR obtained using 514, 633, and 785 

nm laser excitation contained similar features with different resolutions, which can be explained 

by the detector sensitivity and instrument focal length (Supporting Info, Figure 2.1). The 

quantum efficiency of the CCD camera on the WiTec instrument reaches a maximum near 785 

nm and is lower (< 85%) at 633 nm (73). Therefore, the instrument collects more intense signals 

with the 785 nm laser. The 514 nm spectrum displays clearer, sharper peaks because the JY 

Horiba instrument is a High Resolution Raman spectrometer; it has a focal length of 800 mm 

while most spectrometers have a focal length of 300 mm. The longer focal length increases the 

resolution by a factor of approximately three, allowing more accurate description of peak shapes 

and band position (74). The UV-Vis absorbance spectrum of MC-LR is free of any absorbance 

between 300 to 900 nm, suggesting that sample spectral resonance is minimal (Supporting Info, 

Figure 2.2). Such will be the case for most microcystins; most variants absorb only between 200 

and 300 nm due to the Adda group that contains a conjugated diene that absorbs at 238 nm (16). 

Tryptophan containing microcystins also absorb at 222 nm, but this absorbance will not affect 

the Raman spectra collected with laser wavelengths 514, 633, or 785 nm. All subsequent spectra 

were collected on the WiTec system because of its ability to rapidly collect high quality spectral 

maps and the availability of the 785 nm laser. The 785 nm laser is less likely to burn samples 

than more powerful lower wavelength lasers, the CCD camera on the WiTec instrument is most 

sensitive to Raman signals in the vicinity of 785 nm, and the lowest acquisition times were 

required with the 785 nm laser. 
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Supporting Info, Figure 2.1. MC-LR Raman spectra collected at a series of instrument 
parameters. WiTec Alpha 500 and JY Horiba LabRAM HR 800 spectrometers were used to 
collect spectra using a 100× microscope objective and the following parameters: A 785 nm laser 
and 300 gr/mm grating to collect the average of 5 acquisitions of 10 s each; 785 nm laser, 1200 
gr/mm grating, and the average of 3 acquisitions of 120 s; 633 nm laser, 300 gr/mm grating, and 
the average of 5 acquisitions of 30 s; 633 nm laser, 1200 gr/mm grating, and the average of 5 
acquisitions of 30 s; and 514 nm laser, 600 gr/mm grating, and the average of 5 acquisitions of 
30 s. The Raman spectrum of MC-LR is affected by the Raman laser wavelength and grating 
choice; the 785 nm laser and 300 gr/mm grating produced the fastest spectra with sufficient 
resolution for peak identification. 
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Supporting Info, Figure 2.2. UV-Vis of 4 mg/L MC-LR in a fused silica cuvette. The 
maximum absorbance occurs at 240 nm, and no absorbance is observed above 300 nm. 
Molecules that absorb the Raman laser wavelength will resonate upon laser contact and display 
more intense Raman signals than molecules that do not resonate; the lack of absorbance in the 
UV-Vis spectrum of MC-LR over 300 – 900 nm suggests resonance will not affect the Raman 
spectrum of MC-LR at any of the tested wavelengths.   
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Supporting Info, Figure 2.3. Depth profile of fused silica glass Raman spectra. Spectra were 
collected at 1 µm intervals and plotted on a true y scale. Fused silica glass is an ideal substrate 
because it produces little Raman signal in the region of interest at its surface (600-1800 cm-1), 
but still provides some signal that can be used to normalize spectra. Normalization of MC-LR 
signals to glass background was achieved by fixing the peak height at 1515 cm-1 from the 
baseline at 2000 cm-1 to a constant value for all spectra. The peak at 603 cm-1 could not be used 
because it was affected by the focus depth in respect to the quartz, the peak at near 1200 cm-1 
could not be used because it was overshadowed by MC-LR signals, but the 1515 cm-1 signal was 
stable across all quartz depths and it fell at a baseline in the MC-LR Raman spectrum.  
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Supporting Info, Figure 2.4. DCDR spectra for 2 µL samples containing 200 – 2 ng of MC-LR. 
Highlighted peaks belong to 600 cm-1 glass peak, 1006 cm-1 aromatic MC-LR vibrations, 1307 
cm-1 CH2 and CH3 vibrations, and 1650 cm-1 COO- vibrations. Each spectra is the average of 
multiple acquisitions of 1 – 300 s each (200, 100, and 50 ng required 1 s acquisitions; the 20 and 
10 ng samples required 30 s, and the 2 ng sample required 300 s acquisitions) from which the 
fused silica glass background signals have been subtracted. Spectra are normalized to the 1650 
cm-1 peak.  
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Despite extensive efforts to protect public health, disease outbreaks still occur when toxic 

chemicals and microbial threats evade detection. Peanut butter and produce tainted with 

Escherichia coli 0157:H7, drinking water in Milwaukee, WI and Walkerton, ON (Canada) 

polluted by Cryptosporidium, surface waters contaminated by cyanotoxins, and mail laced with 

anthrax spores each represent an outbreak that may have been prevented with faster and more 

readily available pathogen or chemical detection methods. Although numerous techniques for 

contaminant detection in a variety of matrices exist, monitoring each analyte class generally 

requires specific instrumentation. Today, however, there is growing excitement about the 

potential use of surface-enhanced Raman spectroscopy (SERS) for simultaneous multiplex 
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detection of infectious and noninfectious contaminants in a range of environmental milieu. As 

currently envisioned, SERS is a platform for simple, fast, inexpensive, reliable, and robust 

methods to screen single or multiple contaminant classes simultaneously (75-78). Thousands of 

SERS publications document significant progress in achieving such a vision; however, as 

outlined herein several surmountable obstacles must be overcome to achieve these goals. 

RAMAN SCATTERING AND SERS     

   As Raman and Krishnan first observed in 1928, natural molecular vibrations inelastically 

scatter light in a unique manner for every given molecular structure (79). This light is collected 

to create a Raman spectrum (Figure 3.1a). Raman measurements are simple to acquire, require 

little sample preparation, do not generally destroy samples or produce waste; spectra can be 

acquired through transparent glass, plastic, water, or solvent (44). However, due to the low 

strength of Raman signals, the technique has not gained significant traction as a tool for everyday 

environmental monitoring. The recent development of reproducible SERS substrates and 

methodologies has the potential to bring Raman based methods into more widespread use (76).  

SERS, first observed in 1974, is an extension of normal Raman spectroscopy that relies on 

electronic and chemical interactions between the excitation laser, analyte of interest, and SERS 

substrate (80). Raman signal enhancements as high as 1014 can occur for resonant molecules 

found in “hot spots” on a SERS substrate due to combined electromagnetic (EM), charge transfer 

(CT), and resonance signal enhancement mechanisms (81,82). EM enhancement occurs when the 

incident laser excites surface plasmons (electrons at the metal surface that collectively oscillate 

upon excitation), thereby creating an electromagnetic field extending up to 20 nm from the metal 

and enhancing Raman signals of exposed molecules by an average of 104 (Figure 3.1b; ref. 

83,84).   However, single molecule enhancements  of  1011  can  occur  at  nanoparticle  junctions  
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Figure 3.1. Raman Spectroscopy and SERS. A) Interaction between laser light and a molecule 
produces inelastic scattered light (light with a different wavelength than the incident light). Each 
molecular vibration uniquely shifts the wavelength of a portion of scattered light and is visible as 
a specific band in the Raman spectrum (44). B) Particle shape, size, and proximity to other 
particles affect the electromagnetic field (EM) that forms around a metal nanoparticle (adapted 
from ref. 85). Expected SERS spectra for pyridine illustrate that signal enhancements are greatest 
for molecules subject to both EM and charge transfer (CT) (shape i), while no enhancement is 
expected if the analyte is positioned outside the EM field (adapted from ref. 86).  
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where EM fields overlap (81). CT, the transfer of electrons between the analyte and metal 

surface, contributes an additional 10-100 enhancement when the analyte directly contacts the 

metal (75,84,87). Additional resonance enhancement is possible if the laser wavelength falls near 

an absorption wavelength of the sample (84,87). To achieve the lowest possible detection limits, 

all potential signal enhancements (EM, CT, and resonance) must be considered and maximized 

(Figure 3.2 and Table 3.1). 

 

Figure 3.2. Components of a SERS measurement. Laser (a) illumination of an analyte (b) results 
in Raman signal emission and creates an EM field about the SERS substrate, commonly gold 
(Au) or silver (Ag) nanoparticles (c1) or nanostructured surfaces (c2; SEM courtesy of Weinan 
Leng, Virginia Tech) that are influenced by the sample matrix (d). The detector (e) collects 
inelastic scattered light from the sample. SERS occurs for RBITC using a 633 nm laser and 40 
nm Au nanoparticles (f, green), but not 13 nm nanoparticles (f, red) because of the difference in 
the surface plasmon absorption band of the two particle sizes (78).   
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Table 3.1. Components of a SERS measurement.   

  SERS 
step 

Purpose Design Considerations Choices Refs. 

1) Laser Excites the analyte to produce Raman signals, 
generates EM field, enables resonance in the 
analyte.  

Wavelength (consider plasmon absorption band of 
the SERS substrate, electronic transitions of analyte, 
and potential sample fluorescence) and power 
(maximize SERS signal while avoiding sample 
degradation). 

Visible to IR lasers (488-1064 
nm), 0-1000+ mW of power. 

44,87,
88 

2) Analyte Raman active analytes have polarizable bonds 
that vibrate and emit inelastic scattered light. 
SERS active molecules are polarizable upon 
interaction with a SERS substrate. 

Polarizability in the presence of the SERS substrate, 
affinity for the SERS substrate, resonance at the 
laser wavelength, concentration, strength of 
polarizability with respect to background. 

Endless possibilities. Any 
molecule that is polarizable upon 
interaction with a SERS substrate. 

44,75,
80,83 

3)  SERS 
Substrate 

Provides EM field to enhance the Raman 
signal. Upon analyte contact, the substrate can 
also transfer charge to facilitate additional 
enhancement. 

Size and sharpness of surface features, metal choice, 
surface functionalization, stability, synthesis 
complexity, reproducibility, biocompatibility, cost, 
wavelength of plasmon absorption band. 

Gold, silver, copper, other metals; 
nanoparticles, ordered thin films, 
functionalized particles or 
surfaces. 

75,80,
83,89,
90 

4)  Sample 
Matrix 
and 
Analysis 
Condition 

Can encourage or discourage interactions 
between analyte and SERS substrate, certain 
matrices quench SERS, solvent or fluorescent 
backgrounds can overshadow analyte spectra, 
experimental conditions may slightly shift peak 
locations and relative band heights. 

Surface chemistry at SERS substrate, charge of 
analyte, influences of ions, peak locations of analyte 
in relation to solvent or background, laser 
wavelength corresponding to fluorescence, 
consistency between samples and experiments, 
homogeneity of samples. 

Sample dissolved in water or 
organic solvent, dried sample, 
solid sample, ion addition, sample 
vessel material, sample flow 
through cell.  

44,81,
84,87,
91 

5) Detection Records Raman signals. Wavelength range of detector, sensitivity, signal to 
noise ratio, response time, robustness, vulnerability 
to light. 

CCD, multi-channeled 
photomultipliers, AlGaAs 
photocathodes, intensified CCDs, 
NIR detectors.  

44,88 

6)  Spectral 
Analyses 

Peak area and band locations can be used for 
qualitative identification when compared to 
existing spectra. Peak areas and heights can be 
correlated to concentration for quantitative 
analyses. 

Raman peak locations sensitive to bond’s local 
environment, major peak shifts result from influence 
of SERS substrate on polarizability of analyte and 
formation of analyte-metal bonds, small position and 
intensity shifts occur when analyte favors a specific 
orientation to the metal surface, software packages 
available for analysis of large data sets, peak 
identification possible by comparing to existing 
spectra.  

Peak identifications, principal 
component analysis, partial least 
squares (PLS), soft independent 
modeling of class analogies, and 
PLS–discriminant analysis are 
available when spatial and sample 
variability cause two spectra of 
the same sample to differ. 

44,83,
91-93 
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Raman and SERS analytes. All polarizable molecules (molecules whose electron clouds are 

distorted by the electric field produced by a laser) generate Raman spectra. In general, non-polar 

groups and symmetric vibrations generate the strongest Raman bands, and isomerization or the 

proximity of electron withdrawing or donating groups shift the positions of Raman peaks - 

allowing similar analytes to be distinguished from one another. Concentration data is also 

embedded within relative peak heights or peak areas, although it is not always straightforward to 

extract (44). Importantly, the low polarizability index of water means that it produces negligible 

signal relative to more polarizable analytes dissolved or suspended within it, thus allowing 

aqueous contaminants to be observed by Raman spectroscopy (84,94). However, even species 

with weak Raman signals can be probed if the experiment is designed to accommodate lower 

intensity signals. For example, the extent of hydrogen bonding in water as determined by Raman 

spectroscopy can be used to infer temperature in a sample with an accuracy of ±0.1°C, but water 

also produces negligible background signal compared to 3 nM saxitoxin (95,96).  

In theory any analyte can be detected by SERS if it is polarizable when it interacts with a 

SERS substrate. Even Raman-inactive molecules can become SERS-active if the EM field 

disrupts the normal symmetry of the analyte, the analyte is in resonance with the excitation laser, 

or CT occurs (80). SERS spectra are not always enhanced versions of Raman spectra; band 

positions migrate when metal-analyte bonds form, and relative band intensities shift when the 

analyte orients in a specific direction relative to the SERS substrate, thus allowing one portion of 

the molecule to be more highly affected by the EM field (83,84,87). Despite potential differences 

between Raman and SERS, the polarizable bonds within a molecule or complex are observed in 

both types of spectra, water exhibits a weak SERS signal, and although normal Raman can be 

hindered by background fluorescence signals 1014 times more intense than Raman signals 
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(produced when impurities or the sample itself absorb the laser line and re-emit it as the excited 

electrons return to the ground state), SERS substrates often provide nonradiative decay channels 

that quench fluorescence (84). These facts are critical for environmental applications of SERS as 

they allow acquisition of spectra of many classes of contaminants in aqueous matrices. 

ENVIRONMENTAL APPLICATIONS 

Although the complexity of SERS elicits some skepticism about the utility of the technique, its 

growing list of remarkable analytical achievements cannot be ignored (76,78,82,91,92,97). For 

example, in highly controlled environments, SERS can be used to detect contaminants at 

femtomolar concentrations over practical timescales (82). SERS is also capable of 

simultaneously detecting multiple contaminants of varying polarities and molecular weights, a 

feat that most existing detection strategies cannot achieve (75,76,84). Furthermore, SERS is 

exquisitely sensitive to subtle differences in material structure, allowing differentiation of 

similarly structured organic molecules and bacterial strains (78,92,98). Over the past 30 y, SERS 

has been used for quantitation and identification of organic and inorganic contaminants, 

pathogens, and nanomaterials in environmental samples (75-77,93,97-99). Detailed descriptions 

documenting the history of environmental applications of SERS, capabilities of SERS for single 

molecule detection, biowarfare agent detection, and medical applications are available elsewhere 

(75,76,81,97). Herein we focus on recent applications of SERS for qualitative identification and 

quantitative analysis of aqueous and airborne organic and inorganic contaminants and pathogens.  

Aqueous and airborne organic and inorganic contaminants. SERS of aqueous species is 

relatively straightforward: the sample is dried onto a solid SERS substrate or dissolved in an 

aqueous phase containing nanoparticles. SERS of airborne samples requires an extra step to 

bring the analyte into contact with the SERS substrate. Airborne analytes may be deposited on 
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solid SERS substrates, pumped through impactors that direct samples into cuvettes containing 

aqueous nanoparticles, bubbled into nanoparticle solutions, or partitioned into water using free-

surfaces on open fluidic devices (100,101). 

Qualitative identification of TNT (2,4,6-trinitrotoluene), fullerenes, and numerous other 

compounds often rely on detection of a specific SERS spectrum to infer the presence of a 

contaminant (Figure 3.3a; refs. 82,98,102). Impressively, the in situ identification of 

benzenethiol, 1-naphthylamine, and pyridine sorbed to humic acid was achieved simply by 

adding Au salt to humic acid. Humic acid acts as an oxidant and produces Au nanoparticles in 

situ. The background SERS spectrum for these nanoparticles provides an open spectral window 

through which SERS spectra of pollutants at 10-5 M concentrations are clearly visible (98).    

Quantitative SERS is more challenging than qualitative, but can be achieved using internal 

standards that allow signal normalization or microfluidic cells that produce turbulent flow to mix 

samples and facilitate time-based signal averaging (Figure 3.3b). These methods reduce 

variability  between  measurements and  create robust calibration curves.   Such approaches have 

 

Figure 3.3. SERS Applications. A) Detection of TNT at zeptogram levels using alumina 
membrane pores coated with polyelectrolyte and Au nanoparticles,  B) quantitation of malachite 
green fungicide solutions using a PDMS microfluidic channel and Ag nanoparticles, and   C) 
identification of Cryptosporidium and Giardia using immunogold labels tagged with SERS-
active dyes (77,78,82). 
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been used for quantitation of pesticides, nicotine, cyanide, methyl parathion, saxitoxin, 

dipicolinic acid (anthrax biomarker), and uranyl ions in aqueous samples (91,96,99,103).  

Pathogen detection. SERS for pathogen detection is achieved by coating cells with a SERS-

active material, reducing a noble metal at the cell wall to produce nanostructures, using a solid 

substrate, or marking pathogens with SERS-active immunotags; however, overcoming sample 

variablility can be challenging (75,78). The surface of a pathogen, which can vary in size from 

10 nm for a small prion to many micrometers for protozoa, consists of a diverse array of 

biomolecules each with a characteristic Raman spectrum (93,104). SERS spectra reflect the 

region of the sample illuminated by the laser (the size of which is dependent upon the aperture of 

the microscope objective used to take the spectrum) and the surface features that associate with 

the SERS substrate. Variations in these parameters cause a pathogen to exhibit multiple SERS 

spectra. The effects of such variability can be minimized when SERS-active nanostructures 

associate with a specific biomolecule on the cell surface, microfluidic cells fully mix samples 

during spectral acquisition, or cells are deposited on solid substrates and SERS signals acquired 

over a large area are averaged (104,105). For example, SERS spectra for E. coli obtained using 

colloidal Ag exhibit band positions for flavin adenine dinucleotide (FAD) molecules because the 

nanosilver associates closely with flavins and thiol-containing flavoprotein pockets on the cell 

surface (Figure 3.4; refs. 75,100,104).  

Once sample variability is overcome, SERS can distinguish between viable and non-viable 

pathogens, Gram positive (Listeria, Staphylococcus aureus, Bacillus subtilis, Bacillus 

amyloliquefaciens, Bacillus licheniformis) and Gram negative (Escherichia coli, Salmonella) 

bacteria, and protozoa (Cryptosporidium parvum, Giardia lamblia) despite structural and 

biomolecular similarities (76,92,93,104). Spectral interpretation that allows species to be 
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distinguished from one another often involves principal component-discriminant function 

analysis or plots of ratios of SERS peak intensities (92,93). When surface features between 

pathogen species are not sufficiently unique to allow species determination, immuno-tags can be 

created that provide SERS substrates linked to both SERS-active molecules and antibodies for 

the targeted pathogen; such a scheme was recently implemented by our laboratory to tag 

Cryptosporidium parvum and Giardia lamblia (Figure 3.3c; ref. 78). 

 

 

Figure 3.4. SERS spectra of E. coli from separate laboratories produced similar spectra with 
varied signal intensities (adapted from refs 75,104,105). An external Ag coating on the cell 
membrane (106) and Ag nanoparticle coatings (105,107) facilitated the enhancements. FAD 
spectra compared to E. coli spectra demonstrate the preferential association of Ag nanostructures 
with FAD on the cell surface (104).  

 

REMAINING CHALLENGES AND FUTURE OUTLOOK    

Like any analytical technique, SERS has its own challenges, the greatest of which result from 

its strengths: SERS is not only sensitive to slight details of molecular structure, but also to local 

environment and molecular orientation at SERS substrates (44,80). Hence, it is not uncommon to 

acquire several completely distinct SERS spectra of a single sample within a fraction of a 

second, thus causing some SERS experiments to be considered highly variable. Slight changes in 
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SERS substrate features, extent of aggregation of nanosilver or nanogold, substrate surface 

chemistry, sample matrix chemistry, presence of impurities, analyte orientation, or analysis 

conditions can influence SERS spectra (77,84,90). Surface and sample matrix chemistry can be 

manipulated by adding ions to the sample, but ions can function as either SERS activators or 

quenchers, and their effects, which are difficult to predict, must be analyzed on a case by case 

basis (81,99). Unstable SERS spectra are also produced when signals from “SERS hotspots” 

dominate spectra or when laser exposure and thermal or photochemical mechanisms degrade 

analytes or SERS substrates over short timescales (84,91). Encouragingly, efforts to improve 

reproducibility have been successful. Precise quantitative SERS studies have been conducted 

using low laser power, internal standards that allow signal normalization throughout an 

experiment, microfluidic cells that create turbulent flow conditions to both mix the sample and 

allow an average over time to be measured, and reproducible SERS substrates that are currently 

being improved, tested, and commercialized (75,90,91). 

SERS is also associated with its own specificity; although simultaneous detection of multiple 

contaminant classes is possible, it is not always straightforward to apply the SERS setup for one 

molecule to another with a similar structure, polarity, or molecular weight. Instead, the 

experimental parameters must often be carefully examined and modified for each SERS analyte. 

Analytes must be precisely matched to a compatible SERS substrate, excitation laser, and set of 

experimental parameters. Developing each specific SERS application requires trained laboratory 

personnel, research dollars, and patience in the laboratory, and only further study will allow 

SERS to achieve its full potential. Nevertheless, once developed, many SERS methods will 

tolerate simplification to allow practical application for routine monitoring.  
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Despite these stumbling blocks, SERS is rapidly evolving into a practical analytical tool that 

can be simultaneously applied to multiple analyte classes, and existing environmental 

applications are both plentiful and remarkable. Furthermore, SERS applications are not limited to 

the laboratory bench: microfluidic cell, lab-on-a-chip applications with portable Raman systems 

have facilitated quantitative field analyses for species such as dipicolinic acid and malachite 

green (a genotoxic antiseptic; ref. 77). At the current rate of development of reproducible SERS 

substrates, microfluidic devices that reduce spectral variability, and practical applications for 

environmentally relevant analytical problems, SERS has great potential to become a rapid, 

reliable, and widespread technique. The future of SERS is bright indeed.  
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4  

Engineering Significance 

   Cyanotoxin poisonings occur worldwide, claiming the health and possibly the lives of cattle, 

dogs, wildlife, and humans. A few programs for routine cyanotoxin monitoring have been 

developed, but they are not as ubiquitous as the poisonings that occur (6). Monitoring programs 

must choose between lab kits such as ELISA that are readily available, but are only sensitive to 

select toxins, cannot distinguish between variant identities, and are linked to false positive and 

negative results, or LC-MS/MS methods that can distinguish between variants, but require 

expensive equipment and experienced lab technicians such that sample throughput is limited 

(6,108). Implementation of a Raman based approach for MC-LR detection and quantitation may 

allow rapid cyanotoxin variant identification at a lower cost than HPLC-MS/MS methods. Our 

DCDR experiments suggest the presence of DOM will not thwart Raman analysis, DCDR 

samples are stable even after aging, and only small volumes of sample are required for analysis. 

The detection limits of DCDR for MC-LR analyses have not yet been pushed to the limits, but 

DCDR can be easily implemented for samples containing 2 ng MC-LR in 2 µL. Filtration and 

SPE as conducted prior to implementation of existing ELISA or HPLC-MS/MS based detection 

methods for environmental samples could be applied to improve detection limits. If 1 L of water 

containing the WHO suggested limit of 1 µg/L MC-LR were extracted by SPE, 1 µg of toxin 

could be concentrated into 5 mL of methanol. This sample could then be dried and rehydrated in 

100 µL of water, leaving a sample of 10 mg/L that could easily be examined by DCDR. 

Extraction processes implementing these volumes are not uncommon (16,66,67,109).  
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Raman signal enhancements induced by SERS have the potential to further improve the 

detection limits of Raman methods for MC-LR analyses. Quantitative SERS was applied for the 

cyanotoxin saxitoxin using silver nanoparticles with a limit of detection at 3 nM and limit of 

quantitation at 20 nM (96). Reproducible quantitative SERS methods can even be applied using 

portable Raman spectrometers (77).  

Although Raman based detection is promising for identification of cyanotoxins, this work must 

be taken further to explore the detection limits of DCDR for MC-LR analyses, the ability of 

Raman spectroscopy to quantify and elucidate cyanotoxin identities in mixtures of toxin variants, 

and the success of analyzing samples containing additional impurities. However, it is the lack of 

Raman spectrometers in environmental laboratories that will be the largest barrier for application 

of Raman spectroscopy to routine monitoring. It may not be practical to purchase an instrument 

for which standard methods for environmental analyses do not yet exist, even if the Raman 

spectrometer is far from the most expensive instrument in the laboratory. Simpler field portable 

Raman spectrometers can be purchased with $12,000, but laboratory grade instrument costs start 

near $150,000. It will take time for the promising theories and successful experiments to ease the 

minds of those who may be able to implement these methods in the field but must first invest in 

an instrument. Nonetheless, Raman spectroscopy should not be overlooked for its utility in 

detecting and quantifying microcystins.  
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