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Scleraxis-mediated regulation of tendon and ligament cell mechanobiology 

Anne E. C. Nichols 

ACADEMIC ABSTRACT 

 

Tendon and ligament injuries are common orthopedic problems that have an enormous 

impact on the quality of life of affected patients.  Despite the frequency at which these injuries 

occur, current treatments are unable to restore native function to the damaged tissue.  Because of 

this, reinjury is common.  It is well known that mechanical stimulation is beneficial for 

promoting tendon and ligament development and tissue homeostasis; however, the specific 

mechanisms remain unclear.  The transcription factor scleraxis (Scx) is an interesting candidate 

for mediating the tendon and ligament mechanoresponse, as it has been shown that Scx 

expression is induced by cyclic mechanical strain in tenocytes and is required for mechanically-

induced stem cell tenogenesis.  Moreover, Scx expression is increased in adult tendons following 

exercise.  The studies described in this dissertation therefore focus on the combined role of Scx 

and mechanical stimulation in two contexts: 1) influencing ligament cell differentiation and 2) 

regulating adult tenocyte behavior.   

In the first study, transient Scx overexpression combined with mechanical strain in a 3D 

collagen hydrogel model was investigated as a means of deriving mature ligament cells from 

stem cells for use in ligament tissue engineering.  Scx overexpression in C3H10T1/2 cells 

cultured in collagen hydrogels under static strain resulted in increased construct contraction and 

cell elongation, but no concurrent increase in the expression of ligament-related genes or 

production of glycosaminoglycans (GAG).  When combined with low levels of cyclic strain, Scx 

overexpression resulted in increased mechanical properties of the tissue constructs, increased 



GAG production, and increased expression of ligament-related genes compared to cyclic strain 

alone.  Together, these results demonstrate that Scx overexpression combined with cyclic strain 

can induce ligament cell differentiation and suggest that Scx does so by improving the 

mechanosensitivity of cells to cyclic strain.  

In the second study, the role of Scx in adult tenocyte mechanotransduction was explored 

using RNA-sequencing (RNA-seq) and small interfering RNA (siRNA) technologies.  Equine 

tenocytes were exposed to siRNA targeting Scx or a control siRNA and maintained under cyclic 

mechanical strain prior to being submitted for RNA-seq.  Comparison of the resulting 

transcriptomes revealed that Scx knockdown decreased the expression of several genes encoding 

important focal adhesion adaptor proteins.  Correspondingly, Scx-depleted tenocytes showed 

abnormally long focal adhesions, decreased cytoskeletal stiffness, and an impaired ability to 

migrate on soft surfaces.  This suggests that Scx regulates the tenocyte mechanoresponse by 

promoting the expression of focal adhesion-related genes.   

Combined, the results of these studies support a role for Scx in tendon and ligament cell 

mechanotransduction and identify the regulation of genes related to maintaining the cell-

extracellular matrix connection and cytoskeletal dynamics as a potential mechanism.  These 

findings enhance our understanding of how mechanical stimulation influences cell behavior and 

provide new research directions and methodologies for future studies of tendon and ligament 

mechanobiology.  
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Anne E. C. Nichols 

GENERAL AUDIENCE ABSTRACT 

 

Tendon and ligament injuries are very common, but current treatments are unable to 

completely repair the damaged tissue.  We know that exercise plays an important role during the 

development of tendons and ligaments and in keeping them healthy during adulthood.  Despite 

this, we do not understand exactly how either of these processes occur.  A tendon and ligament 

related protein called scleraxis (Scx) appears to be important in translating mechanical strain into 

a cellular response.  As such, Scx could be useful for making ligament cells from stem cells, 

which could then be used in custom-engineered, patient-specific tissue grafts for surgical repair 

of torn ligaments.  Studying what Scx does in adult tendon cells could also help us to understand 

how tendon cells sense and respond to exercise or physical changes in their environment.   

To explore whether or not Scx can promote stem cell differentiation, we generated stem 

cells with increased levels of Scx and put them into 3D collagen constructs.  When the constructs 

were held under static tension, cells with increased Scx became longer and were better able to 

organize the collagen compared to normal cells.  When we exercised the constructs, cells with 

increased Scx also had higher levels of ligament-related genes and resulted in stiffer constructs 

compared to normal cells.  Increasing Scx expression in combination with mechanical strain 

could therefore be a useful way to make ligament cells that can be used in engineered 

replacement tissues.   

To explore the function of Scx in adult tendon cells, we created tendon cells with 

decreased levels of Scx and exposed them to mechanical strain.  We then generated a database of 



	

all the genes affected by the decrease in Scx.  Analysis of this database revealed that decreasing 

the levels of Scx also decreased the expression of genes associated with several pathways 

involved in linking the internal skeleton of the cell to the extracellular environment.  This 

suggested that Scx helps facilitate the ability of a tendon cell to sense and respond to its 

surroundings.  To evaluate this, we examined the ability of tendon cells with decreased Scx to 

migrate on different surfaces, the stiffness of the internal skeleton, and the structure of the 

protein complexes responsible for anchoring cells to a surface.  As predicted by our gene 

database, we found that decreasing Scx levels also decreases the stiffness of the cell’s internal 

skeleton, changes the shape of the anchoring complexes, and impairs the ability of tendon cells 

to migrate on soft surfaces.  These results show that Scx governs tendon cell function by 

affecting the cell’s ability to interact with its local environment.  
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PREFACE 
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OVERVIEW OF DISSERTATION 

Chapter 1 is an introductory chapter on tendon and ligament biology, which includes the 

structure and function of both tissues, their developmental origins, and the role of mechanical 

strain in tissue homeostasis.  Reviews of mechanotransduction and next generation sequencing 

tools for investigating tendon and ligament biology are also included, with an emphasis on the 

need for investigations that integrate existing knowledge with innovative new technologies to 

advance musculoskeletal research.  We have a general understanding of how mechanical strain 

affects tendon and ligament function at the tissue level, but a better understanding of their basic 

mechanobiology at the cellular level will greatly enhance our ability to treat injuries and create 

tissue engineered replacements.  

 Chapter 2 describes a study investigating the effects of transient scleraxis overexpression, 

in combination with culture in a dynamic 3D bioreactor, on the differentiation of stem cells for 

ligament tissue engineering.  C3H10T1/2 cells were nucleofected with scleraxis, or a control 

plasmid, prior to seeding into linear collagen hydrogel constructs.  Constructs were cultured 

under static tension or cyclic mechanical strain for up to 14 days.  Scleraxis overexpression in 

static culture resulted in more elongated cells and gel contraction compared to control cells.  

When combined with cyclic strain, scleraxis overexpression resulted in constructs with increased 

mechanical properties, expression of ligament-related genes, and production of 

glycosaminoglycans compared to control constructs.  The results of this study indicate that 

transient scleraxis overexpression maybe be a useful method for deriving ligament cells in tissue 

engineering applications and support a synergistic effect of scleraxis and mechanical strain on 

promoting ligament cell differentiation. 

 Chapter 3 describes a study designed to further define the role of scleraxis in adult 
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tenocyte mechanotransduction.  Equine tenocytes were isolated, exposed to a small interfering 

RNA (siRNA) targeting scleraxis or a non-targeting control siRNA, and cultured under cyclic 

strain prior to being submitted for RNA-sequencing.  Transcriptomic analysis indicated a role for 

scleraxis in regulating focal adhesion dynamics, as the gene expression of several important focal 

adhesion adaptor proteins was downregulated following scleraxis siRNA exposure. Consistently, 

scleraxis-depleted tenocytes showed altered focal adhesion morphology, decreased cytoskeletal 

stiffness, and an impaired ability to migrate on soft surfaces.  This study is the first to identify 

potential roles for Scleraxis in adult tenocyte function and provides new avenues for 

investigation that will greatly increase our knowledge of tendon and ligament cell biology. 

 The key findings and conclusions of this dissertation are presented in Chapter 4, along 

with recommendations for future investigations into the role of scleraxis in tendon and ligament 

stem cell differentiation and tenocyte homeostasis.   

 Appendix A contains a study investigating the expression of the NADPH oxidase (NOX) 

family members in equine tenocytes under physiological and high extracellular glucose 

concentrations.  NOX isoforms are important for cell homeostasis in other tissues but their role 

in tendon is unknown.  This study is the first to report NOX expression patterns in equine 

tenocytes as well as the effects of long-term culture in varying extracellular glucose 

concentration on tenocyte proliferation and phenotype.   

 Appendix B contains additional data from the study outlined in Chapter 3, including the 

effects of scleraxis knockdown on tenocyte chemotaxis in a transwell assay and susceptibility to 

exogenous oxidative stress.  Changes in focal adhesion-related genes in response to Scx 

knockdown combined with either static or cyclic strain are included, as are the effects of Scx 

overexpression on focal adhesion-related genes in C3H10T1/2 cells.  
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CHAPTER 1: LITERATURE REVIEW 

 

GENERAL INTRODUCTION 

Tendons and ligaments are tough bands of connective tissue that enable movement of the 

musculoskeletal system by transmitting forces generated by muscles to bone and stabilizing 

joints during movement [1].  Tendons are responsible for anchoring muscle to bone while 

ligaments connect bone to bone [2].  While the primary function of both tendons and ligaments is 

to withstand mechanical load, each tissue is remarkably adapted to the particular type and 

magnitude of the strain it is exposed to in the body [3].  Tendons and ligaments share many 

things in common, including structural elements, biochemical composition, organization, and 

material behavior [1, 2].  These commonalities arise not only from an intrinsic need for tissue 

strength and elasticity, but also from a shared developmental origin [4].  This makes information 

gleaned from the study of one tissue directly applicable to the other in many cases. 

 

Tendon and Ligament Structure and Function  

Tendons and ligaments derive their structure and strength from a highly organized, 

collagenous extracellular matrix (ECM), as shown in Figure 1.1.  The bulk of the dry weight 

(70–80%) of the ECM is composed of fibrillar collagen types I, III, and V [5].  Collagen type I is 

the most abundant, representing over 95% of the total collagen in tendon and around 90% in 

ligaments [2].  The mature collagen type I macromolecule is a triple helix composed of three 

collagen molecules (two α1 chains and one α2 chain) [6].  In a process called fibrillogenesis, 

these procollagen molecules are assembled linearly to form collagen fibrils (<100nm in 

diameter) [6].  Unstressed collagen fibers exhibit a characteristic ‘crimp’ pattern that can be  
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Figure 1.1 – Collagen organization and hierarchical structure of tendon and ligament 
tissue.  Liu, Y., H.S. Ramanath, and D.A. Wang, Tendon tissue engineering using scaffold 
enhancing strategies. Trends in Biotechnology. 26(4): p. 201-209. Reprinted with 
permission of Elsevier, 2018. 

 

visualized by polarized light microscopy due to the staggered manner in which the fibrils are 

arranged [7, 8].  The fibrils then combine with each other and with other molecules, including 

other fibrillar collagens (such as collagen types III and V) and proteoglycans, to form fibers (1 to 

20 µm in diameter) [9, 10].  Bundles of fibrils are further grouped together into fascicles (100 to 

250 µm) [1, 10].  Groups of fascicles are further bound together by a thin layer of connective 

tissue called the endotenon [10].  The endotenon permits independent gliding between fascicles 

and provides a path for blood vessels and nerves to travel deep into the tendon parenchyma, 

supplying nutrition and innervation to the tissue, in addition to serving as a niche for endogenous 

stem/progenitor cells [1, 11].  Finally, groups of fascicles are bound by the epitenon, a dense 

fibrous layer that is contiguous with the endotenon and serves to bind the fascicles together into a 

single, encapsulated structure [10]. 
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Some tendons, like the flexor tendons of the hand, are encased in a synovial sheath that 

provides lubrication, allowing tendons to slide more easily between tight anatomical gaps or 

around bony prominences that would otherwise produce damaging friction [10, 12].  Others, like 

the Achilles tendon, are not surrounded by a true tendon sheath and are instead covered by a 

sheet of loose connective tissue referred to as the paratenon [10].  Like tendons, some ligaments 

are surrounded by periligamentous connective tissue that serves a similar purpose to the 

paratenon [13].  The tendon sheath, paratenon, and periligamentous tissue all serve analogous 

functions in protecting the tendon or ligament from surrounding tissues as it moves and in 

providing a conduit for blood vessels and nerves that supply and innervate the tissue [14, 15].  

Collagen type III is the second most abundant collagen in both tendon and ligament and 

plays an important role in regulating fiber diameter [16].  Elevated levels of collagen type III are 

associated with smaller diameter fibers [16].  In normal tendon, collagen type III comprises less 

than 5% of the total collagen content, whereas in ligament, the collagen type III content is 

doubled to around 9-12% [2].  Correspondingly, ligaments tend to be more elastic than tendons, 

with a looser, more mesh-like ECM organization and decreased tensile strength that allows 

ligaments to withstand torsional and compressive in addition to tensile forces [1, 2].  Levels of 

collagen type III are elevated during development and following repair in both tissues [16, 17].  

Subsequently, both tissues exhibit a decrease in mechanical properties during development and 

repair that is attributed in part to an increase in smaller diameter fibers [18, 19].  Though present 

in relatively small amounts, other collagens, including collagen types V and VII, play an 

important role in regulating fibril organization rather than by contributing to the overall tensile 

strength of tendon and ligament fibrils [20, 21].  
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The remainder of the tendon and ligament ECM is comprised of non-fibular collagens, 

proteins, and macromolecules, many of which function in some way to regulate collagen 

fibrillogenesis and to maintain fibril integrity in response to mechanical load [22].  To balance 

the immense tensile strength and augment the energy storing capacity of the collagen fibrils, 

other macromolecules provide elasticity and resistance to compressibility to the tendon or 

ligament ECM.  One such protein, elastin, is the main component of elastic fibers that function to 

provide elastic recoil to tissues that undergo deformation [23].  Elastin makes up a relatively 

small percent of the dry weight of normal tendon (~1–2%) [24], but varies widely in ligament 

depending on anatomical location from around 5% in the anterior cruciate ligament (ACL) [25] 

to around 45% in the ligamentum flavum [26].  Also important to the function of tendon and 

ligament are glycosaminoglycans (GAG).  GAG are long, unbranched molecules made up of a 

repeating disaccharide subunit [27].  Because GAG are negatively charged, they attract and hold 

water in tissues, making them exceptional shock absorbers and lubricators [27-29].  GAG are 

often found covalently linked to a protein core as part of a macromolecule complex called a 

proteoglycan [30].  Multiple individual proteoglycans can form larger complexes through 

association with a hyaluronan backbone [29].  Proteoglycans impart viscoelasticity to the tissue 

are therefore important structural components of the tendon and ligament ECM.  The wide 

assortment of GAG and protein cores means an almost endless variety of proteoglycan 

combinations depending on the structural requirements of a specific tissue.  In tendon and 

ligament, a family of proteoglycans called small leucine rich proteoglycans (SLRPs) are of 

particular importance for their ability to regulate collagen fibril diameter [29, 31, 32].  Several 

members of the SLRP family, including decorin, fibromodulin, and biglycan, have other 
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important roles in many processes ranging from development and injury response to maintenance 

of the putative tendon stem progenitor cell niche [33-35].   

In addition to playing a structural role, many of these macromolecules also act as a 

biological reservoir for signaling molecules [36, 37].  SLRPs in particular are known to sequester 

growth factors and modulate their activation by limiting availability or by modifying receptor 

activity on target cells [38].  Decorin, for example, is not only involved in regulating collagen 

fibril diameter but can also bind isoforms of free extracellular transforming growth factor beta 

(TGF-β), an important growth factor in tendon and ligament development and homeostasis [39].  

Alterations in the production or function of SLRP can profoundly affect tissue homeostasis and 

are frequently associated with degenerative tendinopathy and chronic pain [40-42].  

All of the various structural components and macromolecules combine to form an 

incredibly intricate and exquisitely adapted tissue that is both strong and elastic.  Tendons and 

ligaments are complex materials that exhibit both nonlinear and viscoelastic properties in 

response to physiological load [43].  The nonlinear elastic behavior of tendons and ligaments 

under load is often modeled by a stress/strain curve, which consists of four distinct phases that 

loosely describe the contribution of each hierarchical component of the collagenous ECM 

(Figure 1.2).  The four parts of the curve include an initial toe region, a linear region, a yield 

point, and a failure region.  The characteristic crimp of collagen fibrils is the first structural 

component to bear load under low strain levels, undergoing molecular “uncrimping” as the load 

increases, which dissipates energy without causing structural damage [44-46].  This level of 

relatively low stress where “uncrimping” occurs is represented by the toe region of the 

stress/strain curve.  As load continues to increase, the collagen fibrils begin to bear weight along 

their entire length and to slide adjacent to each other along the axis of tension, linearly increasing 



 10 

the stiffness of the tissue [45, 47, 48].  If unloaded during this linear phase (up to ~4% strain), 

the tissue will recover, undamaged, to its original length [48].  The maximum stress, or yield 

point, differs between tissues and species, ranging from 4 to 10% in the human Achilles tendon 

[49] and between 12 and 18% for the superficial digital flexor tendon in horses [50].  Beyond the 

yield point, damage to the fascicles occurs and the biomechanical integrity of the tissue is 

compromised [3, 51].  Tendons and ligaments also exhibit rate-dependent characteristics of 

viscoelastic materials, including creep and hysteresis, in part due to the large presence of GAGs 

[52, 53].  Importantly, viscoelasticity allows tendons to store energy when stretched, which is 

crucial to enabling efficient locomotion, including running and jumping.  When strain exceeds 

the ability of these mechanisms to dissipate excess energy, damage to the tendon or ligament 

ECM begins to accumulate [51, 54]. 

 

 

Figure 1.2 – Example of a stress-strain curve showing nonlinear elasticity of tendon and 
ligament tissue. © 2013 Kelc Robi, Naranda Jakob, Kuhta Matevz and Vogrin Matjaz. 
Originally published in The Physiology of Sports Injuries and Repair Processes, Current 
Issues in Sports and Exercise Medicine, Associate Prof. Michael Hamlin (Ed.), InTech. 
Available from: https://www.intechopen.com/books/current-issues-in-sports-and-
exercise-medicine/the-physiology-of-sports-injuries-and-repair-processes.  
DOI: 10.5772/54234.   
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The ability of the tissue to respond, repair, and adapt to imposed loads is crucial to the 

function of tendons and ligaments.  The cells responsible for producing and maintaining the 

ECM are a type of mesenchymally-derived fibroblast commonly referred to as “tenocytes” or 

“ligamentocytes” [54].  Tendons and ligaments exhibit a characteristically sparse cellularity 

compared to other tissues [2].  Within tendon and ligament tissue, cells are embedded 

longitudinally along, and intimately associated with, the collagen fibers [2].  Tenocytes within 

the tendon parenchyma are often described as having a “spindle” shaped appearance, with long, 

thin nuclei and barely detectable cytoplasm, whereas ligamentocytes are rounder and more 

heterogeneous [2].  Long, thin cellular processes stretch around collagen fibers and facilitate 

communication between adjacent cells through transmembrane protein complexes called gap 

junctions [55].  In addition to cell-cell communication, tenocytes and ligamentocytes also 

maintain contact with the collagen fibers themselves through integrin-mediated attachments that 

directly connect the cytoskeleton of the cell to the ECM [56].  Through this connection, cells are 

able to generate and maintain cytoskeletal tension that is directly related to the stiffness of the 

matrix to which they are attached [57].  This intimate arrangement allows cells to sense and 

respond to the various strains imposed on the tissue via direct interaction with the load bearing 

collagen fibers [58, 59].   

In addition to mature tenocytes and ligamentocytes, recent studies have identified a 

population of multipotent tendon and ligament stem/progenitor cells located within the mature 

tissue of humans, mice, rabbits, horses, and rats [34, 60-63].  Tendon and ligament 

stem/progenitor cells express many of the same surface markers as mesenchymal stem cells 

(MSC) from other sources, including CD44, CD105, CD146, CD73, CD90, Stro-1, SSEA-4, 

Sca-1, nestin, nucleostemin and Oct-4 [62, 64, 65].  In addition to common MSC markers, 
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tendon and ligament stem/progenitor cells also express tendon lineage markers such as scleraxis 

(Scx; discussed below) and tenomodulin [34, 62].  Tendon and ligament stem/progenitor cells 

isolated from mature tissue are capable of generating de novo tendon and tendon-bone insertion 

(enthesis) tissue in vivo, even following in vitro culture [34].  Unlike other stem cells that are 

maintained by the presence of “nurse” cells, tendon and ligament stem/progenitor cells are 

instead supported by a proteinaceous niche, which includes the SLRP family members 

fibromodulin and biglycan [34].  Disruption of the niche by deleting fibromodulin or biglycan 

results in impaired tenogenesis [34].  There is also evidence to support the presence of a 

perivascular population of tendon and ligament stem/progenitor cells that are involved in tendon 

repair [66, 67].  Despite their discovery and initial characterization, little is known about the 

behavior of tendon and ligament stem/progenitor cells in vivo, or how the individual cell 

populations identified so far contribute to tissue homeostasis and healing.  

 

Tendon and Ligament Development During Embryogenesis   

To better understand the identity and behavior of cells within tendons and ligaments, 

substantial effort has been focused on elucidating their developmental origins.  The specific 

mechanisms and tissue interactions driving development of tendons and ligaments differ 

depending on anatomic location [68].  Axial tendon progenitor cells, for example, originate from 

a discrete somitic compartment (the syndetome) that contains only tendon progenitors [69], 

whereas limb tendon progenitor cells are first detected in a mixed population of tendon and 

muscle progenitors in the limb bud [4].  Regardless of their origin, all tendon and ligament 

progenitor cells are defined by expression of the basic helix loop helix (bHLH) transcription  
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Figure 1.3 – The three general stages of tendon differentiation during embryonic 
development.  In the first phase (A), expression of Scx is induced in tendon progenitor cells 
(green) by FGF signaling from surrounding tissues.  In the second phase (B), Scx-positive 
cells organize between differentiating muscle and cartilage cells in response to TGF-β 
signaling.  In the third and final phase (C), Scx-positive cells organize the ECM into a 
distinct, load-bearing structure.  Schweitzer, R., E. Zelzer, and T. Volk, Connecting 
muscles to tendons: tendons and musculoskeletal development in flies and vertebrates. 
Development. 2010. p. 2807-2817.  Reprinted with permission from the Company of 
Biologists. 

 

factor Scx [4].  Scx is expressed in tendon and ligament cells early during development and 

continues to be expressed by cells in mature tissues.  Scx is therefore used as a marker of tendon 

and ligament cell identity.  It also plays a role in regulating the expression of other tendon-

related genes, including tenomodulin and collagen type I [4, 70-72].  Though both tendon and 

ligament progenitor cells express Scx, no studies have investigated ligament differentiation 

during development or the mechanisms that guide their fate.  The remainder of this section will 

therefore focus on the developmental origin and differentiation of tendon cells.  

In general, tendon development proceeds in a sequential manner through three phases: 

induction, organization, and aggregation/differentiation (Figure 1.3) [68].  During the induction 

phase, fibroblast growth factor (FGF) signaling from neighboring tissues induces expression of 

Scx in mesenchymal tendon precursor cells [73, 74].  A second round of Scx-positive cells is 

then recruited by TGF-β2 signaling from the differentiating cartilage and muscle cells [75].  

Once recruited, the Scx-positive cells align between the differentiating muscle and cartilage 

where they begin to form the connections that will become the myotendinous junction and 
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tendon-bone enthesis [75].  The final phase of tendon differentiation is muscle-dependent, both 

for the presence of paracrine signaling between the two tissues, and for mechanical stimulation 

provided by muscle contraction [76-78].  In muscle-less limbs, early phase Scx-positive 

progenitor cells are unaffected; however, tendons do not form [78].  When attached to paralyzed 

muscles and therefore deprived of mechanical stimulation, tendons form, but exhibit ECM 

disorganization and reduced size [4, 79].  During the muscle-dependent phase, Scx-positive 

progenitor cells condense and organize the provisional tendon ECM into a distinct tissue that can 

transmit force [68].  Interestingly, it is in the transition to the final phase of tendon differentiation 

where Scx appears to play an important role, despite its induction much earlier during 

development.  Scx knockout mice exhibit severe defects in force-transmitting tendons stemming 

from a failure of progenitor cells to migrate and aggregate the ECM into an organized structure 

[68, 80].   

 

Pathogenesis of Tendon and Ligament Injury 

 Tendon and ligament overuse injuries are common in both humans and animals, and have 

a significant effect on quality of life.  Injured tendons and ligaments are characterized by a loss 

of strength and function in the affected area, localized tenderness, and pain upon exertion [81].  

In people, Achilles tendon, rotator cuff, and anterior cruciate ligament (ACL) injuries are some 

of the most common in both competitive and recreational athletes [82-84].  Participation in 

sports or any activities that involve repetitive movements, such as jumping while playing 

basketball or pitching in baseball, further increases the risk of tendon or ligament injury [85, 86].  

ACL injuries are estimated to occur in 8.06/100,000 patients, with Achilles rupture occurring in 

11.3/100,000 patients [87].  In canine patients, over $1.3 billion was spent on cranial cruciate 
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ligament reconstruction surgery in 2003 in the United States [88].  Equine athletes also 

frequently suffer from tendinopathy; a study in Hong Kong reported that over 10% of 

Thoroughbred racehorse retirements were due to tendon injury in any given year over a 12-year 

period [89].   

Current options for treating tendon and ligament injuries are limited and do not address 

the root cause of the tissue dysfunction.  For mild injuries, such as strains, treatment is 

conservative and includes rest, immobilization, over the counter oral analgesics, and eccentric 

loading.  In more severe cases where surgical intervention is warranted, such as ACL tears or 

Achilles tendon rupture, further revision is sometimes required due to failure of the initial repair 

[90-92].  Tendon and ligaments heal by the formation of scar tissue and never regain the full 

material strength of the original tissue, which frequently leads to reinjury.  In addition, the 

development of co-morbidities, such as osteoarthritis, is common due to biomechanical 

misalignment, joint laxity, and prolonged local inflammation [93, 94].   

Despite the enormous economic and personal impact tendon and ligament injuries cause, 

their etiology is still largely undetermined.  Once viewed as a primarily inflammatory condition, 

the modern view of tendon and ligament dysfunction is better characterized as a multifactorial, 

degenerative disease process [95].  While inflammation certainly plays a role in driving the 

chronic nature of tendon and ligament degeneration, the most widely accepted hypothesis is that 

the root cause is repetitive overuse leading to cumulative microscale damage to the ECM, which 

in turn elicits a pathological cellular response [96-99].  The damaging changes to the mechanical 

integrity of the ECM influence resident cell behavior, stimulating dysregulation of endogenous 

repair mechanisms and production of pro-inflammatory cytokines, including interleukin-1β, 

cyclooxygenase 2, thromboxane B2, and prostaglandin E2 [100-102].  The hypovascular nature of 
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tendons and ligaments may also contribute to the reduced healing response seen following injury.  

Avascular regions are more frequently associated with degenerative changes and rupture [103].  

There are a number of risk factors for the development of tendon and ligament injuries, 

which include age, genetics, and the presence of other diseases.  Older patients are at higher risk 

for the development of rotator cuff injury and Achilles tendon rupture, though the specific 

etiology is unknown [82].  In addition to biomechanical differences caused by genetic variation, 

polymorphisms in genes encoding the matrix proteins collagen type V and tenascin-C are 

associated with an increased risk of painful tendinopathy [104].  Obesity, hypertension, and 

steroid use are also associated with increased risk for tendon and ligament injury and decreased 

recovery following surgical repair in people [105, 106].  Diabetic patients are at a particularly 

high risk for tendon and ligament degeneration, pain, and rupture [107].  This association is due 

in part to the formation of advanced glycation end products (AGEs) in the presence of high 

extracellular glucose, which increases the stiffness of the tissue and promotes oxidative stress in 

resident cells, leading to tissue degeneration [108, 109].  Oxidative stress is also implicated in the 

increased risk of Achilles tendon rupture due to fluoroquinolone antibiotic use [110, 111].   

Healing of tendon and ligament injuries is accomplished through three overlapping 

phases: inflammation, proliferation/repair, and remodeling [112].  The duration and intensity of 

each phase differs depending on the tissue location and severity of the injury [113].  In general, 

the inflammatory phase begins within the first 24 hours following injury and lasts for 

approximately three days or more depending on the degree of tissue damage.  During this phase, 

monocytes, macrophages, and neutrophils are recruited to the site of injury and begin to 

phagocytize necrotic debris and secrete pro-angiogenic, vasoactive, and chemotactic factors 

[113].  The presence of these chemokines simulates the proliferation and differentiation of 
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endogenous stem cells and fibroblasts that migrate to the wound area and begin to synthesize 

collagen types I and III (granulation tissue) to fill the defect area [113, 114].  This proliferation 

and matrix-producing stage occurs starting at approximately two days and continues for three or 

more weeks post-injury [113].  The remodeling phase can be further divided into two stages: 

consolidation and maturation.  During consolidation (~six to ten weeks), the provisional collagen 

type I and III-rich matrix is gradually replaced by a predominance of collagen type I as tenocytes 

work to organize the new matrix to recreate the original structure [115].  The tissue also 

undergoes a reduction in hypercellularity during this phase [113].  The final maturation stage can 

continue for months to years and involves conversion of the fibrous tissue to a mature scar with 

increased collagen organization and cross-linking and decreased vascularity of the injured area 

[113].  The scar that forms during this time retains a higher proportion of type III to type I 

collagen than the native tissue which is thought to be partially responsible for the biomechanical 

inferiority of the repaired tissue [19, 116, 117].   

Tendon and ligament degeneration occurs due to a failure of the normal healing response 

to be able to repair the matrix damage rapidly enough.  When damage occurs faster than the 

healing response, microscale tissue damage accumulates until clinically relevant disease is 

detected.  Histologically, degenerative tendons and ligaments exhibit a disorganized ECM and 

increased GAG content, which is consistent with an inadequate tenocyte and ligamentocyte 

response and inability to repair cumulative damage [81].  Tissue metaplasia can also be present, 

characterized by the presence of chondrocyte-like cells, areas of ossification, and fatty deposits 

[118, 119].  Tendon stem/progenitor cells from injured tendons show decreased proliferative 

ability and increased propensity for osteogenic and chondrogenic differentiation compared to 

cells from normal tendons [120].  Together, this information suggests that metaplasia seen in 
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degenerative tendons may be due to tendon stem/progenitor cells that undergo non-tenocytic 

lineage differentiation in response to changes in the surrounding ECM.  The contributions of the 

various tendon and ligament-derived cells to both the normal and pathological healing process 

are still largely unknown.  It is likely that all cells participate in some manner, and clarifying the 

individual roles of each population will enable development of more targeted treatments in the 

future.  

 

Regenerative Medicine and Tissue Engineering 

 The field of regenerative medicine has evolved over the last few decades out of the desire 

for restorative treatments that promote healing with tissue that more closely resembles the native 

tissue.  Regenerative medicine is an incredibly interdisciplinary pursuit, relying on the expertise 

of clinicians, basic scientists, engineers, and guidance from ethics and business groups to 

successfully bring therapies from the lab to the clinic.  In practice, regenerative therapies fall into 

two general categories: promoting tissue regeneration and creating tissue replacements.  Both of 

these approaches take advantage of the potential for stem cells to ameliorate pro-inflammatory or 

pro-fibrotic environments and to differentiate into a variety of other cell types.  Because 

traditional pharmacological and surgical treatments have been unable to adequately promote 

healing in injured tendons and ligaments, regenerative medicine is a tantalizing new avenue. 

 Regenerative therapies show great promise for the treatment of tendon injuries.  In these 

cases, the goal is to decrease the formation of scar tissue (increased collagen type I deposition 

and organization) and promote endogenous repair mechanisms so that the tendon regains its 

original mechanical strength, reducing the risk of reinjury.  Treating injured tendons with adult 

MSC derived from many sources, including bone marrow and adipose tissue, has been shown to 
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reduce hypocellularity and improve the mechanical properties and ECM organization of both 

acutely injured and degenerative tendons [121-126].  Though it was originally hypothesized that 

exogenously applied MSC improved tendon healing by differentiating into tenocytes, it is more 

likely that they act, at least in part, in a paracrine manner to stimulate the proliferation, survival, 

and differentiation of endogenous MSC [127].  MSC also work to reduce the pro-inflammatory 

response to ECM damage, thereby preventing fibrosis [128].   

In cases where the tissue damage is so severe that healing of the native tissue is no longer 

possible, such as ACL tears, a tissue replacement is required.  Tissue engineering offers an 

alternative to currently available graft technologies and their associated complications.  ACL 

injuries affect as many as 250,000 people, and approximately 100,000 ACL reconstructive 

surgeries are performed each year [129].  Approximately 25% of patients diagnosed with an 

ACL injury require surgical reconstruction [129].  Options for surgical repair include the use of 

autologous or allogeneic tendon grafts [130].  Autologous grafts harvested from the patellar 

tendon or hamstring tendon are currently the gold standard for ACL repair [130, 131].  Both 

tissues exhibit good integration at the bony insertion sites and readily undergo adaptation 

(ligamentization) to the imposed biomechanical loads of the knee [130].  Despite the success of 

autografts in recapitulating the properties and functions of the native tissue, they suffer from 

several limitations, including the availability of suitable donor tissue and complications such as 

chronic pain and weakness at the donor site [132].  Allogeneic grafts avoid donor site 

complications, but suffer from delayed integration, immunogenic rejection, and increased risk of 

disease transmission due to their cadaveric origin [133-135].  Moreover, storage and processing 

techniques can reduce the mechanical integrity of allogeneic tissue [130].  A tissue-engineered 

replacement would circumvent these issues and provide a patient-specific tissue. 
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 Tissue engineering relies on the optimization and integration of patient-derived stem 

cells, bioactive factors, and a biocompatible scaffold in order to generate replacement tissues 

(Figure 1.4).  The goal in tissue engineering is to provide an initial template, or rough draft of the 

tissue, that can perform the role of the missing organ initially but that ultimately be revised or 

replaced entirely by the patient’s own tissues.  The choice of cell source is an important 

consideration, as stem cells have different properties and advantages depending on their origin.  

Adult MSC derived from bone marrow (BMSC) and adipose tissue (ADSC) are easily obtainable 

and are immunogenically compatible with the patient due to their autologous origin [136].  For 

musculoskeletal tissue engineering applications, adult MSC are particularly useful, as they 

readily differentiate into mesodermally-derived tissues [137].  Embryonic or induced-pluripotent 

stem cells exhibit increased plasticity compared to MSC, but are inherently immunogenic and 

potentially tumorigenic [136].   

Identifying and incorporating the correct cues to drive stem cell differentiation to the 

proper lineage is critically important in any tissue engineering application.  This can be 

accomplished, in part, through the use of various bioactive factors.  The particular choice of 

factors is often inspired by the role these morphogens play in the embryonic development of the 

targeted tissue.  As previously discussed, various isoforms of the growth factors FGF and TGF-β 

are critical for directing progenitor cells to tendon and ligament lineage commitment during 

embryogenesis [75, 76].  Correspondingly, numerous studies have shown that exposing stem 

cells to FGF or TGF-β drives differentiation towards the tendon and ligament cell lineage in 

vitro, with increased expression of Scx and tenomodulin, and increased collagen production, 

compared to untreated cells [138-142].  Similar teno-inductive capabilities have been shown with 

other growth factors, including connective tissue growth factor (CTGF) and members of the  
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Figure 1.4 – The current tissue engineering paradigm demonstrating the integration of 
materials and disciplines required to successfully generate replacement tissues.   

	
	
growth differentiation factor (GDF) and bone morphogenic protein (BMP) families [139, 143-

145].  Treating rat BMSC with BMP-12 (GDF-7), for example, also increases the expression of 

Scx, tenomodulin, collagen type I, and tenascin-C [146].  Furthermore, implanting BMP-12 

treated BMSC into a patellar tendon injury model results in the formation of neo-tendinous tissue 

within the defect area [146].   

 It is well established that cells have an intimate and complex relationship with their 

surrounding environments, relying on biochemical, as well as physical cues, to guide cellular 

responses.  Stem cells are no exception, and it has been shown that substrate stiffness, structure, 

composition, and mechanical stimulation are all capable of influencing stem cell differentiation 

[147-150].  The choice of scaffold in tissue engineering is most often selected in an attempt to 

mimic the composition and organization of the target tissue.  This allows the scaffold to act as a 

template for cell adhesion, migration, and differentiation, and subsequent generation of tissue-

appropriate ECM.  The choice of scaffold material also reflects the desire to have the tissue 
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engineered tissue support in vivo mechanical forces immediately upon implantation to allow 

restoration of function while the new tissue grows and matures.  The ideal biomaterial for ACL 

tissue engineering, for example, would be strong enough to withstand the forces within the knee 

but not so strong that it would stress shield cells from receiving the proper mechanical 

stimulation.  A number of scaffold types have been studied for tendon and ligament tissue 

engineering and nearly all seek to recreate the highly anisotropic organization and/or collagenous 

nature of the native tissue.  Natural biomaterials, such as collagen, braided silk, fibrin, and 

decellularized tendon, have all been used to induce tendon or ligament cell differentiation [151-

155].  Synthetic polymers, either alone or in conjunction with natural biomaterials, have the 

advantage of being able to control the structure (fiber diameter and orientation, pore size) and 

mechanical properties (stiffness, elasticity) of the material to elicit the desired cellular response 

[156, 157].  

 In addition to cells, bioactive factors, and a scaffold, a fourth, but equally important, 

component to tendon and ligament tissue engineering is mechanical stimulation.  As previously 

discussed, mechanical strain provided by muscle contraction is required for tendon condensation 

during embryonic development [4, 68].  Correspondingly, several research groups have shown 

that cell culture on scaffolds combined with mechanical stimulation using a bioreactor promotes 

superior stem cell tenogenesis compared to static culture [150, 152, 158].  The role of 

mechanical stimulation in tendon and ligament cell differentiation and homeostasis is of 

particular importance in the successful development of suitable tissue replacements, and is 

discussed in greater depth in the following section.  

 Though modest tenogenesis of stem cells has been demonstrated by the addition of 

various growth factors, culture on anisotropic or collagenous scaffolds, and/or the application of 
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cyclic mechanical strain, no single method has yet been able to generate bona fide tenocytes or 

ligamentocytes that can create the complex composition and structure of the native ECM de 

novo.  As during embryonic development, it is likely that all of the aforementioned components 

work in concert to drive tendon and ligament differentiation.  The next generation of tendon and 

ligament tissue engineering efforts should therefore take inspiration from the embryonic origins 

of the target tissue and seek to recreate the physical, mechanical, and signaling environment 

present at each phase of tendon differentiation. 

 

TENDON AND LIGAMENT MECHANOBIOLOGY 

 The primary function of tendons and ligaments is to withstand the mechanical forces 

generated by muscle contraction and joint movement [1].  In doing so, the cells contained within 

the tissue are exposed to mechanical forces, which have an enormous impact on their behavior 

[97, 159].  Physiological load stimulates tendon and ligament cells to proliferate, differentiate, 

and repair microscale damage to the ECM [54, 160, 161].  Appropriate mechanical stimulation is 

critical to maintaining tissue homeostasis, with both over and under stimulation having a 

negative impact on tissue quality and mechanical integrity [51, 159].  Moreover, mechanical 

stimulation is one of the most characterized methods for promoting tenogenesis of stem cells 

[152, 162].  Alterations in applied force, changes to the mechanical properties of the ECM, or 

defects in the cellular ability to sense their physical surroundings can upregulate pro-

inflammatory molecules, promoting the development of degenerative tendinopathies [163, 164].  

Cells employ a number of mechanisms to sense and integrate mechanical stimulation into a 

cellular response, all of which are directly relevant to tendon and ligament biology and function 
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[165-168].  The importance of mechanical strain on tendon and ligament biology therefore 

cannot be understated. 

 

Mechanical Strain and Tissue Homeostasis 

For many years, tendons and ligaments were considered to be relatively inert due to their 

sparse cellularity and low vascularity compared to highly adaptive tissues like muscle and bone.  

Recent advances in in vivo imaging, however, have shown that tendons and ligaments can and do 

adapt to the mechanical loads imposed on them in a variety of circumstances.  In contrast to 

muscle and bone, which adapt to mechanical load by increasing the size or density of the tissue, 

adult tendons and ligaments adapt primarily by altering their material properties, though the 

magnitude of the adaptation depends on the anatomic location and exercise regimen [169-171].  

Using ultrasonography, Kubo et al. were one of the first groups to show that isometric exercise 

increases the elastic modulus of human patellar tendons with no change in the cross sectional 

area [172].  A later study by Bojsen-Møller et al. demonstrated an increase in glucose uptake 

following low intensity isometric contraction by tracking radiolabeled D-glucose with positron 

electron tomography (PET) imaging of human Achilles tendons, suggesting that tenocytes are 

metabolically active following mechanical load [173].  In further support of a dynamic tenocyte 

response to strain, human Achilles tendons exhibited a decrease in collagen production 

immediately post-exertion that was followed by a dramatic increase at 72 hours [174].  

Moreover, hamstring tendons used as grafts in ACL reconstruction surgeries undergo extensive 

cell-mediated, post-operative remodeling in response to the mechanical properties to which they 

are exposed in the knee [175].  The result is a ligamentized ECM that more closely matches the 

stiffness and elasticity of the native tissue, rather than that of its tendinous origin [175].  Using 
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green fluorescent protein-tagged Scx, Mendias et al. showed that a population of Scx-positive 

cells located in the epitenon/paratenon of mouse Achilles tendons respond to exercise by 

proliferating and migrating along fascicles deep into the tendon parenchyma [160].  Other mouse 

studies have reported the presence of activated fibroblasts (evidenced by increased rough 

endoplasmic reticulum), increased collagen synthesis and metabolism, and increased collagen 

fibril diameter in the tendons of exercised mice compared to their sedentary counterparts [176, 

177].  Though the identity of the specific cells involved in tendon and ligament adaptation have 

yet to be fully determined, it is clear that both tissues are capable of load-induced remodeling. 

The importance of mechanical stimulation in tissue homeostasis in tendons and ligaments 

is also demonstrated by studies where the tissues are experimentally unloaded.  In mice, rotator 

cuff paralysis by botulinum toxin A injection results in reduced stiffness and maximum stress of 

the supraspinatus tendon [178].  Using a similar botulinum model in rats, studies by Eliasson et 

al. and Khayyeri et al. reported increased stiffness but decreased viscoelasticity of unloaded 

Achilles tendons independent of changes to tendon size or proteoglycan content [179, 180].  

Unloaded human ACL also exhibit disorganized collagen organization [181], and in rats medial 

collateral ligament unloading following injury results in decreased mechanical properties and 

impaired ligament healing [182].  

In vitro studies have been instrumental in elucidating potential mechanisms behind the 

decreased mechanical strength seen in unloaded tendons.  Lavagnino et al. reported a 

comparable decrease in the tensile strength and elastic modulus of stress-deprived rat tail tendons 

in vivo that was not attributable to a decrease in collagen fibril diameter [183].  Several other 

groups have reported a rapid and sustained increase in the expression of matrix 

metalloproteinases (MMP) -3 and -13 in stress-deprived rat tail tendons [164, 184].  MMP are a 
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family of enzymes that are responsible for the degradation of nearly all ECM components, and 

are therefore implicated in both normal tissue remodeling and pathological degeneration [185].  

Like other MMP family members, MMP-3 and MMP-13 act on a wide range of known 

substrates, including collagen types I and III (MMP-13), collagen types II, IV, IX, and X (both), 

and gelatin (both) [185].  Inhibition of MMP abrogates the decrease in mechanical properties 

seen in stress-deprived tendons [186].  Interestingly, the increase in MMP expression appears to 

be instigated by a loss of cytoskeletal tension within tendon cells [187, 188].  This is the most 

direct evidence to date that loss of mechanical stimulation results in a catabolic response by 

resident tendon cells due to disruption of cell-ECM homeostasis.  

 

Mechanically-Driven Tendon and Ligament Cell Differentiation 

 In addition to promoting tendon and ligament homeostasis, mechanical stimulation 

promotes the differentiation of stem or progenitor cells into the tendon and ligament cell lineage 

[150, 152, 162].  Both the culture environment and the superimposition of mechanical strain 

increase the expression of tenogenic markers and promote the formation of a tendon-like ECM 

organization [152, 189].  Despite its importance, the specific mechanisms underlying the pro-

tenogenic effect of mechanical stimuli remain unknown and represent an active area of 

investigation in tendon and ligament research community.   

 In one of the first studies to evaluate the effects of mechanical strain on tenogenesis, 

Altman et al. demonstrated that mechanical stimulation of bovine BMSC in collagen gels 

resulted in cellular realignment along the axis of tension, increased expression of collagen types I 

and III and tenascin-C after 14 days, and increased staining for collagen types I and III after 21 

days, compared to static constructs [190].  Subsequent studies have shown a similar effect of 
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cyclic strain on promoting tendon and ligament cell differentiation evidenced by increased 

expression of tendon-related and ECM genes and improved ECM organization [150, 152, 162].  

Kuo et al. demonstrated that Scx expression is increased by culturing human BMSC in 3D 

collagen hydrogels compared to monolayer, and that low levels of cyclic strain (1%, 1 Hz, 30 

min/day) were further required to maintain Scx expression in 3D culture over time [152].  

Moreover, Kuo et al. found that cyclic strain increased the degree of matrix organization and 

attributed their findings to an increase in the expression of various MMP and modulation of the 

Wnt signaling pathway [152].  Scott et al. used a stem cell line cultured in collagen hydrogels to 

show a strain- and frequency-dependent increase in the expression of Scx and collagen type I 

[150].  Several other groups have reported that the magnitude of the mechanical stimulation is an 

important consideration, with low magnitude strain promoting bone or cartilage differentiation 

and higher magnitude strain promoting tendon and ligament differentiation [162, 191].  

Complicating the comparative interpretation of these studies is the wide variety of systems, cell 

types, and strain regimens used.  Furthermore, while strain levels experienced by the cells are 

proportional to the overall strain applied to the substrate, the actual forces experienced by the 

cells are likely to be much smaller and are highly dependent on both the stiffness and 

composition of the substrate [192-194]. 

 Though the specific mechanisms underlying the pro-tenogenic effects of strain on stem 

cells have remained elusive, it appears that Scx is a critical regulator.  As previously discussed, 

cyclic strain upregulates expression of Scx compared to static culture [150, 152, 189, 195].  

Knocking down Scx expression in equine tendon progenitor cells reduces cell viability and 

matrix remodeling capacity in 3D collagen hydrogels [196].  Viral overexpression of Scx in 

embryonic-derived human MSC and cultured in an in vivo model of mechanical strain resulted in 
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a synergistic increase in matrix reorganization and collagen fibril diameter compared to Scx 

overexpression alone [189].  Using a murine MSC line (C3H10T1/2), Li et al. reported that both 

cyclic strain and treatment with BMP-12 promoted Scx upregulation through activation of 

Smad8, a member of the TGF-β signaling superfamily [195].  Exposure to cyclic strain in 

combination with BMP-12 treatment resulted in increased Scx expression and the ability of cells 

to align along the axis of strain compared to either treatment alone [195].  Together, the 

synergistic increases in tenogenic differentiation seen with culture in 3D matrices, high 

magnitude mechanical stimulation, viral Scx overexpression, and BMP-12 treatment suggest that 

a convergence of numerous signaling mechanisms is responsible for the pro-tenogenic effect of 

cyclic strain.   

Interestingly, other studies have reported that culture on substrates that force linear 

cellular alignment can also induce stem cell tenogenesis, suggesting that it is the linear 

orientation and shape of the cell that actually controls differentiation [197, 198].  Culturing fetal 

tendon-derived stem cells on aligned polylactic acid nanofibers that promote spindle-shaped cell 

morphology resulted in increased Scx expression and the formation of a more mature, aligned 

ECM than culture on randomly oriented fibers [198].  Shi et al. recently reported that culturing 

murine tendon-derived stem cells in microgrooves created in polydimethylsiloxane (PDMS) 

membranes increased expression of Scx, tenomodulin, decorin, and collagen types I, III, and VI 

compared to cells grown on flat PDMS [197].  This same study also found that elongated cells 

within the microgrooves had decreased expression of stem cell-related genes (Nanog, SOX2, 

OCT4), correspondingly impaired chondrogenic and adipogenic differentiation, and inhibited 

BMP-2-induced osteogenesis [197].  Taken together, these studies suggest that linear 

topography, like cyclic mechanical strain, is capable of directing tenogenic stem cell 
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differentiation.  It could therefore be that the teno-inductive effects of uniaxial 3D culture or 

strain lies in their ability to cause cell realignment along the axis of tension.  In either case, it is 

clear that the physical environment surrounding a cell can impact cellular behavior.  

 

Review of Mechanotransduction Mechanisms and Signaling 

Mechanotransduction is the process by which physical stimuli are transduced into a 

biochemical response.  Cells located within tendon and ligament tissue are exposed to a variety 

of mechanical signals, including uniaxial strain, compression, fluid shear, and hydrostatic 

pressure [96, 199].  Integration of these signals involves multiple sensing mechanisms and 

signaling pathways that ultimately result in changes in cell behavior (Figure 1.5).  The molecular 

players involved in mechanotransduction can be divided into two broad groups: mechanosensors 

and mechanosignalers.  Temporospatial cooperation between these two groups allows rapid and 

specific responses to changes in the extracellular environment.  One of the most important 

primary mechanosensors is a group of proteins called integrins.  The integrin family is made up 

of 24 heterodimeric members that form by obligate interaction between transmembrane α- and β-  

subunits [200].  The specific combination of α- and β-subunits determines the extracellular 

ligand (ECM component) bound by the integrin as well as the intracellular signaling cascade 

initiated upon activation [200].  The wide variety of integrin family members, heterodimer 

combinations, and potential ECM ligands allow integrins to mediate numerous biological 

processes, including cell adhesion, migration, and cytoskeletal dynamics [201, 202].  

Structurally, integrins consist of a small intracellular domain, a transmembrane domain, and a 

much larger extracellular domain that contains the ligand binding region [200].  Integrins sense  
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Figure 1.5 – Overview of mechanotransduction mechanisms. Cells utilize a variety of 
integrated mechanosensitive organelles, complexes, and signaling pathways to transduce 
mechanical stimuli into a biochemical response. Lavagnino, M., et al., Tendon 
Mechanobiology: Current Knowledge and Future Research Opportunities. J Orthop Res, 
2015. 33(6): p. 813-22. Reprinted with permission of Elsevier, 2018 

	
the presence of extracellular ligands through a process known as “outside-in” integrin signaling 

[203].  Activation requires the involvement of a number of adaptor proteins, including vinculin 

and talin, which facilitate binding of the intracellular integrin domain directly to the actin 

cytoskeleton (Figure 1.6).  Recruitment and binding of adaptor proteins to the intracellular 

domain induces a conformational change in the extracellular domain of the integrin. This 

conformational change allows the ligand binding region to recognize the targeted ECM 

component and bind to it.  In addition to the integrin, several of the adaptor proteins are 

important mechanosensors in their own right.  Talin, for example, forms the connection between 

the intracellular integrin domain and the actin cytoskeleton.  Talin undergoes force-dependent 

conformational changes depending on the stiffness of the ECM to which the integrin is bound 

[204-206].  Stretching the talin protein exposes cryptic binding sites for another protein called 

vinculin [207].  In turn, vinculin binding stabilizes the integrin-talin-actin complex and promotes 

the formation of focal adhesion complexes [208, 209].  The critical importance of these two 

proteins to integrin signaling is shown by knockdown studies; cells in which talin or vinculin are  
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Figure 1.6 – Integrin activation and force-dependent conformational changes. Integrin 
activation is accomplished by the binding of intracellular adaptor proteins. Once bound to 
the ECM, some adaptor proteins (like talin and vinculin) also undergo conformational 
changes that facilitate the binding of other molecules and stabilization of the complex, 
which in turn facilitates actin-myosin mediated traction between the cytoskeleton and the 
ECM. Janoštiak R, Pataki AC, Brábek J, Rösel D. Mechanosensors in integrin signaling: 
The emerging role of p130Cas. European journal of cell biology. 2014;93(10):445-54. 
Reprinted with permission of Elsevier, 2018. 
 

depleted show an inability to form focal adhesions or generate proper cytoskeletal tension [209, 

210]. 

Focal adhesions are huge macromolecule complexes, with over 180 different molecular 

players involved in their formation, structure, and regulation [211].  In addition to adaptor  

proteins like talin and vinculin, other mechanosensors present in focal adhesions serve as 

scaffolds that facilitate the integration of physical and chemical cues into downstream signaling 

pathways in response to integrin activation.  One such protein is p130Cas (the product of the 

breast cancer anti-estrogen resistance protein 1 [BCAR1] gene).  Like talin, stretching of the 

integrin/actin connection causes p130Cas to undergo conformational changes.  This force-

dependent conformational change promotes phosphorylation of p130Cas by Src kinase family 
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members [212].  Phosphorylation of p130Cas leads to subsequent activation of the MAPK/ERK, 

Rap1, and phosphatidylinositol 3-kinase (PI3K)/Akt pathways [213, 214].  These pathways 

regulate processes ranging from cell migration and spreading to proliferation and survival.  

Correspondingly, p130Cas overexpression leads to increased cell migration and invasiveness of 

tumor cells [215], whereas knockdown leads to decreased migration, cell cycle arrest, and 

apoptosis [216].  Because Src kinase family members are also involved in signaling from growth 

factors and chemokines [217], p130Cas acts as an important node for the integration of signals 

from other pathways with the mechanical information transmitted through focal adhesions.   

Some focal adhesion-related molecules are not directly involved in the transmission of 

physical force.  These mechanosignalers are instead activated by the force-bearing components 

of the integrin complex and act as relays to propagate the signal to other pathways.  The best 

studied of the mechanosignalers is focal adhesion kinase (FAK).  FAK is a cytosolic tyrosine 

kinase that binds the intracellular domain of the activated β integrin subunit [218].  Upon 

binding, FAK autophosphorylates and goes on to activate downstream targets, including 

p130Cas [219].  Activated FAK affects regulation of MAPK/ERK and PI3K/AKT (via the 

adaptor molecule Grb7) signaling, in addition to the Rho subfamily of small GTPases [220].  

Additional FAK substrates include proteins involved in regulation of apoptosis and NFκB 

signaling [221].  Consistent with a non-structural role for FAK, FAK depletion did not inhibit the 

formation of focal adhesions, but did result in decreased cell migration and proliferation [222].  

Though they play no physical role in the formation of focal adhesions, mechanosignalers like 

FAK are nonetheless important components in cellular mechanotransduction. 

In addition to acting as epicenters for cell signaling, focal adhesions also allow for the 

generation of cytoskeletal tension via the direct ECM connection afforded by integrins.  Cells 
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use cytoskeletal tension to inform a variety of behaviors, including differentiation, sensing of 

substrate stiffness or compression, matrix remodeling, cell migration, and maintenance of 

cellular homeostasis.  Groundbreaking work by Donald Ingber and his colleagues was the first to 

apply the architectural concept of tensegrity to cells [223].  Their early models postulated that the 

cytoskeleton exists in a state of intrinsic pre-tensioned homeostasis, or tensional setpoint, with 

the cytoskeletal components (actin filaments, microtubules, intermediate filaments, etc.) acting 

as non-intersecting cables to distribute tensile force throughout the cell [223].  When anchored to 

the ECM via focal adhesions, cells generate traction through the integrin-ECM connection by the 

action of the motor protein myosin II, which contracts the integrin-bound actin cytoskeleton by 

parallel sliding of actin bundles, allowing the cell to “tug” on the ECM [224].  The magnitude of 

the traction force generated depends on the stiffness and composition of the substrate [225].  The 

cell-generated traction is superimposed on the cytoskeletal pre-tension, causing cells to seek 

either a return to the original tensional setpoint or the establishment of an adaptive new setpoint 

[226, 227].  Establishment of the tensional setpoint can occur by clustering and polymerization 

of cytoskeletal components, increasing the number of focal adhesions, increasing the cell-

generated stress on focal adhesions via contraction, or by a change in the cellular orientation with 

respect to the principal strain direction in other to reduce extrinsic stress [227].   

As previously mentioned, loss of tensional homeostasis in tenocytes elicits a catabolic 

response that, if sustained, can lead to degradation of the ECM in a failed attempt to remodel the 

cell’s surroundings to restore the tensional setpoint.  Cytoskeletal tension has also been shown to 

regulate the fate of stem cells [228] and to play a direct role in regulating the Hippo signaling 

pathway [229].  Most intriguingly, maintenance of integrin-mediated cytoskeletal tension 

provides a fast, direct path from the extracellular space to the nucleus via the propagation of 
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stress waves along the actin cytoskeleton [230].  Once at the nucleus, the transferred mechanical 

stimulation can directly affect gene regulation through a number of potential mechanisms, which 

include nuclear deformation, forced chromatin remodeling, or the opening of mechanosensitive 

nuclear pores [230].   

There are several other ways in which cells sense and respond to their physical 

surroundings in addition to focal adhesion-mediated processes.  Once thought to be a vestigial 

flagella, it is now recognized that the primary cilia is a mechanosensitive organelle that extends 

from the surface of a cell into the extracellular space where it deflects in response to mechanical 

forces, especially fluid shear [231, 232].  Like focal adhesions, primary cilia not only serve as 

mechanosensors, but also as centers for mechanotransduction and the integration of stimuli from 

various sources [233].  In tendons, the primary cilia of tenocytes are highly aligned along 

collagen fibers [168] and are likely involved in detecting and responding to shear stress 

generated by interstitial fluid movement during load [199, 234].  A recent report suggested that 

cilia length could also serve as an in situ marker of cytoskeletal tensional homeostasis in 

tenocytes [235].  Cilia length can be increased by stress deprivation and restored by mechanical 

stimulation [236], demonstrating that, like other mechanosensory mechanisms discussed so far, 

sensing by the primary cilia is a dynamic and adaptive process. 

Many of the responses seen in cells following exposure to mechanical stimuli rely on the 

ability of the cell to respond rapidly to changes.  This rapid response is enabled, in part, by a 

variety of second messengers.  Calcium (Ca2+) signaling is of particular interest in tendon and 

ligament mechanotransduction, as membrane deformation, and cyclic and shear strain, have all 

been shown to increase the intracellular Ca2+ concentration of tenocytes within milliseconds 

following mechanical stimulation [199, 237, 238].  Moreover, cyclic strain has been shown to 
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activate the c-Jun N-terminal kinase pathway in an intracellular Ca2+ dependent manner in canine 

patellar tendon cells [239].  Increased intracellular Ca2+ concentration occurs by the release of 

stored Ca2+ from the endoplasmic reticulum (ER) or through the influx of extracellular Ca2+ 

through transmembrane ion channels.  Release of stored Ca2+ from the ER can be mediated by 

another important secondary messenger, inositol (1,4,5)-triphosphate (IP3), or by activation of 

the ryanodine receptor [240, 241].  Transmembrane ion channels are opened or closed by plasma 

membrane deformation (stretch-activated), membrane depolarization (voltage-gated), or 

activation of various receptors (ligand-gated) [242, 243].  Despite the potential importance of ion 

channels in tendon and ligament function, the specific channels that may be involved are still 

relatively unknown.  Only one study has investigated which channels may be expressed.  Magra 

et al. showed that human tenocytes express multiple subunits of the voltage-operated calcium 

channel in addition to the stretch-activated potassium channel TREK-1 [166].  

Cells can also propagate local mechanical stimuli to a broader area through cell-cell 

connections, facilitating a coordinated cellular response to strain.  Gap junctions are intercellular 

complexes that directly link the cytoplasm of one cell to another through hydrophilic 

hemichannels called connexons.  Each gap junction is formed by two connexons, which are in 

turn composed of six transmembrane proteins called connexins (Cx) [244].  These channels 

permit the exchange of various inorganic ions (Ca2+, K+, Na+), secondary messengers (IP3), and 

small metabolites (glutamate, ATP, cAMP) between cells depending on the particular Cx 

isoforms present [244].  In tendon, tenocytes located within both the epitenon and the tendon 

parenchyma form complex 3D networks through gap junctions located in both the cell body and 

on cell processes that span throughout the parenchyma [55].  These connections between 

tenocytes continue to be present even when grown in monolayer or 3D culture [245].  Within a 
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particular longitudinal tenocyte network, cells are connected by Cx32 and Cx43, whereas lateral 

tenocyte networks are connected by Cx43 only, suggesting presence of two distinct 

communication grids [55, 246].  Correspondingly, work by Waggett et al. demonstrated that 

Cx32 and Cx43 have opposing roles in regulating the tenocyte response to cyclic strain; blocking 

cell-cell communication by Cx32 reduced, whereas blocking Cx43 increased, collagen 

production following cyclic load [246].  Moreover, Cx43 increases and is localized to the actin 

cytoskeleton following cyclic strain in avian and human tenocytes, suggesting a relationship 

between gap junction and cytoskeleton-related signaling [247].  Individual tenocytes respond to 

mechanical stimuli by rapidly increasing intracellular Ca2+ concentrations, which can then be 

propagated to adjacent cells [238].  Maeda et al. further demonstrated that prolonged mechanical 

loading (1N for 1 hour) significantly decreased both the permeability of Cx43 gap junctions and 

expression of the Cx43 protein in rat tail tendon fascicles ex vivo [248].  Together, these studies 

illustrate the presence and importance of a dynamic, integrative, and adaptive cell-cell 

communication network in facilitating tenocyte mechanotransduction.   

 

Tools for Studying Tendon and Ligament Mechanobiology  

Though it has been recognized for many years that the physical and mechanical 

environment surrounding cells have an enormous impact on cellular behavior, only recently have 

researchers begun to unravel the mechanisms involved.  Part of the reason for the delay is that 

traditional molecular biology tools are unable to investigate the biophysical processes involved 

in mechanotransduction.  Furthermore, studying these mechanisms in vivo is difficult and often 

invasive using conventional methods .  This has led to the development of new methods that are 

capable of evaluating the effects of mechanical strain on cell behavior and revealing the 
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mechanisms underpinning the subsequent response.  Tools for studying mechanotransduction fall 

into two categories: 1) bioreactors for applying strain to substrates and 2) instruments for 

investigating the response to mechanical stimuli at the cellular level.  

Albert J. Banes helped usher in the modern age of mechanotransduction research by 

developing the first commercial bioreactor platform in 1985 [249, 250].  Banes’ Flexcell® system 

utilizes the traditional six well tissue culture plate format but with the inclusion of a flexible 

bottom culture well that can be deformed via vacuum pressure.  The Flexcell® system offers 

enormous flexibility in experimental design; the deformable membrane can be functionalized 

with various ECM molecules (collagen, fibronectin, etc.) and a variety of plate designs allow 

investigators to examine the effects of uniaxial versus biaxial strain.  The Flexercell® strain unit 

can also be programmed to apply a consistent wave form of any shape or duration, enabling both 

short and long term investigations of various strain magnitudes.  Using this system, Banes and 

his colleagues demonstrated increased production of prostaglandin E2 [251], changes in gene 

expression patterns [252], increased DNA synthesis in conjunction with growth factor treatment 

[253], and increased ATP secretion and hydrolysis in cyclically strained tenocytes compared to 

static [254].  These studies were the first to show specific changes in tenocyte behavior due to 

mechanical strain.  Subsequent studies by other groups have used the Flexcell® system to show 

increased expression of pro-angiogenic factors [255] and changes in cytoskeletal organization 

[256] in strained tenocytes compared to static, and that high levels of cyclic strain results in 

depolymerization of the actin cytoskeleton and increased collagenase expression [257]. 

In addition to culture on flexible 2D surfaces, the Tissue Train® platform allows the 

fabrication and mechanical stimulation of 3D hydrogel constructs (Figure 1.7).  In 2003, Garvin 

et al. first described the creation of bioartificial tendons using the Tissue Train® system by 
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culturing avian tenocytes in linear collagen type I hydrogels under cyclic mechanical load (1% at 

1 Hz for 1 hour/day) [151].  Culturing tenocytes in this manner better maintained the in vivo 

tenocyte phenotype compared to conventional 2D culture [151].  Use of bioartificial tendons has 

enabled studies of the effects of various drugs on tendon biology that would be impossible using 

other methods.  Qi et al., for example, demonstrated that treatment with interleukin-1β decreased 

the mechanical properties of the constructs [258].  An additional study by Triantafillopoulos et 

al. showed that treatment with anabolic steroids increased the mechanical properties and matrix 

remodeling of bioartificial tendons generated from human supraspinatus tenocytes [259].  The 

Tissue Train® system has also enabled tissue engineers to investigate the ability of various levels 

and regimens of mechanical strain to induce stem cell tenogenesis and promote the formation of 

tendon or ligament tissue.  As previously described, Scott et al. used the Tissue Train® system to 

investigate the effects of different strain magnitudes, duration, and frequencies on stem cell 

differentiation, concluding that higher magnitude strain for longer duration resulted in superior 

tenogenesis [150].  Ahearne et al. examined how varying strain magnitude and cell seeding 

density affects collagen organization [260].  The study by Kuo et al. described previously also 

utilized the Tissue Train® system to demonstrate cyclic strain was required to maintain increased 

tenogenic gene expression and promote increased matrix organization compared to static culture 

[152].  The commercial availability and standardization of the Flexcell® system means increased 

reproducibility (both within and across labs) and allows investigators to build on optimal strain 

levels defined by other groups.  Moreover, the Flexcell platform has the advantage of scalability, 

which facilitates more complex experimental designs and increased statistical power.  
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Figure 1.7 – Overview of the Flexcell® Tissue Train® bioreactor platform. The Tissue 
Train® system allows investigators to fabricate cell-laden, linear 3D hydrogel constructs in 
a consistent, repeatable manner.  Culture plates with flexible-bottom wells are loaded onto 
Trough LoaderTM pegs (top left).  Applying a vacuum to the underside of the plate deforms 
the membrane into the loading trough, allowing a cell/hydrogel mixture to be added, which 
polymerizes around the mesh tethers at either end of the trough (right panels).  Once the 
constructs are polymerized, the Trough LoaderTM plate can be exchanged for the 
Arctangle® loading post (top left).  Programmable vacuum deformation of the construct 
over the loading post causes uniaxial strain of the construct (bottom left). Banes, A.J., Out 
of Academics: Education, Entrepreneurship and Enterprise. Ann Biomed Eng, 2013. 
Reprinted under the Springer US Creative Commons attribution license. 
 

While the Flexcell® system has been instrumental in mechanistic studies of tendon and 

ligament cell biology, the small size of the tissue constructs created by the Tissue Train® system 

makes its use in tissue engineering applications limited.  Many research groups have therefore  

developed custom bioreactors that allow the use of different biomaterials and the development of 

larger tendon and ligament constructs.  The majority of these bioreactors utilize clamps 

connected to programmable step motors to apply strain to constructs held between the clamps.  

Using similar systems, different groups have investigated the combined effects of cyclic strain 
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and culture on various biomaterials, including electrospun meshes of varying fiber sizes and 

orientations [261], decellularized tendon ECM [262], and microgrooved surfaces [263].  The 

motor-driven clamp design also has the advantage of accurate force measurements and precise 

control of strain rate, as feedback is easily measured and adjusted through transducers coupled 

directly to the clamps.  In-house creation also allows for the design of more complex devices that 

are capable of applying multiple strain types (tensile, compressive, and/or shear).  One such 

device, designed by Maeda et al., can deliver both tensile and fluid shear strain to tenocytes 

cultured in microgrooved elastic membranes, which more accurately recreates the types of strain 

experienced by tenocytes in vivo [199]. 

Bioreactor platforms can deliver precise mechanical loads to cells at the tissue level and 

measure global responses to mechanical stimulation.  However, the other half of the 

mechanotransduction equation is how the individual cells respond to external load and 

subsequently interact with their environment.  As previously discussed, the revolutionary 

concept of cells as tensegrity structures and the increasingly recognized importance of tensional 

homeostasis has necessitated that investigators be able to accurately generate and measure 

cytoskeletal deformation in order to infer its structural and mechanical properties.  This has led 

to the adaptation of many engineering principles and tools to the microscale world of single cells.  

The use of atomic force microscopy (AFM), in particular, has greatly increased our 

understanding of cytoskeletal mechanics.  AFM is commonly used to measure the elastic 

properties (Young’s modulus) of the cell membrane and underlying cytoskeleton by direct 

nanoindentation of the cell by the AFM probe, and fitting the resulting force-indentation curves 

to models like those developed by Hertz or Sneddon [264].  Despite its widespread use in other 

fields, most notably cancer biology, the use of AFM in connective tissue biology is relatively 
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unexplored.  Using AFM to probe the stiffness of single cells, Morita et al. showed that high 

levels of cyclic strain (10% at 1Hz for 24 or 48 hours) not only induced increased expression of 

Scx and tenascin-C, but also increased the stiffness of human BMSC [265].  The authors 

concluded that increased cytoskeletal stiffness was therefore a marker of stem cell differentiation 

into tenocytes [265].  In another study, Zhang et al. reported that increased nuclear stiffness 

correlated with increased tenocyte migration, suggesting that the ability of a tenocyte to 

modulate its cytoskeletal stiffness is critical to normal function [266].  AFM can also be used to 

characterize the nanoscale material properties of tissues by force imaging over a wide area.  

Using this method, Marturano et al. mapped the nano- and micro-scale topography of embryonic 

tendons [267].  Interestingly, they revealed that changes in the collagen or GAG content did not 

correlate with changes in the elastic modulus, and that other factors, such as collagen cross-

linking, may play a larger role in increasing the stiffness of tendons during development than 

previously considered [267].  These studies demonstrate the importance of developing methods 

for measuring the physical properties of cells rather than relying on molecular and biochemical 

tools; findings uncovered using AFM would never have been possible by traditional methods.  

Future studies that integrate both biophysical and biochemical evaluation methods will be critical 

to advancing our understanding of how mechanical forces influence tendon and ligament 

biology.  

 

USE OF NEXT GENERATION SEQUENCING TECHNOLOGIES IN THE STUDY OF 

TENDON AND LIGAMENT BIOLOGY 

Advances in next generation sequencing (NGS) technologies have exploded over the last 

decade, revolutionizing the way we understand gene regulation and facilitating new research 
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avenues that were impossible with older methods.  At the heart of NGS technologies is the 

ability to sequence the entire genome (DNA) or transcriptome (RNA) of a sample rather than a 

few select transcripts.  This approach allows investigators to rapidly examine global genetic 

changes or transcriptional responses to stimuli in large populations, greatly expediting the 

discovery of novel genetic markers and regulatory mechanisms for gene transcription.  Though 

used extensively in other research areas such as infectious disease and cancer biology, the tendon 

and ligament research community has been slow to embrace NGS technologies, due in part to 

technical and analytical barriers.  Despite an initially slow implementation, several recent studies 

utilizing NGS demonstrate the power and promise of these technologies to enhance our 

understanding of tendon and ligament biology.   

 

Introduction to Next Generation Sequencing (NGS) Technologies 

 In 1977, Frederick Sanger and his colleagues announced the development of a new 

sequencing technique using chemically modified, radiolabeled deoxyribonucleotides (called 

dideoxynucleotides) to identify the sequence of individual bases in a given nucleotide sequence 

[268].  This method, known as the Sanger chain-termination method, gave researchers the ability 

to rapidly and reliably sequence DNA for the first time, bringing about a new era in the study of 

genomics.  Only a decade later, Applied Biosystems (ABI) introduced the first automated, 

capillary electrophoresis-based Sanger sequencing instruments (the “first-generation” 

sequencers) [269].  These sequencers facilitated the Human Genome Project, biology’s first “big 

data” undertaking [270].  Hailed as a triumph of technology and innovation when initially 

released in 2000, sequencing the first human genome took over 15 years, required the efforts of a 

huge team of international collaborators, and had a budget of nearly $3 billion dollars [270-272].  
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With the use of the latest, or “next generation”, sequencing technologies, the same can now be 

accomplished in under a day for less than $1,000 per genome [273].  Though modern sequencers 

are built using the same principles as the capillary electrophoresis-based “first-generation” 

sequencers, they are capable of calling nucleotide bases in a massively parallel, high-throughput 

manner rather than sequencing a single DNA fragment at a time.  Because of this, the amount of 

data generated from modern sequencing runs is over 1,000x that of that of earlier technologies 

[273].   

 While NGS sequencing can be used in a range of genomic contexts (discussed below), 

the workflow is similar across sequencing platforms and study designs (Figure 1.8).  In general, 

the four basic steps of a NGS sequencing pipeline are: 

1) Sample Collection – The specific type of sample to be sequenced is dictated by the 

study design, though the input material fed into the sequencer is always DNA or 

cDNA.  ChIP-Seq, for example, is a method that combines chromatin 

immunoprecipitation (ChIP) with NGS sequencing to investigate DNA-associated 

protein binding sites [274, 275].  In ChIP-Seq, antibodies are used to 

immunoprecipitate specific regions of DNA where the protein of interest is bound 

[274].  Those specific DNA regions are then amplified and sequenced, which 

subsequently characterizes all the binding sites in an entire genome for a given 

binding protein [275].  ATAC-Seq, or assay for transposase-accessible chromatin 

using sequencing, can be used to assess epigenetic changes by evaluating genome-

wide chromatin accessibility [276].  For transcriptomic studies, or RNA-seq, RNA is 

converted to cDNA prior to library preparation [277].  Depending on the 

experimental design, mRNA can be selected from total RNA by ribosomal depletion  
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Figure 1.8 – The general NGS workflow. The specifics of each step in the NGS pipeline 
are determined by both the sequencing platform to be used and the experimental design; 
however, the sequencing technology dictates that nearly all studies follow a similar 
protocol for the generation of high quality sequence reads that can be analyzed 
downstream.   

 

or poly A enrichment, which enhances the sensitivity of the sequencing for low 

expressing transcripts [278].  Additionally, there are specific sample preparation 

protocols for examining non-coding RNA, or for performing RNA-seq from RNA 

collected from single cells [278-280].  Regardless of input material, quality of the 

sample is critically important.  Therefore, quality control is normally performed by 

examining both the quality and purity of the isolated nucleotides using various 

methods, including electrophoresis and spectrophotometric analyses [281, 282]. 

 

2) Library Preparation – The sequencing library, or collection of labeled DNA/cDNA 

fragments, is created by randomly fragmenting the initial DNA/cDNA and annealing 

known adaptor sequences to both the 3’ and 5’ ends [283-285].  Generally, one 

adaptor serves as the annealing site for the sequencing primers and the other acts as 

an anchor to attach the DNA fragment to the sequencing support surface or flow cell 

[284, 285].  In order to increase the amount of starting material, indexed fragments 



 45 

are frequently amplified by polymerase chain reaction (PCR) and then purified by gel 

electrophoresis [285].  

 

3) Sequencing – The specific sequencing methodology varies depending on the 

sequencing platform.  The most widely used platform, developed by Illumina/Solexa, 

uses a process termed “sequencing-by-synthesis” [286].  In this process, indexed 

reads are flowed onto a flow cell containing a lawn of tethered oligonucleotides that 

are complimentary to the adaptors added during the library preparation step [273, 

286, 287].  To amplify the base-calling signal, reads are clonally amplified on the 

flow cell lawn prior to sequencing, which generates clusters of identical sequences- 

approximately 1,000 copies in a diameter of one micron or less [287, 288].  

Sequencing is performed by the addition of fluorescently labeled deoxynucleoside 

triphosphates (dNTP), one per sequencing cycle [286, 288].  In addition to serving as 

a means for detecting individual nucleotides, the fluorophore label also serves as a 

polymerization terminator to temporarily pause the nucleotide-adding process and 

allow for fluorophore detection [289].  Following each dNTP incorporation, the 

wavelength and intensity of the fluorophore are collected to determine the specific 

nucleotide added (base-calling) before the fluorophore is enzymatically cleaved, 

allowing the addition of the next dNTP to the sequence [288, 289].  The sequencing 

cycle is repeated to reach the desired read length (up to approximately 100 base 

pairs), simultaneously amplifying and sequencing the millions and millions of reads 

contained in the flow cell [289].  The entire process can then be repeated again to 

generate complementary reads by sequencing from the opposite end of the template 
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strand [287, 288].  This creates what are known as paired-end reads, which allows for 

highly precise read alignment and accurate identification of structural variants during 

data analysis [290, 291].   

The advantage of the Illumina/Solexa system is its ability to generate massive 

amounts of data; however, the relatively short read length can make de novo genome 

assembly difficult [292, 293].  Moreover, the Illumina/Solexa platform has a base 

calling accuracy of approximately 98%, which when propagated over millions of 

reads can lead to substantial error [293].  Other platforms have developed different 

technologies to avoid these issues.  Nearly all utilize fluorescent reporters to identify 

individual bases as they are added to a sequence, but differ in the oligo synthesis 

methodology [293].  The ABI/SOLiD platform, for example, performs sequencing by 

ligating fluorescently labeled, di-base probes to the fragment being sequenced, 

increasing the accuracy to 99.94%.  However, the ABI/SOLid platform still generates 

relatively short read lengths (~100 bases) [293, 294].  So called “third-generation” 

sequencing platforms are under development with the goal being increased read 

length and accuracy in order to facilitate more straightforward data analysis 

downstream [269, 295].  Moreover, the newest generation of sequencers are 

drastically smaller than older technologies.  The MinIon sequencer by Oxford 

Nanopore announced in 2014, for example, is roughly the size of a USB flash drive 

and runs off of a laptop computer [296].  In addition to increasing the availability of 

sequencing technologies, the small size allows NGS platforms to be utilized in a 

variety of contexts outside the lab, including in epidemiological studies, disease 

tracking, and field diagnostics [297, 298]. 
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4) Data analysis – The analysis of data generated by NGS platforms is an enormous task 

in and of itself.  Sequencing a single sample often results in gigabytes of raw data per 

run, which requires an immense amount of bioinformatics expertise, computational 

modeling, and data processing power to analyze [299].  Moreover, there is no “one-

size-fits-all” solution for analyzing NGS data, with the individual steps and tools used 

at each step varying between experimental design, sequencing platforms, and 

investigator preference [300-302].  In general, the bioinformatics pipeline is 

comprised of several steps that include quality control (QC) of the raw read data, read 

alignment, read quantification, differential analysis, data visualization, and 

interpretation.  As an example of a bioinformatic pipeline and types of tools used in 

NGS data analysis, a typical RNA-seq workflow is shown in Figure 1.9.  In RNA-seq 

experiments, raw data are collated and organized into FASTQ files, a format that not 

only contains the read sequence, but also gives a quality score (the probability of the 

base being called correctly) for each individual base [303].  Low quality reads are 

discarded and the reads that pass QC are aligned to the target reference genome, or 

assembled into a de novo transcriptome assembly if no reference genome is available.  

Reads that map to a particular feature, or gene, are then counted using gene location 

information contained in the reference genome annotation in order to generate a data 

matrix containing expression levels for every gene and every sample.  Changes in 

gene expression patterns, or differential expression, between samples can be 

determined using this data matrix.  Finally, lists of differentially expressed genes can 

be visualized and grouped based on a number of factors, including overall expression 

patterns, biological function (functional annotation), and involvement in different 
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biological processes (pathway analysis).  This allows investigators to easily examine 

global changes in gene expression, giving insight into how a particular disease state 

or experimental disruption alters cell behavior.   

 

Challenges and Opportunities for NGS in Tendon and Ligament Studies 

A number of challenges still remain in both the sequencing technologies themselves and 

our ability to effectively analyze the data they generate, especially when it comes to applying 

NGS to the study of tendon and ligament biology.  The most critical step in generating useful 

sequencing data is being able to obtain high quality RNA or DNA.  Isolation of high quality 

RNA in particular presents a technical challenge for tendon and ligament, as their fibrous and 

acellular nature often requires more mechanical processing in order to extract RNA, which can 

damage the RNA in the process.  Mice and rats are commonly used as models in tendon and 

ligament studies in vivo; however, the small size of rodent tendons and ligaments, and the 

relatively large amount of total RNA required (at least 1 µg for traditional library prep methods), 

means that starting material must be pooled together in order to have sufficient quantities of 

RNA for library preparation.  This effectively masks biological variation, both reducing the 

translatability of these studies and giving false confidence in the significance of the data [304].  

The use of tools and methodologies that account for small amounts of starting material (such as 

protocols designed for single cell RNA-seq) may be useful in tendon and ligament studies in 

rodent models, and should be investigated as an alternative to sample pooling in order to increase 

the validity of the data generated.     
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Figure 1.9 – Diagram depicting a typical RNA-seq data analysis pipeline and popular 
analysis tools used at each step. Like the upstream data generating steps, the specific 
methodology and choice of tools for data analysis depends on the experimental design.     
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The use of large non-model organisms, such as horses or pigs, for tendon and ligament 

studies can also circumvent many of the issues regarding sample quality and quantity, though the 

reference genomes and annotations for non-model organisms are generally not as well-curated or  

complete as those for model organisms and humans [305, 306].  In addition, the biological 

variation between non-model organism individuals is extensive and requires an increase in the 

number of samples sequenced to detect small changes in gene expression, or follow up in 

targeted cohort studies to validate the results of NGS studies.  While this biological variation is 

truer to the population as a whole compared to inbred rodent strains, the need for increased 

biological replicates greatly increases the cost of the sequencing experiment and the amount of 

computing power required for data analysis.  Non-model organisms can also suffer from a lack 

of reagent availability, which puts some NGS methodologies out of reach; ChIP-seq, for 

example, relies on the use of highly specific antibodies that are frequently only available for 

mouse or human.  In the near future, the ever-decreasing cost of sequencing will increase the 

number of biological replicates that can be included into a study, which will in turn increase the 

statistical power and feasibility of experiments using non-model organisms.  Moreover, as the 

popularity of non-model organisms continues to increase, so will the quality of their associated 

genomes and annotations, and the availability of species-specific reagents.  While currently cost- 

and technology- prohibitive, NGS-based studies in more clinically-relevant large animal models 

hold great potential for the future of tendon and ligament biology. 

Despite the above difficulties, several groups have successfully utilized NGS to 

investigate important aspects of tendon and ligament biology that have proven difficult with 

other methods.  Using RNA-seq, Kuemmerle et al. identified specific marker genes for equine 

tendon compared to other musculoskeletal tissues, including ligament, bone, and cartilage [307].  



 51 

Previous studies have been unable to identify truly tendon-specific markers using other methods, 

and prior to this study, markers to differentiate between tendon and ligament were non-existent 

[4, 308].  In an innovative study by Yeung et al., RNA-seq was used to uncover the role that 

circadian rhythm plays in regulating gene expression in mouse and human tenocytes [309].  

RNA-seq was also used in conjunction with Scx reporter mice to characterize gene expression 

patterns at various stages of limb tendon development [310].  While the majority of these studies 

have been descriptive in nature, RNA-seq can also be a powerful tool for mechanistic studies 

investigating the global effects of experimental genetic perturbation.  By using loss- and gain- of 

function transgenic mouse models disrupting different components of the mammalian target of 

rapamycin (mTOR) signaling pathway, Lim et al. showed that mTOR regulates postnatal growth 

in tendons by modulating the expression of extracellular matrix-related genes and TGF- β 

signaling [311].  This type of study has the potential to greatly enhance our understanding of the 

basic signaling mechanisms underlying tendon and ligament function.  

One of the advantages of using NGS technologies, especially RNA-seq, compared to 

older methods like microarrays is the ability to detect novel non-coding transcripts (long and 

short non-coding RNA, pseudogenes) and protein-coding transcript variants.  The importance of 

these transcriptional control mechanisms in development, health, and disease are becoming 

increasingly more apparent in many other tissues [312-314]; however, their role in tendon and 

ligament are virtually unknown.  In the only study of its kind to date, Peffers et al. utilized RNA-

seq to compare transcriptional changes between young and old human Achilles tendon and 

identified a number of previously unidentified non-coding RNA and transcript variants 

associated with tendon aging, though their specific role is still undetermined [315].  Non-coding 

RNA originally identified in other tissues have also been shown to regulate the tenogenesis of 
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human MSC.  A recent study by Lu et al. showed that the long non-coding RNA H19 promotes, 

whereas the microRNA miR-29b-3p inhibits, tenogenesis via modulation of TGF-β signaling 

[316].  Identification of additional non-coding RNA involved in differentiation, homeostasis, and 

disease progressions through the use of NGS stands to have a tremendous impact on the tendon 

and ligament research field.  

The use of NGS for identifying single nucleotide polymorphisms (SNPs) that predispose 

patients to tendon or ligament injury or pathology is another unexplored area that holds 

enormous promise in being able to identify at-risk populations.  A recent retrospective meta-

analysis identified a SNP located within the promotor region of the collagen type Iα1 gene that 

appears to reduce the risk of sport-related tendon and ligament injuries [317].  Other studies have 

shown a link between ACL and Achilles tendon injuries and SNPs in the collagen type Vα1 gene 

using traditional methods like qPCR to examine known polymorphisms within single genes [318, 

319].  Utilizing similar single-gene methods, polymorphisms in MMP-1 and -3 have been 

associated with an increased risk for rotator cuff tear [320].  While the results of these studies are 

promising, the reliance on known polymorphisms and single-gene analysis drastically limits their 

discovery potential, as it is likely that multiple SNPs in a number of genes contribute to 

increased or decreased injury risk.  Use of NGS sequencing in conjunction with patient history 

data could identify novel SNPs across the entire genome, which could in turn pinpoint specific 

tendon and ligament disorder-associated haplotypes.  Information generated by NGS therefore 

has the potential to greatly enhance our understanding of how genetics influence tendon and 

ligament biology and represents an exciting new avenue for future research.  

 While few in number, the existing tendon and ligament NGS studies have contributed a 

plethora of information that will undoubtedly inform future research efforts.  Additional studies 
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are needed to identify the transcriptional mechanisms underlying many processes in tendon and 

ligament, from basic cellular processes to degenerative changes in cell behavior and the effects 

of various systemic pathologies on tendon and ligament function.  Moreover, NGS can be used 

to identify patients at increased risk of tendon and ligament disorders, prompting the 

implementation of preventative measures.  Like the NGS technologies themselves, studies 

utilizing them are poised to revolutionize the way we both study and understand tendon and 

ligament behavior.  
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ABSTRACT 

Efforts to generate tissue engineered anterior cruciate ligament replacements are limited 

by a lack of methods to derive mature ligament cells.  Viral overexpression of the 

tendon/ligament marker scleraxis (Scx) can drive cell differentiation; however, the use of viral 

vectors hampers translation to clinical use.  In this study, C3H10T1/2 cells were transiently 

transfected with expression vectors containing the full-length murine Scx cDNA and cultured in 

3D collagen hydrogels under static or cyclic strain for up to 14 days.  LacZ transfected cells 

served as controls.  Cell morphology and gene expression for ligament-related genes, in addition 

to contraction (hydrogel width), mechanical properties, and glycosaminoglycan (GAG) and DNA 

content of hydrogels, were quantified and compared over time, between Scx and LacZ groups, 

and between static and cyclically-strained constructs.  Increased Scx expression was maintained 

for the entire 14-day study in both static and cyclically strained constructs.  In static culture, 

overexpression of Scx resulted in greater cell elongation and construct contraction compared to 

LacZ controls.  There were no differences in gene expression, DNA, or GAG content between 

Scx and LacZ constructs cultured under static conditions.  When exposed to cyclic strain, Scx-

overexpressing cells maintained the elongated phenotype exhibited in static constructs, increased 
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GAG production compared to static culture, and increased expression of the ligament-related 

genes collagen type I, decorin, and tenascin-C compared to strained LacZ controls.  Cyclically 

strained constructs containing Scx-overexpressing cells had increased maximum load and 

stiffness compared to LacZ controls.  The maintenance of increased Scx expression throughout 

the 14 day study and subsequent increases in ligament marker gene expression and mechanical 

properties with cyclic, but not static strain, suggest that transient transfection may be a viable 

alternative to viral transduction of Scx for ligament engineering studies and support a synergistic 

effect of Scx and mechanical strain on driving early ligament cell differentiation. 

 

INTRODUCTION 

Anterior cruciate ligament (ACL) injuries are common orthopedic injuries, frequently 

requiring surgical intervention to reconstruct or replace the damaged tissue [1-3].  Current ACL 

reconstruction techniques include the use of allograft or autograft tissues; however, these 

procedures are not without complications.  Autografts are limited by the availability of suitable 

donor tissue and frequently lead to chronic pain and morbidity at the donor site [4].  Allografts 

risk delayed integration, immunogenic graft rejection, and disease transmission [5].  Tissue 

engineering offers an alternative that circumvents these problems and potentially provides a 

tailored, patient-specific replacement tissue. 

The success of a tissue-engineered ACL relies on the ability of the cells within the 

replacement tissue to recapitulate the unique biomechanical properties of native ligament 

through the creation of a tissue-appropriate extracellular matrix (ECM).  The ACL is composed 

mainly of parallel bundles of collagen type I (COL1), which lend tensile strength to the tissue, 

but also a higher percentage of collagen type III (COL3), smaller diameter fibrils, and 
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glycosaminoglycans (GAG) compared to tendon [2, 6].  These unique features increase the 

elasticity of the ACL and allow it to undergo multiaxial strain [7].  In addition to producing and 

maintaining the structural components of the ECM, ligament cells produce signaling molecules 

that help promote formation of ACL-appropriate ECM, including proteoglycans such as decorin 

(DCN) and glycoproteins such as members of the tenascin and thrombospondin families [8-11].  

Various matrix metalloproteinases (MMP) produced by ligament cells also play an important 

role in ECM repair and remodeling [12-14].  To date, no readily accessible in vivo niche has 

been identified from which ligament cells can be harvested in quantities sufficient to generate 

engineered tissue replacements.  The development of methods for deriving ligament cells from 

more abundant stem cell sources is therefore paramount. 

Although standard protocols have been developed to differentiate mesenchymal stem 

cells (MSC) into other musculoskeletal cell types, such as myocytes and osteoblasts, there are no 

such protocol for deriving ligament cells.  The most well characterized methods use MSC from 

various sources, including bone marrow, adipose tissue and stem cell lines such as C3H10T1/2 

cells, cultured in a variety of three-dimensional (3D) matrices to simulate the in vivo 

environment [15-17].  While the exact methods vary, 3D culture of MSC has been reported to 

upregulate tendon/ligament markers compared to monolayer culture [18].  Cyclic mechanical 

strain further enhances the effect of 3D culture on MSC differentiation [17, 18].  Despite success 

demonstrating the importance of mechanical stimulation for tendon/ligament cell differentiation, 

no method produces cells capable of fully recreating the architecture and biomechanical 

properties of native ACL.        

During early embryonic development, tendon and ligament precursor cells are defined by 

expression of the basic helix-loop-helix (bHLH) transcription factor, scleraxis (Scx) [19, 20]. 
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bHLH transcription factors play crucial roles in tissue development, often by initiating and 

driving cell differentiation through upregulation of tissue-specific genes [21].  The classic 

example of bHLH transcription factors as “master regulators” of tissue development is the 

muscle-specific transcription factor MyoD, which induces myoblast conversion when 

exogenously overexpressed in C3H10T1/2 cells [22].  In tendon, Scx plays a role in regulating 

the expression of several key marker genes, including COL1 and tenomodulin (TNMD) [23, 24].  

Forced overexpression of Scx by viral transduction upregulates TNMD, increases soluble 

collagen production by MSC, and results in tendon-like matrix organization [25, 26].  These 

studies suggest that Scx is capable of directing tendon and ligament cell differentiation.  While 

these results are promising, the use of viral vectors precludes translation to clinical applications 

due to the potential immunogenicity of virally-transduced cells and the risk of tumor formation 

[27, 28].  A gene therapy method that allows significant and non-integrative overexpression of 

Scx would be of great benefit in deriving mature ligament cells from MSC for use in tissue 

engineering. 

The objective of this study was to investigate whether transient Scx overexpression in 

combination with culture using a 3D collagen hydrogel model is sufficient to drive ligament cell 

differentiation.  We hypothesized that overexpression of Scx would increase expression of 

ligament-related genes, stimulate GAG production and matrix reorganization, and improve the 

mechanical properties of hydrogel constructs.  We further hypothesized that addition of cyclic 

mechanical strain would potentiate this effect.  
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MATERIALS AND METHODS 

Cell Culture 

A murine MSC line (C3H10T1/2, passage 12-14; Clone 8, Animal Type Culture 

Collection) was expanded under standard culture conditions (37°C, 5% CO2, 90% humidity) in 

expansion medium (DMEM 4.5 g/L glucose, 10% FBS, L-glutamine, penicillin, and 

streptomycin) and seeded at 2,000 cells/cm2.  Medium was changed every 3 days and cells were 

passaged upon reaching 70% confluence. 

 

Scleraxis Overexpression 

C3H10T1/2 cells were transfected (Nucleofector™ system, Lonza) with an expression 

vector containing the full-length murine Scx cDNA (pcDNA3.1/SCX; a gift from V. Léjard, 

Cordeliers Biomedical Institute, Paris, France) [23] or LacZ as a control (pcDNA3.1/LacZ; Life 

Technologies).  This particular Scx plasmid was chosen based on its use in a previous study by 

Léjard et al. demonstrating that exogenous Scx expressed by this plasmid is able to transactivate 

the COL1 promoter in both COS-7 and NIH3T3 cells in the same manner as endogenous Scx in 

murine tenocytes [23].  Cells were resuspended at 1x106 cells/100 µL in Nucleofector™ Cell 

Line Solution V (Lonza) containing 8 ng of plasmid and nucleofected using the T20 program.  

Cells were recovered in expansion medium for 15 minutes at 37°C before plating at 2,000 

cells/cm2 in 6 well plates.  Transfection efficiency was evaluated in LacZ expressing cells using 

β-galactosidase staining at 18 hours post-nucleofection (β-Gal Staining Kit, Invitrogen).  To 

assess the duration and magnitude of transient Scx overexpression, monolayers were collected 

every 2 hours for 18 hours, and then at 24, 48, and 72 hours post-nucleofection for Scx gene 

expression.  To evaluate changes in cell proliferation due to Scx overexpression, separate cell 
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monolayers were harvested every 24 hours for 6 days for DNA quantification.  Prior to 

generation of hydrogel constructs at 18 hours post-nucleofection, monolayer samples were 

collected for Scx protein production by western blot. 

 

Western Blotting  

Eighteen hours post-nucleofection, 1x106 cells were lysed in 500 µL of lysis buffer 

containing protease inhibitor cocktail (cOmpleteTM, Roche) using a 27-gauge needle to produce a 

whole cell lysate.  To investigate subcellular localization of Scx, whole cell lysate was 

centrifuged at 300 x g at 4°C for 15 minutes.  The supernatant was removed (cytosolic fraction) 

and the resulting pellet resuspended in lysis buffer and briefly sonicated (nuclear fraction).  

Whole cell lysate and cytosolic and nuclear fractions were quantified by BCA assay, heat 

denatured, loaded on precast 15% Tris-HCl polyacrylamide gels (CriterionTM, Bio-Rad), and 

separated under reducing conditions before transfer to 0.45 µm PVDF membranes. Scx was 

detected using a polyclonal rabbit antibody against Scx (SCXA, catalog #AP10439b, Abgent) 

and the Odyssey® CLx near-infrared fluorescent imaging system (LI-COR). 

  

3D Culture in Collagen Hydrogels 

To improve cell viability prior to hydrogel fabrication, cells were allowed to recover in 

monolayer for 18 hours before being trypsinized, pelleted, and resuspended at 1x106 cells/mL of 

neutralized collagen solution (pH 7.4-7.6) consisting of 70% (v/v) bovine collagen type I (3 

mg/mL; PureCol®, Advanced Biomatrix), 20% (v/v) buffered 5x DMEM (pH 9.0), and 10% 

(v/v) FBS.  Collagen/cell solution (200 µL) was pipetted into each trough created in Tissue 

Train® culture plates using Trough Loaders™ (Flexcell International) and allowed to polymerize 
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at 37°C, 5% CO2, and 90% humidity for 3 hours before hydrogel constructs were covered with 

differentiation medium (expansion medium supplemented with ascorbic acid and HEPES). 

Constructs were assigned to one of two experimental groups 24 hours post-fabrication: 

static or cyclic strain.  Static constructs were left to generate static tension between the fixed 

tethers for 3, 7, or 14 days.  Cyclically strained constructs were subjected to uniaxial cyclic strain 

(1%, 1 Hz, 30 min/day) for 7 or 14 days using the Tissue Train® system [18, 29].  To quantify 

matrix reorganization, constructs were digitally imaged at 3, 7, and 14 days and construct width 

measured at the midpoint (ImageJ, National Institutes of Health).  Thirty minutes after 

completion of the final strain cycle, constructs were collected for gene expression (TRIzol® 

Reagent, Invitrogen) or biochemical analysis (cOmpleteTM protease inhibitor cocktail) as 

described below.  Duplicate constructs for gene expression and biochemical assays were 

combined for analysis.  Three individual constructs from each group were collected for both 

histological evaluation and tensile testing.  The entire experiment was repeated three times. 

 

Gene Expression Analysis 

Total RNA isolated by column purification according to manufacturer instructions 

(Direct-zol Microprep, Zymo Research) was evaluated spectrophotometrically for quantity and 

purity.  First-strand cDNA was synthesized using random primers (High-Capacity cDNA 

Reverse Transcription Kit, Applied Biosystems).  Murine-specific primer pairs for ligament-

related genes of interest (Table 1) were designed (Primer Express®, Applied Biosystems), 

validated against known templates for primer efficiency and melt curve analysis, and used for 

qPCR (SYBR Select Master Mix, Life Technologies; 7300 Real Time PCR System, Applied 
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Biosystems).  Gene expression was calculated using the delta-delta Ct method (housekeeping 

gene GAPDH and normalized to appropriate LacZ controls) [30, 31]. 

 

Histology 

Constructs were rinsed in Dulbecco’s phosphate buffered saline (DPBS), fixed in situ in 

the Tissue Train® plates in 4% paraformaldehyde for 30 minutes at room temperature, rinsed, 

and serially dehydrated in ethanol and xylene prior to paraffin embedding and sectioning at 

10µm.  Sections were stained with Harris hematoxylin and eosin (H&E) and imaged (Vanox 

AHMT microscope, Olympus) using commercial software (DP Controller, Olympus).  To assess 

the degree of cell alignment, five fields were imaged at 40x from the middle region of each 

construct.  Nuclear aspect ratio was calculated as the longest length of the nucleus divided by the 

perpendicular width of the same nucleus (ImageJ) for at least five cells per field.   

 
 
Table 2.1 – Murine primers used for qPCR. 

Gene Forward (5’ to 3’) Reverse (5’ to 3’) Reference 
GAPDH ATTGTGTCCGTCGTGGATCTGA AGATGCCTGCTTCACCACCTTCTT NM_001289726.1, exons 5-6 
Scleraxis GACGGCGGCGAGAACAC CACGGTCTTTGCTCAACTTTCTCT NM_198885.3, exons 1-2 
Tenomodulin GGCCTTAACTCTAATTGTCCTGTTTT CTCGCCGTTGCTGTAGAAAGT NM_022322.2, exons 2-3 
Collagen Type Iα1 ATGTTCAGCTTTGTGGACCT CAGCTGACTTCAGGGATGT NM_007742.4, exons 1-2 
Collagen Type III CACCCTTCTTCATCCCACTCTTA TCTAGACTCATAGGACTGACCAAGGT NM_009930.2, exons 1-2 
Decorin TCGAGTGGTGCAGTGTTCTGA TTGCAGGTCTAGCAAGGTTGTGTC NM_001190451.2, exons 2-3 
Tenascin-C CCACCTAGTACTGATTTCATTGTCT CCGTCTGGAGTGGCATCTG NM_011607.3, exons 14-15 
Cartilage Oligomeric Matrix 
Protein TCCAAGAAGAATGACGATCAGAAA CGTATTCGGTCGCCATCTATG NM_016685.2, exons 10-11 

Thrombospondin-4 CACCCCAGGTCTTTGATCTTCT GAAGGTGGAGATGAGATAGACTTCGT NM_011582.3, exons 1-2 
MMP2 TCACATACAGGATCATTGGTTACACA GGCCCGAGCAAAAGCAT NM_198885.3, exons 2-3 
MMP13 CAGTTCCAAAGGCTACAACTTGTTT GTCCTTGGAGTGATCCAGACCTA NM_008607.2, exons 4-5 
Alkaline Phosphatase CTTGACTGTGGTTACTGCTGATCA GCCAGACCAAAGATGGAGTTG NM_007431.2, exons 4-5 
Osteocalcin CTGGCTGCGCTCTGTCTCT GACATGAAGGCTTTGTCAGACTCA NM_007541.2, exons 2-3 
Collagen Type II AAGTCACTGAACAACCAGATTGAGA AAGTGCGAGCAGGGTTCTTG NM_031163.3, exon 51 
Aggrecan GCATGAGAGAGGCGAATGGA GCTGATCTCGTAGCGATCTTTCTT NM_007424.2, exons 15-16 
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Tensile Testing 

After the final strain cycle on days 7 and 14, strained constructs and their static controls 

were left attached to the embedded tethers, removed from the plates, and used for single load to 

failure tensile testing (4411 Tensile Tester, Instron).  Constructs were loaded into the test grips 

using the tethers to minimize construct damage and pre-loaded to 14 mm.  Each construct was 

strained at a rate of 1% elongation per minute (1.5 mm/min).  Force and displacement data were 

collected to generate smoothed stress-strain curves (SigmaPlot 12.0, Systat Software).  

Maximum load was defined as the highest point on the curve and stiffness was calculated as the 

slope of the most linear portion of the curve (r2 ≥ 0.99). 

 

Biochemical Analysis 

Constructs for GAG and DNA content were lyophilized and digested in 0.5 mg/mL 

papain (Sigma-Aldrich Corporation) for 4 hours at 65°C.  GAG content was measured using the 

dimethylmethylene blue dye-binding assay [32, 33].  Samples were digested for an additional 16 

hours at 65°C for DNA quantification using the bisbenzamide fluorometric assay [33, 34].  

Values are reported as the average (µg) per construct.    

 

Statistical Analysis 

For characterization of Scx overexpression in monolayer culture, differences in gene 

expression and DNA content between LacZ- and Scx-overexpressing cells were evaluated by 

Student’s t-test.  For data generated from constructs in 3D culture (gene expression, GAG/DNA 

content, and tensile testing), three-way ANOVAs were performed to investigate potential 

interactions between Scx overexpression and mechanical strain over time.  Fixed effects with 
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p≤0.1 were considered for further investigation.  To compare specific groups within each effect 

level, the slicdiff option of proc glimmix was used.  Model fit was determined by examining 

studentized residual plots.  Values for relative gene expression in 3D culture were log 

transformed to stabilize the model.  A simple effect p value of ≤0.05 was considered statistically 

significant. All data are shown as mean ± SD.  All analyses were performed in SAS Studio 3.6 

(SAS Institute Inc.). 

 

RESULTS 

Scleraxis Overexpression in Monolayer Culture 

Transfection efficiency using the described protocol was ~80% at 18 hours post-

nucleofection based on LacZ staining.  Scx gene expression was significantly increased 

compared to LacZ controls at all time points up to 72 hours following nucleofection (p<0.01 for 

all time points; Figure 2.1a).  There was no difference in the DNA content of Scx-overexpressing 

and LacZ cell monolayers over 6 days (p=0.447; Figure 2.1b).  Scx protein was increased in 

Scx-overexpressing cells compared to LacZ and was located mainly in the nuclear fraction of the 

cell lysate (Figure 2.1c).  

 

Effects of Static 3D Culture in Collagen Hydrogels 

ECM Organization.  LacZ-expressing cells in static constructs became less elongated 

over time, with rounder nuclei at 14 days compared to both 3 (p=0.005) and 7 days (p=0.002; 

Figure 2.2a).  In contrast, Scx-overexpressing cells remained elongated along the length of the 

construct throughout the experiment, and at 14 days had significantly more elongated nuclei 

compared to LacZ cells (p=0.031).  No overt differences in matrix staining or ECM organization 
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between LacZ and Scx constructs were observed at any time point (Figure 2.2a).  Both time 

(p<0.001) and Scx overexpression (p=0.043) had an effect on construct width in static culture 

(Fig 2.2b).  LacZ constructs contracted initially from 3 to 7 days (p=0.043), but returned to their 

3-day width by 14 days (p=0.919).  Scx constructs also contracted significantly from 3 to 7 days 

(p=0.026); however, they remained narrower at 14 days than at 3 days (p=0.034).  Scx 

constructs were significantly narrower than LacZ constructs after 14 days of static culture 

(p=0.006).  

 

Figure 2.1 – Effects of scleraxis (Scx) overexpression in C3H10T1/2 cells in monolayer 
culture. (A) Scx overexpression resulted in significantly increased Scx gene expression for 
at least 72 hours compared to LacZ controls (n=3).  (B) DNA content increased 
significantly over time in both groups (n=3; p=0.009); however, there was no difference 
between LacZ and Scx cells.  (C) Overexpressed His-Scx protein (~23kDa) was localized 
in the nuclear fraction, indicating proper vector function and nuclear translocation.  GFP-
Scx (49kDa) was used as an antibody control. *Significant changes relative to LacZ 
(p<0.05). 
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Figure 2.2 – Histological effects of Scx overexpression in C3H10T1/2 cells cultured in 
static 3D collagen hydrogels.  (A) Representative H&E stained constructs over 14 days in 
culture. Scale bar = 200µm.  LacZ cells became rounder over time, whereas cells 
overexpressing Scx remained elongated (n=25-40 cells).  (B) Constructs containing Scx-
overexpressing cells were significantly narrower than those containing LacZ cells at 14 
days (n=18).  Significant effect of #time or *gene (p<0.05). 

	
 

Biochemical Composition. There were no differences in DNA content between Scx-

overexpressing constructs and LacZ controls under static conditions (p=0.175); however, there 

was an effect of time on DNA content (p<0.001).  DNA decreased significantly between 3 and 7 

days (p=0.013) and from 3 to 14 days (p=0.006) in Scx-overexpressing constructs (Table 2.2).  

A similar, though not significant, decrease in DNA content was seen in LacZ constructs, with 

less DNA at 14 days compared to 3 days (p=0.093).  There was no effect of either Scx 

overexpression (p=0.767) or time (p=0.310) on overall GAG content of constructs (Table 2.2). 

overexpression and time on Scx expression (p=0.031).   
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Table 2.2 – DNA and glycosaminoglycan (GAG) content of static and cyclic constructs. 

 DNA content (ug/construct) GAG content (ug/construct) 
Static  LacZ Scx LacZ Scx 
3 days 54.57 ± 14.66 65.99 ± 22.19 8.29 ± 3.74 7.38 ± 1.22 
7 days 35.32 ± 10.59 38.08 ± 10.59# 5.72 ± 0.82 6.69 ± 1.04 
14 days 36.05 ± 13.69 36.79 ±   5.56# 6.16 ± 2.63 6.08 ± 1.24 
Cyclic LacZ Scx LacZ Scx 
7 days 33.47 ± 1.93 35.86 ± 3.69 7.53 ± 0.42 7.32 ± 1.27 
14 days 29.16 ± 3.22   35.99 ± 10.64 7.89 ± 3.82  9.70 ± 3.12§ 

 

#Significant change from Day 3 static constructs (within gene group) at p<0.05, 
§significant change compared to static (same gene group and day) at p<0.05 

 
	

Gene Expression (Figure 2.3).  There was a two-way interaction between Scx 

overexpression and time on Scx expression (p=0.031).  Scx expression was nearly 200-fold 

higher in Scx constructs compared to LacZ controls at 3 days (p<0.001) and peaked at 7 days 

(300-fold compared to LacZ; p<0.001) before decreasing.  At 14 days, Scx expression remained 

significantly elevated compared to LacZ controls (30-fold; p=0.006).  Scx expression also 

increased in static LacZ constructs from 7 to 14 days, though this increase was not statistically 

significant (p=0.086).  Aggrecan and thrombospondin-4 were below detectable limits in all 

samples.  There were no other significant effects of Scx overexpression compared to LacZ 

controls on any of the ligament-related genes examined. 

Mechanical Properties.  The stiffness of LacZ- and Scx-overexpressing constructs nearly 

doubled from 7 to 14 days (p<0.001 for both; Figure 2.4a).  There was no difference in stiffness 

between LacZ and Scx-overexpressing constructs at 7 or 14 days (p=0.76 and p=0.944, 

respectively; Figure 2.4a).  Maximum load of both groups increased ~40% from 7 to 14 days 

(LacZ p=0.008; Scx p=0.006; Figure 2.4b) with no differences between LacZ- and Scx-

overexpressing constructs at 7 (p=0.615) or 14 days (p=0.541). 
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Figure 2.3 – Ligament-related gene expression over 14 days in C3H10T1/2 cells in static 
3D culture. Black bars=LacZ; White bars=Scx.  Transcripts were normalized to GAPDH 
and 3 day LacZ constructs (n=3). Significant effect of #time or *gene (p<0.05 unless 
otherwise stated).  TNMD= tenomodulin, COL1=collagen type Iα1, COL3=collagen type 
IIIα1, DCN=decorin, COMP=cartilage oligomeric matrix protein, TNC=tenascin-c, 
MMP-2=matrix metalloproteinase metalloproteinase-2, MMP-13=matrix 
metalloproteinase metalloproteinase-13, COL2=collagen type II, ALP=alkaline 
phosphatase, BGLAP=bone gamma-carboxyglutamate protein (osteocalcin). 
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Figure 2.4 – Mechanical properties of 3D collagen hydrogels containing C3H10T1/2 cells.  
In static constructs, stiffness (A) and maximum load (B) increased in all constructs from 7 
to 14 days, regardless of Scx overexpression (n=9).  In cyclically strained constructs, the 
stiffness and maximum load of Scx constructs increased from 7 to 14 days, whereas 
mechanical properties of LacZ constructs were unchanged.  At 14 days, Scx constructs had 
a higher maximum load and were stiffer than LacZ controls (n=9). #Significant effect 
(p<0.05) of time, *gene, or §strain. 

 

Effects of Cyclic Mechanical Strain in 3D Collagen Hydrogels  

ECM Organization.  There was a three-way interaction between Scx overexpression, 

time, and cyclic strain (p<0.001) and a two-way interaction between Scx overexpression and 

time (p=0.076) on the nuclear aspect ratio of cells in 3D constructs (Figure 2.5a).  The nuclei of 

Scx-overexpressing cells in strained constructs were more elongated compared to static 

constructs at 7 and 14 days (p=0.031 and p=0.064, respectively).  At 7 days, cyclically strained 

Scx-overexpressing nuclei were significantly more elongated compared to LacZ (p<0.001).  

Strained LacZ nuclei were rounder than static LacZ cells at 7 days (p=0.002), but more 

elongated compared to static LacZ nuclei at 14 days (p=0.041). There was a three-way 

interaction between Scx overexpression, time, and cyclic mechanical strain on the width of 
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constructs (p=0.028).  Strain also had an effect on the width of constructs (p<0.001).  LacZ and 

Scx constructs were significantly wider than their static counterparts at 7 (p<0.001 for both) and 

14 days (p<0.001 for both; Fig 2.5b).  There were no changes in LacZ construct width over time 

with cyclic strain (p=0.532).  In contrast, the width of strained Scx constructs increased 

significantly from 7 to 14 days (p=0.039), but was not significantly different compared to LacZ 

constructs at either 7 (p=0.073) or 14 days (p=0.371). 

 

	

Figure 2.5 – Effects of cyclic mechanical strain on C3H10T1/2 cells in 3D collagen 
hydrogels. (A) Representative H&E stained construct over 14 days in culture. Scale bar = 
200µm.  Scx-overexpressing cells became more elongated with cyclic strain at 7 days, 
whereas LacZ were more rounded (n=25-40 cells).  (B) Both Scx-overexpressing and LacZ 
constructs were wider than their static counterparts (n=18).  Black bars=LacZ; white 
bars=Scx. Significant effect (p<0.05) of #time, *gene, or §strain. 
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Biochemical Composition.  The addition of cyclic strain had an effect (p=0.043) on GAG 

production, with significantly higher levels of GAG in Scx constructs compared to static culture 

at 14 days (p=0.042; Table 2.2); however, there was no difference between Scx and LacZ 

constructs (p=0.295).  There was no effect of cyclic strain on DNA content (p=0.493; Table 

2.2). 

Gene Expression (Figure 2.6).  Scx expression remained significantly elevated in Scx-

overexpressing constructs at 7 and 14 days (p<0.001) compared to LacZ constructs, but was not 

affected by the addition of cyclic strain in either Scx-overexpressing constructs or LacZ controls 

(p=0.599).  There was a three-way interaction between Scx overexpression, time, and cyclic 

strain (p=0.071) and a two-way interaction between Scx overexpression and cyclic strain on the 

expression of TNMD (p=0.091).  TNMD was significantly decreased in strained LacZ constructs 

compared to static at 14 days (p=0.028), whereas TNMD expression was unaffected by cyclic 

strain in Scx constructs at either 7 or 14 days (p=0.229 and p=0.217, respectively).  There was a 

three-way interaction between Scx overexpression, time, and cyclic strain (p=0.077) and two-

way interaction between Scx overexpression and cyclic strain (p=0.073) on the expression of 

COL1.  COL1 expression decreased significantly in strained LacZ constructs from 3 to 14 days 

(p=0.005) and at 14 days was significantly decreased compared to static LacZ constructs 

(p=0.005).  Strained Scx constructs had significantly increased COL1 expression compared to 

strained LacZ constructs at 14 days (p=0.002); however, COL1 expression in Scx-

overexpressing constructs was not different between static and strained groups (p=0.275).  There 

were no two- or three-way interaction effects on the expression of COL3; however, COL3 

expression increased over time in strained Scx constructs from 7 to 14 days (p=0.003), though 

this increase was not significantly different from LacZ (p=0.445).  There was a three-way 
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interaction between Scx-overexpression, time, and cyclic strain on the expression of DCN 

(p=0.066).  In strained Scx constructs, DCN expression increased from 7 to 14 days (p=0.008) 

and at 14 days was higher compared to LacZ constructs (p=0.037).  DCN expression did not 

change over time in LacZ constructs (p=0.368) and tended to be lower than strained Scx 

constructs at 14 days (p=0.091).  In strained LacZ constructs, TNC expression decreased 

significantly from 7 to 14 days (p=0.05) and at 14 days was significantly lower than static LacZ 

constructs (p=0.018) and strained Scx constructs (p=0.022).  The addition of cyclic strain had an 

effect on expression of the cartilage marker, collagen type II (COL2; p=0.001), with decreased 

expression in strained Scx constructs at 7 days (p=0.033) and in LacZ constructs compared to 

static at 7 (p=0.045) and 14 days (p=0.013).  There was a two-way interaction between Scx 

overexpression and cyclic strain on expression of the osteoblast marker alkaline phosphatase 

(p=0.064) with decreased expression in strained LacZ constructs compared to static at 7 days 

(p=0.068).  Cyclic strain also had an effect on expression of the osteoblast marker osteocalcin 

(p=0.098), with decreased expression in strained Scx constructs compared to static Scx 

constructs at 14 days, though (p=0.086), though this change was not statistically significant.  

Mechanical Properties.  There was a three-way interaction between Scx overexpression, 

time, and cyclic strain on both the stiffness (p=0.025) and maximum load (p=0.059) of collagen 

constructs.  After 7 days of cyclic strain, Scx constructs were ~30% less stiff than LacZ 

constructs (p=0.036; Figure 2.4a).  The stiffness of strained Scx constructs nearly doubled from 

7 to 14 days (p<0.001), and at 14 days Scx constructs were significantly stiffer than both strained 

LacZ controls (~46%; p=0.009) and static Scx constructs (~30%; p=0.033).  In contrast, strained 

LacZ constructs were ~60% stiffer than static constructs at 7 days (p=0.005), but did not 

increase in stiffness from 7 to 14 days (p=0.967), and were not different from their static 
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Figure 2.6 – Ligament-related gene expression over 14 days in C3H10T1/2 cells in cyclic 
3D culture. Black bars=LacZ; White bars=Scx.  Transcripts were normalized to GAPDH 
and 3 day static LacZ constructs (n=3). Significant effect (p<0.05) of §cyclic strain 
(compared to static), #time, or *gene. 

	
	
counterparts at 14 days (p=0.553).  A similar pattern was observed for the maximum load of 

strained constructs (Figure 4b).  The maximum load of strained Scx constructs increased ~50% 

over time from 7 to 14 days (p<0.001), and at 14 days strained Scx constructs had a significantly 

higher maximum load compared to strained LacZ constructs (~45%; p=0.001).  The maximum 

load of LacZ constructs did not change over time from 7 to 14 days (p=0.862).  Both strained 
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LacZ and Scx constructs had a higher maximum load compared to their static counterparts, with 

increases in LacZ constructs at 7 days (p=0.054) and in Scx constructs at 14 days (p=0.068); 

however, these changes failed to reach statistical significance. 

 

DISCUSSION 

Despite its frequent use as an early marker of ligament cell identity and the important role 

of other bHLH transcription factors in driving tissue development, the use of Scx to induce 

ligament cell differentiation in stem cells for tissue engineering remains unexplored.  Using 

nucleofection, we were able to achieve significantly increased and sustained expression Scx for 

the 14 days of our study.  When cultured in static 3D collagen hydrogel constructs, Scx-

overexpressing cells were more elongated and better able to contract the surrounding matrix 

compared to LacZ control cells.  With the addition of cyclic strain, Scx-overexpresing cells 

maintained expression of the ligament marker genes COL1, DCN, and TNC, and improved the 

overall mechanical properties of collagen constructs compared to LacZ.  Based on the results of 

this study, transient Scx overexpression in combination with cyclic mechanical strain may be a 

useful means of driving ligamentous differentiation of MSC for ligament engineering studies.   

Cells in monolayer culture demonstrated a 200-fold increase in Scx expression compared 

to LacZ controls 18 hours post-nucleofection; however, Scx expression decreased to ~4-fold 

after 72 hours.  In contrast, Scx-overexpressing cells cultured in 3D constructs maintained Scx 

expression (at least 30-fold) for 14 days under both static and cyclic conditions.  Both 3D culture 

and cyclic strain have been reported to upregulate endogenous Scx expression, though the exact 

mechanism by which this occurs remains unclear [17, 18].  Scx is regulated in part by members 

of the transforming growth factor superfamily via Smad2/3 [35] and can in turn facilitate Smad3-
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mediated signaling by promoting the formation of transcriptional complexes [36].  As Smad2/3 

serves as a critical node mediating both biochemical and mechanical induction of Scx in 

tenocytes, these data suggest Scx may promote its own expression through a positive feedback 

mechanism [35].  In our study, exogenous expression of Scx may have “primed” Smad2/3-

mediated signaling, resulting in increased endogenous Scx expression with the introduction of 

mechanical strain.  This supports the idea that transient Scx overexpression may be sufficient to 

initiate the ligamentous differentiation process through activation of a positive feedback loop, 

though the contribution of endogenous versus exogenous Scx and the underlying mechanism 

require further confirmation. 

Scx overexpression combined with static 3D culture resulted in elongated cells and 

narrower constructs after 14 days, suggesting a greater capacity for matrix reorganization in cells 

overexpressing Scx compared to LacZ controls.  The uniquely anisotropic and highly organized 

nature of ligament ECM is vital in providing tensile strength to ligament and in promoting 

normal function of resident cells, and vice versa.  Cells embedded within healthy ligament are 

defined by their alignment parallel to collagen fibrils and their ability to actively remodel the 

surrounding matrix [2].  Greater cell elongation in Scx-overexpressing constructs is therefore 

consistent with greater contraction, and together these observations are indicative of a more 

differentiated cell phenotype.  Despite this, there were no concurrent increases in ligament-

related gene expression, GAG production, or overall mechanical properties due to Scx 

overexpression in static culture, suggesting that Scx alone is insufficient to induce robust cell 

differentiation.  With the addition of cyclic strain, Scx-overexpression prevented the strain-

induced decrease in expression of the ligament marker genes COL1, DCN, and TNC, rounder 

cell phenotype, and decreased tensile strength of LacZ constructs.  Contrary to our hypothesis, 
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overexpression of Scx in combination with cyclic strain did not have an additive effect on 

expression of ligament-related genes; instead, it appears that Scx overexpression may amplify 

the pro-ligamentous effect of otherwise insufficient cyclic strain levels.   

Strained LacZ and Scx constructs were wider and had modest increases in GAG content 

compared to their static counterparts.  GAGs contribute to tissue hydration by attracting and 

binding water molecules due to their large surface area and highly negative charge, and tissue 

hydration state affects the viscoelastic behavior of ligament [37, 38].  Increased width in 

cyclically strained constructs could be attributed to construct swelling due to increased GAG 

content.  This is in contrast to reports demonstrating similar contraction rates between static and 

cyclically strained constructs, though differences in cell type and strain regimen could account 

for this inconsistency [17, 18].  

Despite similar increases in construct width and GAG content as strained LacZ 

constructs, strained Scx constructs exhibited increased overall tensile strength compared to both 

static and strained LacZ constructs.  Interestingly, we were unable to correlate this observation to 

any of the parameters measured.  With Scx overexpression and cyclic strain, we detected no 

associated increases in genes indicative of catabolic remodeling (MMP-2, MMP-13) and only a 

modest increase in expression of anabolic response genes (COL1, COL3, DCN, TNC) that was 

not different from static culture.  This suggests that Scx promotes ligament organization by a 

mechanism other than bulk synthesis of ECM.  A study by Marturano et al. reported that changes 

in collagen cross-linking can alter the mechanical properties of embryonic tendons without 

affecting collagen matrix composition or structure [39].   Studies aimed at evaluating how Scx 

may regulate the expression or activity of various collagen cross-linking enzymes, such as lysyl 

oxidase, are needed to further define the role Scx may play in facilitating ECM organization.    
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To our knowledge, only one other study has investigated the combined effects of Scx 

overexpression and mechanical stimulation on MSC tendon/ligament differentiation [26].  Using 

a lentiviral vector to overexpress Scx in human embryonic stem cell-derived MSC and a 

scaffold-free 3D culture system, Chen et al. reported upregulation of the tendon markers COL1 

and TNMD and modest improvements in ECM organization with Scx overexpression and 

mechanical strain, but not with Scx overexpression alone.  This observation is consistent with 

our findings.  Chen et al. also reported that in vitro cell differentiation was greatly enhanced by 

implantation in an in vivo model.  It is possible that our method would show similar results in an 

in vivo model.  Our results using a transient, non-viral method of Scx upregulation are similar to 

the viral method, which is encouraging and suggests that our method is a viable and useful 

alternative.  The results of both studies point to the importance of identifying additional extrinsic 

factors involved in ligament and tendon tissue maturation to facilitate development of tissue 

replacements. 

Though the ultimate source of stem cells for ligament tissue engineering is likely to be 

autologous patient-derived MSC, use of model stem cell lines like C3H10T1/2 cells allows 

investigations on a well-characterized, homogenous cell population that is free from the 

phenotypic and biological heterogeneity inherent in primary cell cultures [40, 41].  Like primary 

MSC, C3H10T1/2 cells are able to undergo trilineage differentiation [42].  Furthermore, 

mechanisms identified in C3H10T1/2 cells are highly translatable to primary MSC, and their use 

has been key in identifying and validating specific mechanisms driving the differentiation of 

other musculoskeletal tissues including muscle, cartilage, and bone [22, 43, 44].  In tendon and 

ligament, C3H10T1/2 cells have been used to demonstrate the effects of cyclic strain on Scx 

expression and to elucidate signaling pathways underlying the pro-tenogenic effects of various 
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growth factors [17, 45].  Our study therefore lays the groundwork for examination of the effects 

of Scx overexpression in primary MSC.        

The Flexcell Tissue Train® system is well established in the tendon/ligament literature 

and for demonstrating the pro-tenogenic effects of cyclic strain on MSC differentiation [17, 18] 

and maintenance of primary tenocyte phenotype in vitro [29].  The choice of cell type, strain 

magnitude, and duration makes comparisons between studies difficult.  The strain protocol used 

in our study was based on previous studies showing a pro-tenogenic effect in adult human bone 

marrow MSC and avian tenocytes [18, 29]; however, tenogenesis of C3H10T1/2 cells has been 

reported to be strain dependent, with higher strain levels (up to 10%) and lower frequency 

(0.1Hz) resulting in increased expression of both Scx and COL1 [17].  We did not observe robust 

ligamentous differentiation of the LacZ control cells in our study; however, Scx-overexpression 

in combination with the same protocol resulted in a stiffer construct, more elongated cell 

phenotype, and sustained expression of ligament marker genes.  This lends further support to the 

idea that exogenous Scx expression augmented the mechanosensing capabilities of cells, such 

that even our modest strain regimen improved ligament cell differentiation.  Scx was recently 

reported to be required for the pro-tenogenic effects of mechanical strain on MSC [45].  Future 

studies examining the effects of various strain magnitudes in this system would help clarify the 

relationship between Scx and the mechanosensing ability of ligament cells.  

In summary, nucleofection was an effective means of upregulating Scx at both the 

mRNA and protein levels and culture in 3D constructs maintained increased Scx expression for 

up to 14 days.  Scx overexpression combined with static culture resulted in increased construct 

contraction, elongated cell phenotype, and more mechanically sensitive cells, as evidenced by 

maintenance of ligament marker genes and increased overall construct strength when exposed to 
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mechanical stimulation.  Combined, these data demonstrate the effectiveness of transient Scx 

upregulation for inducing ligament differentiation and lend further support to the existence of a 

synergistic role for Scx and mechanical strain during early tissue development.  
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CHAPTER 3: ROLE OF SCLERAXIS IN ADULT TENOCYTE FUNCTION 

 

Submitted as: 

Nichols AC, Settlage RE, Werre SW, Dahlgren LA. Novel roles for scleraxis in 

regulating adult tenocyte function. BMC Cell Biology.  

 

ABSTRACT 

Tendinopathies are common and difficult to resolve due to the formation of scar tissue 

that reduces the mechanical integrity of the tissue, leading to frequent reinjury.  Tenocytes 

respond to both excessive loading and unloading by producing pro-inflammatory mediators, 

suggesting that these cells are actively involved in the development of tendon degeneration.  The 

transcription factor scleraxis (Scx) is required for the development of force-transmitting tendons 

during development and for mechanically stimulated tenogenesis of stem cells, but its function in 

adult tenocytes is less well-defined.  The aim of this study was to further define the role of Scx in 

mediating the adult tenocyte mechanoresponse.  Equine tenocytes exposed to siRNA targeting 

Scx or a control siRNA were maintained under cyclic mechanical strain before being submitted 

for RNA-seq analysis.  Focal adhesions and extracellular matrix-receptor interaction were among 

the top gene networks downregulated in Scx knockdown tenocytes.  Correspondingly, tenocytes 

exposed to Scx siRNA were significantly softer, with longer vinculin-containing focal adhesions, 

and an impaired ability to migrate on soft surfaces.  Other pathways affected by Scx knockdown 

included increased oxidative phosphorylation and diseases caused by endoplasmic reticular 

stress, pointing to a larger role for Scx in maintaining tenocyte homeostasis.  Our study identifies 

several novel roles for Scx in adult tenocytes, which suggest that Scx facilitates mechanosensing 



	 113 

by regulating the expression of several mechanosensitive focal adhesion proteins.  Furthermore, 

we identified a number of other pathways and targets affected by Scx knockdown that have the 

potential to elucidate the role that tenocytes may play in the development of degenerative 

tendinopathy. 

 

INTRODUCTION 

Musculoskeletal injuries are common and affect people of all ages, fitness levels, and 

socioeconomic groups, as well as many animal species, including horses and dogs [1, 2].  

Tendon and ligament injuries in particular account for a significant percentage of 

musculoskeletal injuries each year, with this number expected to rise along with an increasingly 

sedentary and aging population [1].  Because dense collagenous tissues such as tendon and 

ligament are slow to heal and the natural healing process often results in the formation of scar 

tissue, these injuries are particularly problematic [3].  The inability to regain normal tissue 

structure and mechanical properties often leads to tissue degeneration and chronic reinjury.  

Despite the frequency at which these injuries occur, and the associated loss of function and 

productivity they engender, there are few effective treatments available [4].  Tendinopathies are 

particularly difficult to treat due to their chronic and degenerative nature, which no current 

treatments are able to adequately resolve.  This lack of treatment options is due in part to a lack 

of understanding of the basic biology of resident tendon cells, called tenocytes.  Tenocytes are 

responsible for the synthesis and maintenance of the normal tendon extracellular matrix 

architecture in response to physiological load [5].  Decreased production of collagen and 

upregulation of catabolic enzymes and pro-inflammatory mediators by tenocytes in response to 

both excessive loading and unloading implicates these cells as a primary driver of degenerative 
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tendinopathy [6, 7].  A better understanding of how tenocytes sense and respond to physical 

strain could therefore lead to more effective treatments.  

Much of the available information regarding tenocyte behavior has been gleaned through 

investigation of the basic helix-loop-helix transcription factor, scleraxis (Scx).  Scx is frequently 

used as a tendon marker, and is critically involved in both the development of force-transmitting 

tendons in mice and the tenogenic differentiation of stem cells [8-10].  Mechanical load increases 

Scx expression [11, 12] and Scx is required for the pro-tenogenic effects of cyclic strain on stem 

cells [13].  Scx also plays a part in regulating the response to mechanical load in adult mice, with 

decreased expression following tendon unloading and increased expression in response to 

physiological load [14, 15].  Taken together, this information demonstrates an important, but not 

well-characterized, role for Scx in tenocyte mechanotransduction.  

To gain better insight into how Scx facilitates tenocyte mechanotransduction, we used 

small interfering RNA (siRNA) to knock down expression of Scx in adult equine tenocytes and 

subsequently exposed them to cyclic mechanical load.  The resulting transcriptome was 

sequenced with RNA-sequencing (RNA-seq) technology and compared to that of control 

tenocytes.  We hypothesized that Scx mediates tenocyte mechanotransduction via regulation of a 

specific subset of previously unidentified, mechanoresponsive genes.  

 

MATERIALS AND METHODS 

Tendon Fibroblast Isolation and Culture  

For the initial transcriptome study, tenocytes were isolated from the superficial digital 

flexor tendon (SDFT) of a 5-year-old light breed female euthanatized for reasons unrelated to 

this study.  The study was approved by the IACUC.  Immediately following euthanasia by 
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barbiturate overdose, the tensile region of both SDFT were aseptically excised, stripped of the 

paratenon, minced into small pieces (2-5mm), and digested in growth medium (Dulbecco’s 

modified Eagle’s medium [DMEM; 4.5 g/L glucose], 10% FBS, 2 mM L-glutamine, 50µg/mL 

ascorbic acid, 25mM HEPES, 100 units/mL penicillin, and 100 µg/mL streptomycin) containing 

0.075% collagenase type 2 (Worthington Biochemical, Lakewood, NJ) and 0.06µg/mL α-

ketoglutaric acid overnight at 37°C, 5% CO2, and 90% humidity.  Cells were strained, pelleted, 

and plated at 6,000/cm2 in growth medium.  Growth medium was exchanged every 3 days and 

cells were passaged upon reaching 70% confluence using 0.25% trypsin-EDTA.  For cohort 

validation studies, tenocytes were isolated and passaged in the same manner from the SDFT of 6 

additional light breed horses (mean age 5.8 ± 3.3 years; 4 females, 2 castrated males).  Tenocytes 

were used at passage 3 for all experiments. 

 

siRNA and Cyclic Strain Exposure 

Tenocytes were transfected (Nucleofector™ system, Lonza, Cologne, Germany) with a 

siRNA targeting the equine Scx mRNA (Sense: 5’-AGAGAAAGUUGAGCAAGGAtt-3’, 

Antisense: 5’-UCCUUGCUCAACUUUCUCUgg-3’, GenBank ref. NM_001105150.1; 

Silencer™ Select, Ambion, Life Technologies, Carlsbad, CA) or a non-targeting scramble 

siRNA control (Silencer™ Select Negative Control No. 1, Catalog #4390843, Life 

Technologies).  Cells were resuspended at 1x106/100 µL in Nucleofector™ Cell Line Solution V 

(Lonza) containing 10 nmol siRNA or scramble control, transferred to cuvettes, and nucleofected 

using the T20 program.  Cells were recovered in growth medium for 15 minutes at 37°C before 

plating at 200,000 cells/well on flexible silicone culture plates (UniFlex® Collagen type I coated; 

Flexcell International, Hillsborough, NC).  Cells were allowed to adhere for 24 hours before 
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being synchronized in culture medium containing 1% FBS.  After 18 hours, cells were exposed 

to cyclic uniaxial strain (1%, 0.5 Hz, 2 hours) every 24 hours for 3 days.  Thirty minutes after 

completion of the final strain cycle, cells were collected into guanidine isothiocyanate-phenol 

solution (TRIzol® Reagent, Invitrogen, Carlsbad, CA) for RNA isolation.  The experiment was 

repeated 3 times to generate 6 total samples for sequencing (3 siRNA and 3 scramble controls).  

Cohort samples for validation by qPCR were generated in the same manner. 

  

RNA Isolation 

Total RNA was isolated by column purification according to manufacturer instructions 

(Direct-zol Microprep, Zymo Research, Irvine, VA) and evaluated both spectrophotometrically 

for quantity (NanoDrop, Thermo Scientific, Waltham, MA) and by electrophoresis for RNA 

integrity (Bioanalyzer, Agilent, Santa Clara, CA).  RNA from the same samples submitted for 

RNA-seq and the additional cohort were isolated and converted to cDNA for use in qPCR 

validation studies (High-Capacity cDNA Reverse Transcription Kit, Applied Biosystems, Foster 

City, CA).  

 

Transcriptomic Analysis 

cDNA library prep and sequencing was performed at the Biocomplexity Institute at 

Virginia Tech.  Total RNA (1 ug per sample) was enriched for polyA RNA (PrepX PolyA 

mRNA isolation kit, Wafergen, Fremont, CA) and converted to cDNA libraries (PrepX RNA-seq 

for Illumina Library Kit, Wafergen).  Libraries underwent 13 rounds of PCR to generate the final 

cDNA libraries for sequencing.  Individual sample libraries were clustered and sequenced on the 

Illumina HiSeq 2500 (average of 26.9 million paired end reads for scramble control and 29.3 
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million for Scx siRNA).  Raw sequence data were evaluated for quality (FastQC)[16] and 

adaptor sequences and low quality reads were removed using Trimmomatic [17] prior to being 

aligned to the reference genome (EquCab2) using HISAT2 [18] and mapped to known features 

(Ensembl EquCab2 version 90) using HTSeq [19].  Differential gene expression between 

scramble control and Scx knockdown samples was determined using DESEQ2 [20].  All fold 

changes are shown relative to the scramble control and on a log2 scale, unless otherwise stated.  

Genes with a ±1.5 log2fold change and an adjusted p-value of p<0.05 were used in functional 

annotation and gene ontology (GO) enrichment analysis of differentially expressed genes using 

the PANTHER Classification System (version 13.0, http://www.pantherdb.org/) and a false 

discovery rate of 0.05.  KEGG Pathway analysis was performed with the DAVID Bioinformatics 

Resource (version 6.7, https://david.ncifcrf.gov/) and significance set at p<0.05 as evaluated by 

modified Fisher Exact test (EASE score).  Sequence data generated in this study have been 

submitted to National Center for Biotechnology Information Gene Expression Omnibus (NCBI 

GEO, https://www.ncbi.nlm.nih.gov/geo/) under accession number GSE110567.  

 

qPCR Analysis  

Minor groove binding primer-probe sets were purchased (Scx, assay #Ec03818452_s1, 

Life Technologies) or designed for genes of interest identified by the transcriptomic analysis 

(Primer Express®, Applied Biosystems; Table 3.1).  All primer-probe sets had an efficiency of 

>90% as determined by serial dilution (TaqManTM Master Mix, Life Technologies; 

StepOnePlusTM Real-Time PCR System, Applied Biosystems).  Relative gene expression was 

calculated using the ΔΔCt method and the housekeeping gene glyceraldehyde 3-phosphate 

dehydrogenase (GAPDH) [21, 22].  Data are shown relative to the scramble control.   
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Table 3.3 –	Equine specific primers used for qPCR 

Gene Forward (5' to 3') Reverse (5' to 3') Probe (5' to 3') 

GAPDH CAAGTTCCATGGCACAGTCAAG  GGCCTTTCCGTTGATGACAA CCGAGCACGGGAAG 

BCAR1 CCAAGATCTTTGTGGCACACA CCCGATGAACACCAGCTTGT CAAATTCGTCATCCTCA 

TLN1 GAAGATGAGGCCACCAAAGG GACCGCCAGTTCCTGACGTA ACACGGGCCCTGGA 

TLN2 CCGTGTCTGACTCCATCAAGAG TGCCATCAATGGAGTAGTCACACT TCATCACATCTATCAGAGACAA 

FLNB CCTCGCTGCCACCTGATC AGCTCCTTTGGTGTCGATGGT TCCAAGGTGAAGGCC 

FLNC GGGCCAAAGGGCACAGA ACAGGGTAGTACTCACACTCGAACAC AGCTGGTGAAGGTGCGA 

 

Immunofluorescent Staining and Morphological Analysis 

Cells were exposed to either the scramble control or Scx-targeting siRNA and plated on 

collagen type I coated tissue culture polystyrene (TCP) plates in the same manner described 

above for cells plated on silicone bottom plates.  After 3 days in culture, cells were fixed in 

prewarmed 4% paraformaldehyde in dPBS + 0.3% TritonX-100 for 15 minutes at room 

temperature.  Differences in cytoskeletal and focal adhesion morphology were investigated using 

a focal adhesion staining kit following manufacturer’s instructions (FAK100, MilleporeSigma, 

St. Louis, MO).  Five random fields were acquired at 20x magnification per condition for each 

horse and used for analysis of cell morphological features (CellProfiler version 3.0.0, 

http://cellprofiler.org/). 

 

Migration Assays 

Tenocytes were cultured on silicone bottom plates as described above, or on collagen-

coated TCP.  Scratches were created using a 200 µL pipette tip 30 minutes following the end of 

the final strain cycle.  Monolayers were rinsed once with dPBS to remove debris and covered 



	 119 

with fresh culture medium containing 1% FBS.  Images were taken at 0, 3, 5, 8, and 12 hours 

post scratch formation to monitor cell migration into the scratch area (ImageJ, National Institutes 

of Health, Bethesda, MD).  

 

Single Cell Stiffness Measurements by Atomic Force Microscopy 

Tenocytes were exposed to Scx siRNA and cultured on collagen-coated TCP as described 

above. Young’s Modulus (E) measurements were obtained using a Veeco BioScope II (Veeco 

Instruments Inc., Planview NY) equipped with a heated stage and blunted pyramidal silicon 

nitride cantilever tips (spring constant = 0.06 N m-1, half open angle = 18°; DNP-10, Bruker 

Nano Inc, Camarillo, CA).  Force-distance curves were captured in contact mode at 1 Hz for a Z-

scan distance of 1 µm.  To determine Young’s Modulus, raw data were fit to a modified Hertz 

cone model for up to 10% of the peri-nuclear cell thickness to eliminate any influence from the 

culture dish using equations (1) and (2)  

 𝐹 = 	𝑘(𝑑 − 𝑑)) (1) 

                                                            𝐹 = 	 + ,-. /
0

	1 2
3456

7	𝛿+                                                   (2) 

where F = applied force, k = spring constant of the cantilever, d0 = deflection point during cell 

contact, α = half open angle of the tip, v = Poisson’s Ratio (0.5), and δ = indentation [23, 24].  

Triplicate force distance curves were collected and averaged for at least 8 cells per condition and 

repeated for each horse in the cohort (n=7). 

 

Statistical Analysis 

All statistical analyses were performed using SAS Studio 3.6 (SAS Institute Inc., Cary, 

NC).  Unpaired Student’s T-Tests were used to assess differences in gene expression, cell 
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stiffness, and morphometric data.  Migration assay data were analyzed by mixed model ANOVA 

with Tukey’s post hoc testing using the PROC GLIMMIX procedure.  Model fit was evaluated 

by examining studentized residual plots.  Statistical significance was set at p≤0.05.  Box and 

whisker plots represent the median value and 25th and 75th percentiles, with whiskers denoting 

the minimum and maximum values.  All remaining data are shown as mean ± SD. 

 

RESULTS 

Scx Knockdown by siRNA 

Exposure to Scx siRNA using the described protocol resulted in an average knockdown 

of approximately 57% (p<0.001), as measured by qPCR, in cDNA made from the same samples 

submitted for RNA-seq (Figure 3.1a).  As an initial validation of the RNA-seq data, Scx 

expression was compared between the two methods.  The current annotation of the equine 

genome (EquCab2) does not include Scx as a feature, presumably due to the poor quality of the 

equine genome upstream of the Scx gene and incomplete information regarding the 3’ end of the 

Scx coding region.  Alignment of RNA-seq reads to the equine Scx mRNA sequence 

(NM_001105150.1) revealed a substantial GC bias that decreased the total number of mapped 

reads (Figure 3.2).  Nevertheless, in samples exposed to Scx siRNA, the number of reads 

mapping to the Scx mRNA was significantly decreased (p=0.014) compared to the scramble 

control (Figure 3.1b).  
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Figure 3.1 – Scleraxis (Scx) transcript knockdown as measured by (A) qPCR and (B) 
RNA-seq in sequenced samples. Equine tenocytes exposed to a siRNA targeting Scx for 3 
days had decreased expression of Scx mRNA, validating both the effectiveness of the 
siRNA and the RNA-seq data (n=3). 

	
 

 

 

	

Figure 3.2 – GC bias apparent in reads mapping to scleraxis (Scx) mRNA. Shown are 
reads from a representative scramble control mapped to the equine Scx mRNA 
(NM_001105150.1). GC content (blue line) of the reference sequence is shown relative to 
the AT content (green line). The majority of the reads mapped to the 5’ UTR, which has a 
GC content of approximately 55%. Few reads mapped to the coding sequence (CDS; ~72% 
GC) and those that did are preferentially located in non-GC biased regions.  There were no 
reads that corresponded to the 3’ end of the Scx CDS, which exhibited the highest GC 
content (approximately 80%). 

 



	 122 

RNA-sequencing and Transcriptomic Analysis 

A total of 11,166 annotated transcripts (out of 26,922) were detected in tenocytes, with 

10,231 expressed in both control cells and those exposed to Scx siRNA.  An additional 747 

genes were expressed in only the control cells and 188 were expressed only in the Scx 

knockdown cells.  The top 25 most highly expressed genes, regardless of Scx knockdown, are 

shown in Table 3.2.  Vimentin (VIM), a fibroblast marker, was the most highly expressed gene 

in our dataset.  The two major tendon extracellular matrix proteins, collagen types Iα2 

(COL1A2) and IIIα1 (COL3A1), were among the most highly expressed genes and were 

unaffected by Scx knockdown.  The small leucine rich proteoglycans decorin (DCN) and 

lumican (LUM) were both also highly expressed and significantly increased in Scx-depleted 

tenocytes.  To further confirm the identity of the cells as tenocytes, data were examined for 

expression of tendon-enriched genes [25].  Sixty out of 68 of the previously reported tendon-

selective genes were present in our dataset (Table 3.3).  The data were also parsed for changes in 

the expression of other tendon-related genes (Table 3.4).  Expression of collagen types Iα1 

(COL1A1) and 5α1 (COL5A1) were decreased, as was expression of the glycoproteins tenascin-

C (TNC) and cartilage oligomeric matrix protein (COMP) and the proteoglycan aggrecan 

(ACAN).  Expression of matrix metalloproteinases (MMP) -1 and -3 was relatively low and 

unaffected by Scx knockdown.  Conversely, MMP-13 expression was increased and MMP-2 

expression was decreased in Scx-depleted cells.  

Of the 11,166 annotated transcripts detected, 1,002 genes met the threshold for 

differential expression (411 upregulated and 591 downregulated genes in Scx depleted tenocytes 

compared to controls).  GO analysis of differentially expressed genes revealed a number of 

biological processes affected by Scx knockdown (Table 3.5).  Downregulated genes exhibited 
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significant enrichment in processes involved in cell-matrix adhesion (4.8-fold, p=0.037), 

transmembrane receptor protein tyrosine kinase signaling pathway (2.8-fold, p=0.046), cell 

differentiation (2.1-fold, p=0.006), and developmental processes (1.6-fold, p=0.007), among 

others.  Genes upregulated by Scx knockdown showed significant enrichment in processes 

including oxidative phosphorylation (6.6-fold, p=0.02), mitochondrion organization (5-fold, 

p=0.009), translation (3.2-fold, p=0.011), and transcription from RNA polymerase II promoter 

(1.97-fold, p=0.022).  

Differentially expressed genes were overlaid onto KEGG database pathways to further 

define specific pathways affected by Scx knockdown (Table 3.6).  In agreement with the GO 

analysis, the extracellular matrix-receptor interaction (3.5-fold, p=0.014) and focal adhesion 

(2.3-fold, p=0.017) pathways were enriched in genes downregulated by Scx knockdown.  

Pathways represented by upregulated genes included oxidative phosphorylation (6.4-fold, 

p<0.001), ribosome (6.4-fold, p<0.001), and several neurodegenerative diseases, including 

Parkinson’s (6.3-fold, p<0.001), Alzheimer’s (4.4-fold, p<0.001), and Huntington’s disease (3.8-

fold, p<0.001).  

 

Validation of RNA-seq Results by qPCR  

To confirm the biological significance of the transcriptomic data, the relationship 

between Scx knockdown and focal adhesions suggested by the GO and KEGG analyses was 

further explored in a larger biological cohort.  As a first step, several differentially expressed, 

focal adhesion-related genes, were chosen for validation of the sequencing data by qPCR in both 

the original samples submitted for sequencing and the additional cohort (n=7 horses total).  

Exposure to Scx siRNA significantly decreased Scx expression compared to controls (Table 3.7; 
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p=0.036).  The remaining genes quantified by qPCR showed comparable downregulation to the 

RNA-seq results (Table 3.7), and included several adaptor proteins and those that facilitate force 

transduction via focal adhesion linkage to the actin cytoskeleton (talin 1 and 2 [TLN1, TLN2], 

filamin B and B [FLNB, FLNC]; Figure 3.3).  Other downregulated genes, including breast 

cancer anti-estrogen resistance protein 1 (BCAR1, also known as p130Cas) and SHC adaptor 

proteins 3 and 4 (SHC3, SHC4), are key players in the regulation of cell migration by acting as 

scaffolds for tyrosine kinase-related signaling.  Also downregulated in tenocytes exposed to Scx 

siRNA were several extracellular matrix components (collagen types Vα1, VIα2, and IVα2, 

laminin subunits α5 and β2, heparan sulfate proteoglycan 2, and thrombospondin 2), integrin 

subunits α3 and β3, and two regulatory subunits of protein phosphatase 1 (12B and 12C). 
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Table 3.4 – Top 25 most highly expressed genes in equine tendon fibroblasts. 

Gene ID ENSEMBL Gene ID Gene name Base 
Mean 

Fold Change 
(log2) p-adj 

VIM ENSECAG00000004216 vimentin 101873.95 0.49 0.0846 

LUM ENSECAG00000018248 lumican 93834.08 1.21 0.0000 

EEF1A1 ENSECAG00000020363 eukaryotic translation elongation 
factor 1 alpha 1 80865.77 0.35 0.4978 

FN1 ENSECAG00000000701 fibronectin 1 76204.43 -0.03 0.9131 
COL3A1 ENSECAG00000024769 collagen type III alpha 1 71782.03 -0.28 0.3120 

COL1A2 ENSECAG00000024740 collagen type I alpha 2  68527.63 0.03 0.9444 
ACTG1 ENSECAG00000018600 actin gamma 1 67827.73 0.59 0.1648 

DCN ENSECAG00000020413 decorin 66957.05 0.72 0.0000 
CLU ENSECAG00000007010 clusterin 60592.80 0.54 0.3689 

CTSK ENSECAG00000019087 cathepsin K 50743.84 -0.01 0.9822 
PSAP ENSECAG00000021672 prosaposin 42671.36 -0.71 0.0123 

COL6A3 ENSECAG00000020887 collagen type VI alpha 3 chain 39357.71 -0.81 0.0000 
AHNAK ENSECAG00000014229 AHNAK nucleoprotein 32777.16 -1.03 0.0004 

TPT1 ENSECAG00000018348 tumor protein, translationally-
controlled 1 32069.02 0.86 0.0000 

RPL4 ENSECAG00000023179 ribosomal protein L4 28412.14 0.55 0.0555 
ANXA1 ENSECAG00000015794 annexin A1 28358.48 1.22 0.0000 

HSP90AA1 ENSECAG00000018948 heat shock protein 90 alpha 
family class A member 1 27249.39 0.36 0.5410 

ASPN ENSECAG00000007047 asporin 27102.67 1.44 0.0000 

EIF4G2  ENSECAG00000014700 eukaryotic translation initiation 
factor 4 gamma 2 25563.63 1.26 0.0000 

HSPA8 ENSECAG00000013510 heat shock protein family A 
(Hsp70) member 8 23372.98 -0.02 0.9496 

HTRA1 ENSECAG00000009990 HtrA serine peptidase 1 23322.81 -0.18 0.7559 

APP ENSECAG00000021011 amyloid beta precursor protein 21959.94 -0.08 0.7687 
CLTC ENSECAG00000019077 clathrin heavy chain 21758.80 0.44 0.1597 

CTNNB1 ENSECAG00000006949 catenin beta 1 21082.51 0.57 0.0512 
FAP ENSECAG00000011790 fibroblast activation protein alpha 20454.17 1.72 0.0000 
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Table 3.5 – Comparison of genes expressed in current dataset to previously reported tendon-selective 
genes. 

Tendon Enriched 
Gene Ensembl Gene ID Mean 

Counts 
Fold Change 

(log2) p-adj Comparison 
Species 

DCN ENSECAG00000020413 66957.05 0.72 2.29E-05 Human 

ASPN ENSECAG00000007047 27102.67 1.44 5.86E-07 Human 
THBS1 ENSECAG00000008923 11775.47 -0.21 5.86E-01 Human 

COL12A1 ENSECAG00000025065 10772.57 -0.34 3.85E-01 Rat 
PRRX1 ENSECAG00000008539 3493.07 0.26 2.09E-01 Human 

ANKRD12 ENSECAG00000013901 2555.15 0.65 2.34E-01 Human 
FBLN1 ENSECAG00000018101 2491.42 0.12 8.31E-01 Human 

CCL2 ENSECAG00000023949 2373.29 1.75 1.20E-13 Rat 
ATP2B1 ENSECAG00000008450 2263.22 0.57 1.18E-01 Rat 

PDE8A ENSECAG00000007337 2224.57 0.36 2.87E-01 Rat 
DTWD1 ENSECAG00000012316 2126.12 1.48 2.68E-07 Rat 

BAT2D1 (PRRC2C) ENSECAG00000016800 1913.66 -0.71 4.85E-03 Human 
CREBBP ENSECAG00000024766 1329.63 -0.75 3.82E-02 Rat 

EZR ENSECAG00000018333 1083.68 -0.78 1.47E-02 Human 
IL4RA ENSECAG00000021525 797.67 -1.28 2.49E-03 Rat 

MKX ENSECAG00000016778 797.26 0.25 5.24E-01 Human 
YIPF3 ENSECAG00000016807 739.38 -0.38 5.28E-01 Rat 

PSCD3 (CYTH3) ENSECAG00000025034 615.61 -0.91 9.38E-05 Rat 
COMMD7 ENSECAG00000007694 546.66 -0.01 9.86E-01 Rat 

LAMA5 ENSECAG00000023274 502.79 -1.81 4.36E-08 Rat 
ARSB ENSECAG00000020847 436.24 -1.37 6.29E-05 Human 

SDC1 ENSECAG00000014709 406.86 -0.38 5.54E-01 Rat 
FNBP1 ENSECAG00000012905 385.17 -0.50 1.09E-01 Rat 

GBA2 ENSECAG00000000580 329.49 -0.76 1.24E-01 Rat 
DKK3 ENSECAG00000022804 317.62 -0.50 3.03E-01 Human 

RNF41 ENSECAG00000006364 316.63 -0.31 5.79E-01 Rat 
LOXL4 ENSECAG00000005573 310.32 -1.18 9.56E-05 Human 

MITF ENSECAG00000005360 282.90 0.19 6.10E-01 Rat 
FBXL7 ENSECAG00000005529 269.32 -0.60 3.60E-01 Rat 

OAF ENSECAG00000015986 235.41 -1.17 4.05E-02 Human 
IGFBP6 ENSECAG00000019633 235.35 -1.14 3.40E-02 Human 

USF1 ENSECAG00000004755 225.09 -1.07 9.76E-04 Rat 
NOX4 ENSECAG00000010054 216.23 0.32 4.77E-01 Human 

 MAB21L1 ENSECAG00000004493 152.16 -0.13 8.19E-01 Rat 
CPXM2 ENSECAG00000024631 141.82 -2.11 9.34E-04 Rat 

XG ENSECAG00000000026 126.06 -1.95 7.34E-04 Human 
SEMA3B ENSECAG00000013515 112.02 -0.53 5.97E-01 Rat, Human 

EBF1 ENSECAG00000007964 93.12 -0.27 6.99E-01 Rat 
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Table 3.3 – continued 

WNT5B ENSECAG00000016516 85.46 -2.02 1.30E-05 Rat 

ATF3 ENSECAG00000011486 78.58 0.57 2.26E-01 Rat 
GSDMD ENSECAG00000015005 73.32 -1.81 1.04E-05 Rat 

NTRK2 ENSECAG00000011815 50.63 -0.33 6.73E-01 Rat 
NOV ENSECAG00000023039 40.91 -0.24 8.23E-01 Human 

AMID (AIFM2) ENSECAG00000004338 36.15 -1.84 4.66E-04 Rat 
C1QTNF2 ENSECAG00000020786 19.91 -0.72 3.43E-01 Human 

TNNI3K ENSECAG00000010595 17.47 0.52 5.59E-01 Human 
FGF18 ENSECAG00000019045 17.19 0.17 8.85E-01 Human 

IGFBP5 ENSECAG00000013425 16.46 -2.54 8.23E-04 Rat 
THBS4 ENSECAG00000019665 14.05 -0.55 5.59E-01 Rat, Human 

ELN ENSECAG00000011106 9.50 -0.74 4.40E-01 Rat 
SFRP2 ENSECAG00000017027 8.53 -0.53 6.04E-01 Human 

SEPT4 ENSECAG00000020248 5.80 -0.44 6.59E-01 Rat 
KERA ENSECAG00000017668 4.63 0.70 4.66E-01 Human 

TRIM29 ENSECAG00000013651 4.12 -0.94 2.95E-01 Human 
CCDC3 ENSECAG00000018744 3.46 -0.25 8.05E-01 Human 

FKHL18 (FOXS1) ENSECAG00000001159 2.86 -1.01 2.06E-01 Rat 
DPP4 ENSECAG00000017357 2.26 0.36 5.76E-01 Human 

MYOC ENSECAG00000010454 0.16 -0.04 NA Human 
GPR83 ENSECAG00000020552 0.11 -0.04 NA Human 

ANGPTL7 ENSECAG00000010887 0.00 NA NA Human 
CHODL ENSECAG00000009963 0.00 NA NA Human 

CNTN3 ENSECAG00000013575 0.00 NA NA Human 
ITIH3 ENSECAG00000003355 0.00 NA NA Rat 

SELE ENSECAG00000008423 0.00 NA NA Rat 
SERPINB7 ENSECAG00000024951 0.00 NA NA Rat 

TNMD ENSECAG00000018944 0.00 NA NA Rat, Human 
UTS2R ENSECAG00000005300 0.00 NA NA Rat 
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Table 3.6 – Expression of common tendon-related genes. 

Gene Name Ensembl Gene ID Mean Counts Fold Change 
(log2) p-adj 

ACAN ENSECAG00000007493 304.22 -2.04 2.40E-14 
BGN ENSECAG00000018717 6090.64 -0.38 4.74E-01 
COL1A1 ENSECAG00000013693 16336.22 -1.01 2.78E-04 
COL5A1 ENSECAG00000009361 1327.94 -1.52 1.48E-07 
COMP ENSECAG00000000336 694.85 -0.90 2.74E-03 
FMOD ENSECAG00000017864 106.08 -0.66 2.73E-01 
MMP1 ENSECAG00000023733 4.30 -0.37 7.17E-01 
MMP13 ENSECAG00000005506 4779.30 0.85 2.77E-03 
MMP2 ENSECAG00000000953 10991.67 -0.82 8.55E-03 
MMP3 ENSECAG00000000750 72.76 -0.49 5.27E-01 
TGFB1 ENSECAG00000011671 318.04 -0.90 1.10E-01 
TGFB3 ENSECAG00000015029 2488.60 -0.99 3.81E-04 
TNC ENSECAG00000017433 1383.05 -0.77 1.99E-03 
 
ACAN- aggrecan, BGN- biglycan, COL1A1- collagen type 1α1, COL5A1- collagen 
type 5α1, COMP- cartilage oligomeric matrix protein, FMOD- fibromodulin, 
MMP1- matrix metalloproteinase 1, MMP13- matrix metalloproteinase 13, MMP2- 
matrix metalloproteinase 2, MMP3- matrix metalloproteinase 3, TGFB1- 
transforming growth factor beta 1, TGFB3- transforming growth factor beta 3, TNC- 
tenascin C 
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Table 3.7 – Gene Ontology (GO) analysis of differentially expressed genes. 

PANTHER GO-Slim Biological Process Number 
of genes 

Fold 
enrichment FDR 

D
ow

n-
re

gu
la

te
d 

Cell-matrix adhesion (GO:0007160) 6 4.79 3.7E-02 

Protein folding (GO:0006457) 9 4.00 1.8E-02 

Transmembrane receptor protein tyrosine kinase signaling (GO:0007169) 11 2.77 4.6E-02 

Cytoskeleton organization (GO:0007010) 24 2.33 6.8E-03 

Cell differentiation (GO:0030154) 30 2.17 6.1E-03 

Regulation of phosphate metabolic process (GO:0019220) 27 1.99 2.4E-02 

Organelle organization (GO:0006996) 57 1.86 1.2E-03 

Developmental process (GO:0032502) 64 1.63 6.8E-03 

Cellular component organization (GO:0016043) 77 1.58 5.2E-03 

Phosphate-containing compound metabolic process (GO:0006796) 64 1.53 2.3E-02 

Cellular component organization or biogenesis (GO:0071840) 79 1.51 8.6E-03 

Nitrogen compound metabolic process (GO:0006807) 91 1.39 3.1E-02 

Metabolic process (GO:0008152) 195 1.29 3.2E-03 

Primary metabolic process (GO:0044238) 153 1.26 3.7E-02 

U
p-

re
gu

la
te

d 

Oxidative phosphorylation (GO:0006119) 5 6.64 2.0E-02 
Mitochondrion organization (GO:0007005) 8 5.00 8.9E-03 

Protein complex biogenesis (GO:0070271) 13 3.37 9.0E-03 
Translation (GO:0006412) 12 3.20 1.1E-02 

Protein complex assembly (GO:0006461) 12 3.12 1.2E-02 
Transcription from RNA polymerase II promoter (GO:0006366) 26 1.97 2.2E-02 

Cellular component biogenesis (GO:0044085) 26 1.93 2.3E-02 
Cellular protein modification process (GO:0006464) 26 1.91 2.4E-02 

Cell cycle (GO:0007049) 23 1.89 4.5E-02 
Biosynthetic process (GO:0009058) 55 1.78 3.5E-03 

Organelle organization (GO:0006996) 35 1.68 3.1E-02 
Protein metabolic process (GO:0019538) 44 1.65 2.2E-02 

Cellular component organization (GO:0016043) 51 1.55 2.5E-02 
Cellular component organization or biogenesis (GO:0071840) 53 1.50 3.3E-02 

Primary metabolic process (GO:0044238) 113 1.37 9.7E-03 
Metabolic process (GO:0008152) 137 1.34 5.7E-03 
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Table 3.8 – Enrichment analysis of KEGG Pathways containing differentially expressed genes. 

KEGG Pathway Number of 
genes 

Fold 
enrichment p-value 

D
ow

n ECM-receptor interaction (ecb04512) 7 3.51 1.35E-02 
Neurotrophin signaling pathway (ecb04722) 8 2.54 3.55E-02 

Focal adhesion (ecb04510) 11 2.34 1.74E-02 

U
p 

Oxidative phosphorylation (ecb00190) 14 6.38 1.60E-07 

Parkinson's disease (ecb05012) 14 6.31 1.80E-07 

Ribosome (ecb03010) 10 6.36 1.95E-05 

Alzheimer's disease (ecb05010) 13 4.41 2.69E-05 

Huntington's disease (ecb05016) 12 3.79 2.48E-04 

N-Glycan biosynthesis (ecb00510) 4 4.76 4.93E-02 
 

 

Effects of Scx Knockdown on Focal Adhesion Morphology and Cytoskeletal Stiffness 

Changes in cytoskeletal and focal adhesion structure in response to Scx knockdown were 

examined by immunofluorescent staining for the actin cytoskeleton and vinculin, a protein found 

in mature focal adhesions that was unaffected by Scx knockdown (Figure 3.4).  No overt 

differences were seen in the cytoskeletal organization; however, tenocytes exposed to Scx 

siRNA had decreased cytosolic staining of vinculin and longer vinculin-containing focal 

adhesions compared to controls (7.2±4.3 and 4.9±2.6µm, respectively; p<0.001).  In addition, 

tenocytes exposed to Scx siRNA were approximately 40% softer than control cells (p<0.001), as 

measured by atomic force microscopy (Figure 3.5).  Scx knockdown had no significant effect on 

cell area or nuclear shape (Table 3.8). 
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Table 3.9 – Comparison of gene expression changes in RNA-seq data and qPCR results. 

  Cohort qPCR 
Gene RNA-seq Control Scx siRNA p-value 
Scx -- 1.52 ± 1.36 0.41 ± 0.41 0.04 

BCAR1 0.35 1.07 ± 0.45 0.71 ± 0.33 0.24 
TLN1 0.33 1.07 ± 0.43 0.82 ± 0.45 0.35 
TLN2 0.41 1.17 ± 0.71 0.84 ± 0.53 0.11 
FLNB 0.39 1.05 ± 0.35 0.80 ± 0.39 0.24 
FLNC 0.28 1.07 ± 0.46 0.74 ± 0.37 0.23 

 
Scx- scleraxis, BCAR1- Breast cancer anti-estrogen resistance protein 1 (p130CAS), 
TLN1- Talin 1, TLN2- Talin 2, FLNB- Filamin B, FLNC- Filamin C. 

 

 

	

Figure 3.3 – Focal adhesion-related genes downregulated in tenocytes by exposure to 
scleraxis (Scx) siRNA.  Heatmap showing normalized counts of differentially expressed 
genes related to focal adhesions or extracellular matrix-receptor interactions, clustered by 
relative Scx expression (as measured by qPCR) and expression pattern (A).  Location, 
interactions, and downstream pathways of downregulated genes (B).  Affected genes are 
shown in red and unaffected genes in black. Dashed lines indicate interactions between 
pathway components. COL4A2- collagen type IVα2, COL5A1- collagen type Vα1, 
COL6A2- collagen type VIα2, THBS4- thrombospondin 4, ITGA3- integrin subunit alpha 
3, ITGB3- integrin subunit beta 3, HSPG2- heparin sulfate proteoglycan 2, LAMA5- 
laminin subunit alpha 5, LAMB2- laminin subunit beta 2, TLN1- talin 1, TLN2- talin 2, 
FLNB- filamin B, FLNC- filamin C, BCAR1- breast cancer anti-estrogen resistance protein 
1, SHC3- SHC adaptor protein 3, SHC4- SHC adaptor protein 4, PPP1R12B- protein 
phosphatase 1 regulatory subunit 12B, PPP1R12C- protein phosphatase 1 regulatory 
subunit 12C, VCL- vinculin. 
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Figure 3.4 – Morphometric analysis of focal adhesions (FA) in tenocytes exposed to Scx 
siRNA compared to control tenocytes.  Representative images of FA staining (top panels; 
red- vinculin, blue-DAPI. Scale bar = 50µm).  In cells with decreased Scx expression, FA 
were significantly longer those of control tenocytes (bottom panels). 

 

Effect of Scx Knockdown on Tenocyte Migration 

There was no significant difference in cell migration between tenocytes exposed to Scx 

siRNA and a scramble control siRNA when cultured on collagen-coated TCP (p=0.065; Figure 

3.6).  When migration assays were performed on silicone membranes, however, there was a 

significant two-way interaction between plate type and Scx knockdown (p=0.025).  Though 

tenocytes tended to migrate slower on the silicone membrane overall, cells exposed to Scx 

siRNA were significantly slower to migrate on silicone compared to TCP at 12 hours post-

scratch creation (p<0.001; Figure 3.6). 

Scx siRNAControl
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Figure 3.5 – Effect of Scx knockdown on tenocyte stiffness.  Young’s modulus for 
individual cells was determined by atomic force microscopy.  Tenocytes exposed to Scx 
siRNA were significantly softer than control. 

 

 

DISCUSSION 

By using a broad, transcriptomic approach followed by biological validation, we 

identified several novel Scx-mediated processes with important implications in understanding 

tenocyte behavior.  Equine tendon fibroblasts exposed to siRNA targeting Scx were softer, 

showed an impaired ability to migrate on softer surfaces, and exhibited differences in focal 

adhesion morphology compared to controls.  Together, these findings suggest a potential role 

and mechanism for Scx in modulating tenocyte mechanotransduction.  The results of our study 

identify interesting new avenues for investigation into tenocyte biology that have the potential to 

advance our understanding of how physical cues play a role in the development of tendon 

disorders.  

Despite the plethora of information available about the role of Scx in development, few 

studies have examined the role of Scx in adult tenocytes.  A recent in vitro study demonstrated 

that Scx knockdown in adult equine tenocytes did not affect the expression of common tendon-

related genes or the ability to reorganize a 3D collagen matrix [10].  Several groups have  
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Table 3.10 – Effects of Scx siRNA exposure on cell area and nuclear shape.  

  
Nuclear 

Eccentricity Cell Area (µm2) n 
Control 0.63 ± 0.12 2183.81 ± 592.02 1623 

Scx siRNA 0.63 ± 0.13 2153.26 ± 284.23 1447 
p-value 0.85 0.06  

 

reported increased Scx expression in tendons following mechanical load or injury in vivo; 

however, it appears that the increase in Scx expression is due to proliferation of cells from the 

tendon periphery and their subsequent migration into the tendon core rather than increased 

expression by resident tenocytes themselves [15, 26, 27].  In fact, using a murine patellar defect 

model and Scx-GFP reporter mice, Dyment et al. reported that Scx expression in tenocytes 

located in the tendon core adjacent to the injured area sharply decreased following injury and 

remained decreased for at least 7 days before slowly recovering [26].  This suggests that there 

are at least two Scx-positive cell populations involved in tendon repair and remodeling, though 

their contributions to overall Scx expression need further clarification.  In our study, care was 

taken to remove the paratenon/epitenon prior to cell isolation in order to examine the effects of 

Scx knockdown in tenocytes from the tendon parenchyma specifically, though we cannot rule 

out the presence of endotenon-derived cells.    

Scx expression is frequently used as a marker of tenocyte identity, but it is also expressed 

in other tissues [28, 29].  Tenomodulin (TNMD) and thrombospondin 4 (THBS4) are enriched in 

tendon compared to other tissues, though these two markers are rapidly lost upon tenocyte 

isolation and propagation in 2D culture [25].  We observed similarly low levels of THBS4 

expression and undetectable expression of TNMD in our dataset generated from passaged 

tenocytes.  Despite the loss of these two markers, many other tendon selective genes were 

expressed.  Interestingly, a number of these genes, including asporin (ASPN), C-C Motif 
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Chemokine Ligand 2 (CCL2), Laminin Subunit Alpha 5 (LAMA5), and Wnt Family Member 5B 

(WNT5B), were significantly affected by Scx knockdown.  These findings suggest that Scx plays 

an active role in promoting adult tenocyte identity. 

Exposure to Scx siRNA resulted in significantly decreased Scx mRNA as measured by 

both RNA-seq and qPCR.  Scx is not included in the current version (EquCab2) of the equine 

genome annotation.  Therefore, to evaluate Scx expression in our dataset, we mapped sample 

reads against the Scx mRNA.  It is important to note that Scx mRNA is relatively small (957bp 

containing two exons), GC-rich (~70% overall), and contains regions of stark GC content 

disparity, ranging from 50-80% across the transcript.  As a result, coverage across the Scx 

mRNA was reduced.  GC bias between samples and genes in RNA-seq data are well-

documented effects and there are numerous tools to account for these biases in analysis pipelines 

[30, 31].  Within-transcript bias is also relatively common, but correcting for it is less defined.  

Use of GC unaware transcript estimation methods can lead to errors in transcript abundance, 

especially when examining differential isoform expression [32].  In the case of Scx, there are no 

documented transcript variants; however, care should be taken in evaluating the expression of 

Scx in transcriptomic studies, as low levels of expression may relate to bias in the sequencing 

technology and not a biological phenomenon.  

Functional annotation and GO analysis showed that Scx knockdown significantly 

downregulated pathways involved in focal adhesion and extracellular matrix-receptor 

interactions in our study.  Focal adhesions are large protein complexes that form the physical link 

connecting the cytoskeleton to the extracellular matrix through the binding and activation of 

transmembrane proteins called integrins [33].  Integrins themselves are direct mechanosensors, 

and upon activation facilitate the recruitment of many cytosolic proteins to the plasma membrane 
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Figure 3.6 – Effects of Scx knockdown on tenocyte migration on substrates of varying 
stiffness. Tenocytes exposed to Scx siRNA migrated at the same rate as control cells on 
tissue culture plastic (TCP).  In contrast, tenocytes exposed to Scx siRNA migrated slower 
on silicone substrates (Uniflex plates).  Black lines indicate scratch boundaries. Scale bar 
= 200µM. 
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to form the intracellular portion of the adhesion complex [34].  The protein talin, in particular, 

anchors the actin cytoskeleton to the focal adhesion by force-dependent interaction with the 

cytosolic tail of the β3 integrin (ITGB3) [35, 36].  Talin is a critical mechanosensor, and loss of 

talin impairs cell migration and extracellular substrate sensing [37, 38].  Following talin 

activation, the cytosolic protein vinculin is recruited to the focal adhesion and interacts with talin 

to stabilize the complex [39].  Increased presence of vinculin is indicative of decreased focal 

adhesion turnover and more mature adhesion, which inhibits cell migration [39, 40].   

Other proteins recruited in response to integrin binding, including BCAR1 and the SHC 

adaptor proteins, enable the integration of physical and chemical cues into downstream pathway 

activation in response to mechanical stimulation.  Increased BCAR1 expression correlates with 

increased invasive potential of cancer cells, and silencing of BCAR1 or SHC3/4 results in 

decreased migratory ability [41-44].  Expression of both talin isoforms (TLN1 and TLN2), 

ITGB3, BCAR1, and SHC3/4 were decreased in tenocytes following Scx knockdown in our 

study.  Consistently, tenocytes exposed to Scx siRNA had longer vinculin-containing focal 

adhesions, indicating decreased focal adhesion turnover.  Despite the presence of longer focal 

adhesions, there was no effect of Scx knockdown on tenocyte migration on TCP (~106 kPa).  

Interestingly, Scx-depleted tenocytes migrated more slowly on softer silicone membranes (~900 

kPa), whereas control cells were unaffected by the change in substrate stiffness.  As many of the 

genes affected by Scx knockdown function as link proteins at the interface between integrins and 

the actin cytoskeleton, this substrate stiffness-dependent migration effect could reflect an 

inability to generate proper cytoskeletal traction.  

In further support of a role for Scx in modulating cytoskeletal tension, tenocytes exposed 

to Scx siRNA exhibited a significant decrease in cytoskeletal stiffness compared to controls.  
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Previous studies have reported that cells alter their cytoskeletal tension in response to 

environmental changes in order to maintain a predetermined tensional homeostasis [45, 46].  

Loss of tensional homeostasis in tenocytes leads to upregulation of MMP-13 and downregulation 

of COL1A1 [47, 48].  Recovery of cytoskeletal tension in tenocytes occurs through actin-

mediated interaction with the local environment [49].  In our study, we observed a similar 

increase in MMP-13 and decrease in COL1A1 expression, in addition to reduced cytoskeletal 

stiffness.  Inability of the tenocytes to form adequate focal adhesion to actin cytoskeleton 

connections due to decreased expression of the key adaptor proteins seen in our study (i.e. 

TLN1/2, FLNB/B, SHC3/4) would impair ability of tenocytes to sense and respond to changes in 

substrate stiffness and could therefore result in reduced cytoskeletal stiffness.   

The relationship between cell stiffness and migratory capacity varies between cell type 

and disease state.  In cancer, decreased cytoskeletal stiffness can be used as an accurate measure 

of metastatic potential, with cancerous cells being softer than the surrounding healthy cells [50, 

51].  In non-cancerous cells, the relationship is less clear.  A study by Kole et al. found that in 

normal 3T3 fibroblasts, non-migratory cells were significantly softer than migrating cells, 

indicating that an increase in cytoskeletal stiffness is a prerequisite for directed cell migration 

[52].  Other studies have shown that disturbed cytoskeletal architecture or connections results in 

cells with decreased cytoskeletal stiffness and migratory capacity [53, 54].  We observed similar 

cell behavior in our study, with softer tenocytes migrating more slowly than their stiffer 

counterparts on softer surfaces.  Substrate stiffness, cytoskeletal tension, and migratory capacity 

are inextricably linked in all cell types.  Future studies in tenocytes will help to elucidate the 

specific relationships and mechanisms involved.  
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We validated the transcriptomic data by showing that Scx knockdown resulted in slower 

migrating, softer tenocytes; however, the pathway analysis points to a broader role for Scx in 

tenocyte homeostasis.  Intriguingly, GO term and KEGG pathway analysis showed that a 

significant number of genes upregulated in response to Scx knockdown are involved in pathways 

related to neurodegenerative diseases (e.g., Alzheimer’s, Huntington’s, and Parkinson’s).  These 

particular diseases develop, in part, due to dysregulation of the unfolded protein response (UPR), 

a homeostatic mechanism that has evolved to counter endoplasmic reticular (ER) stress as a 

result of misfolded proteins [55].  Correspondingly, GO term analysis showed upregulation of 

many anabolic processes and a concurrent decrease in genes related to protein folding in Scx-

depleted cells.  ER stress and the UPR are implicated in development of organ fibrosis in heart, 

lung, and liver disease [56-58].  As the development of fibrotic scar tissue is a major 

consequence of tendon injury and the main reason for reinjury, this suggested connection 

between Scx and ER stress in tenocytes warrants further investigation.   

This study is the first to identify specific roles for Scx in adult tenocytes by exposure to 

siRNA targeting Scx and subsequent RNA-seq interrogation.  We confirmed the biological 

significance of the transcriptomic data by demonstrating that Scx knockdown results in the 

formation of abnormal focal adhesions, decreased cytoskeletal stiffness, and an impaired ability 

to migrate on soft substrates.  Our data suggest that Scx facilitates tenocyte mechanosensing in 

part by regulating the expression of several focal adhesion components and genes involved in 

maintaining cytoskeletal tension.  Whether this is the result of direct or indirect gene regulation 

by Scx remains to be clarified.  We also identified other genes and pathways affected by Scx 

knockdown that point to a larger role for Scx in maintaining adult tenocyte homeostasis.  Further 
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exploration of these novel Scx-mediated targets has the potential to advance our understanding 

of how mechanical strain can lead to tendon injuries. 
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CHAPTER 4: SUMMARY AND FUTURE DIRECTIONS 

 

SUMMARY OF RESULTS 

Despite the important contribution of tendons and ligaments to overall health and quality 

of life for many species, little is known about their basic biology.  This lack of knowledge 

hampers efforts to both treat tendon and ligament degeneration and to generate engineered 

replacement tissues.  The main objectives of the work presented here were to 1) investigate the 

ability of the tendon- and ligament-related transcription factor Scx to induce ligament cell 

differentiation and 2) to further define the role that Scx plays in regulating the adult tenocyte 

mechanoresponse.   

In Chapter 2, transient overexpression of Scx in conjunction with culture in a dynamic 

3D bioreactor was explored as a means of deriving mature ligament cells from stem cells.  It was 

hypothesized that Scx overexpression combined with static 3D culture would improve cell 

differentiation and that the addition of cyclic uniaxial strain would enhance this effect.  Culture 

in static 3D constructs maintained Scx overexpression for up to 14 days compared to monolayer 

culture and was accompanied by greater cell elongation and construct contraction by cells 

overexpressing Scx compared to controls.  In combination with cyclic strain, Scx overexpression 

resulted in increased expression of ligament-related genes and increased mechanical properties 

of the 3D constructs compared to strained controls.  The results of this study suggest that 

transient transfection may be useful for directing the differentiation of stem cells and supports a 

synergistic role of Scx and mechanical strain in driving early ligament cell differentiation. 

In Chapter 3, RNA-seq was used to investigate changes in gene expression patterns 

caused by Scx knockdown in adult tenocytes.  It was hypothesized that Scx mediates 
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mechanotransduction in tenocytes via interaction with an unknown subset of mechanoresponsive 

genes.  Tenocytes were exposed to siRNA targeting Scx or a control siRNA and maintained 

under cyclic mechanical strain before being sequenced.  Pathway analysis of the resulting 

transcriptome indicated a role for Scx in regulating genes involved in force transmission at the 

focal adhesion/actin cytoskeleton interface.  The transcriptomic results were confirmed by 

immunofluorescent staining and morphometric analysis of focal adhesions, migration assays on 

soft and stiff substrates, and single-cell stiffness measurements by AFM in a cohort study.  Scx-

depleted tenocytes showed a significant increase in focal adhesion length, decreased cytoskeletal 

stiffness, and an impaired ability to migrate on soft surfaces compared to control tenocytes.  

Moreover, the pathway analysis showed an increase in genes related to oxidative 

phosphorylation, which points to a more involved role for Scx in regulating tenocyte metabolism 

and homeostasis.   

The work described in this dissertation also demonstrates the importance of incorporating 

tools from a variety of disciplines into studies of tendon and ligament biology.  Both studies 

report changes in physical properties at the tissue (Chapter 2) and cellular (Chapter 3) level that 

would have remained undetected utilizing traditional molecular biology techniques.  In addition, 

the use of NGS as a tool to further define the role of the tendon and ligament-related 

transcription factor Scx in adult cells uncovered several processes beyond those traditionally 

associated with Scx.   

 

FUTURE DIRECTIONS 

The studies outlined in this dissertation present interesting new avenues for the study of 

tendon and ligament cell mechanobiology, which will greatly enhance our understanding of how 
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these tissues function and help improve efforts to engineer replacement tissues.  Further work in 

the following areas will help to clarify the specific mechanisms involved. 

 

Enhancing Scleraxis-Driven Differentiation of Stem Cells for Ligament Engineering 

 The study described in Chapter 2 utilized a plasmid vector containing the full length 

murine Scx cDNA; however, bHLH transcription factors require dimerization, preferentially as 

heterodimers, in order to bind to DNA and facilitate changes in gene expression [1].  Scx is a 

member of the Twist family of bHLH transcription factors that function through dimerization 

with ubiquitously expressed E-proteins, and was originally identified due to its interaction with 

E12 in mouse embryos [2].  Scx co-overexpression with another E-protein, E47, has been 

reported to increase promoter binding affinity and transcriptional activation compared to 

overexpression of either factor alone [3].  Finally, the nuclear family of activated T-cells (NFAT) 

member NFATc4 has also been shown to cooperate with Scx to activate the collagen type Iα1 

promoter [4].  Co-expression of Scx along with either E12, E47, or NFATc4 could, therefore 

potentially increase the efficiency of Scx-driven stem cell differentiation and the expression of 

ligament-related genes.  The design of multicistronic vectors using the 2A self-cleaving peptide 

sequence would allow the simultaneous equimolar expression of both Scx and its potential 

binding partners, which could then be investigated in conjunction with mechanical strain using 

the same transient transfection and 3D culture methods described in Chapter 2 [5].      

 Scx-driven ligament stem cell differentiation may also be improved by the application of 

higher magnitude cyclic strain.  The strain regimen used in the study outlined in Chapter 2 (1%, 

1Hz, 30 min/day) was chosen to simulate forces experienced by ligaments during embryogenesis 

and based on previous studies showing increased tenogenesis of bone marrow stem cells using 
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the same protocol [6, 7]; however, there is evidence to suggest that higher strain levels (up to 

10%) are required to promote tendon and ligament cell differentiation [8-10].  Future studies 

could investigate the combined effects of higher magnitude cyclic strain and Scx overexpression.  

A study by Scott et al. reported that the insertion of rest periods resulted in higher Scx and 

collagen Iα1 expression compared to continuous strain [8].  Moreover, the forces experienced in 

embryonic tendon and ligaments likely increase progressively over time as the tissues become 

more developed [7].  Incorporation of a ramped cyclic strain protocol that gradually increases the 

strain magnitude over time in culture could potentially result in a more pronounced synergistic 

effect between Scx and mechanical strain, resulting in enhanced ligamentous differentiation.    

 Finally, growth factors could be added into the system to enhance ligamentous 

differentiation.  Tendon differentiation during development occurs in a sequential manner, with 

induction of Scx expression being the first, and muscle-induced cyclic strain being the last, of 

three general stages (Figure 1.3) [11].  TGF-β signaling has been shown to be important in 

maintaining Scx-positive tendon progenitor cell populations during the second stage; in TGF-β2 

null mice, tendon progenitors cells form but are subsequently lost [12].  Future studies could 

mimic this step-wise differentiation seen in vivo by first generating Scx-overexpressing 

constructs and then treating them with recombinant TGB-β2 before applying cyclic strain.  More 

completely imitating the in vivo sequence of events with the addition of TGB-β2 may accelerate 

and amplify the ligamentous response observed with Scx overexpression and cyclic strain.  

 

Further Exploration of the Role of Scx in Adult Tenocytes 

The study described in Chapter 3 identifies a number of potential roles for Scx in adult 

tenocytes, including the regulation of focal adhesion and cytoskeletal dynamics.  Interestingly, 
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the authors of a 2010 review of tendon development and biology suggested a role for Scx in 

regulating the expression of adhesion-related genes based solely on the tendon disruption 

phenotype seen in Scx-null mice [11].  It would be therefore be valuable to investigate the effects 

of Scx depletion in vivo on the expression of the focal adhesion-related genes identified in the in 

vitro study contained in Chapter 3.  In the Scx-null mouse model described in the review by 

Schweitzer et al., and developed by Murchison et al., tendon progenitor cells appeared normal up 

to developmental stage E13.5, beyond which the cells fail to aggregate and condense into an 

organized tissue [13].  Crossing the Scx-null mice with the GFP Scx reporter mice would allow 

the tendon progenitors to be isolated by fluorescence activated cell sorting (FACS) based on GFP 

expression [13, 14].  Progenitor cells could then be isolated from the stage immediately prior to 

E13.5, collected by FACS, and used for gene expression analysis to determine if expression of 

focal adhesion-related genes affected by Scx knockdown in vitro are also affected in tendon 

progenitor cells in vivo.   

The effects of Scx knockdown on focal adhesion and cytoskeletal dynamics could also be 

further confirmed by overexpressing Scx in tenocytes in complementary gain-of-function or 

rescue studies.  In this case, it would be expected that Scx overexpression in tenocytes would 

result in the opposite effects seen in Chapter 3, whereas Scx overexpression following 

knockdown would restore normal cytoskeletal stiffness, cell migration, and expression of focal 

adhesion-related genes.  In addition, the effects of Scx on focal adhesion/cytoskeletal dynamic 

appears to be cell type-dependent.  Scx overexpression in C3H10T1/2 cells results in similar 

downregulation of BCAR1, FLNB, and TLN1 as seen with Scx knockdown in tenocytes 

(Appendix B).  Studies in cardiac fibroblasts have shown that Scx knockdown increases the 

formation of mature focal adhesions and the rate of cell migration, whereas overexpression 
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decreases both [15, 16].  Future loss- or gain- of function studies investigating the role that Scx 

plays in regulating cytoskeletal dynamics in a number of different contexts could lead to a 

broader understanding of how this basic cellular process is controlled.    

While Scx can affect gene expression by binding to the promoter/enhancer region of 

target genes, like COL1 and TNMD, it is also possible that Scx acts in an epigenetic manner to 

regulate gene expression by controlling gene accessibility.  Other bHLH transcription factors, 

including myogenic MyoD and the neurogenic Achaete-scute homolog 1 (ASCL1), have been 

shown to affect gene expression by altering the structure of chromatin located in the enhancer 

region of target genes [17, 18].  The specific manner in which Scx affects gene expression could 

be determined using NGS technologies, including ATAC-seq and ChIP-seq (pending availability 

of specific antibodies to Scx).   

Another potential role for Scx in regulating tenocyte metabolism was identified by the 

transcriptomic study in Chapter 3.  Tenocytes exposed to Scx siRNA showed an increase in the 

expression of genes related to oxidative phosphorylation, ribosomal activity, cellular component 

biogenesis, and biosynthetic processes.  In support of the transcriptomic data, Scx-depleted 

tenocytes showed decreased susceptibility to exogenous hydrogen peroxide in a pilot study 

described in Appendix B.  Combined with the alterations in cell migration and cytoskeletal 

stiffness following Scx knockdown, this change towards a more metabolically active phenotype 

suggests that Scx regulates a broader process in tenocyte function.  In the heart, Scx is a critical 

player in controlling TGF-β-mediated cardiac fibroblast activation following injury [15].  This 

process of fibroblast activation results in a myofibroblastic-like cell phenotype characterized by 

altered migratory capacity, development of larger focal adhesion complexes, increased ECM 

component production and secretion, and changes in the cytoskeletal structure that facilitate 
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contraction of the newly synthesized ECM [19-21].  Despite the frequent presence of fibrotic 

scar tissue following tendon and ligament injury, the role of fibroblast activation in tendon and 

ligament biology remains unexplored.  Given the role of Scx in mediating this process in cardiac 

fibroblasts and the results of the study described in Chapter 3, the role of Scx in regulating 

tenocyte activation merits further investigation.  This could be accomplished by examining the 

effects of TGF-β stimulation following Scx knockdown on the behavior of tenocytes (migration, 

cytoskeletal stiffness, focal adhesion morphology) and the expression of fibroblast activation 

marker proteins (e.g. fibroblast activation protein 1, α-smooth muscle actin, discoidin domain 

receptor 2).   
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APPENDIX A: EFFECTS OF EXTRACELLLAR GLUCOSE ON TENOCYTES 

 

Submitted as: 

Nichols AC, Gilkerson ML, Werre SR, and Dahlgren LA. Effects of high extracellular 

glucose on NADPH oxidase isozyme expression and tenocyte behavior. PLoS One.  

 

ABSTRACT 

Diabetic human patients are at increased risk of developing tendinopathy. 

Hyperglycemia-induced production of reactive oxygen species by NADPH (NOX) enzymes 

plays an important role in other diabetes-related conditions and represents a potential therapeutic 

target.  Despite this association, there is no information about the expression of NOX isozymes 

in the tendon response to hyperglycemia.  The purpose of our study was to characterize the 

expression of NOX isozymes in adult tenocytes cultured in physiological (5.5 mM; PG) or high 

(25 mM; HG) glucose medium over time, and to examine the effects of chronic exposure to 

elevated extracellular glucose on tenocyte behavior in vitro.   

Following isolation, equine tenocytes (n=4 horses) were serially cultured in HG or PG 

medium for five passages.  Expression of NOX isozymes (NOX1-5, DUOX1-2) and tendon-

related genes (scleraxis, tenomodulin, collagen type Iα1, collagen type IIIα1), population 

doubling time, phenotype, and total glycosaminoglycan (GAG) content were assessed at each 

passage and evaluated for changes over time and between groups.  

Adult tenocytes expressed NOX1, NOX4, and DUOX2; however, expression did not 

change with culture in HG.  NOX4 expression decreased over time, whereas NOX1 and DUOX2 
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expression were unchanged.  There were no changes in the expression of tendon-related genes, 

proliferation rates, or GAG production over time or in HG medium. 

This study is the first to report expression of NOX isozymes in tenocytes and supports a 

possible role for NOX4 in tenocyte function. Tenocyte phenotype was unaltered by extracellular 

glucose concentration. 

 

INTRODUCTION 

Human patients with Type I and Type II diabetes are at increased risk for the 

development of tendon-related disorders, including degenerative tendinopathy, impaired healing, 

and increased incidence of tendon rupture [1, 2].  The prevalence of these conditions in the 

diabetic population increases with poor glycemic control and disease duration [1, 3].  

Symptomatic Achilles tendinopathy occurs more frequently in diabetic men under 44 years of 

age compared to non-diabetic men of the same age [4].  Rotator cuff degeneration and tears are 

also seen more frequently in patients with diabetes, and patients with normal, but high, fasting 

plasma glucose levels [5-8].  The negative effects of diabetic hyperglycemia on tendon function 

are attributed to changes in the structure of the tendon extracellular matrix, which leads to tissue 

stiffening and pathological cell behavior [9]. 

Oxidative stress, or the increased production of reactive oxygen species (ROS), appears 

to play a particularly central role in promoting the tissue damage seen in common diabetic co-

morbidities [10-12].  Intrarenal oxidative stress is a major driver of diabetic kidney disease [13].  

Uncontrolled hyperlycemia increases mitochondrial ROS production in endothelial cells, which 

contributes to increased levels of atherosclerosis in diabetic patients [14].  Though ROS can be 

generated through a number of mechanisms, hyperglycemia-induced ROS accumulation is 
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frequently due to the activity of a family of membrane-bound, ROS generating enzymes known 

as NADPH oxidases (NOX) [15-17].   

The NOX family is composed of seven isozymes (NOX1-5, Dual Oxidase [DUOX]1-2) 

that are capable of ROS production [18].  NOX isozyme expression and activity is tissue and 

context dependent [19-21].  Human aortic endothelial cells, for example, normally express very 

low amounts of NOX1 [15]; however, culture in high glucose (25 mM) increased expression of 

NOX1 and was associated with increases in proinflammatory and profibrotic markers [15].  

Similarly, increased expression of NOX4 has been implicated in hyperglycemia-induced renal 

cortex fibrosis [22].  Inhibition of NOX1 in endothelial cells and NOX4 in kidney cells, through 

siRNA knockdown or treatment with pharmacological inhibitors, abolishes the detrimental 

effects of increased extracellular glucose [15, 22].  Together, these results suggest that NOX 

enzymes are critical regulators of the hyperglycemic response as well as potential targets for 

therapeutic intervention.  Little is known about NOX isozymes in tendon despite ample evidence 

of a role for ROS-induced oxidative stress in the development of tendinopathy [23, 24].  Culture 

in high (17.5 mM) extracellular glucose increased the susceptibility of human tenocytes to 

exogenous oxidative stress, whereas low (5 mM) glucose levels promoted the expression of 

collagen and tendon marker genes [25].  It is likely that hyperglycemia induces ROS production 

by resident tenocytes; however, there is no information available regarding the expression of 

NOX isozymes in tenocytes, or how the NOX family may contribute to the increased incidence 

of tendinopathy in diabetic patients.  

The purpose of this study was to characterize the expression of NOX isozymes in adult 

tenocytes in response to extracellular glucose concentrations and to examine the effects of 

prolonged exposure to elevated extracellular glucose on tenocyte behavior in vitro.  We 
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hypothesized that adult tenocytes would express a subset of the NOX isozymes and that culture 

in high glucose (25 mM; HG) containing medium would alter NOX isozyme expression 

compared to physiological glucose (5.5 mM; PG).  We further hypothesized that culture in HG 

medium would decrease expression of tendon-related genes, proliferation rates, and 

glycosaminoglycan (GAG)  content of tenocytes over time.   

 

MATERIALS AND METHODS 

Tenocyte Isolation and Culture  

Tenocytes were isolated from the superficial digital flexor tendon (SDFT) of four adult 

light breed horses (mean age 6.5 ± 3 years; 3 females, 1 castrated male) with IACUC approval.  

Following euthanasia by barbiturate overdose for reasons unrelated to this study, the tensile 

region of both SDFT were aseptically excised, stripped of the paratenon, and minced into small 

pieces (2-5mm).  Tendon was digested overnight in either high (HG; 4.5 g/L [25 mM]) or 

physiological (PG; 1.0 g/L [5.5 mM]) glucose-containing growth medium (Dulbecco’s modified 

Eagle’s medium [DMEM], 10% FBS, 2 mM L-glutamine, 50µg/mL ascorbic acid, 25mM 

HEPES, 100 units/mL penicillin, and 100 µg/mL streptomycin) including 0.075% collagenase 

type 2 (Worthington Biochemical, Lakewood, NJ) and 0.06 µg/mL α-ketoglutaric acid at 37°C, 

5% CO2, and 90% humidity.  Cells from each horse were strained, pelleted, and plated at 

6,000/cm2 into two 15-cm plates (for serial passaging) and six 6-cm plates per horse in HG or PG 

growth medium (two each for RNA isolation, GAG/DNA content, and image analysis, as 

described below).  Medium was exchanged every three days.  Cells were passaged using 0.25% 

trypsin-EDTA and harvested upon reaching 70-80% confluence.  The entire experiment was 

repeated for six passages (p0 through p5) per horse. 
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Tenocyte Proliferation Rate and Phenotype 

Upon reaching 70-80% confluence, duplicate monolayers were trypsinized and the cells 

were counted before passaging.  Population doubling time was determined using the following 

equation: 

𝐷𝑇 =
𝑇	(ln(2))
ln(𝑥2 − 𝑥?)

 

where DT = doubling time, T = culture time in days, 𝑥2 = number of cells at passaging, and 𝑥? = 

the number of cells seeded initially [26].  Additionally, duplicate cell monolayers from each 

passage, glucose concentration, and horse were fixed in 4% paraformaldehyde for 15 minutes at 

room temperature.  Images were taken of each monolayer and subjectively examined for overt 

changes in cell phenotype (ImageJ, National Institutes of Health, Bethesda, MD).  

 

Gene Expression Analysis 

Total RNA was isolated from duplicate cell monolayers at each passage using guanidine 

isothiocyanate-phenol solution (TRIzol® Reagent, Invitrogen, Carlsbad, CA) and column 

purification according to manufacturer instructions (Direct-zol Microprep, Zymo Research, 

Irvine, VA).  Samples were evaluated spectrophotometrically (NanoDrop, Thermo Scientific, 

Waltham, MA) for quantity and purity.  First-strand cDNA was synthesized using random 

primers (High-Capacity cDNA Reverse Transcription Kit, Applied Biosystems, Foster City, 

CA).  Equine-specific primer/probe sets for tendon- and stress-related genes were purchased 

(SCX assay #Ec03818452_s1, TNMD assay #Ec03467883_m1, Life Technologies) or designed 

(Table A.1; Primer Express®, Applied Biosystems), validated against known templates for 

primer specificity and efficiency, and used for qPCR (TaqManTM Master Mix, Life 
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Technologies; StepOnePlusTM Real-Time PCR System, Applied Biosystems).  Gene expression 

was calculated using the delta-delta Ct method and the housekeeping gene glyceraldehyde 3-

phosphate dehydrogenase (GAPDH) and normalized to the first passage high glucose group [27, 

28].  

 
Table A.1 - Equine-specific primer and probe sequences used for qPCR 

Gene Forward (5' to 3') Reverse (5' to 3') Probe (5' to 3') 
GAPDH CAAGTTCCATGGCACAGTCAAG  GGCCTTTCCGTTGATGACAA CCGAGCACGGGAAG 

COL1A1 GCCAAGAAGAAGGCCAAGAAGAA  TGAGGCCGTCCTGTATGC ACATCCCAGCAGTCACCT  

COL3A1 CTGCTTCATCCCACTCTTATTCTG ATCCGCATAGGACTGACCAAGAT  AACAGGAAGTTGCTGAAGG  

NOX1 TCATCGGCTTAGGGCTTCAC TGCATGCTCTCTTGTGTTTGG CATTGGTGGAATTGTTC 

NOX2 AAATTTGAAGATAAGCCTGGTGAAA GGCCTCCTTCAGGATTCTTGAT TACCTCAATTTTGCTGAAAAG 

NOX3 AGGAGACTGGACGGAAGCTTT ACACGCTCACGGGATAGTGAA CCGCCAAGGCTGG 

NOX4 GAGCCCAGGTTCCAAGCTAA GGCACAAAGGTCCAGAAAGC TTTCCACAGACTTGGCT 

NOX5 TTCATCGCGGTGCTGATG TTAGCTGGTGGAACTGGATGTTC TGGCTACGGGCCACGT 

DUOX1 TGCAGGACAGGCCTCCAT GCAAGTGGTAGCCGAAGAAGA AGAAACCGCACGGTGC 

DUOX2 GGCCCTGCTGCTCAAGATC CGCTCCTCCTCGGAGTTAAA AGTATGACCTGGTGCTGC 

 

Biochemical Analysis 

At each passage, duplicate conditioned medium and cell monolayers were collected for 

GAG and DNA analysis.  Monolayers were trypsinized, pelleted, and lyophilized prior to 

digestion in 0.5 mg/mL papain (Sigma-Aldrich Corporation, St. Louis, MO) for 4 hours in a 

65°C water bath.  GAG content was measured from both cell monolayer and conditioned 

medium using the dimethylmethylene blue dye-binding assay [29, 30].  Monolayer samples were 

digested for an additional 16 hours at 65°C for DNA quantification using the bisbenzamide 

fluorometric assay [30, 31].  Total GAG content is shown normalized to the monolayer DNA 

content for each sample ± standard deviation. 
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Statistical Analysis  

All data were analyzed by mixed model ANOVA with Tukey’s post hoc testing using the 

PROC GLIMMIX procedure in SAS Studio 3.6 (SAS Institute Inc., Cary, NC).  Model fit was 

evaluated by examining studentized residual plots.  Data are shown as box and whisker plots 

representing the median value and 25th and 75th percentiles, with whiskers denoting the minimum 

and maximum values for a total n=4 horses.  Statistical significance was set at p≤0.05.   

 

RESULTS 

Tenocyte Proliferation Rate and Phenotype 

Freshly isolated tendon cells adhered to the culture dishes within 24 hours of plating and 

began to proliferate within 48 hours.  Time between subcultures averaged 4.3 ± 1.4 days with a 

total time in culture of 25 ± 1 days in both HG and PG.  Proliferation rate of tenocytes decreased 

significantly over time in both HG and PG (p=0.042; Fig A.1); however, there was no effect of 

extracellular glucose concentration (p=0.959).  Following isolation, cultures initially (within 24 

hours of plating) contained heterogeneous cell populations with the majority of cells exhibiting 

the typical branched, fibroblastic morphology (Fig A.2).  Macrophage-like cells and small 

colonies of cobblestone, epithelial-like cells were observed in both conditions.  These smaller 

sub-populations were no longer present following the first passage (p0 to p1).  By the second 

passage, cultures contained homogenous populations of fibroblasts with well-defined nuclei 

containing two or three nucleoli (Fig A.3).  Multi-nucleated cells were present throughout the 

study in both conditions.  
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Figure A.1 – Population doubling times of equine tenocytes grown in culture medium 
containing high (25 mM; HG) or physiological (5.5 mM; PG) glucose.  The doubling time 
of tenocytes in both media increased over time with no effect of extracellular glucose 
concentration.  

 
 
 

 
 

Figure A.2 – Representative images of P0 tendon cells from 2 horses 72 hours (p0) post-
isolation in high (A and C) or physiological (B and D) glucose.  At 72 hours, the majority 
of the cells were fibroblastic in nature, though macrophage-like cells (black arrows) and 
endothelial-like cells (white arrows) were also present in both culture conditions.  Scale 
bar = 100 µm. 
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Figure A.3 – Representative images of tenocytes grown in culture media 
containing high (A, C, E) or physiological glucose (B, D, F) at passages 1 (A, B), 
3 (C, D), and 5 (E, F).  Multinucleated cells were observed throughout the study 
(black arrows). No differences were observed between cells grown in high or 
physiologic glucose medium. Scale bar = 100 µm. 
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Gene Expression 

TNMD, NOX2, NOX3, NOX5, and DUOX1 were not expressed at any time point or in 

either media condition.  There was no effect of extracellular glucose concentration or time in 

culture on the expression of SCX, COL1A1, COL3A1, DUOX2, or NOX1 (Fig A.4).  NOX4 

expression decreased by >50% from passage 0 to 5; however, due to high biological variation, 

this difference was not statistically significant (p=0.080).  NOX4 expression was not affected by 

extracellular glucose concentration (p=0.382).   

 

 

Figure A.4 – Effect of extracellular glucose concentration on the expression of 
tendon-related genes and isozymes of NADPH oxidase (NOX), and dual oxidase 
(DUOX) by equine tenocytes over time in culture.  

 

	
Glycosaminoglycan Content 

Neither extracellular glucose concentration (p=0.467) or time in culture (p=0.738) had an 

effect on the production of GAG by tenocytes (Table A.2).   
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Table A.2. Effects of extracellular glucose concentration on GAG 
production by equine tenocytes.  
 

Passage 
GAG content* 

p-value HG PG 
0 1.33 ± 1.10 1.48 ± 1.05 0.565 
1 1.47 ± 0.83 1.29 ± 1.06 0.480 
2 1.34 ± 0.95 1.04 ± 0.85 0.231 
3 1.37 ± 0.78 1.50 ± 0.77 0.594 
4 1.56 ± 0.71 1.19 ± 0.50 0.138 
5 1.21 ± 0.30 1.34 ± 0.87 0.595 

HG=high glucose; LG=low glucose 
*Normalized to DNA content (no units) 

 

DISCUSSION 

To our knowledge, this is the first study to characterize the expression of NOX isozymes 

in tenocytes.  Tenocytes in both HG and PG medium expressed NOX1, 4, and DUOX2 for up to 

five passages following isolation, with no expression of NOX2, 3, 5, and DUOX1 observed at 

any time point or in either glucose concentration.  Culture in HG medium did not alter NOX 

isozyme expression; however, NOX4 expression did decrease over time with increasing passage 

in monolayer culture.  In our in vitro monolayer culture system, extracellular glucose 

concentration did not affect the expression of common tendon markers, tenocyte proliferation, or 

GAG production.   

Although the NOX family genes are widely expressed and important in many processes 

in a variety of tissues, little is known about the specific functions of the individual isozymes.  

The lack of expression of NOX2, 3, 5 and DUOX1 by tenocytes in our study is difficult to 

interpret in light of the absence of other studies in musculoskeletal tissue for comparison.  

NOX2, the first NOX isozyme described, was originally identified for its important role in 

microbial host defense; however, it is increasingly being associated with dysfunction in many 
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tissues [32, 33].  NOX3 is expressed predominately in the inner ear [34], whereas DUOX1 is 

generally associated with thyroid function and mucosal defense [35].  Even less is known about 

NOX5, because it is absent in common rodent genomes [36].  Despite the absence of expression 

of these isozymes in our study, it is possible that they may be induced in other in vitro or in vivo 

contexts in tendon.  The relationship between the individual NOX isoforms and tissue behavior 

is complex and therefore requires further elaboration. 

NOX1, 4, and DUOX1 were expressed by tenocytes in our study, with no change in 

expression due to culture in HG medium.  NOX1 is most often studied in the context of colon 

cancer and various cardiovascular pathologies where it appears to play a role in promoting 

chronic inflammation [15, 32, 37].  Aside from this, NOX1 is also expressed in normal skeletal 

muscle and osteoblasts, though there is no information about the specific function it serves in 

these tissues [38, 39].  Expression of DUOX2 by tenocytes in our study was somewhat surprising 

given that DUOX2, like DUOX1, is best characterized for its roles in the synthesis of thyroid 

hormone [40, 41] and in gastrointestinal mucosal host defense [42, 43].  Outside of these tissues, 

information on the expression and function of DUOX2 is scarce.  Sun et al. reported that 

DUOX2 is expressed in normal rat skeletal muscle and in differentiated C2C12 cells, suggesting 

an unknown role in muscle function [44].  Considering the close relationship between tendon and 

muscle, expression of DUOX2 in tenocytes in our study may be consistent with this report.  

Unlike other NOX isozymes, DUOX2 activation is dependent on the availability of intracellular 

calcium [18].  Given the important role of calcium signaling in both muscle and tendon 

physiology [45, 46], the function of DUOX2 in both tissues warrants further investigation.  

In addition to NOX1 and DUOX2, tenocytes in our study expressed NOX4, which was 

unaffected by culture in HG medium.  Unlike the other NOX homologues whose expression 
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appears to be tissue-restricted, NOX4 is broadly expressed in many tissues [18].  As such, NOX4 

has gained considerable attention over the years for its involvement in many different processes, 

including cartilage differentiation [21], regulation of endothelial cell [47] and osteoclast function 

[48], and cardiac adaption to overload stress [49].  The expression of NOX4 in tenocytes is 

somewhat unsurprising based on its broad expression and involvement in other musculoskeletal 

processes.  Moreover, NOX4 activity appears to protect against ischemic injury and oxidative 

stress in mechanically active tissues including heart and the vasculature [50-52].  Future studies 

are needed to determine whether NOX4 plays a similarly protective role in tendon.   

Though unaffected by culture in HG medium, NOX4 was the only isozyme affected by 

time in our study, decreasing by nearly 50% from passage 0 to 5.  NOX4 is unique in that it is 

constitutively active and produces ROS in the form of hydrogen peroxide instead of superoxide 

like NOX1-3 [18, 53].  In addition, activation of NOX4 does not require association with 

regulatory subunits, therefore ROS production is directly controlled by NOX4 gene expression 

[54].  This suggests that the decrease in NOX4 expression over time in our study would result in 

a concurrent decrease in ROS production.  The significance and impact of such a reduction in 

ROS on tenocyte function requires further investigation.  Interestingly, NOX4 was identified as a 

tendon-selective gene compared to other musculoskeletal tissues in humans [55].  Of all the 

genes evaluated in our study, NOX4 was the only gene affected by time.  In contrast, other more 

commonly used tendon markers (SCX, COL1A1, COL3A1) were unaffected.  Phenotypic drift 

of tenocytes over prolonged time in culture is a well-known phenomenon [56].  Our results 

suggest that NOX4 may serve as a more sensitive marker of tenocyte identity over time in vitro 

than more traditional markers.  Further studies examining the role of NOX4 in tenocyte behavior, 
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both in vivo and in vitro, are needed to better understand its possible role in tendon cell 

homeostasis. 

In addition to characterizing the expression of NOX isozymes, we also evaluated the 

effects of culture in HG-containing medium on tenocyte behavior.  We found no effect of 

exposure to HG containing medium on the expression of tendon-related genes, tenocyte 

proliferation rates, or GAG production over six passages.  In agreement with the lack of change 

in these parameters, we also observed no overt changes in cell phenotype.  Undetectable 

expression of TNMD in our study is consistent with other studies of tenocytes in vitro [55, 57].  

The lack of changes in expression of the tendon-related genes SCX, COL1A1, and COL3A1 

with culture in HG or PG medium in our study are also consistent with recent reports of rat 

Achilles-derived tenocytes in vitro [58, 59].  Rat tenocytes showed a similar response when 

cultured in PG or HG over 14 days, with no differences in cell proliferation, apoptosis, or 

expression of COL1A1 or SCX between the two groups [59].  The same study did, however, 

report a difference in several other genes not measured in our study, including the transcription 

factor Mohawk and the secreted proteins early growth response protein 1 (EGR1), transforming 

growth factor-β1 (TGF-β1), collagen type Iα2, and biglycan after two weeks [59].  Additionally, 

Tsai et al. reported that culture in high glucose medium for 24 hours upregulated the expression 

of matrix metalloproteinases (MMP) -9 and -13 [58].  Though culture in HG does not appear to 

affect the expression of common tendon markers, these studies suggest that increased 

extracellular glucose levels may contribute to diabetes-related tendinopathy by disrupting 

tenocyte homeostasis.  
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In contrast to the results observed in tenocytes, culture in high glucose medium (15 mM 

and 25 mM) significantly decreased the proliferation rate of rat patellar tendon-derived stem 

cells compared to low glucose (5.5 mM) medium after 1, 3, and 5 days in culture, and decreased 

the expression of COL1A1 and SCX after 48 hours [60].  Tendon-derived stem cells are a 

subpopulation of tendon cells that have been identified in many species, including the horse [61-

63], though their identity, function, and ideal isolation technique remain somewhat vague [64].  

Tendon-derived stem cells exist in a proteinaceous stem cell niche located within the tendon 

proper [61].  Moreover, EGR1 and TGF-β1 are potent inducers of tenogenesis in tendon-derived 

stem cells [65, 66].  Interestingly, biglycan (an important component of the tendon stem cell 

niche), EGR1, and TGF-β1 were all downregulated in tenocytes following culture in HG 

medium [59].  These studies suggest that the cumulative damaging effects of high glucose on the 

tendons of diabetic patients may be due to a tenocyte-mediated disruption of the tendon-derived 

stem cell niche, though this connection clearly requires further investigation.  

The lack of changes in tenocyte behavior when cultured in HG medium may also be 

related to the in vitro nature of our study.  In vivo, the accumulation of advanced glycation end 

products (AGE) are thought to be a major driver of the tissue damage seen in diabetic 

tendinopathies [67-69].  AGE are glycated proteins or lipids formed through a non-enzymatic, 

irreversible reaction with carbohydrates (glucose)[70].  Once formed, these complexes can form 

aberrant collagen cross-links, which lead to disorganization of the collagen matrix and increased 

tissue stiffness [71, 72].  Moreover, AGE can induce the expression and activity of NOX 

isozymes, and pharmacological inhibition of NOX isozymes can decrease AGE-induced tissue 

damage [73, 74].  These results indicate an intimate relationship between AGE and NOX 

isozyme activity.  Standard 2D monolayer cell culture does not replicate the in vivo environment 
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of the tendon extracellular matrix, potentially losing the effects of HG culture on NOX 

activation.  Additional studies are needed to better define the relationship between extracellular 

glucose, AGE formation, and NOX isozyme expression in tendon.   

Equine cells were chosen for our study because tendinopathy is common in horses, and 

horses are a good model for human tendinopathy due to the similarity between the major weight-

bearing tendons in both anatomical structure and pathophysiology [75, 76].  The horse has the 

advantage over rodent models in the context of studying the role of NOX isozymes in normal 

and pathological conditions, because neither the mouse or rat genome contain the NOX5 gene, 

whereas both horses and humans do [36].  Moreover, isolation of sufficient quantities of murine 

tenocytes is technically difficult.  Hyperglycemia in horses is rare, but diagnosis of insulin 

resistance, or equine metabolic syndrome (EMS), is increasingly common [77, 78].  Unlike 

humans, horses diagnosed with EMS do not go on to develop diabetes.  Nevertheless, increased 

blood glucose and circulating insulin due to EMS have been linked to the development of 

laminitis, a painful inflammatory condition affecting the hoof lamellae [79, 80].  The presence of 

AGE in a model of insulin-induced laminitis suggests that increased extracellular glucose may 

play a role in driving EMS-related disorders [81].  Despite the use of horses as a model for 

human disease, the relationship between EMS and laminitis, and the correlation between diabetes 

in humans and tendinopathy, the effects of increased glucose levels on the development of 

tendon disorders in the horse have not been studied.   

In conclusion, NOX1 and 4 and DUOX2 are expressed in adult equine tenocytes and 

NOX isozyme expression was unaffected by prolonged culture in HG culture medium in vitro.  

Prolonged HG exposure also had no effect on the expression of the tendon markers SCX, 

COL1A1, or COL3A1, tenocyte proliferation, or GAG production.  NOX4 expression, however, 
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did decrease over time.  This temporal change, when considered in the context of NOX4 being 

identified as a tendon-selective gene in humans, suggests that NOX4 may indeed be a more 

sensitive marker of tenocyte identity than more common tendon marker genes.  A better 

understanding of the relationship between HG and NOX isozymes in tenocyte function may help 

develop novel treatments for diabetic-related tendinopathies.  

	 	



	 172 

REFERENCES 

1. Lui PPY. Tendinopathy in diabetes mellitus patients-Epidemiology, pathogenesis, and 

management. Scand J Med Sci Sports, 2017. 27(8): p. 776-87. 

2. Bruggeman NB, Turner NS, Dahm DL, Voll AE, Hoskin TL, Jacofsky DJ, and 

Haidukewych GJ. Wound complications after open Achilles tendon repair: an analysis of 

risk factors. Clin Orthop Relat Res, 2004(427): p. 63-6. 

3. Aydeniz A, Gursoy S, and Guney E. Which musculoskeletal complications are most 

frequently seen in type 2 diabetes mellitus? J Int Med Res, 2008. 36(3): p. 505-11. 

4. Holmes GB and Lin J. Etiologic Factors Associated with Symptomatic Achilles 

Tendinopathy. Foot Ankle Int, 2006. 27(11): p. 952-59. 

5. Abate M, Schiavone C, and Salini V. Sonographic evaluation of the shoulder in 

asymptomatic elderly subjects with diabetes. BMC Musculoskelet Disord, 2010. 11: p. 

278. 

6. Hsu C‐ L and Sheu WH. Diabetes and shoulder disorders. J Diabetes Investig, 2016. 

7(5): p. 649-51. 

7. Thomas SJ, McDougall C, Brown ID, Jaberoo MC, Stearns A, Ashraf R, Fisher M, and 

Kelly IG. Prevalence of symptoms and signs of shoulder problems in people with 

diabetes mellitus. J Shoulder Elbow Surg, 2007. 16(6): p. 748-51. 

8. Longo UG, Franceschi F, Ruzzini L, Spiezia F, Maffulli N, and Denaro V. Higher fasting 

plasma glucose levels within the normoglycaemic range and rotator cuff tears. Br J Sports 

Med, 2009. 43(4): p. 284-7. 

9. Abate M, Schiavone C, Pelotti P, and Salini V. Limited joint mobility in diabetes and 

ageing: recent advances in pathogenesis and therapy. Int J Immunopathol Pharmacol, 

2010. 23(4): p. 997-1003. 

10. Giacco F and Brownlee M. Oxidative stress and diabetic complications. Circ Res, 2010. 

107(9): p. 1058-70. 

11. Brownlee M. The Pathobiology of Diabetic Complications. Diabetes, 2005. 54: p. 1615-

25. 

12. Nishikawa T and Araki E. Impact of mitochondrial ROS production in the pathogenesis 

of diabetes mellitus and its complications. Antioxid Redox Signal, 2007. 9(3): p. 343-53. 



	 173 

13. Jha JC, Banal C, Chow BS, Cooper ME, and Jandeleit-Dahm K. Diabetes and Kidney 

Disease: Role of Oxidative Stress. Antioxid Redox Signal, 2016. 25(12): p. 657-684. 

14. Kaneto H, Katakami N, Matsuhisa M, and Matsuoka T. Role of Reactive Oxygen Species 

in the Progression of Type 2 Diabetes and Atherosclerosis. Mediators Inflamm, 2010. 

2010. 

15. Gray SP, Di Marco E, Okabe J, Szyndralewiez C, Heitz F, et al. NADPH oxidase 1 plays 

a key role in diabetes mellitus-accelerated atherosclerosis. Circulation, 2013. 127(18): p. 

1888-902. 

16. Rhee EP. NADPH Oxidase 4 at the Nexus of Diabetes, Reactive Oxygen Species, and 

Renal Metabolism. J Am Soc Nephrol, 2016. 27(2): p. 337-9. 

17. Ding H, Aljofan M, and Triggle CR. Oxidative stress and increased eNOS and NADPH 

oxidase expression in mouse microvessel endothelial cells. J Cell Physiol, 2007. 212(3): 

p. 682-9. 

18. Bedard K and Krause KH. The NOX family of ROS-generating NADPH oxidases: 

physiology and pathophysiology. Physiol Rev, 2007. 87(1): p. 245-313. 

19. Hernandes MS and Britto LRG. NADPH Oxidase and Neurodegeneration. Curr 

Neuropharmacol, 2012. 10(4): p. 321-7. 

20. Sirker A, Zhang M, and Shah AM. NADPH oxidases in cardiovascular disease: insights 

from in vivo models and clinical studies. Basic Res Cardiol, 2011. 106(5): p. 735-47. 

21. Kim KS, Choi HW, Yoon HE, and Kim IY. Reactive oxygen species generated by 

NADPH oxidase 2 and 4 are required for chondrogenic differentiation. J Biol Chem, 

2010. 285(51): p. 40294-302. 

22. Sedeek M, Callera G, Montezano A, Gutsol A, Heitz F, et al. Critical role of Nox4-based 

NADPH oxidase in glucose-induced oxidative stress in the kidney: implications in type 2 

diabetic nephropathy. Am J Physiol Renal Physiol, 2010. 299(6): p. F1348-58. 

23. Bestwick CS and Maffulli N. Reactive oxygen species and tendinopathy: do they matter? 

Br J Sports Med, 2004. 38(6): p. 672-4. 

24. Longo UG, Oliva F, Denaro V, and Maffulli N. Oxygen species and overuse 

tendinopathy in athletes. Disabil Rehabil, 2008. 30(20-22): p. 1563-71. 



	 174 

25. Poulsen RC, Knowles HJ, Carr AJ, and Hulley PA. Cell differentiation versus cell death: 

extracellular glucose is a key determinant of cell fate following oxidative stress exposure. 

Cell Death Dis, 2014. 5: p. e1074. 

26. Freshney RI. Culture of Animal Cells: A Manual of Basic Technique and Specialized 

Applications, 7th Edition. Vol. 7. 2016: Wiley-Blackwell. 728. 

27. Livak KJ and Schmittgen TD. Analysis of relative gene expression data using real-time 

quantitative PCR and the 2(-Delta Delta C(T)) Method. Methods, 2001. 25(4): p. 402-8. 

28. Cardwell RD, Dahlgren LA, and Goldstein AS. Electrospun fibre diameter, not 

alignment, affects mesenchymal stem cell differentiation into the tendon/ligament 

lineage. J Tissue Eng Regen Med, 2014. 8(12): p. 937-45. 

29. Farndale RW, Buttle DJ, and Barrett AJ. Improved quantitation and discrimination of 

sulphated glycosaminoglycans by use of dimethylmethylene blue. Biochim Biophys 

Acta, 1986. 883(2): p. 173-7. 

30. Cissell JM, Milton SC, and Dahlgren LA. Investigation of the effects of prostaglandin E₂ 

on equine superficial digital flexor tendon fibroblasts in vitro. Vet Comp Orthop 

Traumatol, 2010. 23(6): p. 417-23. 

31. Rao J and Otto WR. Fluorimetric DNA assay for cell growth estimation. Anal Biochem, 

1992. 207(1): p. 186-92. 

32. Drummond GR and Sobey CG. Endothelial NADPH oxidases: which NOX to target in 

vascular disease? Trends Endocrinol Metab. 25(9): p. 452-63. 

33. Singel KL. NOX2-dependent regulation of inflammation. 2016. 130(7): p. 479-90. 

34. Paffenholz R, Bergstrom RA, Pasutto F, Wabnitz P, Munroe RJ, et al. Vestibular defects 

in head-tilt mice result from mutations in Nox3, encoding an NADPH oxidase. Genes 

Dev, 2004. 18(5): p. 486-91. 

35. Donkó Á, Péterfi Z, Sum A, Leto T, and Geiszt M. Dual oxidases. Philos Trans R Soc 

Lond B Biol Sci, 2005. 360(1464): p. 2301-8. 

36. Fulton DJR. Nox5 and the Regulation of Cellular Function. Antioxid Redox Signal, 2009. 

11(10): p. 2443-52. 

37. Meitzler JL, Antony S, Wu Y, Juhasz A, Liu H, Jiang G, Lu J, Roy K, and Doroshow JH. 

NADPH Oxidases: A Perspective on Reactive Oxygen Species Production in Tumor 

Biology. Antioxid Redox Signal, 2014. 20(17): p. 2873-89. 



	 175 

38. Ferreira LF and Laitano O. REGULATION OF NADPH OXIDASES IN SKELETAL 

MUSCLE. Free Radic Biol Med, 2016. 98: p. 18-28. 

39. Ambe K, Watanabe H, Takahashi S, and Nakagawa T. Immunohistochemical localization 

of Nox1, Nox4 and Mn-SOD in mouse femur during endochondral ossification. Tissue 

Cell, 2014. 46(6): p. 433-8. 

40. Carvalho DP and Dupuy C. Role of the NADPH Oxidases DUOX and NOX4 in Thyroid 

Oxidative Stress. Eur Thyroid J, 2013. 2(3): p. 160-7. 

41. Ohye H and Sugawara M. Dual oxidase, hydrogen peroxide and thyroid diseases. Exp 

Biol Med (Maywood), 2010. 235(4): p. 424-33. 

42. Hassani RAE, Benfares N, Caillou B, Talbot M, Sabourin J-C, et al. Dual oxidase2 is 

expressed all along the digestive tract. Am J Physiol Gastrointest Liver, 2005. 288(5): p. 

G933-G942. 

43. Lipinski S, Till A, Sina C, Arlt A, Grasberger H, Schreiber S, and Rosenstiel P. DUOX2-

derived reactive oxygen species are effectors of NOD2-mediated antibacterial responses. 

J Cell Sci, 2009. 122(19): p. 3522-30. 

44. Sun QA, Hess DT, Nogueira L, Yong S, Bowles DE, Eu J, Laurita KR, Meissner G, and 

Stamler JS. Oxygen-coupled redox regulation of the skeletal muscle ryanodine receptor-

Ca(2+) release channel by NADPH oxidase 4. Proc Natl Acad Sci USA, 2011. 108(38): 

p. 16098-103. 

45. Wall ME and Banes AJ. Early responses to mechanical load in tendon: role for calcium 

signaling, gap junctions and intercellular communication. J Musculoskelet Neuronal 

Interact, 2005. 5(1): p. 70-84. 

46. Berchtold MW, Brinkmeier H, and Muntener M. Calcium ion in skeletal muscle: its 

crucial role for muscle function, plasticity, and disease. Physiol Rev, 2000. 80(3): p. 

1215-65. 

47. Frey RS, Ushio-Fukai M, and Malik AB. NADPH oxidase-dependent signaling in 

endothelial cells: role in physiology and pathophysiology. Antioxid Redox Signal, 2009. 

11(4): p. 791-810. 

48. Yang S, Zhang Y, Ries W, and Key L. Expression of Nox4 in osteoclasts. J Cell 

Biochem, 2004. 92(2): p. 238-48. 



	 176 

49. Nabeebaccus A, Hafstad A, Eykyn T, Yin X, Brewer A, Zhang M, Mayr M, and Shah A. 

Cardiac-targeted NADPH oxidase 4 in the adaptive cardiac remodelling of the murine 

heart. Lancet, 2015. 385: p. S73. 

50. Zhang M, Brewer AC, Schroder K, Santos CX, Grieve DJ, et al. NADPH oxidase-4 

mediates protection against chronic load-induced stress in mouse hearts by enhancing 

angiogenesis. Proc Natl Acad Sci USA, 2010. 107(42): p. 18121-6. 

51. Schroder K, Zhang M, Benkhoff S, Mieth A, Pliquett R, et al. Nox4 is a protective 

reactive oxygen species generating vascular NADPH oxidase. Circ Res, 2012. 110(9): p. 

1217-25. 

52. Hakami NY, Ranjan AK, Hardikar AA, Dusting GJ, and Peshavariya HM. Role of 

NADPH Oxidase-4 in Human Endothelial Progenitor Cells. Front Physiol, 2017. 8. 

53. Guo S and Chen X. The human Nox4: gene, structure, physiological function and 

pathological significance. J Drug Target, 2015. 23(10): p. 888-96. 

54. Serrander L, Cartier L, Bedard K, Banfi B, Lardy B, et al. NOX4 activity is determined 

by mRNA levels and reveals a unique pattern of ROS generation. Biochem J, 2007. 

406(Pt 1): p. 105-14. 

55. Jelinsky SA, Archambault J, Li L, and Seeherman H. Tendon-selective genes identified 

from rat and human musculoskeletal tissues. J Orthop Res, 2010. 28(3): p. 289-97. 

56. Yao L, Bestwick CS, Bestwick LA, Maffulli N, and Aspden RM. Phenotypic drift in 

human tenocyte culture. Tissue Eng, 2006. 12(7): p. 1843-9. 

57. Bavin EP, Atkinson F, Barsby T, and Guest DJ. Scleraxis Is Essential for Tendon 

Differentiation by Equine Embryonic Stem Cells and in Equine Fetal Tenocytes. Stem 

Cells Dev, 2017. 26(6): p. 441-50. 

58. Tsai WC, Liang FC, Cheng JW, Lin LP, Chang SC, Chen HH, and Pang JHS. High 

glucose concentration up-regulates the expression of matrix metalloproteinase-9 and -13 

in tendon cells. BMC Musculoskelet Disord, 2013. 14: p. 255. 

59. Wu YF, Wang HK, Chang HW, Sun J, Sun JS, and Chao YH. High glucose alters tendon 

homeostasis through downregulation of the AMPK/Egr1 pathway. Sci Rep, 2017. 7: p. 

44199. 



	 177 

60. Lin YC, Li YJ, Rui YF, Dai GC, Shi L, et al. The effects of high glucose on tendon-

derived stem cells: implications of the pathogenesis of diabetic tendon disorders. 

Oncotarget, 2017. 8(11): p. 17518-28. 

61. Bi Y, Ehirchiou D, Kilts TM, Inkson CA, Embree MC, et al. Identification of tendon 

stem/progenitor cells and the role of the extracellular matrix in their niche. Nat Med, 

2007. 13(10): p. 1219-27. 

62. Zhang J and Wang JH. Characterization of differential properties of rabbit tendon stem 

cells and tenocytes. BMC Musculoskelet Disord, 2010. 11: p. 10. 

63. Lovati AB, Corradetti B, Lange Consiglio A, Recordati C, Bonacina E, Bizzaro D, and 

Cremonesi F. Characterization and differentiation of equine tendon-derived progenitor 

cells. J Biol Regul Homeost Agents, 2011. 25(2): p. S75-84. 

64. Williamson KA, Lee KJ, Humphreys WJ, Comerford EJ, Clegg PD, and Canty-Laird EG. 

Restricted differentiation potential of progenitor cell populations obtained from the 

equine superficial digital flexor tendon (SDFT). J Orthop Res, 2015. 33(6): p. 849-58. 

65. Tao X, Liu J, Chen L, Zhou Y, and Tang K. EGR1 induces tenogenic differentiation of 

tendon stem cells and promotes rabbit rotator cuff repair. Cell Physiol Biochem, 2015. 

35(2): p. 699-709. 

66. Guo J, Chan KM, Zhang JF, and Li G. Tendon-derived stem cells undergo spontaneous 

tenogenic differentiation. Exp Cell Res, 2016. 341(1): p. 1-7. 

67. Svensson RB, Smith ST, Moyer PJ, and Magnusson SP. Effects of maturation and 

advanced glycation on tensile mechanics of collagen fibrils from rat tail and Achilles 

tendons. Acta Biomater, 2018. 70: p. 270-80. 

68. Paul RG and Bailey AJ. Glycation of collagen: the basis of its central role in the late 

complications of ageing and diabetes. Int J Biochem Cell Biol, 1996. 28(12): p. 1297-

310. 

69. Banos CC, Thomas AH, and Kuo CK. Collagen fibrillogenesis in tendon development: 

current models and regulation of fibril assembly. Birth Defects Res C Embryo Today, 

2008. 84(3): p. 228-44. 

70. Monnier VM, Sell DR, Nagaraj RH, Miyata S, Grandhee S, Odetti P, and Ibrahim SA. 

Maillard reaction-mediated molecular damage to extracellular matrix and other tissue 

proteins in diabetes, aging, and uremia. Diabetes, 1992. 41: p. 36-41. 



	 178 

71. Llaurado G, Ceperuelo-Mallafre V, Vilardell C, Simo R, Gil P, Cano A, Vendrell J, and 

Gonzalez-Clemente JM. Advanced glycation end products are associated with arterial 

stiffness in type 1 diabetes. J Endocrinol, 2014. 221(3): p. 405-13. 

72. Moshtagh PR, Korthagen NM, van Rijen MHP, Castelein RM, Zadpoor AA, and 

Weinans H. Effects of non-enzymatic glycation on the micro- and nano-mechanics of 

articular cartilage. J Mech Behav Biomed Mater, 2018. 77: p. 551-6. 

73. Thallas-Bonke V, Thorpe SR, Coughlan MT, Fukami K, Yap FY, et al. Inhibition of 

NADPH oxidase prevents advanced glycation end product-mediated damage in diabetic 

nephropathy through a protein kinase C-alpha-dependent pathway. Diabetes, 2008. 57(2): 

p. 460-9. 

74. Guimaraes EL, Empsen C, Geerts A, and van Grunsven LA. Advanced glycation end 

products induce production of reactive oxygen species via the activation of NADPH 

oxidase in murine hepatic stellate cells. J Hepatol, 2010. 52(3): p. 389-97. 

75. Patterson-Kane JC, Becker DL, and Rich T. The Pathogenesis of Tendon Microdamage 

in Athletes: the Horse as a Natural Model for Basic Cellular Research. J Comp Pathol, 

2012. 147(2): p. 227-47. 

76. Patterson-Kane JC and Rich T. Achilles Tendon Injuries in Elite Athletes: Lessons in 

Pathophysiology from Their Equine Counterparts. ILAR J, 2014. 55(1): p. 86-99. 

77. Frank N. Equine Metabolic Syndrome. The Veterinary clinics of North America, 2011. 

27(1): p. 73-92. 

78. Geor R and Frank N. Metabolic syndrome—From human organ disease to laminar failure 

in equids. Veterinary Immunol Immunopathol, 2009. 129(3): p. 151-4. 

79. Asplin KE, Sillence MN, Pollitt CC, and McGowan CM. Induction of laminitis by 

prolonged hyperinsulinaemia in clinically normal ponies. Vet J, 2007. 174(3): p. 530-5. 

80. de Laat MA, Sillence MN, McGowan CM, and Pollitt CC. Continuous intravenous 

infusion of glucose induces endogenous hyperinsulinaemia and lamellar histopathology 

in Standardbred horses. Vet J, 2012. 191(3): p. 317-22. 

81. de Laat MA, Kyaw-Tanner MT, Sillence MN, McGowan CM, and Pollitt CC. Advanced 

glycation endproducts in horses with insulin-induced laminitis. Vet Immunol 

Immunopathol, 2012. 145(1-2): p. 395-401. 

	



	 179 

APPENDIX B: ADDITIONAL EFFECTS OF SCX KNOCKDOWN  

 

Scx Knockdown Decreases Tenocyte Susceptibility to Oxidative Stress 

In addition to an effect on cytoskeletal homeostasis, the transcriptomic study outlined in 

Chapter 3 indicated a role for Scx in regulating tenocyte metabolism.  Genes related to oxidative 

phosphorylation and mitochondrial organization were significantly upregulated in response to 

Scx knockdown.  This experiment was designed to validate this aspect of the pathway analysis 

and determine whether Scx knockdown affects tenocyte ability to withstand oxidative stress.  We 

hypothesized that tenocytes exposed to Scx siRNA would have decreased apoptosis when 

exposed to varying levels of exogenous hydrogen peroxide (H2O2) compared to control cells.  

Adult equine tenocytes (n=6 horses) were isolated and expanded prior to exposure to siRNA 

targeting the equine Scx transcript, or a scramble control siRNA, as described in Chapter 3.  

Following nucleofection, tenocytes were plated at 6,000/cm2 in collagen type I-coated 96 well 

culture plates and were allowed to adhere for 24 hours before being synchronized in culture 

medium containing 1% FBS.  After 3 days, tenocytes were exposed to 0, 50, 100, or 200 µM 

H2O2 in triplicate for 18 hours.  Apoptosis was measured by fluorometric plate reader using the 

CellEventTM caspase 3/7 assay following manufacturer’s instructions (Life Technologies).  

Relative caspase 3/7 activity was normalized to the cell number (quantified by Hoechst staining) 

and shown relative to the untreated group.  Statistical significance (p<0.05) was determined by 

unpaired Student’s T-Tests (Prism 7, GraphPad Software).   

As expected, we observed a dose-dependent increase in apoptotic activity with increasing 

H2O2 concentration.  Both control tenocytes and tenocytes exposed to Scx siRNA had high levels 

of relative caspase 3/7 activity when treated with 200 µM H2O2 for 18 hours and appeared 
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rounded when viewed by light microscopy.  Tenocytes exposed to 50 or 100 µM H2O2 appeared 

normal.  There was no difference in the baseline levels of caspase 3/7 activity between control 

and Scx siRNA tenocytes.  Tenocytes exposed to Scx siRNA exhibited significantly decreased 

caspase 3/7 activity compared to control tenocytes when exposed to both 50 (p=0.007) and 100 

µM H2O2 (p=0.021; Figure B.1).   

 

 

Figure B.1 – Tenocytes exposed to an siRNA targeting Scx showed significantly decreased 
caspase 3/7 activity in response to oxidative stress when cultured in media containing 50 
or 100 µM H2O2  for 18 hours. Mean ± SD. *p<0.05. n=6. 

 

 Increased oxidative phosphorylation induces a concurrent increase in the expression and 

activity of anti-oxidant compounds in order to mitigate the upsurge in reactive oxygen species 

production that occurs and protect the mitochondria from oxidative damage.  It therefore stands 

to reason that the increase in genes related to oxidative phosphorylation and mitochondrial 

organization observed following Scx knockdown in our transcriptomic study would bring about a 

concurrent increase in activity of the antioxidant defense system, conferring increased survival 

capabilities to tenocytes exposed to exogenous H2O2.  The results of this experiment support the 

results of our transcriptomic study and indicate a novel role for Scx in regulating the metabolic 

state of adult tenocytes.  
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Expression of Focal Adhesion Genes in Static vs. Cyclically Strained Tenocytes 

The transcriptomic study described in Chapter 3 identifies a novel role for Scx in 

regulating the focal adhesion and cytoskeletal dynamics of adult tenocytes.  In the study 

described, tenocytes were maintained under cyclic strain for three days following exposure to 

siRNA targeting Scx or a scramble siRNA prior to being submitted for RNA-sequencing.  This 

experimental design was chosen for several reasons, including the high cost of sequencing and 

the desire to identify a means by which Scx mediates the mechanoresponse in adult tenocytes, 

which would only be possible in cells exposed to mechanical strain.  For the follow up cohort 

study, a static group was added to facilitate gene expression comparisons between static and 

cyclic strain.  Adult equine tenocytes (n=6 horses) were isolated and expanded prior to exposure 

to siRNA targeting the equine Scx transcript, or a scramble control siRNA, and plating onto 

UniFlex® plates as described in Chapter 3.  Tenocytes were strained or held static for three days 

prior to harvest into TRIzol® Reagent (Invitrogen).  Total RNA was isolated by column 

purification according to manufacturer instructions (Direct-zol Microprep, Zymo Research).  

First-strand cDNA was synthesized using random primers (High-Capacity cDNA Reverse 

Transcription Kit, Applied Biosystems) for both the samples from the cohort study and the 

original transcriptomic study samples (n=6 horses for the static group and n=7 horses for the 

cyclic group).  Primers for genes of interest (Table 2.1) were designed (Primer Express®, 

Applied Biosystems), validated against known templates for primer efficiency, and used for 

qPCR (Taqman Master Mix, Life Technologies; StepOnePlus PCR System, Applied 

Biosystems).  Gene expression was calculated using the delta-delta Ct method (housekeeping 

gene GAPDH and normalized to cyclic control group).  Statistical significance (p<0.05) was 
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determined by mixed model ANOVA with Tukey’s post hoc testing using the PROC GLIMMIX 

procedure (SAS Studio 3.6, SAS Institute Inc.).   

 

 

Figure B.2 – Effects of Scx knockdown on the expression of focal adhesion-related genes 
in cyclically strained or static tenocytes.  Data are shown relative to GAPDH 
(housekeeping) and the cyclic LacZ group. Individual data points are represented by black 
(static) or white (cyclic) circles with lines indicating mean ± SD. *p<0.05. n=6 for static 
and n=7 for cyclic group. 
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There was significant variation in the magnitude of the gene expression changes between 

horses (Figure B.2).  Nonetheless, expression of Scx was decreased in tenocytes exposed to Scx 

siRNA in the static (p=0.140), and significantly downregulated in the cyclic strain group 

(p=0.008).  Though not statistically significant, the other genes quantified (BCAR1, TLN1, TN2, 

FLNB, FLNC) were lower in cyclically strained tenocytes exposed to Scx siRNA compared to 

control cells.  Cells maintained under static conditions showed no changes in gene expression 

due to Scx knockdown.  This decrease in the expression of focal adhesion adaptor protein genes 

following Scx knockdown in combination with cyclic, but not static, strain supports a role for 

Scx in mediating tenocyte mechanotransduction.  Repetition in a larger horse cohort or in 

tenocytes from a more amenable model species would strengthen this observation.  

 

Expression of Focal Adhesion Genes with Scx Overexpression in C3H10T1/2 Cells 

Expression of the focal adhesion-related genes BCAR1, FLNB, and TLN1 was 

downregulated, whereas expression of the genes FGF7 and AHNAK was upregulated following 

exposure of adult equine tenocytes to a siRNA targeting Scx (Chapter 3).  The purpose of this 

experiment was to determine whether Scx overexpression would show an opposite effect of Scx 

knockdown on the expression of these genes.  We hypothesized that expression of BCAR1, 

FLNB, and TLN1 would be increased, and FGF7 and AHNAK would be decreased in 

C3H10T1/2 cells 18 hours following Scx overexpression.  cDNA generated from samples in the 

study described in Chapter 2 were used.  Briefly, monolayer C3H10T1/2 cells at 18 hours post-

nucleofection with pcDNA3.1/Scx or pcDNA3.1/LacZ were harvested into TRIzol® Reagent 

(Invitrogen) and total RNA was isolated by column purification according to manufacturer 

instructions (Direct-zol Microprep, Zymo Research).  First-strand cDNA was synthesized using 
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random primers (High-Capacity cDNA Reverse Transcription Kit, Applied Biosystems).  

Primers for murine genes of interest (Table B.1) were designed (Primer Express®, Applied 

Biosystems) in addition to those presented in Table 2.1 (COL1 and TNMD).  Primers were 

validated against known templates for primer efficiency and melt curve analysis, and used for 

qPCR (SYBR Select Master Mix, Life Technologies; StepOnePlus PCR System, Applied 

Biosystems).  Gene expression was calculated using the delta-delta Ct method (housekeeping 

gene GAPDH and normalized to LacZ controls).  Statistical significance (p<0.05; n=3) was 

determined by unpaired Student’s T-Tests (Prism 7, GraphPad Software).  

 

Table B.11 – Murine primers used for qPCR. 

Gene Forward (5’ to 3’) Reverse (5’ to 3’) Reference 

BCAR1 TGCAGCAGCTGAAACAGTTTG GCCAGGTCGTGGTCTATTGG NM_001198839.1, exons 6-7 

FLNB AGAACTGGCAAGATGGCAAAG GGTCCCAGGATTCCCAGTCT NM_001081427.1, exons 2-3 

TLN1 CGTAAGATCTTTCAGGCACACAA GCGTACCTTGGCCTCAATTTC NM_011602.5, exons 8-9 

AHNAK CAGACCTGGACCCATGAAGTC GGTTGTACCGTGTTCAGAACCA NM_009643.2, exons 4-5 

FGF7 AAAGGGACCCAGGAGATGAAG AACTGCCACGGTCCTGATTT NM_008008.4, exons 2-3 
 

 For comparison, the expression of genes known to be directly regulated by Scx 

(COL1A1, TNMD) was examined first.  In C3H cells following Scx overexpression, there was 

no difference in the expression of COL1 (p=0.302) or TNMD (p=0.820) at 18 hours post-

nucleofection (Figure B.3).  In contrast, expression of BCAR1 and FLNB were significantly 

downregulated in cells overexpressing Scx (p=0.024 and p=0.013, respectively).  TLN1 

expression was also decreased, though this change was not statistically significant (p=0.081).  

Expression of AHNAK was significantly downregulated (p=0.021) following Scx 

overexpression, whereas expression of FGF7 was significantly increased (p=0.034).  Only 

downregulation of AHNAK was consistent with our hypothesis.  Interestingly, the other genes 
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examined showed a similar pattern of downregulation following Scx overexpression in C3H 

cells, as was observed following Scx knockdown in tenocytes.   

The lack of change in the expression of COL1 or TNMD with Scx overexpression 

coupled with significant changes in focal adhesion-related gene expression suggests that 

regulation of focal adhesion genes precedes changes in the expression of known Scx-regulated 

tendon markers in C3H10T1/2 cells.  The results of this experiment further support a role for Scx 

regulating that these genes identified in our transcriptomic study and suggest that the particular 

regulatory mechanism is cell-type dependent. 

 

 

Figure B.3 – Effects of Scx overexpression in C3H on genes affected by Scx knockdown 
in adult tenocytes.  Expression of BCAR1, TLNB, TLN1, AHNAK, and FGF7 were 
significantly altered by Scx overexpression, whereas TNMD and COL1 (genes directly 
regulated by Scx) were unaffected. Data are shown normalized to LacZ expression (gray 
dashed line) as mean ± SD. *p<0.05. n=3.  

 

Tenocyte Migration Towards Solubilized ECM Components 

 The study described in Chapter 3 showed a decrease in the expression of several key 

focal adhesion adaptor genes (BCAR1, TLN1) and a corresponding decrease in the ability of 

tenocytes exposed to Scx siRNA to migrate on soft surfaces.  Together, this suggests that Scx 

promotes tenocyte mechanotransduction by regulating the ability of cells to generate cytoskeletal 
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tension.  Cells can also migrate towards chemotactic factors, including various cytokines and 

ECM components.  The purpose of this experiment was to examine the effects of Scx 

knockdown on the chemotactic capacity of tenocytes towards various solubilized ECM 

components, including collagen type I, tendon ECM isolated from rat tail (rTECM), or equine 

SDFT (hTECM), sodium hyaluronate (Hylartin® V), or fibronectin.  We hypothesized that 

tenocytes exposed to Scx siRNA would exhibit impaired migration compared to control cells in a 

transwell migration assay.  Tenocytes were isolated, expanded, and exposed to siRNA as 

described in Chapter 3.  Following nucleofection, tenocytes were plated at 6,000/cm2 on collagen 

type I-coated 15 cm plates and allowed to adhere for 24 hours before being synchronized in 

culture medium containing 1% FBS.  After 3 days, tenocytes were trypsinized and labeled using 

a lipophilic cyanine tracer dye (DiO, Vybrant® Multicolor Cell-Labeling Kit, Invitrogen) 

according to manufacturer instructions.  Labeled tenocytes were then suspended in DMEM 

containing 0.1% BSA and seeded into the top well of a black 96 well transwell plate (3.0 um 

pore size, HTS FluoroBlokTM Multiwell Insert Systems, BD Falcon) at 10,000 cells per well.  

The following solubilized ECM components were suspended in DMEM (no FBS) and placed in 

the bottom wells in triplicate to serve as chemoattractants: 50µg/mL purified collagen type I 

(PureCol®, Advanced BioMatrix), 50µg/mL rTECM, 50µg/mL hTECM, 50µg/mL sodium 

hyaluronate (Hylartin® V, Zoetis).  FBS (10%) was used as a positive control and 0.1% BSA 

served as a negative control.  Seeded transwell plates were then placed back in the incubator and 

cell migration was periodically monitored over 24 hours by measuring the fluorescence of 

labeled cells that had migrated through the transwell membrane using a fluorometric plate reader 

(Abs: 484 nm, Em: 501 nm).  Statistical significance (p<0.05, n=6 horses) was determined by 
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mixed model ANOVA with Tukey’s post hoc testing using the PROC GLIMMIX procedure 

(SAS Studio 3.6, SAS Institute Inc.). 

Cell migration was first detected at 8 hours post-seeding.  No migration towards media 

containing 0.1% BSA was seen at any time point during the study.  Tenocyte migration increased 

over time for all ECM chemoattractants.  Tenocytes exposed to Scx siRNA tended have higher 

migration towards collagen type I, rTECM, and hTECM, but this difference was not statistically 

significant (Figure B.4).  Both control and Scx depleted tenocytes showed increased migration 

towards purified collagen type I, rTECM, and hTECM compared to sodium hyaluronate, 

fibronectin, or the positive control (10% FBS).  The results of this study suggest that Scx 

knockdown does not affect tenocyte chemotaxis.  
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Figure B.4 – Effects of Scx knockdown on tenocyte migrations towards various solubilized 
ECM components in a transwell migration assay.  There were no significant differences in 
migration between tenocytes exposed to Scx siRNA and control tenocytes in any of the 
conditions measured. Black line = control, gray line = Scx knockdown tenocytes. Data 
shown as mean ± SD (n=6 horses). 

 


