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Abstract: Water column mixing can influence community composition of pelagic phytoplankton
in lakes and reservoirs. Previous studies suggest that low mixing favors cyanobacteria, while
increased mixing favors green algae and diatoms. However, this shift in community dominance is not
consistently achieved when epilimnetic mixers are activated at the whole-ecosystem scale, possibly
because phytoplankton community responses are mediated by mixing effects on other ecosystem
processes. We conducted two epilimnetic mixing experiments in a small drinking water reservoir
using a bubble-plume diffuser system. We measured physical, chemical, and biological variables
before, during, and after mixing and compared the results to an unmixed reference reservoir. We
observed significant increases in the biomass of cyanobacteria (from 0.8 ± 0.2 to 2.4 ± 1.1 µg L−1,
p = 0.008), cryptophytes (from 0.7 ± 0.1 to 1.9 ± 0.6 µg L−1, p = 0.003), and green algae (from 3.8
to 4.4 µg L−1, p = 0.15) after our first mixing event, likely due to increased total phosphorus from
entrainment of upstream sediments. After the second mixing event, phytoplankton biomass did not
change but phytoplankton community composition shifted from taxa with filamentous morphology
to smaller, rounder taxa. Our results suggest that whole-ecosystem dynamics and phytoplankton
morphological traits should be considered when predicting phytoplankton community responses to
epilimnetic mixing.

Keywords: algae; before-after-control-impact; lake management; morphology-based functional
groups; phytoplankton community composition; reservoir management; bubble-plume diffuser;
trait-based analysis; biophysical coupling; cyanobacteria

1. Introduction

Water column mixing can have a substantial impact on phytoplankton community composition
in lakes and reservoirs [1–3]. Specifically, previous research suggests that waterbodies with low
mixing in the epilimnion are more likely to be dominated by cyanobacteria, while waterbodies with
high mixing are often dominated by green algae and diatoms. This is because many cyanobacterial
taxa are buoyant in the water column and can position themselves to take advantage of nutrients,
thereby forming blooms which are disrupted and entrained by turbulent mixing [4]. In contrast, green
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algae and diatoms are more dense and quick-sinking than cyanobacteria and benefit from mixing
because it re-suspends them higher in the photic zone [1,5]. Notably, these predicted responses of
different phytoplankton groups to epilimnetic mixing are based primarily on laboratory, mesocosm,
and modeling studies, rather than ecosystem experiments [6].

In keeping with these findings from smaller-scale studies, managers sometimes install
bubble-plume epilimnetic mixing systems in lakes and reservoirs with the goal of shifting the
dominance of the phytoplankton community from cyanobacteria, the phytoplankton taxon most
responsible for blooms and toxin production in freshwaters, to less harmful taxa such as green algae
and diatoms [3]. However, at the whole-ecosystem scale, the efficacy of mixing systems in achieving
this shift in community dominance is equivocal [3]. Heo and Kim (2004) and Becker et al. (2006)
reported that mixing systems caused a shift in community dominance from cyanobacteria to green
algae and diatoms in Lake Dalbang, South Korea and Bleiloch Reservoir, Germany, respectively,
although total phytoplankton biomass did not decrease in either case [7,8]. However, the operation of
mixing systems to reduce either cyanobacteria or total phytoplankton biomass has been unsuccessful
in other cases. For example, mixers were unsuccessful in reducing cyanobacterial dominance or
phytoplankton biomass in Chaffey Reservoir, Australia [9].

One possible explanation for inconsistent responses of phytoplankton to mixing at the
whole-ecosystem scale may be that mixers are operated for different durations and at different
intensities. Six of the 14 case studies examined in a recent review of artificial mixing for cyanobacterial
control reported mixing systems that were operated intermittently [3], potentially due to the high
cost of continuous operation, system maintenance, or other logistical constraints. This intermittent
operation may decrease mixer efficacy, as reported for Lake Nieuwe Meer, The Netherlands [10].
In addition, the depth and intensity of mixing may lead to unexpected, ecosystem-specific responses
of phytoplankton to mixing. For example, some bubble-plume mixing systems are used to completely
destratify the water column [9], while others are operated with the goal of maintaining a clearly
defined epilimnion and hypolimnion [8].

The variable effects of whole-ecosystem mixing on phytoplankton community composition may
also be attributable to the challenge of scaling up laboratory, mesocosm, and modeling approaches to
whole ecosystems. At the whole-ecosystem scale, mixing has broader effects on lake and reservoir
dynamics than simply the entrainment or resuspension of various phytoplankton taxa. Mixing could
decrease the transparency of the water column by stirring up sediments and increasing turbidity in
the water column (particularly in shallow waterbodies), leading to light limitation of photosynthesis
and subsequent decrease in phytoplankton biomass [11,12]. Alternatively, stirring of nutrient-rich
sediments into the epilimnion could also provide a nutrient subsidy to phytoplankton growth [13,14].
Mixing can also affect thermal stratification by deepening the thermocline and decreasing stratification
strength, which could affect the optimal depth for phytoplankton growth [6,15].

Furthermore, while our current understanding of mixing effects on phytoplankton is largely
based on the relative buoyancy and density of aggregated phytoplankton taxonomic groups
such as cyanobacteria and green algae, there may be other important phytoplankton traits
that should be considered when predicting phytoplankton responses to mixing. Phytoplankton
morphology—including the size, shape, and surface area to volume (SA:V) ratio—and the presence or
absence of flagella have important implications for sinking rate and motility in the water column and
are therefore highly relevant when considering phytoplankton responses to mixing [16–18]. Within the
green algae taxonomic group, taxa with round morphology, low SA:V ratios, and fast sinking rates
would likely benefit from resuspension, whereas taxa with elongate morphologies and high SA:V ratios
may not. While the use of functional traits to track community responses to disturbance is increasingly
common in ecology [19,20], its application for management purposes has lagged, despite its ease and
utility compared to traditional taxonomic methods. Considering a broad array of morphological traits
when assessing phytoplankton responses to mixing may reveal changes that are not apparent based on
aggregate measures of phytoplankton biomass [21].
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In sum, the current approach to understanding mixing effects on freshwater phytoplankton,
which was largely developed using lab, mesocosm, and modeling studies and is based on aggregated
phytoplankton groups, does not account for phytoplankton functional traits or mixing effects on
ecosystem dynamics and how these may feed back to alter phytoplankton responses. To improve
our understanding of phytoplankton responses to epilimnetic mixing at the whole-ecosystem scale,
we conducted two pulsed mixing experiments in a small, eutrophic drinking water reservoir. We
measured physical, chemical, and biological variables in both our experimental reservoir and a nearby
reference reservoir before, during, and after mixing events to answer the following questions: (Q1)
How does epilimnetic mixing affect the concentration of total phytoplankton and phytoplankton
functional groups at the whole-ecosystem scale? and (Q2) How do the effects of epilimnetic mixing on
physical and chemical variables (e.g., thermocline depth, light availability, and water column nutrient
concentrations) mediate phytoplankton responses to mixing?

We found that epilimnetic mixing caused variable responses in phytoplankton biomass. Biomass
across a suite of functional groups increased after our first mixing event but not after our second
mixing event. This differential response was likely due to entrainment of upstream turbidity by the
first mixing event, leading to a nutrient subsidy for phytoplankton in the lacustrine zone. After the
second mixing event, despite no change in total biomass, functional group dominance shifted from
taxa with large, colonial, filamentous morphology to taxa with medium/large, flagellated morphology.
Phytoplankton with large, filamentous morphology decreased while small, siliceous taxa increased in
the 24 h immediately after both mixing events, supporting previous hypotheses that mixing decreases
cyanobacterial filaments while causing increases of dense, siliceous taxa such as diatoms.

2. Materials and Methods

2.1. Study Sites

We conducted epilimnetic mixing experiments in Falling Creek Reservoir (FCR; Figure 1), a small,
eutrophic drinking water reservoir located in southwestern VA, USA (37◦18′12” N, 79◦50′14” W).
FCR is owned and operated by the Western Virginia Water Authority (WVWA) and has a surface
area of 0.119 km2 and a maximum depth of 9.3 m at full pond. FCR is dimictic, with a summer
thermal stratification period that generally lasts from April–October. The naturally-occurring summer
thermocline depth is at 4–5 m [22]. Mean water residence time during the study period in FCR was
68 ± 16 days (1 S.D.) [23].

FCR has an epilimnetic mixer (EM) that was installed by the WVWA to reduce the formation of
cyanobacterial blooms. The EM is located at a depth of 5 m and extends 230 m up the reservoir from
the deepest site near the dam (Figure 1). The EM consists of an onshore air compressor connected to a
single diffuser line with five discrete sections of porous hose that release bubbles of atmospheric air
into the water column at any rate from 0–25 SCFM (standard cubic feet per minute; see Text S1 for
an in-depth description of the EM design). When activated, the EM causes turbulent mixing in the
surface water of FCR from 0–5.5 m depth in the water column but does not destratify the entire water
column, unlike many other mixing systems (Figure 2, Figure S1) [24]. We focused on this surface layer
of turbulent mixing, hereafter referred to as the “treatment zone,” when assessing the effects of our
epilimnetic mixing experiments.

Beaverdam Reservoir (BVR; Figure 1) serves as a reference ecosystem for FCR and is located
3 km upstream of FCR (37◦18’59” N, 79◦49’8” W). BVR is also owned by the WVWA and serves as
a secondary drinking water source but does not have an EM system. BVR drains into FCR via a
1.7 km-long stream, which serves as the primary inflow to FCR [22]. At full pond, BVR has a surface
area of 0.39 km2 and a maximum depth of 13 m, and is generally stratified from April–November
with a typical thermocline depth of ~5–6 m [25]. Throughout the study, BVR was maintained at a
maximum depth of 11.5 m. Both reservoirs have primarily forested watersheds since abandonment of
agricultural land in the 1930s [22].
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2.2. Experimental Mixing Manipulations

In 2016, the EM in FCR was activated twice with different durations and mixing intensities during
our monitoring period (12 May–26 August). Because these mixing experiments were conducted using
a newly-installed mixing system in a drinking water reservoir from which managers were actively
withdrawing water at the time of our experiments, we were limited to operating the mixing system
for relatively short trial periods due to management concerns about the effects of mixing on water
quality. In addition, because of the substantial planning, personnel, and logistical effort involved in
conducting intensive sampling at two drinking water reservoirs over a short period, we planned the
dates of our mixing experiments a priori for the time of year when cyanobacterial blooms in FCR had
historically occurred, rather than adaptively activating the mixer during blooms that were developing.
The first mixing event (hereafter, EM1) occurred on 30 May, when the mixer was activated from 10:00
to 16:00 at 25 SCFM (at maximum capacity); the second mixing event (EM2) occurred on 27–28 June,
when the mixer was activated for 24 h (12:00 to 12:00) at 15 SCFM.
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Figure 1. Bathymetric map of Falling Creek Reservoir (FCR), the focal experimental reservoir, and the
reference Beaverdam Reservoir (BVR), Vinton, Virginia, USA. The inset is Falling Creek Reservoir, and
EM denotes the epilimnetic mixer.

The duration and flow rate of the two epilimnetic mixing events were chosen to preserve
thermal stratification, as required by the reservoir managers. The two events were designed to
be complementary, using different flow rates and durations to achieve the same change in metalimnetic
boundary depth (a decrease of ~1 to 1.3 m) during both experiments (Text S1) [26]. In addition, mixing
was conducted with the goal of homogenizing phytoplankton biomass concentrations throughout the
treatment zone (0–5.5 m depth) at the deepest site of our experimental reservoir, which we determined
by real-time monitoring of phytoplankton biomass depth distributions during our mixing experiments.

2.3. Field Sampling

Throughout the monitoring period, we collected depth profiles of physical, chemical, and
biological variables one to three times per week at the deepest sites in FCR and BVR (Figure 1).
Profiles were obtained immediately before mixing (before 10:00 on the day the mixer was activated),
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immediately after mixing (at 18:00 on 30 May for EM1 and at 13:00 on 28 Jun for EM2), 24 h post-mixing,
and 48–72 h post-mixing in FCR. In BVR, profiles were obtained 24 h before mixing in FCR, 24 h after
mixing in FCR, and 48–72 h post-mixing in FCR. We used a 4-Hertz Conductivity, Temperature, and
Depth (CTD) profiler (SeaBird Electronics, Bellevue, WA, USA) equipped with a turbidity sensor (WET
Labs ECO fluorometer, SeaBird Scientific, Bellevue, WA, USA) to collect high-resolution (~1 cm) profiles
of temperature and turbidity [27]. Profiles at 1-m resolution of photosynthetically active radiation
(PAR) were collected with an LI-250 underwater light meter (LI-COR, Lincoln, NV, USA) [28]. We also
collected depth profiles of total nitrogen (TN), total phosphorus (TP), nitrate (NO3

−), ammonium
(NH4

+), and soluble reactive phosphorus (SRP) concentrations using a 4-L van Dorn sampler (Wildco,
Yulee, FL, USA) at the depths of the outflow valves of FCR (0.1, 1.6, 3.8, 5, 6.2, 8, and 9 m) and evenly
spaced on the vertical profile of BVR (0.1, 3, 6, 9, and 11 m) [29]. Dissolved samples for NO3

−, NH4
+,

and SRP analysis were filtered through Whatman GF/F filters immediately after collection, and both
dissolved and total samples were frozen until analysis. Finally, we collected CTD and FluoroProbe
profiles once a week at four sites in FCR upstream of the deepest site in the riverine zone of the
reservoir (Figure 1).

To assess phytoplankton responses to mixing, we used a FluoroProbe (bbe moldaenke,
Schwentinental, Germany) to collect high-resolution profiles (~10 cm) of phytoplankton biomass at each
site [30,31]. The FluoroProbe is a submersible in situ fluorometer that captures pigment signatures of
four spectral groups that approximately correlate to the biomass of aggregated diatoms, dinoflagellates,
and chrysophytes (hereafter, brown algae); green algae; cyanobacteria; and cryptophytes [32].
FluoroProbe sensors are often used to track the concentration and vertical distribution of these
aggregated phytoplankton groups in lakes and reservoirs [30,33]. The FluoroProbe was calibrated for
site-specific use at FCR and BVR via a yellow substances offset that corrects for any spectral changes
due to dissolved organic matter in the reservoir [32]. We also collected water samples at the same
depths as our nutrient samples in the treatment zones of both FCR and BVR that were filtered through
Whatman GF/C filters for chlorophyll-a analysis to verify total phytoplankton biomass as reported by
the FluoroProbe.

To assess functional group responses within the phytoplankton assemblage, 250 mL of water
were collected with a van Dorn sampler at the depth of the fluorescence maximum as determined
by the FluoroProbe. These samples were collected from FCR on every sampling day from two
weeks before EM1 until two weeks after EM2 (16 May–11 July) and from BVR two weeks before
and after EM2 (23 June–7 July), and immediately preserved with Lugol’s iodine solution for
phytoplankton microscopy.

We also monitored wind and precipitation using a research-grade meteorological station installed
on the dam at FCR (Campbell Scientific, Logan, UT, USA).

2.4. Laboratory Analyses

In the laboratory, all water chemistry samples were processed following standard methods. TN
and TP samples were digested with alkaline persulfate [34] and then analyzed colorimetrically using
flow injection analysis (Lachat ASX 520 Series, Lachat Instruments, Loveland, CO, USA). SRP, NO3

−,
and NH4

+ were also analyzed colorimetrically using flow injection analysis on the Lachat [35].
Chlorophyll-a was analyzed using Standard Method 10200H [35] on a UV-Vis Spectrophotometer

(UV-Vis 1601, Shimadzu Scientific Instruments, Durham, NC, USA). Pelagic phytoplankton samples
from the depth of fluorescence maximum of FCR were identified and counted using a Sedgwick-Rafter
cell (Wildco, Yulee, FL, USA) at 400× resolution on a Nikon Eclipse TS100 inverted microscope (Nikon,
Tokyo, Japan). At least 300 cells per sample were counted and identified to the genus level. The
biovolumes of the first 10 individuals in each genus were calculated by approximating the cells to
known geometric shapes using measured linear dimensions [36]. Picophytoplankton, or phytoplankton
with a maximum linear dimension ≤2 µm, were not counted. All microscopy was conducted by the
same taxonomist (M.E.L.).



Water 2019, 11, 222 6 of 23

2.5. Calculation of Thermal Stability Metrics and Light Attenuation

To assess thermal stratification in FCR and BVR, we calculated several metrics of lake thermal
structure (buoyancy frequency, Schmidt stability, lake number, parent thermocline depth, and lower
metalimnetic boundary depth) at the deepest site of each reservoir for each sampling day using
the LakeAnalyzer program [37] in MATLAB software (v. R2016a 9.0.0.341360, MathWorks, Natick,
MA, USA). LakeAnalyzer defines parent thermocline depth as either the same as the thermocline
depth (depth of greatest water density gradient) or as the depth of a secondary local density gradient
maximum if (1) it is deeper than the thermocline depth and (2) its magnitude is at least 20% of
the thermocline depth [38]. The attenuation coefficient (Kd) for photosynthetically active radiation
(PAR) was calculated as the slope of the best fit line for the natural logarithm of PAR (measured in
µmol m−2 s−1) plotted against depth (m) for each sample day [39].

2.6. Statistical Analyses

To assess experimental mixing manipulation effects, we conducted a before-after-control-impact
(BACI) analysis on the physical, chemical, and biological variables measured in our experimental
and reference reservoirs [40]. To focus our analysis on the layer directly affected by the EM in
FCR, we restricted our analysis to the treatment zone in FCR (0–5.5 m) and an equivalent layer
depth in BVR (0–6 m). Two treatment zone response variables were analyzed for each of the four
aggregate phytoplankton groups measured by the FluoroProbe on every sampling day: mean biomass
concentration in the treatment zone at the deepest site of each reservoir (using the hypsographic
data for the reservoir, Figure 1) and depth of maximum fluorescence within the treatment zone.
We examined the depth of maximum fluorescence (Fmax) because many water bodies exhibit deep
chlorophyll maxima, and changes in Fmax depth could indicate a phytoplankton response to changes
in thermocline depth, light availability, or nutrient availability within the water column as a result of
mixing [15,41,42].

Our BACI analysis was a Welch’s t-test on the average difference between measurements at
FCR and BVR summed over the two-week period before mixing versus the two-week period after
mixing [43]. We chose a two-week window because phytoplankton spectral groups were largely able
to recover their midday pre-mixing depth distributions within two weeks. Volume-weighted nutrient
concentrations across the treatment zone before and after mixing and the lake physics parameters were
also analyzed using a BACI analysis during the two weeks before versus two weeks after mixing. For
volume-weighting, we divided the treatment zone of FCR and BVR into layers with each discrete-depth
nutrient sample occurring in the middle of a layer. In cases where nutrient samples were unevenly
distributed on the treatment zone depth profile, we divided the depth between nutrient samples
equally between the shallower sample and the deeper sample (e.g., since nutrient samples were taken
at 0.1, 1.6, 3.8, and 5 m in FCR and the treatment zone was 0–5.5 m, our volume-weighting layers
in the treatment zone were 0.1–0.8 m, 0.9–2.7 m, 2.8–4.4 m, and 4.5–5.5 m). Our nutrient sample
concentrations were then weighted based on the relative volume of the water layer in which they
occurred using a detailed bathymetric profile of each reservoir (0.1 m resolution) and used to calculate
the average nutrient concentration throughout the treatment zone of each reservoir on each sampling
day. All analyses were conducted in the R statistical environment (R version 3.4.3, R Core Development
Team, 2017).

2.7. Relative Abundance of Phytoplankton Functional Groups

To assess the relative abundance of phytoplankton functional groups, which provides
complementary information to the FluoroProbe profiles on phytoplankton responses to mixing, we
followed the morphology-based functional group (MBFG) classification developed by Kruk et al.
(2010) [16]. In this classification system, phytoplankton are categorized by three quantitative variables
(maximum linear dimension, cell biovolume, and SA:V ratio) and four presence/absence variables
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(presence or absence of flagella, mucus secretion, intracellular gas vesicles, and siliceous exoskeletons)
into seven MBFGs [16,17]. To assign our identified genera at each study site to MBFGs, we took the
mean value of the quantitative variables measured for each genus over our study period and assigned
presence/absence traits based on whether the majority of observed natural units (cells or colonies) of
that genus possessed the trait. We used an open-access R script provided in the supplemental material
of Kruk and Segura (2012) to assign MBFG classification for each genus at each study site based on
observed traits (Table S1) [17]. This classification was then used to calculate the relative abundance of
each MBFG at each study site over time.

3. Results

3.1. Thermal Structure

The goal of our study was to conduct two pulsed mixing experiments to determine the response
of phytoplankton to epilimnetic mixing at the whole-ecosystem scale. Here, we report on the thermal
structure of our experimental reservoir relative to the reference reservoir to determine whether our
mixing manipulations caused changes in the thermal structure of FCR.

The parent thermocline in FCR ranged from 3.3–7.0 m due to mixing manipulations (Figure 2).
The first and second mixing experiments decreased the thermocline depth at FCR’s deepest site by
1.0 m (p = 0.05) and 0.3 m (p = 0.008), respectively. The lower metalimnetic boundary in FCR decreased
by 0.8 m after the first mixing event (EM1) and by 0.4 m after the second mixing event (EM2; Figure 2),
though these changes were not significant compared to BVR (both p > 0.11). Mixing also affected
thermal structure in the region beyond the diffuser in FCR, suggesting that the patterns observed at
the deepest site were representative of much of the reservoir (Figure S1).
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Figure 2. Water column temperature of (A) FCR and (B) BVR during summer 2016. The solid white
line is the parent thermocline depth and the dashed white line is the lower metalimnetic boundary.
Sampling dates are denoted by black points and the values in between these points are interpolated.
The two mixing events in FCR (EM1 and EM2) are denoted by vertical black lines.

Schmidt stability in FCR exhibited a statistically significant decrease after EM2 relative to BVR
(p = 0.003; Figure 3, Table 1). While Schmidt stability did not decrease in FCR after EM1, BVR exhibited
a sharp increase in Schmidt stability in the two weeks after EM1—as air temperature warmed—that



Water 2019, 11, 222 8 of 23

was not observed in FCR (Figure 3). Thus, both mixing events altered the thermal structure of FCR
relative to BVR (Table 1). There was no statistically significant difference in mean treatment zone
temperature at the deepest site in FCR relative to BVR after either mixing event (Table 1; both p ≥ 0.76).

The meteorological station at FCR did not record any large rain or wind storms during the
monitoring period, indicating that changes in thermal stability were due to the mixing manipulations
rather than weather events (Figure S2). Furthermore, because changes in parent thermocline depth
post-mixing persisted for weeks after each mixing manipulation, changes in parent thermocline
observed immediately after mixing events were unlikely to be solely the result of convective mixing
due to evaporation and cooling at night.
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Figure 3. (A,C) Schmidt stability (left y-axis) and thermocline depth (right y-axis) in (A) Falling
Creek Reservoir (FCR) and (C) Beaverdam Reservoir (BVR) during the two mixing experiments; (B,D)
Turbidity in (B) FCR and (D) BVR during the mixing experiments. The two mixing events in FCR (EM1
and EM2) are denoted by vertical gray lines in (A and B).

3.2. Aggregate Phytoplankton Groups

To assess phytoplankton response to epilimnetic mixing, we measured phytoplankton using
fluorescence-based depth profiles before, during, and after mixing in both reservoirs. Measures of total
phytoplankton biomass using the FluoroProbe were well-correlated with chlorophyll-a concentrations
measured using standard methods in the epilimnia of FCR and BVR throughout the study period
(Figure S3). Prior to the EM1 mixing, aggregate groups exhibited broadly similar patterns of vertical
distribution and concentration across the treatment zone of the deepest sites of FCR and BVR,
supporting the use of BVR as a reference system for FCR. These data allowed us to assess changes in
the vertical distribution and total biomass of aggregate phytoplankton groups in the two weeks after
each mixing event.

Aggregate phytoplankton groups (green algae, cyanobacteria, brown algae, and cryptophytes)
exhibited substantial changes in their vertical distribution in FCR during the two weeks post-mixing
(Figure 4, Figures S4 and S5). One hour after each mixing event, phytoplankton concentrations were
homogenized throughout the water column in FCR, but over the course of the two weeks post-mixing,
all aggregate groups re-formed fluorescence maxima in the treatment zone (Figure 4, Figures S4 and S5).
Only green algae exhibited a statistically significant change in Fmax depth in the two weeks after EM1,
rising from 5.4 ± 0.2 m (1 S.D.) pre-mixing to 3.4 ± 1.4 m post-mixing. No aggregate groups exhibited
significant Fmax depth changes after EM2 (Table 1).
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Mean biomass concentrations of aggregated phytoplankton groups responded differently to EM1
and EM2 (Figure 5). Specifically, EM1 stimulated cyanobacteria and cryptophytes (both p ≤ 0.008;
Table 1, Figure 5C,G) and also led to an increase in green algae (p = 0.15, Figure 5A). Increases in
these aggregate groups summed to a 36% increase in mean phytoplankton biomass in the treatment
zone of FCR after mixing (p = 0.04, Figure 5I). In contrast, green algae in FCR exhibited a significant
decrease after EM2 relative to BVR (p = 0.0002; Figure 5B), while cyanobacterial and cryptophyte
biomass did not change (both p ≥ 0.69), resulting in a 12% decrease in mean phytoplankton biomass in
FCR. While the BACI analysis for mean total biomass across the treatment zone after EM2 suggests
that this decrease is statistically significant (p = 0.02), there was also a 37% increase in phytoplankton
biomass in BVR shortly after EM2. Consequently, the statistically significant response of total treatment
zone biomass after EM2 is likely driven by both decreased biomass in the experimental reservoir and
increased biomass in the reference reservoir. Brown algae did not exhibit changes in volume-weighted
treatment zone biomass after either mixing event (both p ≥ 0.23, Figure 5E,F).

Upstream sites in FCR also experienced an increase in mean phytoplankton biomass in the surface
waters after EM1 (Figure 6), suggesting that the phytoplankton response to mixing at the deepest site
was representative of the rest of the reservoir. In addition, the first mixing event entrained biomass
from the furthest upstream site along the bottom of the reservoir and downstream to Sites 2 and 3
(Figure 1), resulting in an increase in phytoplankton biomass in the metalimnion of the transitional
zone of the reservoir within 24 h after mixing (Figure 6). This entrainment pattern was repeated
after EM2.

3.3. Morphology-Based Phytoplankton Groups

To complement our fluorescence-based profiles of phytoplankton biomass, we collected samples
from the depth of maximum fluorescence throughout the monitoring period in FCR to assess changes
in morphology-based phytoplankton functional groups after mixing. These data allow us to address
the hypothesis that epilimnetic mixing should cause decreases in colonial, filamentous taxa while
stimulating dense, round, quick-sinking taxa. Total phytoplankton biovolume at the depth of
Fmax calculated from microscopy exhibited generally the same pattern as the total phytoplankton
concentration reported by the FluoroProbe with some variability, as expected, because of the inherent
differences in the methodologies (Figure S6). In particular, all of the FluoroProbe data we report here
are averaged across the treatment zone (0–5.5 m) in FCR, while the functional group samples are point
samples taken at the depth of the fluorescence maximum only.

Before both mixing events, the fluorescence maximum in FCR was dominated by
Dolichospermum spp. (formerly known as Anabaena spp.), a large, colonial, filamentous cyanobacterium
(Figure 7B). After each mixing event, phytoplankton samples analyzed microscopically revealed
substantial variability in morphology-based functional group (MBFG) responses (Figure 7).
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Table 1. Results of Before-After-Control-Impact (BACI) analysis for physical, chemical, and biological parameters.

Parameter Pre-EM1 a Post-EM1 a BACI p-Value Pre-EM2 a Post-EM2 a BACI p-Value

Physical variables
Buoyancy frequency (s−2) 0.0085 ± 0.0034 0.0127 ± 0.0037 0.03 d 0.0088 ± 0.0014 0.0087 ± 0.0031 0.06
Schmidt stability (J m−2) 19 ± 8.8 31 ± 4.6 0.01 d 29 ± 4.9 26 ± 4.8 0.003 d

Lake number (unitless) 29 ± 27 24 ± 7.8 0.25 28 ± 11 43 ± 21 0.57
Thermocline depth (m) 4.6 ± 0.41 5.6 ± 0.39 0.05 d 5.8 ± 0.70 6.1 ± 0.40 0.008 d

Lower metalimnetic boundary (m) 5.3 ± 0.14 6.1 ± 0.23 0.11 6.2 ± 0.64 6.6 ± 0.39 0.91
Mean epilimnetic temperature (◦C) 15 ± 1.5 17 ± 1.5 0.93 19 ± 0.68 19 ± 0.66 0.76
Light attenuation coefficient (m−1) 1.4 ± 0.27 1.1 ± 0.21 0.28 1.2 ± 0.16 1.3 ± 0.43 0.77

Median epilimnetic turbidity (NTU) 1.7 ± 0.20 2.1 ± 0.51 0.001 d 1.6 ± 0.24 1.5 ± 0.29 0.99

Chemical variables b

Ammonium (µg L−1) 7 ± 3 7 ± 2 0.11 6 ± 1 8 ± 2 0.22
Nitrate (µg L−1) 4 ± 2 4 ± 1 0.13 3 ± 1 3 ± 1 0.79

Soluble reactive phosphorus (µg L−1) 8 ± 2 8 ± 3 0.49 10 ± 2 10 ± 2 0.49
Total nitrogen (µg L−1) 140 ± 9 180 ± 29 0.22 210 ± 14 190 ± 11 0.35

Total phosphorus (µg L−1) 15 ± 0.3 20 ± 2 0.0002 d 22 ± 4 20 ± 2 0.12

Phytoplankton variables c

Total phytoplankton (µg L−1) 7.4 ± 2.3 10.1 ± 2.3 0.04 d 12.5 ± 0.7 11.0 ± 1.0 0.02 d

Green algae (µg L−1) 3.8 ± 0.9 4.4 ± 0.6 0.15 6.0 ± 0.5 4.7 ± 0.3 0.0001 d

Cyanobacteria (µg L−1) 0.8 ± 0.2 2.4 ± 1.1 0.008 d 0.2 ± 0.1 0.3 ± 0.1 0.69
Brown algae (µg L−1) 2.2 ± 1.2 1.3 ± 0.2 0.48 4.6 ± 0.7 4.1 ± 1.0 0.23

Cryptophytes (µg L−1) 0.7 ± 0.1 1.9 ± 0.6 0.003 d 1.6 ± 0.3 1.9 ± 0.5 0.97
Total phytoplankton Fmax depth f (m) 5.2 ± 0.6 4.6 ± 0.5 0.09 4.3 ± 0.3 3.7 ± 0.6 0.80

Green algae Fmax depth f (m) 5.4 ± 0.2 3.4 ± 1.4 0.02 d 3.9 ± 0.7 2.6 ± 1.3 0.10
Cyanobacteria Fmax depth f (m) 3.6 ± 2.6 4.8 ± 0.2 * e 5.3 ± 0.1 5.3 ± 0.2 0.06
Brown algae Fmax depth f (m) 2.6 ± 1.6 1.9 ± 1.1 0.64 4.0 ± 0.5 3.6 ± 1.0 0.03 d

Cryptophytes Fmax depth f (m) 3.7 ± 2.0 3.6 ± 1.6 0.96 5.2 ± 0.6 4.7 ± 1.0 0.74
a Pre-EM column values display the mean ± 1 standard deviation in the two weeks before mixing, and post-EM column values display the mean ± 1 standard deviation in the two weeks
after mixing. b Chemical variables are volume-weighted and summed over the treatment zone in FCR and equivalent zone in BVR. c Phytoplankton variables are averaged over the
treatment zone in FCR and equivalent zone in BVR. d Significant values are highlighted in bold. e Asterisk denotes tests for which the sample size was too small to perform Welch’s t-test. f

Fmax depth = depth of fluorescence maximum.
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magnitude immediately after mixing but then rebounded and continued to increase for a net gain in 
biovolume one week after mixing. The other four MBFGs which exhibited this pattern included small, 
high SA:V phytoplankton (MBFG 1), medium-sized phytoplankton with no special traits (MBFG 4), 
medium/large flagellated phytoplankton (MBFG 5), and large, mucilaginous, low SA:V colonies 
(MBFG 7). These four MBFGs correspond to a variety of green algae and golden algae taxa, ranging 
from taxa with elongated morphologies and no flagella (such as Ankistrodesmus) to flagellated taxa 
with round morphologies (such as Nephroselmis) to colonial taxa with irregular shapes (such as 
Dinobryon). 

Figure 4. Epilimnetic concentrations of (A) green algae and (B) brown algae in Falling Creek Reservoir
(FCR) before and after EM2. The response in depth profile patterns shown here exemplify patterns of
recovery by phytoplankton spectral groups during both EM1 and EM2 (Figures S4 and S5). Pre-mix
refers to 3–4 h prior to the experimental mixing, and post-mix refers to <1 h after mixing.

After EM1, five of the seven morphology-based functional groups experienced an immediate
decline followed by a steep increase in biovolume at the Fmax depth in FCR. Overall, this led to
a substantial increase in total biovolume at the Fmax depth one week after EM1 (Figure 7A). This
pattern of an immediate post-mixing decline followed by a substantial increase was most noticeable
in large, high SA:V filamentous taxa (MBFG 3), which corresponds to large, colonial, filamentous
cyanobacteria (Dolichospermum) in our reservoirs (Table S1). MBFG 3 declined by four orders of
magnitude immediately after mixing but then rebounded and continued to increase for a net gain in
biovolume one week after mixing. The other four MBFGs which exhibited this pattern included small,
high SA:V phytoplankton (MBFG 1), medium-sized phytoplankton with no special traits (MBFG 4),
medium/large flagellated phytoplankton (MBFG 5), and large, mucilaginous, low SA:V colonies
(MBFG 7). These four MBFGs correspond to a variety of green algae and golden algae taxa, ranging
from taxa with elongated morphologies and no flagella (such as Ankistrodesmus) to flagellated taxa with
round morphologies (such as Nephroselmis) to colonial taxa with irregular shapes (such as Dinobryon).
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Figure 5. (A,C,E,G,I) Mean treatment zone phytoplankton concentrations at the deepest site in both
reference Beaverdam (Control, orange lines) and experimental Falling Creek (Impact, blue lines)
Reservoirs during the two weeks before and after EM1 and (B,D,F,H,J) EM2. p-values are from the
Before-After-Control-Impact (BACI) analyses (see Table 1 for all statistics). Black points indicate linearly
interpolated values. Mixing events are denoted by vertical black lines. Note y-axis scale differs by plot.
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Figure 6. (A–E) Longitudinal profiles of FCR (A) immediately before EM1, (B) immediately after EM1,
(C) 24 h after EM1, (D) immediately before EM2, and (E) immediately after EM2. Vertical dashed lines
represent where FluoroProbe profiles were taken. Location of Sites 1–5 can be found on the inset map
of Figure 1. (F) Mean phytoplankton biomass across the top 5.5 m of the water column (or the full
water column if shallower than 5.5 m) at all sampling sites in FCR during the monitoring period. Solid
vertical lines denote mixing events.

Two of the morphology-based functional groups increased immediately after EM1; these were
small siliceous flagellates (MBFG 2), which correspond most closely to dinoflagellates and other
taxa within the brown algae aggregate group, and non-flagellated, siliceous phytoplankton (MBFG
6), which correspond most closely to diatoms (Figure 7A, Table S1). Of all the MBFGs, only small,
siliceous flagellates did not experience an overall increase in biovolume in the week after EM1; though
they increased by five orders of magnitude immediately after the mixing event, they subsequently
declined to pre-mixing levels (Figure 7A). These changes in biovolume resulted in a temporary shift in
community dominance at the Fmax from large, filamentous cyanobacteria (MBFG 3) to medium-sized
phytoplankton with no special traits and medium/large flagellates (MBFGs 4 and 5). However, MBFG 3
regained community dominance one week after EM1 (Figure 7B).

Four of the five MBFGs that declined immediately after EM1 also declined after EM2, but
unlike EM1, most of these groups did not undergo a subsequent rebound in biomass at the Fmax

depth (Figure 7A). Groups that declined immediately after both mixing events included small,
high SA:V phytoplankton (MBFG 1), large, high SA:V filamentous taxa (MBFG 3), medium-sized
phytoplankton with no special traits (MBFG 4), and medium/large flagellated phytoplankton (MBFG 5).
Non-flagellated, siliceous phytoplankton (MBFG 6), which increased after the first mixing event,
declined after the second mixing event, while large, mucilaginous, low SA:V colonies (MBFG 7), which
had decreased after the first mixing event, increased after EM2. Small, siliceous flagellates (MBFG 2)
were the only group to increase after both mixing events. In sum, changes in biovolume among the
MBFGs resulted in a slight decrease in total biovolume at the depth of fluorescence maximum after EM2,
unlike the increase observed after EM1 (Figure 7A). As in EM1, these changes in biovolume resulted in
a community dominance shift from large, filamentous cyanobacteria (MBFG 3) to flagellates (MBFG 5)
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immediately after EM2; however, unlike EM1, MBFG 3 never regained community dominance in the
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mixing events. (B) Proportional biovolume of the seven MBFGs in Falling Creek Reservoir at the 
depth of chlorophyll maximum, highlighting shifts in community dominance. The seven MBFGs are: 
1—small, high SA:V cells; 2—small siliceous flagellates; 3—large, high SA:V filaments; 4—medium-
sized, unspecialized cells; 5—medium/large flagellates; 6—non-flagellated siliceous cells; and 7—
large, mucilaginous, low SA:V colonies. Mixing events are denoted by vertical black lines. 

Functional group concentrations in the Fmax of BVR, which experienced no mixing events, were 
less variable throughout the EM2 monitoring period of 23 June to 7 July than in FCR (Figure S7). In 
contrast to FCR, which experienced shifts in the dominant functional groups in the Fmax after mixing 
events, medium/large flagellated phytoplankton (MBFG 5) was the dominant functional group in the 

Figure 7. (A) Biovolume of morphology-based functional groups (MBFGs) 1–7 and total biovolume
of phytoplankton at the Fmax depth in FCR during the monitoring period. Solid vertical lines denote
mixing events. (B) Proportional biovolume of the seven MBFGs in Falling Creek Reservoir at the depth
of chlorophyll maximum, highlighting shifts in community dominance. The seven MBFGs are: 1—small,
high SA:V cells; 2—small siliceous flagellates; 3—large, high SA:V filaments; 4—medium-sized,
unspecialized cells; 5—medium/large flagellates; 6—non-flagellated siliceous cells; and 7—large,
mucilaginous, low SA:V colonies. Mixing events are denoted by vertical black lines.
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Functional group concentrations in the Fmax of BVR, which experienced no mixing events, were
less variable throughout the EM2 monitoring period of 23 June to 7 July than in FCR (Figure S7).
In contrast to FCR, which experienced shifts in the dominant functional groups in the Fmax after mixing
events, medium/large flagellated phytoplankton (MBFG 5) was the dominant functional group in
the Fmax of BVR throughout the EM2 monitoring period, with proportional biovolumes ranging from
0.57–0.92 (Figure S7).

3.4. Sediment and Nutrient Dynamics

We collected a suite of environmental variables in both FCR and BVR before, during, and after our
mixing events to determine whether the effects of epilimnetic mixing on whole-ecosystem dynamics
might feed back to affect the phytoplankton response to mixing. We hypothesized that inconsistent
responses of phytoplankton responses to mixing at the whole-ecosystem scale might be due to
unforeseen effects of mixing on variables such as nutrient concentrations, turbidity, and light.

After EM1, volume-weighted total phosphorus (TP) concentrations in the treatment zone in
FCR increased from 15 ± 0.3 µg L−1 to 20 ± 2 µg L−1 (p = 0.0002; Table 1, Figure 8A). Furthermore,
SRP at 3.8 m decreased after EM1 from 13 ± 3 to 8 ± 4 µg L−1 (p = 0.06), and SRP:TP at the same
depth decreased from 0.72 ± 0.15 in the two weeks before EM1 to 0.38 ± 0.22 afterwards (p = 0.04,
Figure 8B,C), although volume-weighted soluble reactive phosphorus (SRP) averaged across the
treatment zone did not significantly change (p = 0.49; Table 1). Total nitrogen (TN), ammonium (NH4

+),
and nitrate (NO3

−) concentrations did not exhibit significant changes after EM1 (all p ≥ 0.07; Table 1).
There were no significant changes in nutrient concentrations in FCR after EM2 (all p > 0.1; Table 1).

Median turbidity in the treatment zone at the deepest site in FCR increased after EM1 by 0.4 NTU
(p = 0.001, Figure 3), but not after EM2 (p = 0.99). Median turbidity at upstream sites 1 and 2 in FCR
was 0.6–0.7 NTU higher than at the deepest site during the EM1 monitoring period of 16 May–6 June
(Figure 9). Some of this higher-turbidity water was subsequently entrained downstream during the
week following EM1 (Figure 9). Despite a small increase in water column turbidity at the deepest
site after EM1, the photosynthetically active radiation (PAR) attenuation coefficient (Kd) did not
significantly change in FCR after either EM1 or EM2 (both p ≥ 0.28, Table 1).
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4. Discussion 

Contrary to theoretical expectations, yet in keeping with previous reports of inconsistent 
responses of phytoplankton to epilimnetic mixing and thermocline deepening, total phytoplankton 
biomass and cyanobacteria increased after the first whole-reservoir mixing experiment (EM1), while 
there was no change in total biomass after the second mixing experiment (EM2). Below, we explore 
the responses of various aggregated phytoplankton spectral groups and morphology-based 

Figure 8. (A) Volume-weighted total phosphorus (TP) in the epilimnion of both Falling Creek Reservoir
(FCR, blue) and Beaverdam Reservoir (BVR, orange) during the 2 weeks before and after EM1; (B)
soluble reactive phosphorus (SRP) at the depth of fluorescence maximum (Fmax) in FCR in the 2 weeks
before and after EM1; and (C) SRP:TP at the depth of Fmax in FCR in the 2 weeks before and after EM1.
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4. Discussion

Contrary to theoretical expectations, yet in keeping with previous reports of inconsistent responses
of phytoplankton to epilimnetic mixing and thermocline deepening, total phytoplankton biomass and
cyanobacteria increased after the first whole-reservoir mixing experiment (EM1), while there was no
change in total biomass after the second mixing experiment (EM2). Below, we explore the responses of
various aggregated phytoplankton spectral groups and morphology-based phytoplankton functional
groups, as well as the possible ecosystem drivers of the different responses between EM1 and EM2.

Like all organisms, phytoplankton interact with their environment via their traits [19]. We chose
to assess phytoplankton mixing response using morphology-based functional groups because the
traits in this classification system (size, shape, buoyancy, density, and motility) are highly relevant to
how phytoplankton experience water column mixing and are also commonly used in other studies of
phytoplankton functional traits [18].

For both of our mixing experiments, large, high SA:V, filamentous taxa (MBFG 3) were the
dominant functional group at the depth of chlorophyll maximum in our experimental reservoir
immediately prior to mixing. This group, along with small siliceous flagellated taxa (MBFG 2), were
the most responsive to mixing events in the 24 h after mixing, although they displayed opposite
patterns: large filamentous taxa decreased immediately after mixing, while small siliceous flagellated
taxa increased (Figure 7). This finding agrees with previous work suggesting that bloom-forming,
filamentous cyanobacteria would lose their buoyancy and have their filaments broken apart by
turbulence during mixing, while denser siliceous taxa would be stimulated by resuspension in the
photic zone [1,7,15].

However, after EM1, the immediate decrease in filamentous taxa and increase in small siliceous
taxa at the deepest site was quickly subsumed by an increase in biovolume of five of the seven MBFGs
in the week after mixing. The MBFGs that experienced a net increase in biovolume in the week after
EM1 include taxa with a wide range of fluorescence signatures, supporting the increases in average
treatment zone biomass of green algae, cyanobacteria, and cryptophytes reported by the FluoroProbe
after EM1 (Figures 5 and 7A, Table S1). Interestingly, although both MBFGs corresponding to brown
algae (MBFGs 2 and 6) increased in biovolume after EM1, our FluoroProbe BACI test reported no
change in biomass of brown algae during the EM1 monitoring period (Figure 5). This discrepancy
may be because small siliceous flagellates (MBFG 2) decreased during the EM1 monitoring period,
while non-flagellated, siliceous phytoplankton (MBFG 6) increased during the EM1 monitoring period
(Figure 7A), resulting in a compensation effect between MBFG 2 and MBFG 6 [21].

Whole-ecosystem experiments are inherently fraught with difficulty, as they are challenging
to replicate. However, we argue that we can still derive important insights from whole-ecosystem
manipulations that cannot be deduced from laboratory or mesocosm experiments, provided that we
proceed cautiously with our interpretation of results [44–46]. Keeping this caveat in mind, we posit
that the increase in biomass and biovolume across multiple spectral groups and MBFGs in FCR after
EM1, which was not observed after EM2, may be due to entrainment of turbidity from upstream
regions of FCR to the deepest site after EM1.

The two most salient differences in our environmental variables between EM1 and EM2 are an
increase in total phosphorus and turbidity at the deepest site in FCR after EM1 that was not observed
in our reference reservoir after EM1 and did not occur in either reservoir after EM2. As shown in
Figure 9, the increase in turbidity at the deepest site in FCR after EM1 likely originated in shallow,
turbid upstream regions of the reservoir and was subsequently entrained downstream over the course
of the week post-EM1. This possibility is supported by 3-D hydrodynamic modeling of the same
reservoir by Chen et al. (2018). Using field turbidity data, Chen et al. (2018) found that the intensity
of EM operation in FCR was an important driver of short-term particle transport, and that mixing
facilitates the transport of particulate matter from the shallow upstream region to the deep lacustrine
region in the reservoir [26]. The increased turbidity at the deepest site in FCR after the first mixing
event coincided with an increase in volume-weighted TP throughout the treatment zone, as well
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as an increase in volume-weighted green algae, cyanobacteria, and cryptophyte biomass and total
phytoplankton biomass in the treatment zone of FCR. None of these responses were observed in our
reference reservoir throughout the monitoring period or in FCR after EM2.Water 2019, 11, x FOR PEER REVIEW 17 of 23 
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Figure 9. (A–D) Turbidity across a longitudinal cross-section in Falling Creek Reservoir (FCR) from (A)
immediately before EM1 (30 May), (B) 24 h after EM1 (31 May), (C) 4 days after EM1 (03 June), and
(D) one week after EM1 (6 June). Contours are interpolated from CTD casts taken at the upstream and
deepest sites (denoted by the vertical lines; upstream sampling sites are shown on the inset in Figure 1).

Taken together, these post-EM1 responses suggest that the increased total phytoplankton biomass
in the treatment zone after the first mixing event may have been due to entrainment of suspended
sediment from the upstream riverine zone of FCR into the deepest site, providing a nutrient subsidy
that enabled an increase of green algae, cyanobacteria, cryptophyte, and overall total phytoplankton
biomass. The possibility of a turbidity-induced nutrient subsidy is supported by three pieces
of evidence: changes in nutrient concentrations post-EM1 at the depth of chlorophyll maximum
in FCR, a back-of-the-envelope calculation of nutrient uptake rates at the depth of chlorophyll
maximum post-EM1, and the difference in seasonal timing and intensity between EM1 and EM2,
as described below.

First, in addition to an increase in total phosphorus across the treatment zone in FCR after EM1,
there was also a decrease in SRP and the ratio of SRP:TP at 3.8 m. This depth (3.8 m) corresponds
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closely to the Fmax depth of phytoplankton biomass in the two weeks after EM1 (4.6 ± 0.5 m), and
especially to the Fmax depth of green algae (3.4 ± 1.4 m). Consequently, the decrease of both SRP
and SRP:TP at 3.8 m, combined with an increase in TP throughout the epilimnion, suggest uptake of
SRP by phytoplankton and subsequent incorporation into biomass, resulting in the phytoplankton
concentration increase.

Second, a back-of-the-envelope calculation of the uptake rate of SRP at 3.8 m during the week
immediately after the first mixing event supports the possibility of a P subsidy leading to increased
phytoplankton growth. From 30 May–6 June, SRP decreased by ~50%, from 12.3 to 6.6 µg L−1 at
3.8 m. Using the bathymetry of the reservoir to calculate SRP mass in the 2-m layer encompassing
that depth and the microscopy-based total phytoplankton density of 1.7 × 108 cells L−1 at 3.8 m one
week after mixing (6 June), we calculate an uptake rate of 5.9 × 10−22 mol P cell−1 s−1 for the week,
which is within the range of reported uptake rates of a diverse range of freshwater phytoplankton [47]
(pp. 151–161). This is a conservative estimate of uptake as phytoplankton biomass was lower in the
week leading up to 6 June, which would imply a higher rate of P uptake per cell earlier in the week.
However, even a much higher uptake rate would likely be less than the maximum P uptake rates of
10−17 to 10−14 mol P unit−1 s−1 exhibited by most phytoplankton [47] (pp. 151–161). Furthermore, the
ratio of the increase in total phytoplankton biomass to the increase in TP from the two weeks before the
first mixing to the two weeks afterwards was 0.36, which corresponds closely with chlorophyll-a:TP
ratios for water bodies similar to FCR [48].

Finally, because EM1 was conducted in late spring and at a high flow rate intensity of 25 SCFM, it
is not surprising to see entrainment of turbid water after EM1 that was not replicated after EM2, which
was conducted in the summertime and at a lower mixing intensity. Median upstream turbidity in FCR
in the two weeks prior to EM1 (16 May–6 June) was 0.3 NTU higher than during the EM2 monitoring
period of 13 June–27 June at both Site 1 and Site 2 (Figure S8), likely due to sediment in elevated spring
flows, which either settled out or was redistributed and mineralized by the time of EM2. In addition, a
more intense flow rate of 25 SCFM during EM1 may have caused more sediment stirring and quicker
entrainment of suspended sediment than the lower flow rate of 15 SCFM during EM2.

The differences between EM1 and EM2 suggest that consideration of seasonal timing of mixing
may be important in predicting ecosystem responses to epilimnetic mixing. The seasonal timing of
our experiments was chosen based on when cyanobacterial blooms were historically highest in this
reservoir (WVWA, unpublished data), and indeed, bloom-forming cyanobacteria were the dominant
taxa at the Fmax depth prior to both mixing events (Figure 7, Table S1). However, the net increase
in both cyanobacteria and total phytoplankton biomass after our first mixing experiment suggest
that other environmental factors, such as the amount of recent precipitation in the watershed and the
strength of thermal stratification, should also be considered when activating epilimnetic mixers.

Our second mixing experiment resulted in a change in community composition at the Fmax depth
from a community dominated by filamentous cyanobacteria (specifically, Dolichospermum; MBFG 3) to
a community of medium/large flagellates representing a diverse suite of phytoplankton taxa (MBFG 5).
MBFG 5 is a spectrally diverse group, including green algae, brown algae, and cryptophytes (Table S1).
This shift is in keeping with theoretical expectations from previous studies that mixing should disrupt
large, colonial cyanobacteria while promoting taxa with rounder, denser morphologies. No change in
community dominance occurred in our reference reservoir, which was dominated by medium to large
flagellates throughout the EM2 monitoring period.

Taking a morphology-based approach, we found that while total phytoplankton biomass did
not change after EM2, there was a substantial shift in the phytoplankton assemblage from large, high
SA:V filamentous taxa to medium/large flagellated taxa at the depth of fluorescence maximum, and
that large, high SA:V filamentous taxa consistently decreased while small, siliceous taxa consistently
increased in the 24 h after both mixing events. This result has two implications for our understanding
of phytoplankton responses to changes in mixing. First, we found it helpful to assess phytoplankton
using morphological traits which are relevant to how phytoplankton experience mixing in the water
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column. Our use of morphological traits was focused on tracking changes in phytoplankton community
dominance in response to mixing. However, it is possible that this approach could also be useful
for managing cyanobacterial blooms; as cyanobacteria exhibit a wide variety of morphologies, using
morphological traits to assess phytoplankton responses to management strategies could be an effective
tool for water resource managers. An added benefit of the MBFG approach is that it is often easier to
assess morphological traits than to conduct taxonomic identification of phytoplankton species, which
requires extensive training and can be inconsistent among taxonomists. Second, if mixing is being used
as a management strategy to decrease certain phytoplankton taxa but the assemblage is dominated by
morphologies that tend to increase in biovolume or community dominance post-mixing, epilimnetic
mixing will likely be ineffective in controlling phytoplankton biomass.

Our results also reiterate the importance of assessing phytoplankton assemblages using multiple
measures across multiple sites and depths. While fluorescence-based sensors can give inaccurate
biomass readings due to quenching or adaptive changes in pigment composition or pigment to
biomass ratios of phytoplankton populations [49] and their aggregate data mask individual taxa
responses, they are still useful for rapidly obtaining data on aggregated phytoplankton groups at
finely resolved temporal and spatial scales. In our study, FluoroProbe biomass estimates were closely
correlated with biomass estimates obtained using standard methods (absorbance of chlorophyll-a;
Figure S3) and our functional trait data provided complementary information to the FluoroProbe for
determining phytoplankton mixing responses. While our study only measured functional groups
at the depth of the fluorescence maximum at the deepest site, we were able to measure aggregated
phytoplankton groups across depth and along the reservoir gradient with the FluoroProbe (Figure 6).
These upstream FluoroProbe casts provided valuable information showing increases in phytoplankton
biomass across all sites after our first mixing event and not after our second mixing event, suggesting
that phytoplankton responses along the reservoir gradient may have been similar to those observed at
the deepest site.

We suggest that future whole-ecosystem mixing studies collect additional phytoplankton data at
more resolved temporal and spatial scales as well as zooplankton data. Because phytoplankton can
respond very rapidly (sub-hourly) to perturbation by adjusting their depth in the water column, we
may have missed short-term responses to mixing overnight when sampling was not conducted. In
future work, it would be helpful to take integrated depth samples of phytoplankton morphological
groups at a higher time frequency before, during, and after epilimnetic mixing throughout the reservoir.
Finally, while we measured a suite of physical and chemical variables that affect phytoplankton, we
did not measure zooplankton, which can exert top-down grazing pressure. Moving forward, it would
be useful to consider how zooplankton dynamics alter phytoplankton responses to epilimnetic mixing.

Consideration of both whole-ecosystem dynamics and functional traits with regards to
phytoplankton mixing responses suggests possible future lines of inquiry. If epilimnetic mixing has
the potential to entrain turbidity into new regions of a lake or reservoir, as demonstrated by Chen et al.
(2018), which provides nutrient subsidies to phytoplankton, assessment of other, non-morphological
functional traits, such nutrient uptake rates, could also be useful in predicting phytoplankton mixing
responses. Furthermore, while we assessed the effects of short, relatively intense mixing pulses on
phytoplankton in a small, shallow reservoir, epilimnetic mixers are operated over a variety of durations
and intensities in lakes and reservoirs of varying sizes and bathymetries worldwide [3]. Assessment
of a range of mixing regimes in other lakes and reservoirs are needed to determine which ecosystem
drivers and phytoplankton functional traits are most important for explaining phytoplankton responses
to mixing and changes in mixed layer depth.

5. Conclusions

We found that epilimnetic mixing has variable effects on the concentration of total phytoplankton
and the relative abundance of functional groups at the whole-ecosystem scale (Q1). Specifically, total
phytoplankton biomass across a variety of morphology-based functional groups increased in the week
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after our first mixing event, but neither increased nor decreased after our second mixing event. In the
24 h after both mixing events, large, high SA:V filaments consistently decreased while small, siliceous
flagellates consistently decreased, in keeping with previous hypotheses that mixing is detrimental
to cyanobacterial filaments while stimulating dense, quick-sinking taxa. However, these immediate
changes were not long-lived: after our first mixing event, large, high SA:V filamentous taxa regained
dominance within one week after mixing, while after the second mixing event, community composition
shifted from being dominated by taxa with colonial, filamentous morphology to being dominated by a
variety of medium/large flagellated taxa.

We believe that these inconsistent phytoplankton responses to mixing are due to the effects
of epilimnetic mixing on environmental variables that mediate the phytoplankton response (Q2).
Specifically, the increase in phytoplankton biomass and large, high SA:V filamentous taxa in the week
after our first mixing event was likely due to a nutrient subsidy from upstream turbidity that was
entrained to the deep hole by mixing. In conclusion, our results suggest that both whole-ecosystem
dynamics and functional traits influence phytoplankton mixing responses, and emphasize the
importance of integrating both ecosystem and phytoplankton community dynamics for effective
management of phytoplankton biomass by epilimnetic mixing.

Supplementary Materials: The following are available online at http://www.mdpi.com/2073-4441/11/2/222/s1,
Text S1: Epilimnetic mixing system and mixing experimental design, Table S1: Morphological-based functional
group (MBFG) classifications of all genera identified in Falling Creek Reservoir (FCR) and Beaverdam Reservoir
(BVR) during the monitoring period, Figure S1: Temperature across longitudinal cross-sections in Falling Creek
Reservoir (FCR), Figure S2: Precipitation and wind speed measured at the dam of Falling Creek Reservoir
during the mixing experiments, Figure S3: Regression of total phytoplankton biomass as reported by the bbe
moldaenke FluoroProbe against chlorophyll-a concentrations, Figure S4: Effect of the first mixing event (EM1) on
the vertical distribution of phytoplankton spectral group biomass in the epilimnion of FCR, Figure S5: Effect of
the second mixing event (EM2) on distribution of phytoplankton spectral group biomass in the epilimnion of
FCR, Figure S6: Comparison of phytoplankton biovolume measured by microscopy with mean biomass measured
by the FluoroProbe across the treatment zone in Falling Creek Reservoir, Figure S7: Proportional biovolume
of morphological-based functional groups (MBFGs) in the reference Beaverdam Reservoir (BVR), Figure S8:
Upstream turbidity in Falling Creek Reservoir (FCR) during the mixing experiment monitoring period.

Author Contributions: Conceptualization, M.E.L., C.C.C., and J.C.L.; methodology, M.E.L., C.C.C., R.P.M., and
S.C.; investigation, M.E.L., C.C.C., R.P.M., and S.C.; data curation, M.E.L., R.P.M. and S.C., formal analysis, M.E.L.
and C.C.C.; resources, C.C.C. and J.C.L.; writing—original draft preparation, M.E.L.; writing—review and editing,
all; visualization, M.E.L.; supervision, C.C.C. and J.C.L.; project administration, all; funding acquisition, C.C.C.
and J.C.L.

Funding: This work was supported by the National Science Foundation (CNS-1737424, EF-1702506, DEB-1753639),
Western Virginia Water Authority, the Institute for Critical Technology and Applied Science, the Fralin Institute of
Life Sciences, Virginia Water Resources Research Center, and the Virginia Tech Global Change Center.

Acknowledgments: We thank the Western Virginia Water Authority for sampling access and for their
forward-thinking perspective on water quality management. We thank C.W. Harrell for help planning field
sampling; C.W. Harrell, K.L. Campbell, K.M. Krueger, J.P. Doubek, and N.K. Ward for help collecting samples;
D.W. Howard and B.R. Niederlehner for help analyzing samples; and A. Green for help developing the graphical
abstract. Finally, we thank two anonymous reviewers whose comments improved our manuscript.

Conflicts of Interest: The authors declare no conflict of interest. The funders had no role in the design of the
study; in the collection, analyses, or interpretation of data; in the writing of the manuscript, or in the decision to
publish the results.

References

1. Reynolds, C.S.; Wiseman, S.W.; Godfrey, B.; Butterwick, C. Some effects of artifical mixing on the dynamics
of phytoplankton in large limnetic enclosures. J. Plankton Res. 1983, 5, 203–234. [CrossRef]

2. Klausmeier, C.A.; Litchman, E. Algal Games: The Vertical Distribution of Phytoplankton in Poorly Mixed
Water Columns. Limnol. Oceanogr. 2001, 46, 1998–2007. [CrossRef]

3. Visser, P.M.; Ibelings, B.W.; Bormans, M.; Huisman, J. Artificial mixing to control cyanobacterial blooms:
A review. Aquat. Ecol. 2016, 50, 423–441. [CrossRef]

4. Walsby, A.E. Gas Vesicles. Microbiol. Rev. 1994, 58, 94–144. [CrossRef]

http://www.mdpi.com/2073-4441/11/2/222/s1
http://dx.doi.org/10.1093/plankt/5.2.203
http://dx.doi.org/10.4319/lo.2001.46.8.1998
http://dx.doi.org/10.1007/s10452-015-9537-0
http://dx.doi.org/10.1146/annurev.pp.26.060175.002235


Water 2019, 11, 222 21 of 23

5. Huisman, J.; Sharples, J.; Stroom, J.M.; Visser, P.M.; Edwin, W.; Kardinaal, A.; Verspagen, J.M.H.;
Sommeijer, B.; Kardinaal, W.E.A.; Verspagen, J.M.H.; et al. Changes in Turbulent Mixing Shift Competition
for Light between Phytoplankton Species. Ecology 2004, 85, 2960–2970. [CrossRef]

6. Diehl, S.; Berger, S.; Ptacnik, R.; Wild, A. Phytoplankton, Light, and Nutrients in a Gradient of Mixing Depths:
Field Experiments. Ecology 2002, 83, 399–411. [CrossRef]

7. Heo, W.M.; Kim, B. The effect of artificial destratification on phytoplankton in a reservoir. Hydrobiologia 2004,
524, 229–239. [CrossRef]

8. Becker, A.; Herschel, A.; Wilhelm, C. Biological effects of incomplete destratification of hypertrophic
freshwater reservoir. Hydrobiologia 2006, 559, 85–100. [CrossRef]

9. Sherman, B.; Whittington, J.; Oliver, R. The impact of artificial destratification on water quality in Chaffey
Reservoir. Arch. Hydrobiol. Spec. Issues Adv. Limnol. 2000, 55, 15–29.

10. Jöhnk, K.D.; Huisman, J.; Sharples, J.; Sommeijer, B.; Visser, P.M.; Stroom, J.M. Summer heatwaves promote
blooms of harmful cyanobacteria. Glob. Chang. Biol. 2008, 14, 495–512. [CrossRef]

11. Havens, K.E.; Beaver, J.R.; Casamatta, D.A.; East, T.L.; James, R.T.; McCormick, P.; Phlips, E.J.; Rodusky, A.J.
Hurricane effects on the planktonic food web of a large subtropical lake. J. Plankton Res. 2011, 33, 1081–1094.
[CrossRef]

12. Beaver, J.R.; Casamatta, D.A.; East, T.L.; Havens, K.E.; Rodusky, A.J.; James, R.T.; Tausz, C.E.; Buccier, K.M.
Extreme weather events influence the phytoplankton community structure in a large lowland subtropical
lake (Lake Okeechobee, Florida, USA). Hydrobiologia 2013, 709, 213–226. [CrossRef]

13. Havens, K.; Paerl, H.; Phlips, E.; Zhu, M.; Beaver, J.; Srifa, A. Extreme weather events and climate variability
provide a lens to how shallow lakes may respond to climate change. Water 2016, 8, 229. [CrossRef]

14. Ding, Y.; Qin, B.; Zhu, G.; Wu, T.; Wang, Y.; Luo, L. Effects of typhoon Morakot on a large shallow lake
ecosystem, Lake Taihu, China. Ecohydrology 2012, 5, 798–807. [CrossRef]

15. Cantin, A.; Beisner, B.E.; Gunn, J.M.; Prairie, Y.T.; Winter, J.G. Effects of thermocline deepening on lake
plankton communities. Can. J. Fish. Aquat. Sci. 2011, 68, 260–276. [CrossRef]

16. Kruk, C.; Huszar, V.L.M.; Peeters, E.T.H.M.; Bonilla, S.; Costa, L.; LüRling, M.; Reynolds, C.S.; Scheffer, M. A
morphological classification capturing functional variation in phytoplankton. Freshw. Biol. 2010, 55, 614–627.
[CrossRef]

17. Kruk, C.; Segura, A.M. The habitat template of phytoplankton morphology-based functional groups.
Hydrobiologia 2012, 698, 191–202. [CrossRef]

18. Sommer, U.; Charalampous, E.; Genitsaris, S.; Moustaka-gouni, M. Benefits, costs and taxonomic distribution
of marine phytoplankton body size. J. Plankton Res. 2017, 39, 494–508. [CrossRef]

19. Litchman, E.; de Tezanos Pinto, P.; Edwards, K.F.; Klausmeier, C.A.; Kremer, C.T.; Thomas, M.K. Global
biogeochemical impacts of phytoplankton: A trait-based perspective. J. Ecol. 2015, 103, 1384–1396. [CrossRef]

20. Mantzouki, E.; Visser, P.M.; Bormans, M.; Ibelings, B.W. Understanding the key ecological traits of
cyanobacteria as a basis for their management and control in changing lakes. Aquat. Ecol. 2015, 50,
333–350. [CrossRef]

21. Micheli, A.F.; Cottingham, K.L.; Bascompte, J.; Bjørnstad, O.N.; Eckert, G.L.; Keitt, T.H.; Kendall, B.E.;
Klug, J.L.; Rusak, J.A.; Micheli, F.; et al. The Dual Nature of Community Variability. Oikos 1999, 85, 161–169.
[CrossRef]

22. Gerling, A.B.; Munger, Z.W.; Doubek, J.P.; Hamre, K.D.; Gantzer, P.A.; Little, J.C.; Carey, C.C.
Whole-Catchment Manipulations of Internal and External Loading Reveal the Sensitivity of a Century-Old
Reservoir to Hypoxia. Ecosystems 2016, 19, 555–571. [CrossRef]

23. Carey, C.C.; Gerling, A.B.; McClure, R.P.; Lofton, M.E.; Bookout, B.J. Discharge time series for
the primary inflow tributary entering Falling Creek Reservoir, Vinton, Virginia, USA 2013–2017.
Environmental Data Initiative. 2018. Available online: https://search.datacite.org/works/10.6073/pasta/
a93f740e3cb55e3e08258520ed2a740b (accessed on 29 January 2019).

24. Chen, S.; Lei, C.; Carey, C.C.; Gantzer, P.A.; Little, J.C. A coupled three-dimensional hydrodynamic model
for predicting hypolimnetic oxygenation and epilimnetic mixing in a shallow eutrophic reservoir. Water
Resour. Res. 2017, 52, 1–20. [CrossRef]

25. Carey, C.C.; McClure, R.P.; Doubek, J.P.; Lofton, M.E.; Ward, N.K.; Scott, D.T. Chaoborus spp. transport CH4

from the sediments to the surface waters of a eutrophic reservoir, but their contribution to water column CH4

concentrations and diffusive efflux is minor. Environ. Sci. Technol. 2018, 52, 1165–1173. [CrossRef] [PubMed]

http://dx.doi.org/10.1890/03-0763
http://dx.doi.org/10.1890/0012-9658(2002)083[0399:PLANIA]2.0.CO;2
http://dx.doi.org/10.1023/B:HYDR.0000036142.74589.a4
http://dx.doi.org/10.1007/s10750-005-4428-3
http://dx.doi.org/10.1111/j.1365-2486.2007.01510.x
http://dx.doi.org/10.1093/plankt/fbr002
http://dx.doi.org/10.1007/s10750-013-1451-7
http://dx.doi.org/10.3390/w8060229
http://dx.doi.org/10.1002/eco.270
http://dx.doi.org/10.1139/F10-138
http://dx.doi.org/10.1111/j.1365-2427.2009.02298.x
http://dx.doi.org/10.1007/s10750-012-1072-6
http://dx.doi.org/10.1093/plankt/fbw071
http://dx.doi.org/10.1111/1365-2745.12438
http://dx.doi.org/10.1007/s10452-015-9526-3
http://dx.doi.org/10.2307/3546802
http://dx.doi.org/10.1007/s10021-015-9951-0
https://search.datacite.org/works/10.6073/pasta/a93f740e3cb55e3e08258520ed2a740b
https://search.datacite.org/works/10.6073/pasta/a93f740e3cb55e3e08258520ed2a740b
http://dx.doi.org/10.1002/2016WR019279
http://dx.doi.org/10.1021/acs.est.7b04384
http://www.ncbi.nlm.nih.gov/pubmed/29262250


Water 2019, 11, 222 22 of 23

26. Chen, S.; Little, J.C.; Carey, C.C.; McClure, R.P.; Lofton, M.E.; Lei, C. Three-Dimensional Effects of Artificial
Mixing in a Shallow Drinking-Water Reservoir. Water Resour. Res. 2018, 54, 425–441. [CrossRef]

27. Carey, C.C.; McClure, R.P.; Gerling, A.B.; Doubek, J.P.; Chen, S.; Lofton, M.E.; Hamre, K.D. Time Series of
High-Frequency Profiles of Depth, Temperature, Dissolved Oxygen, Conductivity, Specific Conductivity,
Chlorophyll a, Turbidity, pH, and Oxidation-Reduction Potential for Beaverdam Reservoir, Carvins Cove
Reservoir, Falling Creek Reservoir, Gatewood Reservoir, and Spring Hollow Reservoir in Southwestern
Virginia, USA 2013–2018. Environmental Data Initiative: 2018, USA. Available online: https://portal.
edirepository.org/nis/metadataviewer?packageid=edi.200.6 (accessed on 29 January 2019).

28. Carey, C.C.; Gerling, A.B.; Doubek, J.P.; Hamre, K.D.; McClure, R.P.; Lofton, M.E.; Farrell, K.J. Secchi Depth
Data and Discrete Depth Profiles of Photosynthetically Active Radiation, Temperature, Dissolved Oxygen,
and pH for Beaverdam Reservoir, Carvins Cove Reservoir, Falling Creek Reservoir, Gatewood Reservoir,
and Spring Hollow Reservoir in Southwestern Virginia, USA 2013–2018. Environmental Data Initiative:
2018, USA. Available online: https://portal.edirepository.org/nis/mapbrowse?scope=edi&identifier=198
(accessed on 29 January 2019).

29. Carey, C.C.; Lofton, M.E.; Gerling, A.B.; McClure, R.P.; Doubek, J.P.; Niederlehner, B.R.; Farrell, K.J.
Water Chemistry Time Series for Beaverdam Reservoir, Carvins Cove Reservoir, Falling Creek Reservoir,
Gatewood Reservoir, and Spring Hollow Reservoir in Southwestern Virginia, USA 2013–2017. Environmental
Data Initiative: 2018, USA. Available online: https://environmentaldatainitiative.org/data/edis-featured-
data-contributions/physical-chemical-biological-limnology-of-5-reservoirs-in-sw-virginia/ (accessed on 29
January 2019).

30. Catherine, A.; Escoffier, N.; Belhocine, A.; Nasri, A.B.; Hamlaoui, S.; Yéprémian, C.; Bernard, C.;
Troussellier, M. On the use of the FluoroProbe®, a phytoplankton quantification method based on
fluorescence excitation spectra for large-scale surveys of lakes and reservoirs. Water Res. 2012, 46, 1771–1784.
[CrossRef]

31. Carey, C.C.; Lofton, M.E.; Hamre, K.D.; Doubek, J.P.; McClure, R.P. Time-Series of High-Frequency Profiles
of Fluorescence-Based Phytoplankton Spectral Groups in Beaverdam Reservoir, Carvins Cove Reservoir,
Falling Creek Reservoir, Gatewood Reservoir, and Spring Hollow Reservoir in Southwestern Virginia, USA
2013–2017. Environmental Data Initiative: 2018, USA. Available online: https://search.datacite.org/works/
10.6073/PASTA/31691748AB0FA83430E6A65EEEA29337 (accessed on 29 January 2019).

32. Beutler, M.; Wiltshire, K.H.; Meyer, B.; Moldaenke, C.; Lüring, C.; Meyerhöfer, M.; Hansen, U.P.; Dau, H. A
fluorometric method for the differentiation of algal populations in vivo and in situ. Photosynth. Res. 2002, 72,
39–53. [CrossRef]

33. Kring, S.A.; Figary, S.E.; Boyer, G.L.; Watson, S.B.; Twiss, M.R. Rapid in situ measures of phytoplankton
communities using the bbe FluoroProbe: Evaluation of spectral calibration, instrument intercompatibility,
and performance range. Can. J. Fish. Aquat. Sci. 2014, 71, 1087–1095. [CrossRef]

34. Patton, C.; Kryskalla, J. Evaluation of alkaline persulfate digestion as an alternative to kjeldahl digestion for
determination of total and dissolved nitrogen and phosphorous in water. USGS 2003. [CrossRef]

35. American Public Health Association. APHA Standard Methods for the Examination of Water and Wastewater,
23rd ed.; American Public Health Association: Washington, DC, USA, 2017.

36. Hillebrand, H.; Dürselen, C.-D.; Kirschtel, D.; Pollingher, U.; Zohary, T. Biovolume Calculation for Pelagic
and Benthic Microalgae. J. Phycol. 1999, 35, 403–424. [CrossRef]

37. Read, J.; Hamilton, D.; Jones, I.D.; Muraoka, K.; Winslow, L.; Kroiss, R.; Wu, C.; Gaiser, E. Derivation of
lake mixing and stratification indices from high-resolution lake buoy data. Environ. Model. Softw. 2011, 26,
1325–1336. [CrossRef]

38. Read, J.S.; Muraoka, K. LakeAnalyzer Ver. 3.3 User Manual. Available online: http://lakeanalyzer.gleon.
org/Lake-Analyzer_User_Manual.pdf (accessed on 31 August 2018).

39. Wetzel, R.G.; Likens, G.E. Limnological Analyses, 3rd ed.; Springer: New York, NY, USA, 2000.
40. Stewart-Oaten, A.; Murdoch, W.W.; Parker, K.R. Environmental Impact Assessment: “Pseudoreplication” in

Time? Ecology 1986, 67, 929–940. [CrossRef]
41. Longhi, M.L.; Beisner, B.E. Environmental factors controlling the vertical distribution of phytoplankton in

lakes. J. Plankton Res. 2009, 31, 1195–1207. [CrossRef]

http://dx.doi.org/10.1002/2017WR021127
https://portal.edirepository.org/nis/metadataviewer?packageid=edi.200.6
https://portal.edirepository.org/nis/metadataviewer?packageid=edi.200.6
https://portal.edirepository.org/nis/mapbrowse?scope=edi&identifier=198
https://environmentaldatainitiative.org/data/edis-featured-data-contributions/physical-chemical-biological-limnology-of-5-reservoirs-in-sw-virginia/
https://environmentaldatainitiative.org/data/edis-featured-data-contributions/physical-chemical-biological-limnology-of-5-reservoirs-in-sw-virginia/
http://dx.doi.org/10.1016/j.watres.2011.12.056
https://search.datacite.org/works/10.6073/PASTA/31691748AB0FA83430E6A65EEEA29337
https://search.datacite.org/works/10.6073/PASTA/31691748AB0FA83430E6A65EEEA29337
http://dx.doi.org/10.1023/A:1016026607048
http://dx.doi.org/10.1139/cjfas-2013-0599
http://dx.doi.org/10.3133/wri034174
http://dx.doi.org/10.1046/j.1529-8817.1999.3520403.x
http://dx.doi.org/10.1016/j.envsoft.2011.05.006
http://lakeanalyzer.gleon.org/Lake-Analyzer_User_Manual.pdf
http://lakeanalyzer.gleon.org/Lake-Analyzer_User_Manual.pdf
http://dx.doi.org/10.2307/1939815
http://dx.doi.org/10.1093/plankt/fbp065


Water 2019, 11, 222 23 of 23

42. Leach, T.; Beisner, B.; Carey, C.; Pernica, P.; Rose, K.; Huot, Y.; Anneville, O.; Brentrup, J.; Domaizon, I.;
Grossart, H.-P.; et al. Patterns and drivers of deep chlorophyll maxima structure in 100 lakes: The relative
importance of light and thermal stratification. Limnol. Oceanogr. 2018, 63, 628–646. [CrossRef]

43. Schwarz, C.J. Analysis of BACI experiments. Course Notes Begin. Intermed. Stat. 2015, 614–705. Available
online: http://www.stat.sfu.ca/~{}cschwarz/CourseNotes (accessed on 29 January 2017).

44. Beisner, B.E.; Longhi, M.L. Spatial overlap in lake phytoplankton: Relations with environmental factors and
consequences for diversity. Limnol. Oceanogr. 2013, 58, 1419–1430. [CrossRef]

45. Wilkinson, G.M.; Carpenter, S.R.; Cole, J.J.; Pace, M.L.; Batt, R.D.; Buelo, C.D.; Kurtzweil, J.T. Early warning
signals precede cyanobacterial blooms in multiple whole-lake experiments. Ecol. Monogr. 2018, 88, 188–203.
[CrossRef]

46. Barley, S.C.; Meeuwig, J.J. The Power and the Pitfalls of Large-scale, Unreplicated Natural Experiments.
Ecosystems 2017, 20, 331–339. [CrossRef]

47. Reynolds, C.S. Ecology of Phytoplankton; Cambridge University Press: New York, NY, USA, 2006.
48. Spears, B.M.; Carvalho, L.; Dudley, B.; May, L. Variation in chlorophyll a to total phosphorus ratio across 94

UK and Irish lakes: Implications for lake management. J. Environ. Manag. 2013, 115, 287–294. [CrossRef]
49. Derks, A.; Schaven, K.; Bruce, D. Diverse mechanisms for photoprotection in photosynthesis. Dynamic

regulation of photosystem II excitation in response to rapid environmental change. Biochim. Biophys.
Acta-Bioenerg. 2015, 1847, 468–485. [CrossRef] [PubMed]

© 2019 by the authors. Licensee MDPI, Basel, Switzerland. This article is an open access
article distributed under the terms and conditions of the Creative Commons Attribution
(CC BY) license (http://creativecommons.org/licenses/by/4.0/).

http://dx.doi.org/10.1002/lno.10656
http://www.stat.sfu.ca/~{}cschwarz/CourseNotes
http://dx.doi.org/10.4319/lo.2013.58.4.1419
http://dx.doi.org/10.1002/ecm.1286
http://dx.doi.org/10.1007/s10021-016-0028-5
http://dx.doi.org/10.1016/j.jenvman.2012.10.011
http://dx.doi.org/10.1016/j.bbabio.2015.02.008
http://www.ncbi.nlm.nih.gov/pubmed/25687894
http://creativecommons.org/
http://creativecommons.org/licenses/by/4.0/.

	Introduction 
	Materials and Methods 
	Study Sites 
	Experimental Mixing Manipulations 
	Field Sampling 
	Laboratory Analyses 
	Calculation of Thermal Stability Metrics and Light Attenuation 
	Statistical Analyses 
	Relative Abundance of Phytoplankton Functional Groups 

	Results 
	Thermal Structure 
	Aggregate Phytoplankton Groups 
	Morphology-Based Phytoplankton Groups 
	Sediment and Nutrient Dynamics 

	Discussion 
	Conclusions 
	References

