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Abstract (Academic) 

 
The cellular microenvironment in vivo consists of both mechanical and chemical signals, 

which drive cell function and fate.  These signals include the composition, architecture, 

and mechanical properties of the extracellular matrix (ECM), signaling molecules secreted 

by cells into their surroundings, as well as physical interactions between neighboring cells.  

Cells are able to interact with their surroundings through a number of different 

mechanisms such as remodeling of the ECM through adhesion, contraction, degradation, 

and deposition of proteins, as well as the secretion of pro- or anti-inflammatory molecules.  

In diseased states, where homeostasis has been perturbed, inflammatory signals are 

secreted which can modify the cellular microenvironment. Diseased states such as cancer 

and fibrosis are often associated with the excessive production of ECM proteins that 

subsequently lead to an increase in tissue stiffness and changes to ECM architecture.  

Such changes to the mechanical properties of the cellular microenvironment affect the 

cytoskeletal arrangement, migration and adhesion of both the parenchymal cells, as well 

as immune response cells, which migrate to the sites of injury. 

 

Further understanding of the inflammatory responses and their relationships to tissue 

stiffness and ECM architecture could aid in the development of novel strategies to predict 

diseases as well as to target and monitor therapies.  Since inflammation and mechanical 

properties of the affected tissue are closely interlinked, obtaining a detailed understanding 

of the interplay between the properties of the microenvironment and the cells that reside 

within it will be very beneficial to obtain physiologically relevant information. We have 

investigated the combinatorial effects of matrix stiffness, and architecture in the presence 



 
 

of co-cultures of cells to determine the overall effect on cellular responses and 

phenotypes.  We have conducted studies on co-cultures of cells in 2D and 3D 

environments to identify how cellular behavior is affected by dimensionality.   
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Abstract (General Audience) 
 
The cellular microenvironment in vivo consists of both mechanical and chemical signals, 

which drive cell function and fate.  These signals include the composition and organization 

of the extracellular matrix (ECM), signaling molecules secreted by cells into their 

surroundings, as well as physical interactions between neighboring cells.  Cells are able 

to interact with their surroundings through reorganization of the ECM and secretion of pro- 

or anti-inflammatory molecules.  In diseased states, inflammatory signals are secreted 

which can modify the cellular microenvironment.  Diseased states such as cancer and 

fibrosis are often associated with the excessive production of ECM proteins that 

subsequently lead to an increase in tissue stiffness and changes to ECM architecture.  

Such changes to the mechanical properties of the cellular microenvironment affect the 

function and behavior of cells within a given tissue. 

 

Further understanding of the inflammatory responses and their relationships to tissue 

stiffness and ECM architecture could aid in the development of novel strategies to predict 

diseases as well as to target and monitor therapies.  Since inflammation and mechanical 

properties of the affected tissue are closely interlinked, obtaining a detailed understanding 

of the interplay between the properties of the microenvironment and the cells that reside 

within it will be very beneficial to obtain physiologically relevant information. We have 

investigated the combinatorial effects of matrix stiffness, and architecture in the presence 

of co-cultures of cells to determine the overall effect on cellular responses and 

phenotypes.  We have conducted studies on co-cultures of cells in 2D and 3D 

environments to identify how cellular behavior is affected by dimensionality.   
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Chapter 1: Background and Introduction 

1.1 Introduction 

The guidance provided by the cellular microenvironment plays a major role in the 

maintenance of tissue and organ function.  This microenvironment is comprised of a wide 

variety physical and chemical cues, which the cell senses through a range of receptors on 

its surface [1].  These cues are then transmitted inside the cell via numerous signaling 

pathways, leading to the control of gene expression [2].  Cues from the extracellular 

microenvironment are primarily in the form of insoluble hydrated macromolecules such as 

collagen, fibronectin, laminin, and proteoglycans; soluble macromolecules such as growth 

factors and cytokines; and proteins expressed by neighboring cells [3].   

 

Changes to the microenvironment can alter cellular function in significant ways.  It can 

affect stem cell differentiation [4, 5], the immune response [6, 7], disease and cancer 

progression [8, 9] and cell migration.  It has also been found that cells of the same type, 

which are present at different locations throughout the body, such as endothelial cells, can 

exhibit dramatic differences in structure and function depending on the extracellular cues 

presented to them [7, 10].  It is therefore of great importance to understand the interactions 

between cells and their surroundings.  A deeper knowledge of such interactions could 

ultimately lead to the development of new biomaterials and therapeutic strategies [3, 11].   

 

1.2 Effects of Matrix Rigidity on Cell Phenotype 

Interactions of cells with extracellular matrix (ECM) molecules are crucial to processes 

such as embryonic development, growth regulation, and maintenance of normal tissue 

function [12].   The composition and structure of extracellular components interacting with 
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the surface of a cell is critical to its structure and regulatory processes.  These interactions 

can alter gene expression, phenotype, morphology, migration and proliferation [13].   

 

The ECM is a complex mixture of proteins including fibrillar glycoproteins such as collagen 

and fibronectin, proteoglycans, and non-matrix proteins such as growth factors [14].  Cell-

matrix interactions can either be direct or through intermediate linking molecules [15].   

Many of these interactions rely upon trans-membrane integrin receptors, which form 

distinct adhesions between a cell and its environment [16].  Integrins are cell surface 

receptors composed of dimers of α and β transmembrane subunits.  Most integrins bind 

ligands of ECM proteins such as the arginine-glycine-aspartic acid (RGD) peptide 

sequence on fibronectin.  Specific integrins can also bind to soluble ligands (such as 

fibrinogen) or to receptors on neigboring cells, leading to homo- or hetero-typic 

aggregation of cells.  Such cell-matrix and cell-cell interactions initiate dynamic signaling 

events, which provide cells with information on the chemical and physical properties of 

their environment. 
 

While the composition of the extracellular environment plays a crucial part in the regulation 

of cellular processes, the mechanical properties also play an important role [17].  Cells 

probe the mechanical properties of their substrate through focal adhesions [18].  Focal 

adhesions are large complexes of proteins which transmit mechanical force and regulatory 

signals between the ECM and the cell [19].  Adapter proteins such as talin, α-actinin, 

filamin, vinculin, and tensin connect the cytoplasmic tails of integrins to the cytoskeleton 

forming the basis of the focal adhesion.  Over 50 focal adhesion proteins have been 

identified suggesting the very diverse structural and compositional makeup of these 

complexes [20]. 
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Through these focal adhesion complexes, cells exert forces on their substrate via myosin-

regulated contractility of the actin cytoskeleton [21].  These interactions result not only in 

force generation but also in the initiation of different signaling pathways [22-24].  We 

provide the description of one such signaling pathway in Figure 1.1.  Integrins signal 

through recruitment of focal adhesion kinase (FAK) and the activation of proto-oncogene 

tyrosine-protein kinase Src (Src) as well as the recruitment of paxillin complexes [22] 

(Figure 1.1).  Src phosphorylates Crk-associated substrate proteins (Cas) and recruits 

proto-oncogene c-Crk (CRK) to activate Ras-related C3 botulinum toxin substrate (Rac) 

[25].  Rac stimulates lamellipodial extension by activating WASP-family verprolin-

homologous protein (WAVE) proteins while cell division control protein 42 (Cdc42) binds 

to Wiskott–Aldrich Syndrome protein (WASP) proteins inducing the formation of filopodia 

through actin polymerization [26].  Signaling downstream of phosphatidylinositol 3-kinase 

(PI3K) affects activation of the small guanosine tyrosine phosphatases (GTPases) such 

as Cdc42 and Rho to induce changes in cytoskeletal structure, thereby regulating cell 

contractility,  migration, invasion and gene expression.  Signals through LIM domain 

kinase (LIMK) and cofilin cooperate with the Rho-associated protein kinase 

(ROCK)/myosin light chain kinase (MLCK)/myosin II pathway to promote the contraction 

of the ECM.  Through this signaling pathway, cells can sense and react to the mechanical 

properties of their microenvironment, leading to changes in cytoskeletal organization and 

subsequently cell phenotype. 
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Figure 1.1. ECM-integrin mediated pathway for reorganization of the cytoskeleton. 

 

The effect of the mechanical properties of the cell environment have been studied 

extensively in vivo and in vitro using both natural and synthetic substrates [27].  Living 

tissues exhibit a wide range of elastic modulus [28] ranging from hundreds of Pa in soft 

tissues such as brain [29] to MPa in tissues such as tendon [30].  The mechanical 

properties of tissues become particularly important in diseased states, such as fibrosis 

and sclerosis.   Significant changes in the mechanical properties at the cellular, regional, 

and whole organ levels have been reported for these diseases [31].  For example, hepatic 

fibrosis can result in as much as a 6-fold increase in liver stiffness [32, 33].   

 

In 1997, a pioneering study by Pelham et al. showed that substrate stiffness could be used 

to modulate cell shape, spreading, and migration [34].  In this study, the elastic moduli of 
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collagen-coated polyacrylamide gels was regulated by varying the amount of acrylamide 

monomer or bisacrylamide crosslinker used in gel solutions.  This work done by Pelham 

and coworkers established a standard method to investigate cell response to substrate 

elasticity. 

 

A common observation in studies examining the effects of substrate rigidity on cell function 

is the organization of a well-defined actin cytoskeleton [35-38].  In Ghosh et al., dermal 

fibroblasts were cultured on ECM mimics composed of hyaluronan, fibronectin and poly 

(ethylene glycol) diacrylate [37].  By modulating crosslinking, substrates with shear 

storage moduli of 95 Pa, 550 Pa, and 4270 Pa were designed.  The authors reported that 

the fibroblasts modified their mechanical rigidity in order to conform to substrate stiffness.  

Cells on more rigid substrates exhibited as much as a 5-fold higher elastic moduli.  

Additionally, the cells had a more elongated morphology and well-organized actin 

cytoskeleton, which lead to higher traction forces exerted on the substrate.  Yeung et al. 

examined the effects of substrate rigidity on the cytoskeletal dynamics and spreading of 

NIH3T3 fibroblasts, bovine aorta endothelial cells, and human neutrophils [38].  Cells were 

cultured on polyacrylamide gels coated with either fibronectin or collagen with Young’s 

moduli (YM) ranging from 1,600 to 16,000 Pa.  Fibroblasts and endothelial cells exhibited 

stiffness-dependent spreading while neutrophils exhibited no change upon increasing 

substrate moduli.  For fibroblasts and endothelial cells seeded on substrates with YM 

above 3,600 Pa, well-defined actin fibers were observed in virtually all cells.  An increase 

in α5 integrin expression was observed for the cells on gels with moduli above 2,000 Pa, 

which may indicate an increase in cellular adhesion on stiffer hydrogels. 
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The mechanical properties of the cellular microenvironment have not only been shown to 

affect cytoskeletal arrangement but also stem cell differentiation and cell phenotype.  Stem 

cell fate as a function of substrate stiffness has been investigated in a number of studies 

[39-42].  In a pioneering study by Engler and coworkers, naïve mesenchymal stem cells 

were shown to commit to tissue-specific phenotypes when cultured on substrates with YM 

identical to tissues in vivo [42].  Stem cells were cultured on polyacrylamide gels with YM 

mimicking brain (0.1-1 kPa), muscle (8-17 kPa) or rigid matrices that mimicked 

collagenous bone (25-40 kPa).  During the first week in culture, reprogramming of these 

lineages could be achieved with the addition of soluble induction factors.  However, after 

several weeks in culture, cells differentiated to specific lineages corresponding to tissue 

rigidity in vivo.   

 

Hepatic stellate cells (HSCs) are mesenchymal cells that play a critical role in 

hepatocellular function and the response to injury in the liver [43, 44].  These cells are 

found in the sub-endothelial region of the liver, known as the Space of Disse, and are 

responsible for the storage of retinoid (vitamin A) [45].  In a normal liver, HSCs are in an 

inactive, quiescent state [46].  When the liver is damaged, HSCs can transform into 

an activated, myofibroblastic state.  The myofibroblastic differentiation of hepatic stellate 

cells (HSCs) is one of the initiating events in liver fibrosis and can lead to the progression 

to cirrhosis in chronic liver disease [47].  Activated HSCs are characterized by increased 

proliferation, contractility, chemotaxis and ECM production [48].  The secretion of 

excessive amounts of ECM proteins can lead to the progression of fibrosis and 

eventually cirrhosis.  Olsen et al. hypothesized that the mechanical properties of the ECM 

beneath the cells is vital to HSC activation to a myofibroblastic state [49].  Primary rat 

HSCs were cultured on polyacrylamide substrates of varying moduli that were coated with 

either collagen type I, fibronectin, Matrigel, or poly-l-lysine.  Cells on soft substrates (0.4–
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1.0 kPa) retained the phenotypic characteristics of freshly isolated, quiescent HSCs for 

seven days while cells on stiffer substrates (8–12 kPa) did not exhibit vitamin A droplets 

and demonstrated a more myofibroblastic morphology. 

 

These studies illustrate the importance of the mechanical properties of the cellular 

microenvironment.  Mechanical properties of the substrate or scaffold can be used to 

either maintain normal, healthy cellular function or be modulated to induce phenotypes 

resembling those that are found in a diseased or inflamed state. 

 

1.3 Inflammation 

The inflammatory response participates in the defense against infectious agents, 

pathogens and injury but can also lead to the progression of many chronic diseases [50].  

There are many diseases associated with inflammation, such as atherosclerosis, hepatic 

cirrhosis, and pulmonary fibrosis [51-53].  Although, the manifestation of each of these 

diseases is different, there are many common factors in their progression [54-56].  The 

body’s defense against disease, pathogens, and tissue injury has generally been divided 

into reactions of innate immunity and reactions of adaptive immunity [57].  In this regard, 

innate and adaptive immunity serve as two important aspects of the immune system. 

 

The innate immune system is the body’s first line of defense to invading pathogens and 

disease [58].  This pathway is responsible for recruiting immune cells to sites of infection, 

the activation of the complement cascade and initiating the clearance of cell debris [59, 

60].  The adaptive immune system, or acquired immune system, serves to further 

eliminate or prevent pathogen growth.  Following a first encounter with an invading 

pathogen, the adaptive immune system develops immunological memory leading to an 
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augmented reaction to following encounters with that pathogen [61].  Interactions of cells 

in the innate immune system, adaptive immune system, and inflammatory signals 

contribute to acute and chronic inflammation [62].  These inflammatory interactions can 

contribute to tissue injury, oxidative stress, cellular proliferation and the remodeling of the 

infected tissue.   

 

Immediately following tissue injury, signals from the innate and adaptive immune systems 

act upon epithelial and mesenchymal cells of the affected organs [50].  These cells then 

begin to secrete pro-inflammatory signaling molecules known as cytokines, which aid in 

the recruitment of inflammatory cells such as leukocytes and macrophages.  The recruited 

immune cells become activated in response to the pro-inflammatory cytokines and 

exacerbate the inflammatory response [63]. 

 
Macrophages, derived from monocytes, exist throughout the body and can be found in 

bone (osteoclasts), alveoli, central nervous system (microglial cells), connective tissue 

(histiocytes), gastrointestinal tract, liver (Kupffer cells), spleen and peritoneum [64].  Once 

activated, macrophages are the main source of growth factors and cytokines in the 

inflammatory response [63].  These cells can be involved in both pro- and anti- 

inflammatory processes dependent on the method of their activation.  Macrophages are 

activated via the classical inflammatory (M1) or the alternative anti-inflammatory (M2) 

pathway [6].  Macrophages adopt a M1 phenotype upon exposure to pro-inflammatory 

signaling molecules such as tumor necrosis factor alpha (TNF-α), interferons (IFN) such 

as IFN-, lipopolysaccharides (LPS) or microbial products [65].  These cells exhibit anti-

microbial and anti-tumor properties and secrete high levels of pro-inflammatory cytokines 

such as interleukin (IL) -1, IL-6, IL-12, IL-23, TNF-α and inducible nitric oxide synthase 

(iNOS) [66].  While M1 macrophages are a vital component to host defense, the cytokines 
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and signaling molecules they secrete, can lead to tissue damage.  Alternatively activated 

macrophages (M2) are produced in response to IL-4 and other glucocorticoids [67].  M2 

macrophages produce anti-inflammatory cytokines (IL-10) and growth factors such as 

transforming growth factor beta (TGF-β), vascular endothelial growth factor (VEGF), and 

platelet derived growth factor (PDGF)).  M2 macrophages also secrete ECM proteins to 

promote the healing process.  The function of M2 macrophages must also be tightly 

controlled, as they can damage the host when their matrix-enhancing ability is impaired. 

 
 
The activation state of macrophages and the types of cytokines they secrete can have a 

profound effect on endothelial, epithelial and mesenchymal cells [65].  TGF-β cytokines 

secreted by macrophages have been implicated in a variety of fibrotic diseases such as 

liver cirrhosis and pulmonary fibrosis.  These cytokines are typically pro-fibrotic, resulting 

in increased protein (collagen) synthesis [68].  Macrophages have been identified as an 

important source of TGF-β [69-71].  In the liver, TGF-β has been linked to the 

differentiation of HSCs to a myofibroblastic phenotype which is highly proliferative and 

fibrogenic [47].  The secretion of large concentrations of ECM components by these 

fibrotic cells results in a significant increase in the stiffness of liver tissue.   Activated 

macrophages have been shown to amplify the fibrotic response indirectly by the secretion 

of other mediators that initiate and maintain the inflammatory cascade such as PDGF and 

insulin-like growth factor-I.  These growth factors have been shown to enhance the 

proliferation, survival, and migration of myofibroblasts and promote collagen synthesis by 

these cells [72, 73].  The anti-inflammatory cytokines IL-4 and IL-13 have been shown to 

enhance collagen production in mouse and human fibroblasts [74, 75] as well as push 

human lung fibroblasts towards a myofibroblastic phenotype [76].   

 

Of the pro-inflammatory cytokines which can be secreted by macrophages, TNF-α has 
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been implicated in the rearrangement of actin cytoskeletal components of endothelial cells 

[77].  Stroka et al. reported that treatment of human umbilical cord endothelial cells with 

TNF-α results in cell elongation and a shift from globular (g-actin) to fibrillar (f-actin) actin 

stress fibers [78]. The formation of actin stress fibers also resulted in larger traction forces 

exerted by such cells.  Koukouritaki et al. reported that the treatment of glomerular 

epithelial cells with TNF-α resulted in the phosphorylation of paxillin and FAK leading to 

larger focal adhesions [79].  Together, these studies illustrate the ability of TNF-α to 

modulate the organization of cytoskeletal components and the mechanical properties of 

cells. 

 

1.4 The Interplay between Inflammation and Matrix Stiffness 

Inflammation has been closely linked to an increase in tissue stiffness in a number of 

studies across tissue types such as arterial [80, 81], hepatic [82-84] and pulmonary [85, 

86].  In each of these cases, inflammation results in an increase in the production of ECM 

proteins that subsequently lead to an increase in tissue stiffness.  Such changes to the 

mechanical properties of the cellular microenvironment not only affect the cytoskeletal 

arrangement of the parenchymal or principal cells, but also that of the immune response 

cells which have migrate to the sites of injury. 

 

Patel et al. showed that macrophage morphology and cytoskeletal arrangement could be 

modulated by substrate elasticity [87].  Murine macrophages cultured on a soft substrate 

(elastic modulus of 1.2 kPa) exhibited a more rounded morphology and fewer filopodial 

projections compared to cells on a rigid substrate (elastic modulus: 150 kPa).  

Interestingly, treatment with LPS or IFN-γ resulted in increased phagocytosis of 

immunoglobulin G (IgG)- opsonized beads by macrophages.  Interestingly, elasticity 
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measurements conducted on cells by optical magnetic twisting cytometry demonstrated 

that individual treatments of IFN-γ and LPS increased macrophage cytoplasmic stiffness 

by 2.7-fold and 1.7-fold, respectively.  The degree of phagocytosis correlated to the 

magnitude of changes in elasticity suggesting that the cellular mechanical properties are 

related to macrophage function.  In a study by Fereol et al., alveolar macrophages 

exhibited changes in cell shape when seeded on substrates that exhibited elastic moduli 

values of 0.1, 40, and 160 kPa when compared to cells cultured on rigid glass substrates.  

Cells on softer substrates were rounded in shape while cells on stiffer substrates exhibited 

a flattened morphology [88].  RAW 264.7 macrophages on polyethylene glycol (PEG) 

hydrogels exhibited a round morphology on soft substrates (YM of 130 kPa) with actin 

localized in the peripheral regions [89]. However, macrophages on stiff substrates (YM: 

240 kPa and 840 kPa) were well spread with more defined actin stress fibers.  Membrane 

protrusions were also found to be more prominent on cells cultured on the stiffer 

substrates.  Taken together, these trends suggest that the modulus and adhesivity of the 

substrate can influence the mechanical properties of macrophages as well as their 

morphology and function. 

 

Further understanding of the inflammatory response and its relationship to tissue stiffness 

could aid in the development of novel strategies to predict, monitor, and target diseases 

for new therapies.  Since inflammation and mechanical properties of the affected tissue 

are closely interlinked, evaluation of cellular deformation characteristics of cells may be a 

suitable metric to further understand the interplay between these cues.  
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1.5 Remodeling of the Extracellular Matrix 

This section (Section 1.5) is reprinted with permission from Ford, A.J., and Rajagopalan, 
P. Extracellular matrix remodeling in 3D: implications in tissue homeostasis and disease 
progression. Wiley Interdiscip Rev Nanomed Nanobiotechnol, 2017.  
 
The ECM composition and structure vary widely between various tissues and organs and 

plays a crucial role in determining cell phenotype, adhesion, migration, proliferation and 

three-dimensional (3D) organization [90, 91].  More importantly, the ECM can undergo 

dynamic remodeling by cells in response to a variety of external and internal stimuli [91-

93].   Through a range of cell-ECM interactions, tissues can maintain homeostasis or 

respond to physiological stresses such as injury, infection, and disease (Figure 1.2) [22, 

94-97]. The interactions between cells and ECM components have been extensively 

investigated in both two-dimensional (2D) and 3D substrates [98-104].  It has been shown 

that cells respond differently based on the dimensionality of their environment [22].  

Cellular responses in 3D, specifically, their contributions to remodeling their surrounding 

matrix is the focus of this review article. We discuss various cellular mechanisms 

implicated in ECM remodeling and how these processes can exert both beneficial and 

harmful effects on tissue homeostasis, disease progression and in tumorigenesis [93-95, 

97]. 
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Figure 1.2. Mechanisms used by cells to remodel the ECM include A) adhesion to the ECM through 
integrins and focal adhesion proteins, B) contraction and alignment of fibers via actomyosin 
contractility, breakdown of ECM proteins through C) the secretion of MMPs and D) receptor-
mediated internalization followed by lysosomal degradation, E) synthesis of new ECM proteins, 
and F) post-translational modification of the ECM through crosslinking.  

 

1.5.1 Adhesion and Contraction 

Cells can adhere to the ECM through receptors on their surfaces, such as integrins, 

discoidin domain receptors and syndecans [105-107].  Of these receptors, integrins, which 
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are heterodimers of alpha () and beta (β) chains spanning the cell membrane, have been 

widely investigated for their roles in mechanotransduction and in providing cells with 

information on the extra-cellular environment [22, 94, 108, 109].  Cells can exert forces on 

the ECM through integrins and focal adhesion proteins, such as talin and vinculin [24, 110, 

111].  These signaling mechanisms result in the contraction of the actin cytoskeleton via 

myosin II proteins [112-114].   

 

Many different cell types have been reported to organize and align ECM fibers within 3D 

matrices through a combination of adhesion, contraction, and internalization [115, 116]. In 

vivo, the realignment and contraction of the ECM allows cells to communicate their 

location and spatial orientation over long distances through force transmission [117, 118].  

In vitro, single cells and aggregates have been reported to organize ECM fibrils over a 

distance that is ten-twenty-fold greater than their cellular diameters [119, 120].  The 

organization of ECM components, through contraction and alignment, affects cellular 

motility and force transduction. In addition, ECM organization leads to changes in the 

mechanical properties of the tissue such as stiffness and strain hardening behavior [118, 

120-122].  Consequently, these processes play important roles in vascularization, the 

formation of tissue level structures, such as ligaments and tendons, as well as in disease 

progression including cancer metastasis [123, 124].   

 

Studies have been conducted to understand how the alignment of ECM fibers affects the 

migration of cells [125-128].  These studies have shown that collagen alignment increases 

migration efficiency by directing cellular protrusions along aligned fibers [125].  In addition, 

aligning ECM fibers resulted in reduced shear stress and drag forces felt by cells [126] 

thereby, reducing the energy required for cells to migrate.  Studies on elucidating how 

alignment promotes directed migration have shown that this occurs through a combination 
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of traction forces as well as contact guidance mechanisms [127]. For directed migration, 

Rho/ROCK activity appears to be required only to align fibers.  Once this has been 

achieved, these GTPases are no longer required for directed cellular migration [129]. 

 

1.5.2 Degradation 

Cells can break down ECM components through the secretion of proteases [130-132] 

followed by internalization and lysosomal degradation [133-136]. The degradation of ECM 

proteins enables cells to remove debris and repair damaged tissues [130, 137, 138]. In 

some cases, the degradation products can result in inflammatory signaling pathways [139-

141]. 

 

MMPs, a class of ECM degrading proteinases are calcium-dependent zinc-containing 

endopeptidases [130, 131, 142]. These proteinases are critical to physiological processes 

such as, development, wound healing, and vascularization, as well as in diseases such 

as cancer or fibrosis [130, 131, 143, 144].  Cells often utilize MMPs to cleave proteins in 

the matrix in order to migrate and to reorganize protein fibers into bundles.  The proteolytic 

degradation of the ECM occurs in tandem with cellular endocytosis and lysosomal 

degradation [133, 145-147]. For example, β1 integrins, urokinase-type plasminogen 

activator receptor associated protein (uPARAP), and mannose receptor 1 (MR1: also 

known as Cd206), have been implicated in the internalization of ECM components for 

subsequent lysosomal break down [133, 135, 146, 148, 149].  The binding of collagen I 

fragments to α2β1 integrins in fibroblasts is followed by the recruitment of the actin-binding 

protein gelsolin and non-muscular myosin II A, mediating the transport of collagen to 

lysosomes for degradation [133, 150].  The α5β1 integrin has been shown to mediate the 

internalization of fibronectin through a caveolin-1 dependent mechanism. This turnover of 

fibronectin plays a crucial role in the uptake of collagen [134, 149]. A member of the 
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mannose receptor family, uPARAP can also bind to collagen I, IV, and V, and internalize 

their fragments via clathrin-dependent endocytosis [135, 148]. However, it is unclear 

whether integrins (β1) or uPARAP play a more dominant role in collagen endocytosis.  

While uPARAP can internalize both intact and soluble cleaved collagen, it has been shown 

that uptake of soluble collagen does not require β1 integrins; suggesting uPARAP 

operates through a different mechanism for the uptake of intact collagen [151].  

Furthermore, Madsen et al. demonstrated that uPARAP mediates collagen internalization 

in a wide variety of cell types, primarily of mesenchymal origin.  Interestingly, 

macrophages, which play a prominent role in matrix degradation, utilized MR1 (Cd206) 

over uPARAP in collagen uptake [151].  In addition, MR1 deficient macrophages have 

exhibited decreased collagen IV and gelatin internalization [152].   

 

The balance between ECM degradation through MMP activity and lysosomal breakdown 

appears to play an important role in maintaining homeostasis [134, 145, 146, 153].  The 

down-regulation of uPARAP has been shown to lead to increased membrane expression 

and activation of MMP14 [145]. MMP14 deficient cells exhibited decreased endocytosis 

of fibronectin [134], pointing to an interplay between these two mechanisms of ECM 

remodeling.  The observation that cleaved, soluble collagen, rather than intact collagen, 

is more readily endocytosed through binding to uPARAP further suggests cross talk 

between MMP secretion and endocytic pathways [146].  Madsen et al. have shown 

collagen introduced into the dermis of mice was partially internalized through MMPs 

followed by lysosomal degradation in macrophages [147].  Furthermore, knockout of MR1 

and uPARAP in mice significantly decreased the breakdown of collagen through this 

pathway [147]. 
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1.5.3 Deposition and Crosslinking 

ECM degradation is balanced by deposition in healthy tissues [91, 93, 154].  However, 

changes in either of these processes can result in pathological conditions, such as fibrosis 

and cancer progression [91-93, 96, 155].   A number of cell types contribute to the 

deposition of different ECM components [156-158].  Among these cells, fibroblasts are 

known to be one of the major cell types that contribute to ECM protein deposition [94, 132, 

155, 159, 160].  Fibroblasts are capable of secreting multiple types of collagen, 

glycoproteins such as fibronectin, as well as glycosaminoglycans and proteoglycans [91, 

93, 155, 159, 160].  In vivo, the fibrillogenesis of collagen by fibroblasts occurs through 

interactions with ECM components such as fibronectin, type V collagen, biglycan and 

decorin [94, 122, 161].  Furthermore, traction forces generated by these cells result in the 

formation of mature fibrils by exposing binding sites on ECM proteins.  This in turn enables 

the subsequent deposition of ECM, such as collagen and fibronectin [122, 162-166].  

Recently, Kubow et al. investigated the interactions between fibronectin and collagen in 

the formation of collagen fibrils when exposed to tension generated by NIH3T3 fibroblasts 

[122].  It was found that fibroblasts initially deposited fibronectin and subsequently 

collagen I, which primarily bound to relaxed fibronectin fibers over those under strain.  

 

Another important aspect is the crosslinking of ECM proteins [167-172].  Lysyl oxidase is 

a copper-dependent amine oxidase responsible for post-translational modification of 

collagens and elastin through covalent crosslinking, resulting in increased stiffness and 

tensile strength [167, 168, 173].  Non-enzymatic mechanisms of collagen cross-linking 

include glycation [169, 174] and transglutamination [170, 175].  These processes also 

result in increased ECM stiffness; however, they act at a slower rate than lysyl oxidase 

mediated crosslinking [176]. 
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1.6 Cytoplasmic Stiffness 

The study of cell mechanics, which focuses on how they sense, generate, and respond to 

mechanical forces is of great interest to the scientific community [177].  The dynamic 

reorganization of the cell cytoskeleton together with accessory proteins control many of 

these processes and is the major contributor to the mechanical properties of eukaryotic 

cells [178].  The three principal components of the cytoskeleton, actin filaments, 

microtubulin, and intermediate filaments, are primarily responsible for the changes in the 

mechanical properties of a cell [179].  Changes to the arrangement, concentration or 

molecular state of these cellular components can alter the biological processes of the cell. 

 

Cytoplasmic stiffness is often used as a measure of the mechanical properties of the cell.  

The stiffness of the cytoplasm, which includes all cellular material inside the plasma 

membrane with the exception of the nucleus are primarily controlled by the properties of 

the cytoskeleton network.  For most eukaryotic cells, any contributions to cell stiffness 

from the cell membrane are negligible.  Typically, cell membranes are 5-10nm in thickness 

and are very soft [180].   

 

A number of methods have been used for measuring cytoplasmic stiffness and 

characterizing changes to the mechanical properties of cells including optical tweezers 

[181-183], magnetic twisting cytometry [184-186], micropipette aspiration [187, 188], and 

atomic force microscopy (AFM) [180, 189]. 

 

Optical tweezers and magnetic twisting cytometry monitor changes in ligand-coated 

micrometer-sized beads that are endocytosed by cells.  These methods allow mechanical 

loads to be applied to intracellular structures via specific receptors.  Optical tweezers apply 



19 
 

forces to a single bead attached to an individual cell.  By visualizing bead displacement, 

cell stiffness can be determined [183].  Magnetic twisting cytometry applies torque to 

ferromagnetic beads adhered to a group of cells, and the apparent stiffness can be 

determined by measuring average bead rotation [186].  While these methods allow forces 

to be applied to specific intracellular structures and receptors, they also rely on the affinity 

and binding of foreign particles to the cells.   

 

Micropipette aspiration and AFM cause deformations to the cell by applying forces directly 

to the cell surface, which can be quantified and correlated to the force applied.  

Micropipette aspiration is capable of applying forces to cells ranging rom 10 pN to 104 nN, 

but demands significant training and skill on the part of the experimentalist and also has 

relatively low resolution [190].   

 

AFM is an attractive option for measuring cytoplasmic stiffness due to the ability to obtain 

resolution at the nanometer scale.  Furthermore, measurements can be obtained under 

dry or hydrated conditions.  When cellular cytoplasmic stiffness is determined under 

hydration, values that are closer to those found in the body may be obtained.  Modern 

AFM instruments can be coupled with sophisticated optical microscopes enabling 

measurements on precise locations within a cell.    

 
1.6.1 AFM 

AFM is a method that can be used to both obtain topographical images of a surface as 

well as to gather mechanical information.  The general setup of an atomic force 

microscope is comprised of a sharp tip on a flexible cantilever, which can be positioned 

precisely in three dimensions using a piezoelectric device [191] (Figure 1.3).  A laser 

diode is focused on the tip of the cantilever where it is reflected onto a position-sensitive 
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photodiode.  Depending on where this laser hits the photodiode, a specific voltage is 

generated which can be correlated to the height of the cantilever tip.   

 

Figure 1.3. Schematic of AFM set-up. 

 

The AFM is generally operated in one of two imaging modes: contact mode or tapping 

mode.  As the name implies, in contact mode, the cantilever tip is in physical contact with 

the sample and rastered across the surface.  By scanning across the sample surface, a 

topographical map can be generated with nanometer resolution [192].  While capable of 

generating high-resolution images, contact mode does generate a certain drag force on 

the surface, which can be disrupting to soft samples such as tissues or individual cells.  In 

tapping mode, the cantilever is oscillated near its resonance frequency as it is scanned 

across the surface, significantly reducing the drag force applied to the sample.  Both 

modes can be used under hydration, making AFM suitable for imaging and characterizing 

biological samples [178]. 
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In addition to imaging, AFM can also be used to gather information on interaction forces 

and mechanical properties of samples.  While operating in force mode, the cantilever is 

brought into contact with the sample surface lowered and retracted cyclically.  The 

deflection of the cantilever can then be converted to the force applied by modeling the 

cantilever as a simple spring using Hooke’s law (Equation 1): 

 

    𝐹 = 𝑘(𝑑 − 𝑑𝑜)  (Equation 1) 

 

where F is the applied force, k is the cantilever spring constant, d is the deflection of the 

cantilever, do is the deflection point during contact.  By plotting the force applied by the 

cantilever versus the distance moved by the cantilever in the z direction a force-distance 

curve can be generated.  These force-distance curves can provide information on 

adhesion and repulsion, molecular interactions between ligands and receptors [193], 

electrostatic interactions [194], stiffness [195], hardness [196], and other properties of the 

samples [178]. 

 

The simplest method for elucidating the stiffness or YM of a soft material is to fit a force-

distance curve to the Hertz model for spherical indenters (Equation 2): 

 

    𝐹 =
4

3

𝐸

1−𝜈2
𝛿3/2√𝑅  (Equation 2) 

 

where E is the YM, υ is the Poisson’s ratio, δ is the indentation and R is the radius of 

curvature of the indenter.  The Poisson’s ratio can vary between 0 and 0.5 depending on 

the sample properties.  A Poisson ratio of 0.5 corresponds to an incompressible material 
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and is suitable for a well hydrated polymeric matrix, or the cytoplasm [178].  This model 

has been extended to fit other indenter geometries such as a conical indenter (Equation3): 

 

𝐹 =
2

𝜋
tan𝛼

𝐸

1−𝜈2
𝛿2  (Equation 3) 

 

where α is the half open angle of the indenter.  These models rely on the assumptions that 

the substrate being indented is homogenous, isotropic, and has an infinite thickness.  

These assumptions can become problematic when taking measurements on thin samples 

such as cells that are only a few micrometers in thickness.  If such thin samples are 

indented more than 10% of their thickness, then the effect of the underlying substrate may 

be detected.  Such substrate effects can result in artificially high values of YM.  Therefore, 

maintaining the indentation at  10% of sample height is considered to be optimal [197].   

 

The geometry of the cantilever tip can also affect the values obtained for YM when taking 

force measurements on soft materials.  It has been previously shown that force 

measurements taken with spherical cantilever tips often generate YM values 2-3 fold lower 

than those obtained with pyramidal cantilever tips [198].  Harris and Charras examined 

the cause of these differences using confocal microscopy. In this study they monitored 

how much of the cantilever tip actually came in contact with the cell surface [199].  They 

found that for pyramidal cantilever tips, the contact area was largely overestimated at 

indentation forces  0.2 nN.   

 

1.6.2 Measuring Cytoplasmic Stiffness with AFM 

AFM has now been utilized for over two decades to image and investigate the properties 

of cells [200].  The mechanical properties of a wide variety of cells have been assessed 
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using AFM including erythrocytes, endothelial cells, macrophages, osteoblasts, cardiac 

cells and many more [180].  The YM of cells has been reported to range from 100 Pa to 

100 kPa [201]. The elastic modulus is also dependent on many physiological conditions 

and processes.   Some of the factors that affect cellular stiffness are disease, senescence, 

cell differentiation, proliferation, and cell-cell interactions [202-205].   

 

Cells have been found to exhibit different elastic moduli based on their origin in the body 

and their specific function.  Mathur et al. evaluated the hypothesis that cardiac, skeletal 

muscle and vascular endothelium would differ in stiffness due to their structural and 

functional differences [206].  In their study, cardiac cells were the most rigid with YM of 

100.3 ± 10.7 kPa, followed by skeletal muscle cells at 24.7 ± 3.5 kPa and endothelial cells 

ranging in elastic modulus from 1.4 ± 0.1 to 6.8 ± 0.4 kPa depending on the indented 

location.  It was suggested that these differences were most likely attributed to the role 

these cells play in the body.  The mechanical response of endothelial cells has been 

shown to be modulated by their exposure to shear, which can differ based on the location 

of such cells within the vascular or lymphatic systems [207, 208].  In Sato et al., endothelial 

cells were exposed to either static conditions or shear stresses up to 8 Pa.  As much of a 

4-fold increase in cell stiffness was observed that correlated to increasing shear or 

exposure time. 

 

Disease, aging and cancer have been shown to play a role in the mechanical properties 

of cells.  Cell modulus has even been proposed as a diagnostic measure for diseased or 

cancerous cells [202, 209].  Several studies have investigated changes in elastic moduli 

of erythrocytes in various disease states such as hereditary spherocytosis, thalassemia, 

and glucose-6-phosphate-dehydrogenase (G6PD) deficiency [209], as well as type II 

diabetes [203].  Spherocytosis results in the production of misshapen (spherical) but 
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healthy red blood cells, which are mistakenly identified by the spleen and broken down.  

Thalassemia is characterized by the abnormal formation of hemoglobin resulting in 

improper oxygen transport.  G6PD deficiency is a genetic condition associated with 

spontaneous hemolysis and subsequently jaundice.  In Dulinska et al., YM was 

significantly higher for diseased erythrocytes.  Specifically, 1.7-, 1.5- and 5.0-fold higher 

moduli values were obtained for hereditary spherocytosis, thalassemia, and G6PD 

deficiency, respectively, as compared to normal erythrocytes [209].  In Jin et al., 

erythrocytes from elderly patients with type II diabetes were found to be significantly stiffer 

than those from young, healthy patients [203]. Cellular aging has also been shown to result 

in an increase in mechanical stiffness for human erythrocytes and epithelial cells, as well 

as rat cardiac myocytes [84, 203, 210].  A number of studies have examined the 

mechanical properties of cancer cells including cells from ovarian, breast, prostate, lung, 

pancreatic, and bladder cancers [202, 211-213].  These studies have investigated cells 

derived directly from cancerous patients as well as from established cancer lines.  

Regardless of the origin of the cells, those exhibiting metastatic potential were significantly 

softer than healthy, benign cells.  Cross et al. reported metastatic cells from breast, 

pancreas, and lung tumors exhibited YM of 0.53 ± 0.10 kPa while cells from benign regions 

yielded YM of 1.97 ± 0.70 kPa [212].  In Xu et al., the drop in YM for metastatic cells was 

directly correlated to a rearrangement of the actin cytoskeleton and a dissolution of stress 

fibers [202].  

 

Several studies have examined the changes to cytoplasmic stiffness as a function of 

differentiation [204, 214, 215]. Collinsworth et al. reported that the differentiation of 

myoblasts, a type of embryonic progenitor cell, to myocytes, the cells that comprise 

muscle tissue, resulted in an increase of YM from 11.5 ± 1.3 kPa to 45.3 ± 4.0 kPa after 8 

days of differentiation [215].  The authors further examined the effect of treating 
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differentiated myocytes with colchicine, which inhibits microtubule polymerization. 

However, a significant decrease in the YM of cells was only observed when cytochalasin 

D, an actin disruptor, was administered.  Yourek et al. reported that the differentiation of 

human mesenchymal stem cells to chondrocytic or osteoblastic lineages was investigated 

[214].  Exposure of the mesenchymal stem cells to osteogenic supplements resulted in a 

significant 0.6-fold increase in YM.  In contrast, differentiation to a chondrocytic phenotype 

did not result in a significant change in modulus.  The higher stiffness in the osteoblastic 

cells can be correlated to their presence in bone tissues.  

 

The cytoplasmic stiffness can change as a cell spreads [216], divides [205] or migrates 

[217, 218].  Pietuch et al. reported that the mechanical behavior of spreading Madin-Darby 

canine kidney (MDCK) II cells was measured as a function of time [216].  AFM 

measurements were taken at the center of a cell 5 minutes after seeding and over a 3h 

period.  The authors observed an immediate drop in cell stiffness upon seeding followed 

by a gradual return to the cell’s original YM.  Laurent et al. examined the mechanical 

properties of lamellipodia in migrating fish epidermal keratinocytes [217]. Interestingly, 

while the thickness of lamellipodia remained nearly constant, the cell stiffness gradually 

decreased from the front (55 kPa) to the rear (10 kPa) of the lamellipodia.  This YM profile 

was closely associated with the actin density profile.   Nagayama et al. reported that 

relative force maps were generated for migrating NIH3T3 fibroblasts [218].  The authors 

found that when cells were stationary, the distribution of YM found across their cellular 

surface was quite stable.  Once the cells began to migrate, the elasticity in the nuclear 

regions dramatically decreased from an estimated 100 kPa to several kPa.  This decrease 

in stiffness at the nuclear region may be preferred during cellular locomotion.  
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Drastically different YM values can be observed depending on the location of indentation.  

Typically, cells exhibit higher YM at the periphery when compared to values observed in 

the perinuclear regions [219-221].  Shroff et al. reported a 5- to 8-fold variation in stiffness 

of rat atrial myocytes between the peripheral and central regions [219].  Similarly, Yamane 

et al. reported that in astrocytes, the elastic modulus was lower (2-3 kPa) above the 

nucleus compared to regions of dense actin (10- 20 kPa) [220].  Cellular protrusions such 

as podosomes, unique cellular structures involved in cell-ECM adhesion, matrix 

degradation, and three-dimensional (3D) migration, have also been found to exhibit higher 

elastic modulus values [221].  Podosomes are associated with a dense F-actin core 

surrounded by matrix adhesion receptors.  YM values of 43.8 ± 9.3 kPa for podosomes 

were reported in Labernadie et al.  These values were found to be 5-fold higher than 

regions that did not contain podosomes (8.0 ± 1.7 kPa).   

 

1.7 Research Objectives 

In my doctoral research, my goal was to examine the dynamic interplay between 

inflammatory signals and changes to the mechanical properties of the cellular 

microenvironment.  We seek to identify how each of these conditions affects cellular 

phenotype and the ability for cells to translocate.  

 

Specifically, we focused upon how increasing rigidity of a substrate can transform healthy 

liver cells to a fibrotic phenotype.  This research is motivated by incomplete understanding 

on how the biomaterial environment can exacerbate liver fibrosis.  During hepatic fibrosis, 

liver sinusoidal endothelial cells (LSECs) undergo deleterious changes in phenotype, 

which can lead to the development of cirrhosis and eventually liver failure.  Despite this 

knowledge, there has only been one study examining the effect of matrix rigidity on LSECs 

[222].  There is a significant void in our current understanding.  
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Our second major research focus is to investigate how the mechanical properties of the 

cellular environment can affect macrophage phenotype.  Specifically, under what 

conditions will macrophages exhibit M1 or M2 phenotypes?  We investigate not only 

macrophage phenotype as a function of substrate stiffness and ligand density, but also in 

co-cultures with fibroblasts.  We also examine cooperative remodeling of the extracellular 

matrix by macrophage and fibroblasts and how this remodeling affects cell migration.  By 

including multiple cell types, this would allow us to examine the effect of intercellular 

signaling and make more relevant comparisons to the inflammatory process in vivo.   

 

Our specific research objectives are: 

I. The design of a fibrotic microenvironment to investigate changes in human liver 

sinusoidal endothelial cell (hLSEC) function. 

II. Evaluate cytoplasmic stiffness in migrating cells at the interface of a chemical-

mechanical gradient. 

III. Investigate macrophage and fibroblast interactions in a 2D wound-healing 

model. 

IV. Investigate ECM remodeling and migratory behavior of macrophages and 

fibroblasts in a 3D co-culture model. 
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Chapter 2: Designing a Fibrotic Microenvironment to 

Investigate Changes in Human Liver Sinusoidal 

Endothelial Cell Function 

This chapter reprinted with permission from Ford, A.J., Jain, G., and Rajagopalan, P. 
Designing a Fibrotic Microenvironment to Investigate Changes in Human Liver Sinusoidal 
Endothelial Cell Function. Acta Biomater, 2015. 24: p. 220-7.  
 

2.1 Introduction  

Liver fibrosis is a leading cause of death [143, 223, 224].  This health condition can lead 

to hepatic carcinomas, renal failure, toxin-induced comas, bleeding, and a host of 

metabolic disorders [223].  Hepatic fibrosis distorts liver architecture causing resistance to 

blood flow resulting in organ dysfunction [143, 223, 224].  At its core, hepatic fibrosis is an 

uncontrolled wound healing mechanism. Alcohol abuse, obesity, diabetes or hepatitis C 

viral infections are some initiating events that induce fibrosis [224].  When hepatic cells 

experience altered signaling they respond by secreting inflammatory molecules and extra-

cellular matrix (ECM) proteins [223, 225, 226]. These secretions change the rigidity and 

chemical properties of liver matrices that cells are exposed to, thereby resulting in altered 

cellular phenotypes [223]. As hepatic fibrosis occurs, an abundance of ECM proteins are 

produced by hepatic stellate cells (HSCs) and accumulate in the region between the 

sinusoidal endothelium and the liver parenchyma, known as the Space of Disse.  This 

buildup of ECM causes changes in the liver microarchitecture and can result in as much 

as a 6-fold increase in liver stiffness [32, 33].   

 

Liver sinusoidal endothelial cells (LSECs) are specialized endothelial cells and play a 

critical role in maintaining normal liver homeostasis [224].  LSECs line the blood vessels 

in the liver forming a semi-permeable barrier between the blood and liver parenchyma 
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[227, 228]. They play a vital role in the balance of lipids and cholesterol [224, 227, 229]. 

Through their scavenging properties, these cells eliminate components of connective 

tissues such as proteins and proteoglycans as well as debris from cell turnover [230]. 

LSECs exhibit pores called fenestrae that are approximately 100-200 nm in diameter [224, 

228].  In LSECs, fenestrae enable the transport of nutrients and other molecules contained 

in blood between the sinusoidal lumen and the liver parenchyma. Under healthy 

conditions, LSECs do not exhibit the surface marker cluster of differentiation 31 (CD31) 

[231].  

 

Associated with hepatic fibrosis is the process of capillarization, in which a complete 

basement membrane is formed underneath the sinusoidal endothelium, hindering the 

transport of macromolecules [232, 233].  During capillarization, LSECs also experience a 

decrease in the size and number of fenestrae and eventually their complete 

disappearance [234, 235].  Although, it is well known that the presence of fenestrae and 

their characteristics are reliant on the health of liver tissues, few studies have focused 

upon the relationship between LSECs and substrate rigidity [236].  There have been 

detailed investigations on how LSEC phenotype changes in response to being cultured on 

different types ECM [237, 238], however these studies do not elaborate on the mechanical 

properties of these ECM substrates.  To the best of our knowledge, only one study has 

investigated the changes LSECs experience in response to differing rigidities [222].  Juin 

et al. examined the ability of LSECs to form podosomes (actin-rich protrusions involved in 

cell adhesion, migration, invasion and extracellular matrix degradation), when seeded on 

polyacrylamide hydrogels ranging in Young’s Moduli from 1.75 to 20 kPa.   

 

Critical to the progression of hepatic fibrosis, are the complex interactions between the 

parenchymal (hepatocytes) and non-parenchymal cells of the liver such as LSECs, 
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Kupffer cells (KCs) and HSCs [143]. KCs, the resident macrophages of the liver, are 

known to secrete a number of inflammatory cytokines including tumor necrosis factor α 

(TNF-α), transforming growth factor β (TGF-β), interleukin 1α (IL-1α), and interleukin 6 (IL-

6) [230].  The release of these cytokines can lead to the activation of HSCs, which in 

response secrete large amounts of ECM and continue the progression of fibrosis [143, 

223, 224].  

 

There have been reports in the literature that have shown the effects of other hepatic cell 

types, such as hepatocytes and HSCs, on LSEC phenotype [234, 238-240]. There are a 

few studies conducted in vivo that have examined how KCs may regulate LSEC behavior. 

It has been shown that in response to bile duct ligation in a rat model there is an increase 

in the number of KCs present in the liver correlating with an increase in the degree of 

fibrosis [241].  The study by Hutchins et al. [242] reported that in response to cecal ligation 

and puncture surgery to induce sepsis in mouse models KCs acted as potentiators of 

LSEC injury.  The authors reported an increase in the interaction of programmed death 

receptor 1 (PDR1) on KCs with programmed death ligand 1 on LSECs leading to the 

decline of normal endothelial function. However, changes in fenestrae, signaling 

molecules and the effects of KCs were not investigated.  To the best of our knowledge, 

there is no other study that has investigated the role of KCs on hLSEC behavior in a fibrotic 

microenvironment.  

 

The onset and progression of liver fibrosis is a consequence of membrane rigidity, the 

secretion of inflammatory molecules and altered cellular signaling.  In this study, we have 

examined the effect of matrix rigidity alone on phenotypic changes in human LSEC 

(hLSEC) monocultures.  We have designed collagen gels exhibiting Young’s moduli of 6 

and 36 kPa to simulate stiffness’s found in a healthy and fibrotic liver, respectively [32, 
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33].  To recapitulate the inflammatory microenvironment, we have co-cultured hLSECs 

with rat KCs (rKCs).   We report significant changes in hLSEC fenestrae, CD31 

expression, actin organization and focal adhesions as well as in the levels of vascular 

endothelial growth factor (VEGF) and TNF-α as a result of a fibrotic and inflamed 

microenvironment.   

 

2.2 Materials and Methods 

2.2.1 Materials 

Glutaraldehyde (25%v/v) was purchased from Electron Microscopy Sciences, Hatfield, 

PA.  Bovine calf serum (BCS) was purchased from Hyclone, Logan, UT.  Insulin was 

purchased from MP Biomedicals, Santa Ana, CA.  Medium 199, endothelial cell growth 

supplement, L-glutamine, fetal bovine serum (FBS), penicillin-streptomycin, 

hexamethyldisilazane (HMDS), sodium-cacodylate, osmium tetroxide solution (4%v/v), 

chloroform, and β-mercaptoethanol were purchased from Sigma Aldrich, St. Louis, MO.  

Dulbecco’s Modified Eagle Medium (DMEM) and phosphate buffered saline (PBS) were 

purchased from Invitrogen Life Technologies, Carlsbad, CA.  All other chemicals and 

supplies were purchased from Thermo Fisher Scientific, Waltham, MA unless otherwise 

specified. 

 

2.2.2 Casting Collagen Gels 

Type I collagen solutions were diluted in 1X PBS to obtain solutions at two different 

concentrations.  The final concentration of each solution was either 1.1 or 4.4 mg/mL.  

Prior to casting gels, the diluted collagen solutions were mixed with 10X DMEM at a ratio 

of 9:1.  The pH of collagen solutions was maintained between 6.9-7.0 for all experiments.  

Glass coverslips (18mm, Fisher Scientific) were activated using previously published 
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procedures [243]. Briefly, coverslips were coated with NaOH and 3-aminopropyl tri-

ethoxysilane for 10 minutes each and placed in glutaraldehyde (8%v/v) overnight. The 

activated coverslips were coated with collagen (0.3 mL/coverslip) and incubated at 37°C 

for 1 h to promote crosslinking.  

 

2.2.3 Profilometry 

A Veeco Dektak 150 (Bruker, Billerica, MA) profiler was used to determine the hydrated 

thickness of the collagen gels. The thickness of the gels was determined by scanning 

across the gels at five different locations on three samples.  The height of the gel was 

calculated by the difference in height between the surface of the gel and the underlying 

coverslip. Prior to taking measurements, the gels were placed in culture medium for a 

minimum of 2 h to ensure hydration.  Thickness measurements were taken within 10 

minutes of removing the gels from culture medium to prevent dehydration.  

 

2.2.4 Atomic Force Microscopy (AFM) 

Young’s modulus (YM) measurements of collagen hydrogels were obtained on hydrated 

samples using a Veeco MultiMode AFM (DNP-10, Veeco, Santa Barbara CA) equipped 

with a liquid cell chamber. The liquid cell chamber provided an enclosed environment with 

a watertight seal to enable measurements on hydrated samples. All measurements were 

conducted in contact mode using pyramidal SiN cantilever tips (Bruker AFM Probes, 

Camarillo, CA) with a spring constant of 0.06 Nm−1 (minimum value = 0.03 Nm-1, maximum 

value = 0.12 Nm-1).  Force-distance curves were obtained at 1 Hz for a Z-scan distance of 

1μm using blunted tips with a half open angle of 18°. The elastic modulus was obtained 

by fitting the raw data to a modified Hertz cone model using equations 1 and 2 [243].   

𝐹 = 𝑘(𝑑 − 𝑑𝑜)    (Equation 1) 
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𝐹 =
2 tan𝛼

𝜋
[

𝐸

1−𝜈2
] 𝛿2       (Equation 2) 

where F = applied force, α = 18°, E = YM, k = spring constant of the cantilever, υ = 

Poisson’s ratio (constant = 0.25) [244], d = deflection of the cantilever, do = deflection point 

during contact, and δ = indentation.  Force distance curves were fit for indentations up to 

10% of the overall hydrogel thickness to eliminate any contribution from the rigid glass 

coverslip.  

 

2.2.5 Cell Culture 

hLSECs (ScienCell Research Laboratories, Carlsbad, CA) were maintained in Medium 

199 supplemented with BCS (10% v/v), penicillin-streptomycin (1% v/v), L-glutamine (1% 

v/v), and endothelial growth supplement (2.5% w/v, provided by the manufacturer).  rKCs 

(Life Technologies) were maintained in DMEM supplemented with FCS (10% v/v), 

penicillin-streptomycin (1% v/v), insulin (0.28% v/v), and β-mercaptoethanol (0.2% v/v).   

hLSEC and rKC cultures were maintained for a minimum of 24 h prior to co-culture 

experiments.  For monoculture experiments, hLSECs were seeded at a density of 30,000 

cells per gel.  For co-culture experiments, hLSECs were seeded with rKCs at ratios of 2:1 

(30,000 hLSECs:15,000 rKCs) or 1:1 (30,000 hLSECs:30,000 rKCs) to mimic healthy and 

inflamed environments, respectively.  Individual hLSEC and hLSEC-rKC co-cultures were 

maintained up to 4 days at 37oC in a humidified 5% CO2 atmosphere.  hLSECs were 

characterized by scanning electron microscopy (SEM) for fenestrae, immunofluorescence 

staining of CD31 expression, actin cytoskeleton, vinculin focal adhesions, and phase 

contrast microscopy to access cell proliferation and circularity.  Levels of vascular 

endothelial growth factor (VEGF) and tumor necrosis factor α (TNF-α) in spent media 

samples were assessed through enzyme linked immunosorbent analysis (ELISA) (Please 
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refer to the supplementary information document for additional experimental 

information). 

 

2.2.6 Statistics  

Statistical significance and p-values were calculated by a two-sample t test, assuming 

unequal variance.  Statistical significance between different data sets was determined 

using ANOVA and compared post hoc using two tailed t-tests while applying the 

Bonferroni (multiple hypothesis testing) correction.  For all statistical testing α=0.05.  All 

data are reported as mean ± standard deviation; n denotes sample size. 

 

2.3 Results 

2.3.1 Effect of Matrix Rigidity on hLSEC Phenotype 

Collagen hydrogels exhibiting two different values for elastic modulus were prepared by 

varying the protein concentration in the gelling solutions. The difference in input protein 

concentration resulted in two substrates with distinctly different elastic moduli. The moduli 

of the gels measured by AFM were 6.0 ± 2.3 and 36 ± 14.8 kPa (Please refer to sample 

force distance curves in Supplementary Figure S2.1).  The low and high values of 

elastic moduli were representative of elastic moduli reported for healthy and fibrotic liver 

tissues [33].  Collagen gel thicknesses measured by profilometry were found to be 1.77 ± 

0.24 and 1.86 ± 0.36 μm for the 6 kPa and 36 kPa gels respectively. 

  

Fenestrae arranged in sieve plates are observed in LSECs in vivo [245].  Their diameter 

and arrangement are indicative of the health and viability of hepatic tissues [234, 235, 

237].   hLSECs seeded on 6kPa substrates exhibited well-defined fenestrae arranged in 

sieve plate structures (Figures 2.1A  and 2.1B).  The diameters and density of the 
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fenestrae after 24h were 140.7 ± 52.6 nm (n=215), and 8-12/μm2 (Supplementary Table 

S2.1). These values are similar to previous measurements of 100-200 nm in healthy 

human LSECs [228]. Upon culturing hLSECs for 96h on the soft gels, the diameters and 

density of fenestrae decreased significantly to 66.9 ± 21.6 nm (n=290) and 3-5/μm2, 

respectively.  A dramatic difference was observed on 36kPa substrates, wherein hLSECs 

exhibited no fenestrae (Figure 2.1C).  These trends clearly demonstrate that substrate 

rigidity and culture duration can lead to changes in fenestrae diameters and more 

importantly, can result in the complete disappearance of characteristic LSEC features 

[240, 246].   

 
Figure 2.1.  SEM images of hLSECs seeded on collagen gels.  (A) hLSECs seeded on the 6kPa 
gels for 24h showed well defined fenestrae arranged in sieve plates, indicated by the white arrows.  
(B) After 96h on the 6kPa gels, fenestrae size decreased in size.  (C) After 24h on the 36kPa gels, 
hLSECs showed a complete lack of fenestrae.  Inserts in the top right corner of each panel depict 
the entire cell.  Immunofluorescence images of CD31 surface expression for (D) hLSECs seeded 
on the 6kPa gels for 24h, (E) hLSECs at 96h on 6kPa gels, (F) hLSECs at 24h on the 36kPa gels.  
Scale bars = 5μm (A-C), scale bars = 100μm (D-F). 
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CD31, also known as platelet endothelial cell adhesion molecule, is present on most 

endothelial cells [247].  In their differentiated state, LSECs do not express this adhesion 

molecule on the surface [248, 249].  However, CD31 can be expressed in de-differentiated 

or diseased LSECs [250, 251].   hLSECs cultured on 6kPa substrates did not exhibit CD31 

after 24h in culture (Figure 2.1D).  However, this protein was expressed after 96h in 

culture (Figure 2.1E).  CD31 was highly expressed in hLSECs cultured on a 36kPa 

substrate at the 24h time point (Figure 2.1F). The expression of CD31 expression has 

been shown to directly correlate with loss of fenestrae in LSECs [239] and together, these 

trends can be attributed to de-differentiation. 

 

2.3.2 Effect of Matrix Rigidity and rKCs on hLSEC Phenotype 

Although, matrix properties can affect LSEC phenotype, inflammation has also been 

shown to lead to a similar outcome [230, 242].  In order to test the effect of an inflammatory 

microenvironment, hLSEC-rKC co-cultures were investigated. hLSECs were co-cultured 

with KCs on both the 6 kPa and 36 kPa gels at ratios of 2(hLSECs):1(rKCs) and 

1(hLSECs):1(rKCs) representing healthy and inflamed microenvironments, respectively 

[241, 252].  In hLSEC:rKC co-cultures, changes in hLSEC phenotype were attributed to 

direct heterotypic cell-cell contact as well as the diffusion of soluble molecules (Figure 

2.2A and 2.2B).  First, changes in fenestrae were monitored upon the addition of rKCs.   

On 6kPa gels, at a 2:1 ratio, at the 24 h time-point, there was a significant decrease in 

fenestrae diameter and density (Figure 2C, Supplementary Table S2.1).  Fenestrae 

diameters decreased to 57.1 ± 19.5μm (n = 310) and their density was 3-5/μm2 (Figure 

2.2C).  Upon increasing the number of rKCs to obtain a 1:1 ratio, fenestrae completely 

disappeared (Figure 2.2D). At 24 h, on the stiffer substrate (36 kPa) the addition of rKCs 

continued to result in a complete lack of fenestrae at 24 h (Figures 2.2E and 2.2F).  At 96 
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h, no fenestrae were observed in either of the rKC co-cultures on the 6 kPa substrates 

(Figures 2.2G and 2.2H). 
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Figure 2.2.  SEM images of hLSEC surfaces when co-cultured with rKCs.  hLSECs co-cultured 
with rKCs at ratios of (A) 2:1 and (B) 1:1 on 6kPa gels at 24h.  hLSECs are indicated by black 
arrows and rKCs by white arrows.  (C) Fenestrae in hLSECs cultured at a 2:1 ratio with rKCs on 
the 6kPa gels at 24h, (D) A complete lack of fenestrae on hLSECs seeded at a 1:1 ratio with rKCs 
on the 6kPa gels after 24h, (E) a 2:1 ratio with rKCs on the 36kPa gels after 24h, (F) a 1:1 ratio 
with rKCs on the 36kPa gels after 96h, (G) a 2:1 ratio with rKCs on the 6kPa gels after 96h, and 
(H) a 1:1 ratio with rKCs on the 6kPa gels after 96h.  Scale bars = 5μm (A-B).  Scale bars = 5μm 
(C-H). 

 
VEGF is expressed by several hepatic cells such as hepatocytes, LSECs, KCs and HSCs 

[249, 253].  This growth factor has been shown to play a critical role in maintaining LSEC 

phenotype in vitro, specifically the presence of fenestrae [239, 240, 254]. We investigated 

VEGF levels in spent culture medium obtained from hLSEC monocultures and hLSEC-

rKC co-cultures.  The concentration of VEGF in unused culture medium was 4.0 ± 1.0 

pg/mL.  On the 6 kPa gels, a statistically significant decrease (p<0.05 after applying the 

Bonferroni correction to values obtained with a 2 tailed t-test) in VEGF concentration was 

observed in two of the four co-cultures (2:1 hLSECs:rKCs at 24 h and 96h) when 

compared to LSECs monocultures at 24h (Figure 2.3A).  However, there was no statistical 

difference in VEGF levels between LSEC monocultures (24 h) and the co-cultures that 

contained equal numbers of hLSECs and rKCs.  On the 36 kPa collagen gels, a statistically 

significant decrease in VEGF concentration was observed only in the 2:1 hLSEC:rKC (24 

h) co-culture (Figure 2.3B).  Interestingly, a statistically higher concentration was 

observed in the 1:1 hLSEC:rKC (96 h) co-culture.  The decrease in VEGF levels correlate 

to the decrease in fenestrae diameter or their absence. Since KCs are known to express 

VEGF, the increase in concentration can be attributed to the presence of these resident 

hepatic macrophages [249].  Despite this increase in VEGF levels, hLSECs in this co-

culture did not exhibit fenestrae, thereby, suggesting the role of other signaling molecules 

that may play a role in controlling the presence or absence of fenestrae (see Discussion).   
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Figure 2.3.  VEGF expression in spent media samples from hLSEC monocultures and hLSEC-rKC 
co-cultures on (A) 6kPa and (B) 36kPa gels as determined by ELISA.  An asterisk (*) indicates a 
statistically significant difference from hLSEC monocultures at 24h.  Statistical significance was 
determined by a 2 tailed t-test after applying the Bonferroni correction to p-values with α=0.05.  

 
To differentiate between rKCs and hLSECs in co-cultures, a dual immunofluorescence 

staining was conducted.  Antibodies to CD163 (rKCs only) and CD31 (hLSECs and rKCs) 

were added (Please refer to Supplementary Figure S2.2).  KCs have previously been 

reported to express CD31 [255, 256].  In the co-cultures, rKCs were clearly identified by 

the presence of CD163.  CD31 expression on the surface of hLSECs also changed upon 

the addition of rKCs. Weak green fluorescence indicative of CD31 expression was 

observed in the 2:1 hLSEC:rKC co-cultures with an increase in fluorescence intensity in 

the 1:1 hLSEC:rKC co-cultures on the 6 kPa gels (Figures 2.4A and 2.4B).  CD31 was 

highly expressed in hLSECs co-cultured with rKCs on the 36 kPa substrates (Figures 

2.4C and 2.4D) and on the 6 kPa gels at 96 h (Figures 2.4E and 2.4F).   Together, these 

trends clearly illustrate the effect of rKCs on hLSEC phenotype. Since CD31 expression 

was observed even on the 6 kPa gels in the presence of rKCs, the presence of cytokines 

or other signaling molecules secreted by rKCs appear to be exerting a stronger effect on 

hLSECs than substrate rigidity alone.   
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Figure 2.4.  Immunofluorescence images of surface CD31 expression of hLSECs when co-cultured 
with rKCs.  (A-B) An increase in hLSEC CD31 expression is observed after 24h when co-cultured 
with rKCs at ratios of 2:1 and 1:1 on the 6kPa gels.  (C-D) High levels of CD31 expression are 
observed at 24h on hLSECs cultured on the 36kPa gels with rKCs at ratios of 2:1 and 1:1.  (E-F) 
After 96h on the 6kPa gels, hLSECs exhibit increased amounts of CD31 expression when seeded 
at ratios of 2:1 and 1:1 with rKCs.  Scale bars = 100μm. 

 
Changes in the organization of the actin cytoskeleton have been linked to decreases in 

fenestrae diameter and in some cases, the absence of such pores [257]. Therefore, we 

investigated changes in f-actin distribution and vinculin focal adhesion to determine their 

effect on fenestrae. In hLSEC monocultures, matrix rigidity and the duration in culture 
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influenced f-actin organization.  On 6 kPa gels at 24 h, diffuse actin fibers were observed 

in hLSECs, in contrast to well defined stress fibers on a stiffer matrix (36 kPa) (Figures 

2.5A and 2.5B).   Similarly, a 96 h culture on the 6 kPa gels resulted in f-actin stress 

(Supplementary Figure S2.3A). These trends correlate to the loss of fenestrae on stiffer 

substrates and with longer culture periods. When hLSECs were co-cultured with rKCs at 

a 2:1 ratio, f-actin stress fibers were well organized only in hLSECs on the 36 kPa gels or 

at the 96 h time-point on 6kPa gels (Figures 2.5C and 2.5D, Supplementary Figure 

S2.3B).  At a 1:1 ratio of hLSECs-rKCs, actin fibers were visible under all conditions 

(Figures 2.5E and 2.5F, Supplementary Figure S2.3C).  A similar trend was observed 

with vinculin focal adhesions.  Stiffer matrices resulted in larger adhesion sites in hLSEC 

monocultures (Figures 2.5A and 2.5B). In hLSEC monocultures, the diameters of vinculin 

focal adhesions were approximately two-fold higher on the 36 kPa (1.44 ± 0.66 μm2, n = 

60) in comparison to those observed on 6kPa gels (0.69 ± 0.31 μm2, n = 50) (Table 2.1). 

The inclusion of rKCs to hLSEC monocultures (6 kPa gels) resulted in greater focal 

adhesion areas wherein the increase was statistically significant. The focal adhesions 

were 1.07 ± 0.47 and 1.42 ± 0.43 μm2 for the 2:1 and 1:1 ratios respectively. A similar 

trend was observed for cells cultured on the soft matrices at 96 h.  However, focal 

adhesion size did not change for hLSECs adherent on the 36 kPa substrates suggesting 

that signaling molecules secreted by rKCs could not enhance the effect of matrix rigidity 

alone.    
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Figure 2.5.  Immunofluorescence images of actin cytoskeleton (red) and vinculin focal adhesions 
(green) within hLSEC monocultures and hLSEC-rKC co-cultures at 24h.  (A) When seeded alone 
on the 6kPa gels, diffuse actin fibers were observed as well as small focal adhesions. (B) hLSECs 
exhibit thick actin stress fibers when seeded on the 36kPa gels at 24h.  At the 2:1 hLSEC-rKC ratio 
on the 6kPa gels (C), actin structure was similar to that of the monocultures.  Well-organized actin 
stress fibers were seen in hLSECs on the 36kPa at the 2:1 hLSEC-rKC ratio (D). Thick actin stress 
fibers were observed at the 1:1 hLSEC-rKC ratio for both the (E) 6kPa and (2) 36kPa gels.  Regions 
with well-defined actin stress fibers are indicated by an asterisk (*).  Scale bars = 50μm. 
 
Table 2.1: Focal adhesion areas in hLSEC and hLSEC:rKC cultures. 

Gel YM 
(kPa) 

Cell Culture 
Time Point 

(h) 

Focal Adhesion 
Area  
(μm2) 

n  
(Focal 

Adhesions) 

6 
hLSEC 

Monocultures 
24 0.69 ± 0.31 50 

6 
2:1 

hLSEC:rKC 
24 1.07 ± 0.47 110 

6 
1:1 

hLSEC:rKC 
24 1.42 ± 0.43 70 

36 
hLSEC 

Monocultures 
24 1.44 ± 0.66 60 

36 
2:1 

hLSEC:rKC 
24 1.45 ± 0.38 50 

36 
1:1 

hLSEC:rKC 
24 1.51 ± 0.42 60 

6 
hLSEC 

Monocultures 
96 0.78 ± 0.22 100 

6 
2:1 

hLSEC:rKC 
96 1.27 ± 0.38 100 

6 
1:1 

hLSEC:rKC 
96 1.34 ± 0.35 100 

 
The differences in actin organization on the softer gels upon the addition of rKCs were the 

result of cytokine-mediated signaling. KCs secrete cytokines such as IL-1α, IL-6, TGF-β, 

and TNF-α [230].  Of these cytokines, TNF-α has been implicated in the reorganization of 

the actin cytoskeleton in endothelial cells [77].   Although, LSECs can secrete TNF-α, the 

levels are significantly lower in comparison to KCs [258, 259].  The concentration of TNF-

α was measured in the spent culture medium of all samples.  In our investigations, the 

concentration of this cytokine was influenced by culture time-period and the presence of 

rKCs.  At the 24 h time-point, this cytokine was produced only at the 1:1 ratio on both gels 

for hLSEC-rKC co-cultures and at the 2:1 ratio on the 36 kPa gels (Figure 2.6A).  All other 
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conditions did not produce detectable levels of TNF-α.  When the cultures were maintained 

for 96 h, all conditions with the exception of hLSEC monocultures (36 kPa) secreted TNF-

α (Figure 2.6B).   On soft collagen gels (6 kPa), there was no difference in TNF-α 

concentration even upon increasing the number of rKCs.  In contrast, a 2-fold (statistically 

significant, p = 1.3 x E-05) increase in TNF-α was observed upon increasing the number 

of rKCs in co-cultures on the 36 kPa gels. 

 
Figure 2.6.  TNF-α expression in spent media samples from hLSEC monocultures and hLSEC-rKC 
co-cultures at (A) 24h and (B) 96h as determined by ELISA. An asterisk (*) indicates a statistically 
significant difference from the LSEC monocultures while a number sign (#) indicates a statistically 
significant difference between co-culture ratios.  Conditions indicated by a cross (†) did not show 
any detectable levels of TNF-α.  Statistical significance was determined by a 2 tailed t-test, applying 
the Bonferroni correction to p-values when multiple comparisons were made, with α=0.05.  

 
Matrix elasticity also influenced the proliferation and morphology of hLSECs (Figure 2.7, 

Supplementary Table S2.2).  While hLSECs proliferation was higher on soft (6 kPa) gels, 

a reverse trend was observed with rKCs. When seeded on the 6 kPa gels, hLSECs 

exhibited a 2.1 fold increase in cell number (Figure 2.7A) while their number remained 

virtually unchanged with the addition of rKCs on the 6 kPa gels (Figure 2.7B) and in 

monocultures on the 36 kPa gels (Figure S2.7C). Interestingly, rKCs exhibited higher 

proliferation on stiffer gels corresponding to 3.45 and 3.17 fold increases when seeded at 

2:1 and 1:1 ratios. The addition of rKCs resulted in lower hLSEC proliferation rates in all 

co-cultures (Supplementary Table S2.2).  
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Figure 2.7.  Merged phase contrast and fluorescence images of a (A) 6kPa hLSEC monoculture, 
(B) 6kPa 1:1 hLSEC-rKC co-culture, and (C) 36kPa hLSEC monoculture at 96h showing a 
decrease in hLSEC proliferation with an increase in substrate stiffness or addition of rKCs.  hLSECs 
were labeled with a red cytoplasmic dye prior to seeding on the collagen gels.  Representative cells 
for (D) 6kPa hLSEC monocultures and (E) 36kPa 1:1 hLSEC-rKC co-cultures having cell 
circularities of 0.39 and 0.19 respectively.  Scale bars = 50μm. 

 
Projected cell areas and circularity were measured for both hLSECs and rKCs (n ≥ 150).  

An approximate two-fold increase was seen in hLSEC area on the 36 kPa gels in 

comparison to cells on the 6 kPa gels (Table 2.2). The projected cell areas for hLSECs 

were observed to be approximately 25-65 fold higher than rKCs in each of the co-cultures. 

Interestingly, increased hLSEC areas could be correlated to the presence of rKCs.  Cell 

circularity was assessed as a measure of cell elongation and the formation of protrusions.  

hLSECs seeded on the 36 kPa gels exhibited circularity values significantly lower than 

those seeded on the 6 kPa gels, due to their elongated shape corresponding to 

circularities of 0.25 ± 0.12 and 0.32 ± 0.14 (Figure 2.7D) respectively (Table 2.2).  The 

elongation of the LSECs on the stiffer substrates as well as the formation of long, 

branching protrusions is suggestive of capillarization.  As with cell area, the addition of 

rKCs to the 6kPa gels resulted in a statistically significant change in cell circularity.  hLSEC 

circularities of 0.26 ± 0.10 and 0.27 ± 0.11 were observed for the 2:1 and 1:1 ratios 

respectively on the 6 kPa gels.  No significant change was found when rKCs were added 

to the 36 kPa gels resulting in hLSEC circularities of 0.26 ± 0.10 and 0.24 ± 0.09 (Figure 
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2.7E) for the 2:1 and 1:1 ratios respectively.  rKC circularities were significantly higher 

(approximately 0.9) than those of hLSECs for all co-cultures. 

 
Table 2.2: hLSEC and rKC morphology (n ≥ 150). 

Gel 
YM 

(kPa) 
Cell Culture  

hLSEC 
Area 
(μm2) 

rKC 
Area 
(μm2) 

hLSEC 
Circularity 

rKC 
Circularity 

6 
hLSEC 

Monocultures 
1600± 
980 

0 0.32 ± 0.14 0 

6 
2:1 

hLSEC:rKC 
3100± 
2600 

52.2± 
33.4 

0.26 ± 0.10 0.89 ± 0.07 

6 
1:1 

hLSEC:rKC 
3120± 
2680 

52.0± 
30.4 

0.27 ± 0.11 0.89 ± 0.08 

36 
hLSEC 

Monocultures 
3070± 
1670 

0 0.25 ± 0.12 0 

36 
2:1 

hLSEC:rKC 
2720± 
1860 

66.3±  
30.4 

0.26 ± 0.10 0.90 ± 0.06 

36 
1:1 

hLSEC:rKC 
2740± 
1760 

58.2± 
28.4 

0.24 ± 0.09 0.89 ± 0.07 

 
 

2.4 Conclusions and Discussion  

Liver fibrosis can result due to several health conditions. As a consequence, liver cells 

secrete and deposit excessive amounts of ECM proteins such as proteoglycans, 

glycosaminoglycans, and matrix-tethered growth factors, which in turn lead to altered 

cellular phenotypes and perturbed function [143, 223].  Changes in ECM rigidity due to 

the deposition of these proteins leads to the transformation of HSCs from a “quiescent” to 

an “activated” state. This critical event is necessary for the progression of fibrosis.  Upon 

activation, HSCs secrete more ECM proteins and inflammatory molecules such as 

cytokines.  This process leads to hepatocytes undergoing inflammation and then 

apoptosis, leading to the recruitment of KCs.  KCs in turn secrete pro-inflammatory 

cytokines that continue to alter cell signaling.  This complex interplay between matrix 

rigidity and inflammatory cues enables the progression of fibrosis.  
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In this study, we have demonstrated significant changes in hLSECs that occur solely due 

to the elasticity of their underlying substrate.  A significant finding was that loss of 

fenestrae, expression of surface CD31 and well-organized actin cytoskeleton could occur 

even in cells adherent on soft substrates when KCs are added.  This suggests that 

signaling molecules secreted by KCs can undermine the effects of a soft matrix that is 

representative of healthy tissues.  

 

We investigated the levels of VEGF since this growth factor stimulates the production of 

endothelial nitric oxide synthase (eNOS), promoting the LSEC phenotype [239]. In cirrhotic 

rat livers, the levels of eNOS have been shown to be significantly less than those found in 

healthy livers [260, 261]. The presence of rKCs resulted in significant reductions in VEGF 

secreted by hLSECs even on 6 kPa collagen gels.  The decrease in VEGF was 

accompanied by a concomitant increase in actin stress fibers.  The actin cytoskeleton has 

been shown to play a crucial role in the maintenance and formation of LSEC fenestrae 

[257, 262, 263]. The reorganization of the actin cytoskeleton occurs through a hierarchical 

cascade of Rho-GTPase proteins including cell division cycle 42 (Cdc42), Rac, and Rho 

[264].  Treatment of endothelial cells with TNF-α has also been shown to result in a shift 

from g-actin to f-actin and larger traction forces exerted by the cells [78], as well as the 

phosphorylation of paxillin and focal adhesion kinase resulting in larger focal adhesions 

[265].  Taken together, these studies suggest that TNF-α may be responsible for the 

changes observed in the cytoskeletal structure as well as fenestrae on hLSECs when 

seeded with rKCs on the 6 kPa gels.  Force transmitted through the actin cytoskeleton 

through Rho-mediated contractility results in an increased force applied to the substrate, 

which further promotes focal adhesion assembly [266].  This increase in focal adhesion 

size and formation of actin stress fibers is indicative of a higher contractility in hLSECs 

seeded on the 36 kPa substrates.  It has previously been shown that ligand density can 
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also affect cytoskeletal dynamics both in tandem with and independently of substrate 

stiffness [267].  Ligand density, as well as substrate viscoelasticity will change with 

increasing collagen fiber density.  Therefore, in future studies, it would be beneficial to 

further separate the effects of the substrate stiffness from collagen fiber density. This will 

enable understanding the role of fiber density on the actin cytoskeleton and fenestrae 

organization. 

 

To the best of our knowledge, this is the first study that has investigated the effects of KCs 

on hLSEC phenotype on soft materials.   Our studies clearly indicate that cytokine 

secretion by rKCs can overcome any beneficial effects of a soft substrate.  These studies 

provide insights into the onset and progression of hepatic fibrosis as a function of a 

transitioning microenvironment. 

 

2.5 SUPPLEMENTARY MATERIAL 

2.5.1 Preparation of Type I Collagen  

Type I collagen solutions were prepared from Lewis rat-tail tendons using a previously 

described procedure [268].  Briefly, the tendons from 5 rats were stirred in 3% (v/v) acetic 

acid at 4oC for up to 24 hours. The solution was filtered and centrifuged at 13,000 g for 2 

h.  The supernatant was filtered through a 250μm filter and precipitated with 30% (w/v) 

sodium chloride.  The solution and precipitate were divided and centrifuged at 8,500 g for 

45 minutes.  The pellet was dissolved in 0.6% (v/v) acetic acid, and dialyzed against 1L of 

1mM hydrochloric acid. Chloroform (0.3% v/v) was added to sterilize the collagen solution. 

The absorbance of the collagen solution was determined using a SpectraMax M2 

microplate reader (Molecular Devices, Sunnyvale, CA) at 280 nm.  The optical density 

was converted to concentration units using spectrometric analysis.  
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2.5.2 Scanning Electron Microscopy (SEM) of Fenestrae  

hLSEC and hLSEC-rKC cultures were rinsed twice with 1X PBS and fixed with 

glutaraldehyde (2% v/v) in a Na-cacodylate buffer (0.1 M) for 12 h. Cultures were post-

fixed with 1% osmium tetroxide in a 0.1M Na-cacodylate for 1 h.  The fixed cell cultures 

were dehydrated in a graded ethanol series (70%, 80%, 90%, and 100%) for 10 minutes 

at each concentration [269].  Samples were then dried with 100% HMDS for 3 minutes 

and transferred to a desiccator to prevent absorption of ambient moisture. The samples 

were mounted on metal stubs and sputter-coated with a 10nm gold coating. The samples 

were examined with a FEI Quanta 600 Field Emission Gun (FEI, Hillsboro, OR) at an 

accelerating voltage of 20 kV. 

 

2.5.3 Immunofluorescence Staining of Actin Cytoskeleton and Vinculin Focal 

Adhesions 

hLSEC and hLSEC-rKC cultures were fixed in a glutaraldehyde (2% v/v) solution in 1X 

PBS at room temperature for 15 minutes. The cultures were treated with a 0.1% Triton X-

100 solution to permeabilize cell membranes.  Samples were subsequently incubated at 

37oC for 2 h in a 0.1% AlexaFluor® 350 phalloidin (Invitrogen Life Technologies) solution 

and a monoclonal antibody to vinculin (Abcam; 1:100 dilution) followed by a fluorescein 

isothiocyanate (FITC)-conjugated secondary antibody (Abcam; 1:100 dilution). Images 

were obtained on a Zeiss LSM 510 Laser scanning confocal microscope (Zeiss, 

Thornwood, New York) with an inverted Axio Observer Z1 base. Focal adhesions were 

identified by manually scanning each cell for regions where vinculin and actin had co-

localized.  The dimensions of regions of co-localization were measured.   Focal adhesions 

from a minimum of ten cells per condition were analyzed. 
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2.5.4 Immunofluorescence Staining for CD31 

hLSEC and hLSEC-rKC co-cultures were fixed in a glutaraldehyde (2% v/v) solution in 

PBS for 15 minutes at room temperature.  The samples were first exposed to a primary 

monoclonal antibody to CD31 (Abcam; 1:100 dilution) for 2 h at 37°C and followed by 

exposure to a (FITC)-conjugated secondary antibody (Abcam; 1:100 dilution) for 1h at 

room temperature.  The nuclei were stained with a Hoechst 33342 fluorescent stain 

(1μg/mL, Pierce Biotechnology, Inc., Rockford, IL).  Images were obtained on a Zeiss LSM 

510 Laser scanning confocal microscope with an inverted Axio Observer Z1 base. 

 

2.5.5 Dual Immunofluorescence Staining for CD31 and CD163 

hLSEC and hLSEC-rKC co-cultures were fixed in a glutaraldehyde (2% v/v) solution in 

PBS for 15 minutes at room temperature and subsequently permeabilized with a 0.1% 

Triton X- 100 solution.  The samples were then exposed to a primary monoclonal antibody 

to CD31 (Abcam; 1:100 dilution) for 2 h at 37°C and followed by exposure to a (TRITC)-

conjugated secondary antibody (AbD Serotec; 1:1000 dilution) for 1h at room temperature.  

Co-cultures were then incubated with a FITC-conjugated monoclonal CD163 antibody 

(Abcam; 1:100) to identify KCs.  Images were obtained on a Zeiss LSM 510 Laser 

scanning confocal microscope with an inverted Axio Observer Z1 base. 

 

2.5.6 Enzyme Linked Immunosorbent Analysis (ELISA) to Determine VEGF 

Concentration 

Cell supernatants were collected from hLSEC and co-culture samples every 24h and 

assayed for VEGF levels using a commercial human VEGF-A ELISA Reagent Kit (Pierce 

Biotechnology, Inc.) according to the manufacturer’s protocol. The absorbance was 

measured on a SpectraMax M2 microplate reader (Molecular Devices, Sunnyvale, CA). 

Standard curves were generated in culture medium. 
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2.5.7 ELISA Measurements to Determine TNF- Concentration 

Cell supernatants were collected from hLSEC and co-culture samples every 24 h and 

assayed for TNF-α levels using a commercial rat TNF-alpha Quantikine ELISA kit (R&D 

Systems Inc., Minneapolis, MN) according to the manufacturer’s protocol. The absorbance 

was measured on a SpectraMax M2 microplate reader (Molecular Devices, Sunnyvale, 

CA). Standard curves were generated in culture medium. 

 

2.5.8 Assessment of Cell Proliferation and Circularity 

hLSECs were labeled with a fluorescent, membrane-permeable dye (PKH26 Red 

Fluorescent Cell Linker Kit, Sigma-Aldrich) prior to seeding.  This enabled the identification 

of these cells in co-cultures. Once seeded on the collagen gels, cells were imaged under 

an inverted Nikon TE-2000U (Nikon) microscope every 24 h over the 4 day culture period.  

At each time-point, three gels were investigated and a minimum of 10 images was 

obtained per sample. Cell circularity was measured using NIS-Elements (Nikon) and 

ImageJ (National Institutes of Health) software.  Circularity was calculated using equation 

1. A shift from a circular to an elongated morphology was indicated as the value 

approached 0. 

𝐶 = 4𝜋𝐴/𝑃2   (Equation 1) 

where C = cell circularity, A = cell area, and P = cell perimeter [270]. 
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Supplementary Figure S2.1.  Four sample force distance curves with fits for both the 6 and 36kPa 
gels. 
 

 
Supplementary Figure S2.2. Dual Immunofluorescence imaging of CD31 (red) and CD163 
(green) hLSEC-rKC co-cultures on 6kPa gels at ratios of (A) 2:1 and (B) 1:1 as well as on 36kPa 
gels at ratios of (C) 2:1 and (D) 1:1. Scale bar = 100μm. 
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Supplementary Figure S2.3. Immunofluorescence images of actin cytoskeleton (red) and vinculin 
focal adhesions (green) within hLSEC monocultures and hLSEC-rKC co-cultures on 6kPa gels at 
96h. (A) After 96h on the 6kPa gels, hLSECs exhibit an increase in actin stress fibers and larger 
focal adhesions.  (B) Well-organized actin stress fibers were seen in hLSECs on 6kPa gels at the 
2:1 hLSEC-rKC ratio.  (C) Thick actin stress fibers were observed at the 1:1 hLSEC-rKC ratio. Scale 
bars = 50μm. 

 
Supplementary Table S2.1: Fenestrae diameter and density in hLSEC and hLSEC:rKC cultures. 

Gel YM 
(kPa) 

Cell Culture  
Time Point 

(h) 

Fenestrae 
Diameter 

(nm) 

Fenestrae 
Density 

(per μm2) 
n 

6 
hLSEC 

Monocultures 
24 140.7 ± 52.6 8 - 12 215 

6 
2:1 

hLSEC:rKC 
24 57.1 ± 19.5 3 - 5 310 

6 
1:1 

hLSEC:rKC 
24 0 0 0 

36 
hLSEC 

Monocultures 
24 0 0 0 

36 
2:1 

hLSEC:rKC 
24 0 0 0 

36 
1:1 

hLSEC:rKC 
24 0 0 0 

6 
hLSEC 

Monocultures 
96 66.9 ± 21.6 3 - 5 290 

6 
2:1 

hLSEC:rKC 
96 0 0 0 

6 
1:1 

hLSEC:rKC 
96 0 0 0 
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Supplementary Table S2.2: Cell proliferation as a function of matrix rigidity and rKC 

Gel 
YM 

(kPa) 
Cell Culture  

Fold Change 
in hLSECs 

over 4 Days 

Fold Change 
in KCs over 4 

Days 

6 
hLSEC 

Monocultures 
2.1 0 

6 
2:1 

hLSEC:rKC 
1.3 2.96 

6 
1:1 

hLSEC:rKC 
1.1 2.28 

36 
hLSEC 

Monocultures 
1.1 0 

36 
2:1 

hLSEC:rKC 
1.1 

 

3.45 

36 
1:1 

hLSEC:rKC 
0.99 3.17 
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Chapter 3: Investigating Cytoplasmic Stiffness in 

Migrating Fibroblasts at the Interface of a Mechanical 

Gradient 

3.1 Introduction 

Cell migration plays an important role in many physiological processes throughout an 

organism’s lifetime.  These processes include gastrulation [271], the development of 

different organs in the body [272], wound healing [273], disease [274], cancer progression 

[275], and the immune response [276, 277].  Several directional cues exist in vivo that 

influence a cell’s decision to migrate in a particular direction.  These directional cues can 

be mechanical [34, 278], electrical [279, 280], optical [281] or chemical [282, 283] in 

nature.  The effects of varying substrate elasticity or the concentration of adhesive ligands 

have been widely studied in literature [284-293].   Cells are capable of sensing changes 

in the concentration of chemicals or mechanical properties in their microenvironment and 

respond accordingly by altering their direction of migration [34, 288, 291, 294-299].  Cell 

migration may be influenced by gradients of soluble chemoattractants (chemotaxis), 

immobilized molecules (haptotaxis) and the modulus of the underlying matrix (durotaxis) 

[293].  

 

In order to migrate, cells must exhibit a certain degree of anisotropy resulting in a well-

defined leading and trailing edge [300].  This polarization of the cell leads to the formation 

of cellular protrusions at the leading edge.  Integrin mediated adhesions to the cell 

substrate are then formed on these protrusions, after which the cell contracts and 

detaches from the substrate at the rear of the cell, driving forward motion [301, 302].  The 

initiating step in directed cell migration, polarization, results in a loss in symmetry wherein 
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the front and rear of the cell are approximately aligned with the direction of locomotion 

[303].  Asymmetric guidance cues promote the activation of cell receptors that induce 

polarized signals leading to the generation of protrusions in the front and rear of the cell 

[304].  In most cell types, actin polymerization promotes the formation of the cell front and 

the extension of cellular protrusions [303].  The temporal regulation of the actin 

cytoskeleton through the class of motor proteins known as myosins (specifically myosin 

II) coupled with cell–substrate adhesions maintain the driving forces needed for migration 

[305, 306]. 

 

Cytoplasmic stiffness is often used as a measure of the mechanical properties of the cell.  

The stiffness of the cytoplasm, which includes all cellular material inside the plasma 

membrane, with the exception of the nucleus, is primarily controlled by the properties of 

the cytoskeletal network.  The three principal components of the cytoskeleton are actin 

filaments, microtubules, and intermediate filaments.  Any changes to the arrangement, 

concentration or activation of the cytoskeleton can alter the physiological processes and 

functions of cells.  For most eukaryotic cells, any contributions to cell stiffness from the 

cell membrane can be considered negligible due to its thickness of 5-10 nm, fluidity and 

softness [180]. 

 

AFM has been utilized for over two decades to image and investigate the properties of 

living cells [200].  The mechanical properties of a wide variety of cells such as erythrocytes, 

endothelial cells, macrophages, osteoblasts, cardiac cells have been investigated using 

AFM [180, 184, 195, 307, 308].  The elastic modulus (denoted as YM) of cells ranging 

from 100Pa to 100kPa have been reported in the literature [201].  Moreover, it has been 

shown that multiple factors can affect the YM of cells. These include the origin of the cell 

within the body, disease and aging, cell differentiation, and the properties of the substrate 
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to which a cell is adhered.  Cellular processes such as division and migration, as well as 

the region of the cell that is being measured can also result in differing modulus values 

[205, 217, 309-311].  These factors can affect the organization of the cytoskeleton and 

subsequently cell stiffness [217, 310, 311]. 

 

Cell polarization and the redistribution of cytoskeletal components are key steps in cell 

migration.  Therefore, we seek to investigate whether a certain degree of anisotropy in 

cytoplasmic stiffness would arise due to changes in the actin cytoskeleton.  Is a differential 

in cytoplasmic stiffness needed in order for a cell to migrate in a particular direction and 

with a specific speed?  Can cell speed and directionality be predicted by measuring 

differences in cytoplasmic stiffness?  

 

In order to address these open scientific questions, we propose measuring the 

cytoplasmic stiffness of fibroblasts on soft hydrogels that exhibit gradients in stiffness and 

ligand density.  These studies will allow us to make correlations between substrate rigidity, 

protein concentrations, cell elasticity, and migration and address several interesting 

questions:  Does the cytoplasm have to exhibit rigidity within a specific range in order for 

the cell to migrate?  Do substrate chemistry and substrate rigidity regulate cytoplasmic 

elasticity differently?  What does the cellular distribution of stiffness look like for a cell at 

an interface of a chemical/mechanical gradient?  By answering these questions, we can 

gain a greater understanding of the complex interplay between the cytoskeleton, substrate 

properties and migratory processes. 
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3.2 Materials and Methods 

3.2.1 Materials 

Fluorescein isothiocyanate (FITC) labeled collagen (Mw=106 Da), 4-(2-hydroxyethyl)-1-

piperazineethanesulfonic acid (HEPES) buffer, Irgacure 2959 (1-[4-(2-Hydroxyethoxy)-

phenyl]-2-hydroxy-2-methyl-1-propane-1-one), poly(dimethylsiloxane) (PDMS), and 3-

triethoxysilylpropylamine (3-APTES) were purchased from Sigma Aldrich, St Louis, MO.  

Phosphate buffered saline (PBS), rhodamine-conjugated polystyrene (PS) beads (0.5 µm 

in diameter), penicillin-streptomycin and Dulbecco’s modified Eagle medium were 

purchased from Invitrogen Life Technologies, Carlsbad, CA.  Acrylamide (10% v/v), bis-

acrylamide (0.72 v/v), and ammonium persulfate (APS) were purchased from Bio-Rad, 

Hercules, CA. All other chemicals and supplies were purchased from Thermo Fisher 

Scientific Waltham, MA unless otherwise specified. 

 

3.2.2 Preparation of Polyacrylamide (PAAM) Substrates 

Glass coverslips were activated using previously published procedures [243, 312, 313]. 

All PAAM hydrogels in this study were polymerized using monomer solutions that 

contained acrylamide (10%v/v), bis-acrylamide (0.72% v/v) and APS.  Polyacrylamide 

hydrogels exhibiting substrate rigidities of 45 kPa or 120 kPa were prepared using 

previously established protocols [313].  Briefly, high-resolution photo-masks (2 µm/pixel) 

with two different gray scale values were custom-designed on chrome substrates 

(Benchmark Technologies, Lynnfield, MA).  Gray scale masks were designed to control 

the intensity of incident UV radiation and light transmitted through the mask.  The 

differential absorption of UV light resulted in changes to the extent of cross-linking with 

PAAM hydrogels and the generation of substrates with two distinct elastic moduli [292, 

314].   
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Polymerization was initiated by Irgacure 2959 (1.2% w/v) [315] and UV radiation (UVP, 

Upland CA).  The UV wavelength and intensity were 254 nm and 15 m W/cm2, 

respectively.  In the PAAM hydrogel, low and high-crosslinking resulted in 45 kPa and 120 

kPa substrates, respectively.  FITC-labeled Type 1 collagen was conjugated to PAAM gels 

using N-hydroxyl succinimide (NHS) and a hetero-bifunctional cross-linker (sulfo-

succinimidyl-diazirine (SDA)).  The collagen was conjugated to the PAAM hydrogels by 

depositing 60 L of 50 μg/ml collagen on the substrates and exposing substrates to UV 

light (365nm; Spectroline, Westbury, NY) at an intensity of 27mW/cm2.  PAAM gels were 

rinsed in 50mM HEPES (pH=7) for up to 48 h and stored at 4°C.  

 

3.2.3 Generating Collagen Hydrogels Exhibiting Gradients in Rigidity 

Collagen hydrogels exhibiting gradients in mechanical stiffness were prepared using two 

different concentrations of Type 1 collagen (1.1 and 4.4 mg/ml) in 50 mm petri dishes 

(Figure 3.1A).  Briefly, a PDMS stamp, roughly 1 mm thick and covering half the petri dish 

was used as a mold.  2 ml of 4.4 mg/ml collagen solution containing 0.5 µm rhodamine-

conjugated PS beads was added to the other half of the petri dish and allowed to 

polymerize for 1 h at 37oC.  The PDMS stamp was then removed and replaced with 2 ml 

of 1.1 mg/ml collagen solution.  The collagen was allowed to polymerize for an additional 

1 h at 37oC and the hydrated with PBS.  Gels were then maintained at 37oC until use. 
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Figure 3.1. (A) Procedure for preparing collagen hydrogels with gradients in mechanical stiffness.  
(B) Visualization of the gradient in collagen hydrogels through phase contrast and fluorescence 
microscopy of rhodamine-conjugated beads embedded within the stiff side of the hydrogel.  (C) 
Precise positioning of an AFM cantilever over a fibroblasts nuclear region.  (D) Young’s moduli 
measurements were obtained over fibroblast leading edges, trailing edges and nuclei as indicated 
by red x’s. 
 

3.2.4 Cell Culture 

Murine Balb/c 3T3 cells (Balb/3T3 clone A31, American Type Culture Collection, 

Manassas, VA) were maintained between passage numbers 3 to 15 at 37 °C under a 
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humidified atmosphere at 5% CO2.  Cells were maintained in DMEM supplemented with 

10%v/v bovine calf serum (Hyclone, Logan, UT) and 2% v/v penicillin-streptomycin.   

 

3.2.5 Measuring Cytoplasmic Stiffness 

Cytoplasmic stiffness measurements were conducted using a Veeco BioScope II AFM 

(Veeco, Santa Barbara CA) equipped with a heated stage.  All measurements were 

conducted within 50 mm petri dishes.  Prior to AFM measurements, fibroblasts (400 x 104 

cells/dish) were seeded on glass coverslips (physisorbed with 50 µg/ml collagen), PAAM 

substrates, or gradient collagen gels and allowed to adhere for 8 h at 37oC in fibroblast 

culture media.  Petri dishes were maintained at 37oC during the course of cytoplasmic 

stiffness measurements.  All measurements were conducted in contact mode using 

pyramidal SiN cantilever tips (DNP-10, Bruker AFM Probes, Camarillo, CA) with a spring 

constant of 0.06 Nm−1 (minimum value = 0.03 Nm-1, maximum value = 0.12 Nm-1) [316].  

Force-distance curves were obtained at 1 Hz for a Z-scan distance 10% of cell thickness 

using blunted tips with a half open angle of 18°.  For cells seeded on gradient collagen 

gels, only cells within 50µm of the interface, as identified by the rhodamine-conjugated 

beads, were taken into consideration (Figure 3.1B).  AFM measurements were taken 

precisely over the leading edge, the nucleus, and the trailing edge for individual fibroblasts 

(Figure 3.1C-D).  A minimum of 2 force-distance curves were obtained at each position 

on a cell.  The elastic modulus was obtained by fitting the raw data to a modified Hertz 

cone model (equations 1 and 2) [317].   

𝑭 = 𝒌(𝒅 − 𝒅𝒐)    (Equation 1) 

𝑭 =
𝟐 𝐭𝐚𝐧𝜶

𝝅
[

𝑬

𝟏−𝝂𝟐
] 𝜹𝟐       (Equation 2) 
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where F = applied force, α = 18°, E = YM, k = spring constant of the cantilever, υ = 

Poisson’s ratio (constant = 0.5) [178], d = deflection of the cantilever, do = deflection point 

during contact, and δ = indentation. 

 

3.2.6 Time Lapse Microscopy 

Fibroblasts were cultured on the PAAM or gradient hydrogels for 8h prior to conducting 

microscopy.  The gels were then placed in a custom-built closed observation chamber 

maintained at 37°C.  Phase contrast images were obtained on an inverted TE-2000U 

Nikon microscope every 30 min up to 6h.  Cells that underwent death, mitosis, exited the 

frame, or collided with adjacent cells during the observation period were not taken into 

consideration for further analysis. To calculate cell speed and displacement, the “x” and 

“y” coordinates of the cell centroids were measured at each time point. The mean-squared 

displacement (〈d2〉) was calculated for a cell tracked for a total time tmax= N Δt with a series 

of real time coordinates (x (n∆t), y (n∆t)) (equation 3) [296]. Here, 𝑵 is the total number of 

time-points at which coordinates were obtained, while 𝒏 and 𝒊 are intermediate time-

points.   

⟨𝒅𝟐, 𝒕 = 𝒏∆𝒕⟩ =
𝟏

(𝑵−𝒏+𝟏)
∑ [(𝒙((𝒏 + 𝒊)∆𝒕) − 𝒙(𝒊∆𝒕)]𝟐 + [(𝒚((𝒏 + 𝒊)∆𝒕) − 𝒚(𝒊∆𝒕)]𝟐

𝒊=𝑵−𝒏

𝒊=𝟎
 

(Equation 3) 

 

3.2.7 Statistics 

Statistical significance and p-values were calculated by a two-sample t-test, assuming 

unequal variance.  For all statistical testing α = 0.05.  All data are reported as mean ± 

standard deviation; n denotes sample size. Statistical significance is determined by p < 

0.05. 
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3.3 Results 

3.3.1 The Effect of Substrate Rigidity on Fibroblast Cytoplasmic Stiffness 

In order to examine the role of substrate rigidity on cytoplasmic stiffness, fibroblasts were 

cultured on PAAM hydrogels with Young’s moduli of 45 or 120 kPa, as well as on highly 

stiff glass coverslips (~50 GPa).  When cultured on each substrate, fibroblasts exhibited 

highly heterogeneous Young’s moduli profiles, with values ranging from 1.0 to 27.0 kPa 

depending on the position of the cell indented (Figure 3.2A-C).  It was found that 

fibroblasts exhibited the highest cytoplasmic stiffness at the leading edge, where Young’s 

moduli were 4.41 ± 3.52 kPa, 6.28 ± 7.41 kPa, and 10.96 ± 8.56 kPa for fibroblasts on 45 

kPa PAAM gels, 120 kPa PAAM gels, and glass coverslips, respectively (n = 16 fibroblasts 

on 45 kPa PAAM hydrogels, n = 20 fibroblasts on 120 kPa PAAM hydrogels, n = 15 

fibroblasts on glass coverslips) (Figure 3.2D).  The corresponding average Young’s 

moduli at the trailing edge were 3.48 ± 1.77 kPa, 2.38 ± 1.45 kPa, and 4.37 ± 3.06 kPa 

(Figure 3.2E).  While the average Young’s moduli of the leading edge were statistically 

insignificant compared to average values at the trailing edge, both the leading and trailing 

edges were found to be statistically higher than for regions close to the nuclei for all 

substrates.  Young’s moduli over fibroblast nuclei were 2.09 ± 1.07 kPa, 1.89 ± 1.12 kPa, 

and 2.06 ± 1.55 kPa for cells on 45 kPa PAAM gels, 120 kPa PAAM gels, and glass 

coverslips, respectively.  Furthermore, when the fold-change between the leading and 

trailing edge Young’s moduli for individual cells were analyzed, we observed increasing 

anisotropy in cytoplasmic stiffness with increasing substrate rigidity (Figure 3.2F).  On 

average, the stiffness at the leading edge was found to be 1.71 ± 0.95-fold, 2.70 ± 0.83-

fold, and 3.48 ± 2.0-fold higher than at the trailing edge for fibroblasts on the 45 kPa PAAM 

gels, 120 kPa PAAM gels, and glass coverslips, respectively. 
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Figure 3.2. Representative Young’s moduli values obtained over the trailing edge, nucleus, and 
leading edge of fibroblasts on (A) 45 kPa PAAM hydrogels, (B) 120 kPa PAAM hydrogels, and (C) 
glass coverslips.  Young’s moduli distribution at fibroblast (D) leading edges and (E) trailing edges 
when seeded on 45 kPa PAAM hydrogels, 120 kPa PAAM hydrogels, and glass coverslips.  (F) 
Average anisotropy in fibroblast cytoplasmic stiffness represented by the leading edge Young’s 
modulus divided by the trailing edge Young’s modulus.  (n = 16 fibroblasts on 45 kPa PAAM 
hydrogels, n = 20 fibroblasts on 120 kPa PAAM hydrogels, n = 15 fibroblasts on glass coverslips).  
An asterisk (*) indicates a statistically significant difference (p<0.05). 
 
 

3.3.2 Correlating Fibroblast Migration to Anisotropies in Cytoplasmic Stiffness 

Because anisotropy in cytoplasmic stiffness between the cell leading edge and trailing 

edge is likely due to cell polarization and the distribution of cytoskeletal components, we 

wanted to examine if this anisotropy could predict migratory behavior.  When fibroblasts 

were seeded on PAAM substrates, they were found to be more motile on the stiffer 120 

kPa gels as compared to on the 45 kPa gels.  Average total displacements were found to 
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be 49.52±15.21 µm (n = 28) and 77.63 ± 34.2 µm (n = 30) for fibroblasts on the 45 kPa 

and 120 kPa substrates, respectively (Figure 3.3A).  Not only were fibroblasts more motile 

on the 120 kPa gels, but they also migrated greater distances from their original position 

(Figures 3.3B-C).  This suggests that as a statistically significant larger anisotropy in 

cytoplasmic stiffness was observed in fibroblasts on the 120 kPa gels, a larger difference 

in Young’s moduli between the leading and trailing edge may result in more efficient and 

directed migration. 

 

 

Figure 3.3. (A) Total displacements of fibroblasts seeded on 45 kPa and 120 kPa PAAM hydrogels 
over a 6 h period.  (B) Trajectories of cells on 45 kPa PAAM hydrogels migrating over a 6 h period.  
(C) Trajectories of cells on 120 kPa PAAM hydrogels migrating over a 6 h period.  Cell trajectories 
are color coded to the total distance traveled by a cell, green = 0-50 μm, red = 50-100 μm, blue = 
100-150 μm, and purple ≥ 150 μm (n = 28 cells on 45 kPa substrates and n = 30 cells on 120 kPa 
substrates).  An asterisk (*) indicates a statistically significant difference (p<0.05). 
 
 
 

3.3.3 Cytoplasmic Stiffness of Fibroblasts on Migrating on Collagen Gels 

Exhibiting Gradients in Rigidity 

While we have observed evidence that anisotropies and cytoplasmic stiffness can lead to 

enhanced motility, these results were obtained from cells on homogenous substrates 

without any guidance cues present to direct migration.  We therefore wanted to examine 

if these anisotropies were still present when a cell was presented with a mechanical 

gradient in substrate rigidity and migrating in a particular direction.  A mechanically-
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gradient substrate was generated by placing high (4.4 mg/ml) and low (1.1 mg/ml) 

concentration solutions side by side and allowing them to polymerize (Figure 3.1).  By 

varying the collagen density, a substrate was generated with a sharp interface where one 

side was roughly 2.2 kPa and the other 0.2 kPa, as determined by AFM.  Cells located at 

this interface were identified by examination of fluorescent beads embedded within the 

stiffer side of the collagen substrates (Figure 3.4A).  When seeded on these substrates, 

approximately 73% of fibroblasts migrated towards the stiffer region of the gels having an 

average displacement of 88.2 ± 36.3 μm (n = 28 cells) (Figure 3.4B).  For cells located 

along the interface, the average Young’s moduli for the portion of the cell over the stiffer 

region of the gel was 3.54 ± 1.68 kPa and 1.50 ± 0.53 kPa for the portion of the cell over 

the softer region (n = 5 cells) (Figure 3.4C).  These results further suggest that fibroblasts 

display higher cytoplasmic stiffness at their leading edge and a gradient in stiffness in the 

direction of migration. 

 
 

 

Figure 3.4. (A) A fibroblast at the interface (indicated by dashed white line) of a collagen gradient 
where the cell’s leading edge is oriented toward the stiffer 2.2 kPa side (indicated by rhodamine-
conjugated beads).  (B)  Trajectories of cells at the interface of the collagen gradient migrating over 
a 6 h period.  Cell trajectories are color coded to the total distance traveled by a cell, green = 0-50 
μm, red = 50-100 μm, blue = 100-150 μm, and purple ≥ 150 μm.  (n = 28 cells for migration 
experiments). (C) Average stiffness of portions of cells on the stiff side and soft sides of the collagen 
gradient (n = 5 cells, 2 measurements per cell portion).   
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3.4 Discussion and Conclusions 

In this study, we have shown changes in the cytoplasmic stiffness of fibroblasts dependent 

on substrate stiffness as well as the location of the cell indented.  Larger differences in 

cytoplasmic stiffness between the leading edge and trailing edge were correlated to 

enhanced migratory behavior of fibroblasts seeded on PAAM hydrogels.  These results 

were further illustrated for fibroblasts on a substrate with a gradient in mechanical stiffness 

where the stiffer portion of the cell was found to be oriented toward the direction of 

migration.   

 

Directed migration occurs when cells are exposed to asymmetric guidance cues resulting 

in the activation of cell receptors that induce polarized signals leading to the generation of 

a leading and trailing edge [304].  In most cell types, actin polymerization and the assembly 

of other cytoskeletal components are associated with the formation of the cell front [303].  

The temporal regulation of these cytoskeletal components coupled with cell–substrate 

adhesions is crucial to migration [305, 306].  As the cytoskeleton is altered during 

migration, the cytoplasmic stiffness of cells likely changes as actin and focal adhesions 

assemble and disassemble.  In our study, we have taken cytoplasmic stiffness 

measurements at a single time point and have not determined how the stiffness of a 

particular cell changes as it migrates.  Future studies will require the evaluation of 

cytoplasmic stiffness for a given cell as it moves to truly understand how the elastic 

modulus of the cytoplasm relates to cell speed and directionality. However, such 

measurements are extremely difficult to conduct since continuous indentations of the 

cytoplasm can lead to cell damage or even death.   
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Within a single tissue, variations in protein concentration and composition, rigidity, and 

porosity contribute to anisotropic environments through which cells migrate [301].  

Therefore, there is a critical need to understand how cells move in the presence of 

combinatorial cues.  Despite the lack of understanding of how cell migration is influenced 

by the presence of complex and opposing signals, the majority of studies have been 

conducted on materials where only one property is varied [293].  Studies investigating cell 

migration have traditionally focused on the effects of substrate rigidity or ligand density 

[288, 290, 291, 297-299].  Our collagen substrates exhibited gradients in mechanical 

rigidity due to different concentrations used to generate either side of the gradient 

interface.  By varying the concentration of collagen used, the ligand density on either side 

of the interface was also different.  While there is a need for investigating how cells migrate 

when exposed to combinatorial cues, future studies will need to be able to separate out 

the effects of mechanical and chemical cues simultaneously. 

 

A greater understanding of the complex interplay between cell cytoskeletal organization, 

cell migration, cytoplasmic stiffness, and substrate properties could lead to future clinical 

applications in disease and wound healing.  By isolating the contributions to changes in 

cytoskeletal stiffness from individual components of the cytoskeleton as well as external 

migration cues, we will gain a greater knowledge of cell decision making during the 

migration process. 
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Chapter 4: Investigating Macrophage and Fibroblast 

Migration in a 2D Wound Healing Co-Culture Model 

 
4.1 Introduction 

The wound-healing process is a dynamic series of coordinated events consisting of four 

integrated and overlapping processes: i. hemostasis, ii. inflammation, iii. proliferation, and 

iv. tissue remodeling [318].  There are many factors that can affect wound healing, 

including the heterotypic interactions between different cell types and the ratios of these 

cells at specific times.  The different stages of wound healing must occur in the proper 

sequence and for an optimal duration [319]. 

 

Macrophages play multiple important roles during the wound healing process. In the early 

stages, macrophages recruit leukocytes through the secretion of inflammatory cytokines 

further promoting their activation.  Macrophages are also responsible for the clearance of 

apoptotic cells and debris from damaged tissues.  As macrophages remove apoptotic 

cells, they transition to an M2 phenotype where they stimulate keratinocytes, fibroblasts, 

and epithelial cells through the secretion of factors such as TGF-β and PDGF [66]. In this 

fashion, macrophages promote the transition from the inflammatory phase to proliferative 

phase. 

 

Another cell type crucial to the wound healing process are fibroblasts.  During the 

proliferative phase, abundant ECM proteins, such as collagen as well as 

glycosaminoglycans and proteoglycans produced by fibroblasts, accumulate in the 

wounded region [320].  Following the proliferative phase, remodeling of the ECM occurs 

in the wound environment.  This remodeling phase results in changes to ECM composition 
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and 3D structure that approaches that of the normal tissue.  During this phase, fibroblasts 

transform to a myofibroblastic phenotype to contract and remodel the ECM. 

 

 
Since macrophages and fibroblasts are present simultaneously during the wound healing 

process and at different ratios (depending on the wound healing phase), it is important to 

understand the heterotypic interactions that occur and how they play a role in their 

function.  Holt et al. examined changes in primary and secondary macrophage function 

when cultured with fibroblast-conditioned media or with fibroblasts at a 1:1 ratio in well 

plates [321].  They found that both secondary and primary macrophages primarily 

decreased the production of TNF-α upon culture in fibroblast-conditioned media or in the 

presence of fibroblasts suggesting a shift towards an M2-like phenotype.  Previous studies 

have also shown as much as an 80% reduction of inflammatory cytokines, such as TNF-

α, produced in the presence of fibroblast-released factors such as prostaglandin E2 

(PGE2) [322, 323]. 

 

Substrate rigidity has also been shown to play a role in macrophage phenotype as well as 

cell elasticity [87].  Patel et al. showed that culturing RAW 264.7 macrophages on a stiff 

substrate (150 kPa) resulted in a 2.3-fold increase in cell elasticity, as measured by optical 

magnetic twisting rheometry, when compared to the cells cultured on a soft (1.2 kPa) 

substrate.  This increase in cell elasticity corresponded with an increase in phagocytosis 

of IgG-opsonized beads suggesting elasticity may be a measure of macrophage 

phenotype.  When cultured on the more rigid substrates macrophages exhibited increased 

phagocytosis of bacteria and a decrease in secretion of inflammatory cytokines such as 

TNF-α. This study demonstrated a unique relationship between cell elasticity, mechanical 

and biological factors and their role in macrophage function. 
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Although, there are limited studies that clearly correlate the effect of a biomaterial on 

macrophage plasticity, there is sufficient evidence to support that biomaterial properties 

can indeed initiate changes in macrophage phenotype.  Furthermore, relatively few 

studies have examined the effects of co-culturing macrophages with fibroblasts on 

substrates mimicking physiological properties as well as at ratios found in vivo during the 

wound healing process.  By investigating macrophage and fibroblast phenotype, and 

migratory behavior on physiologically relevant substrates, we can gain a greater 

understanding of the inflammatory process. 

 

In this study, we have cultured macrophages and fibroblasts in monoculture or co-cultures 

at ratios of 9 macrophages: 1 fibroblast (9M:1F), 1 macrophage : 1 fibroblast (1M:1F), or 

1 macrophage: 9 fibroblasts (1M:9F) to mimic early, mid, and late stages of the wound 

healing process.  Furthermore, we have also investigated the effect of substrate rigidity 

on macrophage and fibroblast phenotype and migration by culturing cells on collagen 

hydrogels with physiologically relevant stiffness’s. 

 
 

4.2 Materials and Methods 

4.2.1 Materials 

Glutaraldehyde (25%v/v) was purchased from Electron Microscopy Sciences, Hatfield, 

PA.  Bovine calf serum (BCS) was purchased from Hyclone, Logan, UT.  Fetal bovine 

serum (FBS), Pierce BCA Protein Assay Kits, Dulbecco’s Modified Eagle Medium (DMEM) 

and phosphate buffered saline (PBS) were purchased from Thermo Fisher Scientific, 

Waltham, MA.  Penicillin-streptomycin, PKH26 Red Fluorescent Cell Linker Kit and a 
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PKH67 Green Fluorescent Cell Linker Kit were purchased from Sigma Aldrich, St. Louis, 

MO.   

 

4.2.2 Casting Collagen Gels 

Type I collagen solutions were diluted in 1X PBS to obtain solutions at two different 

concentrations.  The final concentration of each solution was either 1.1 or 4.4mg/mL.  Prior 

to casting gels, the diluted collagen solutions were mixed with 10X DMEM at a ratio of 9:1.  

The pH of collagen solutions was maintained between 6.9-7.0 for all experiments.  

Collagen gels were cast in 6-well plates (1.5mL/well) and incubated at 37°C for 1h to 

promote crosslinking.  

 

4.2.3 Atomic Force Microscopy 

Elastic modulus measurements of collagen hydrogels were obtained on hydrated samples 

using a Veeco BioScope II AFM (Veeco, Santa Barbara CA) at 1 and 12 h after casting 

gels.  Measurements were taken on a minimum of 3 gels at 2 separate locations per gel.  

All measurements were conducted in contact mode using pyramidal SiN cantilever tips 

(DNP-10, Bruker AFM Probes, Camarillo, CA) with a spring constant of 0.01 Nm−1 

(minimum value = 0.005 Nm-1, maximum value = 0.02 Nm-1) [316].  Force-distance curves 

were obtained at 1 Hz for a Z-scan distance of 3 μm using blunted tips with a half open 

angle of 18°.  The elastic modulus was obtained by fitting the raw data to a modified Hertz 

cone model (equations 1 and 2) [317].   

𝐹 = 𝑘(𝑑 − 𝑑𝑜)    (Equation 1) 

𝐹 =
2 tan𝛼

𝜋
[

𝐸

1−𝜈2
] 𝛿2       (Equation 2) 
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where F = applied force, α = 18°, E = YM, k = spring constant of the cantilever, υ = 

Poisson’s ratio (constant = 0.25) [317], d = deflection of the cantilever, do = deflection point 

during contact, and δ = indentation. 

 
4.2.4 Cell Culture 

RAW 264.7 macrophages and Balb/3T3 fibroblasts were obtained from ATCC (Manassas, 

VA).  Both cell types were used between passages 2-20.  Macrophages were maintained 

in DMEM supplemented with FBS (10% v/v) and penicillin-streptomycin (1% v/v).  

Balb/3T3 fibroblasts were maintained in DMEM supplemented with FCS (10% v/v) and 

penicillin-streptomycin (1% v/v).   

 
4.2.5 Time Lapse Microscopy 

Prior to seeding cells, macrophages were incubated PKH26 Red Fluorescent Cell Linker 

and fibroblasts with PKH67 Green Fluorescent Cell Linker to identify each cell type in co-

cultures. Macrophages and fibroblasts were cultured on the collagen hydrogels at differing 

ratios (300K cells total per well) for 6h prior to conducting microscopy.  Cells were either 

cultured in monocultures or in ratios of 9 macrophages: 1 fibroblast (9M:1F), 1 

macrophage : 1 fibroblast (1M:1F), or 1 macrophage: 9 fibroblasts (1M:9F).  The gels were 

then placed in a custom built closed observation chamber maintained at 37°C.  Phase 

contrast images were obtained on an inverted TE-2000U Nikon microscope every 30 min 

up to 6h.  Cells that underwent death, mitosis, or exited the frame during the observation 

period were not taken into consideration for further analysis. Cells that did not make 

contact with neighboring cells were analyzed separately from those that did.  To calculate 

cell speed and displacement, the “x” and “y” coordinates of the cell centroids were 

measured at each time point. The mean-squared displacement (〈d2〉) was calculated for a 

cell tracked for a total time tmax= N Δt with a series of real time coordinates (x (n∆t), y (n∆t)) 
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(equation 3) [296]. Here, 𝑵 is the total number of time-points at which coordinates were 

obtained, while 𝒏 and 𝒊 are intermediate time-points.   

⟨𝒅𝟐, 𝒕 = 𝒏∆𝒕⟩ =
𝟏

(𝑵−𝒏+𝟏)
∑ [(𝒙((𝒏 + 𝒊)∆𝒕) − 𝒙(𝒊∆𝒕)]𝟐 + [(𝒚((𝒏 + 𝒊)∆𝒕) − 𝒚(𝒊∆𝒕)]𝟐

𝒊=𝑵−𝒏

𝒊=𝟎
 

(Equation 3) 

 

4.2.6 Immunofluorescence Staining of Intercellular Adhesion Molecule 1 (ICAM-1) 

Macrophage and fibroblast co-cultures were incubated with wheat germ agglutinin, Alexa 

Fluor® 350 conjugate (Thermo Fisher Scientific) for 10 minutes.  Cells were then fixed in 

a glutaraldehyde (2% v/v) solution in PBS for 15 minutes at room temperature.  The 

samples were first exposed to a primary monoclonal antibody to ICAM-1 (Abcam; 1:250 

dilution) for 2h at 37°C and followed by exposure to a (TRITC)-conjugated secondary 

antibody (Abcam; 1:500 dilution) for 1h at room temperature.  Cells were then incubated 

with a (FITC)-conjugated primary antibody to F4/80 (Abcam; 1:200 dilution) for 2 h at 37oC 

to identify macrophages [324].  Images were obtained on a Zeiss LSM 510 Laser scanning 

confocal microscope with an inverted Axio Observer Z1 base.  Images were obtained for 

a minimum of 4 aggregates per condition. 

 

4.2.7 Enzyme Linked Immunosorbent Analysis (ELISA) to Determine Tumor 

Necrosis Factor Alpha (TNF-α) Concentration 

Cell supernatants were collected from macrophage and fibroblast co-cultures 8h after 

seeding and assayed for TNF-α levels using a commercial mouse TNF-alpha Quantikine 

ELISA kit (R&D Systems Inc., Minneapolis, MN) according to the manufacturer’s protocol. 

The absorbance was measured on a SpectraMax M2 microplate reader (Molecular 

Devices, Sunnyvale, CA).  Standard curves were generated in culture medium.  TNF-α 

concentrations were measured in three biological replicates. 
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4.2.8 Statistics 

Statistical significance and p-values were calculated by a two-sample t-test, assuming 

unequal variance.  Statistical significance between different data sets was determined 

using ANOVA and compared post hoc using two tailed t-tests while applying the 

Bonferroni (multiple hypothesis testing) correction.  For all statistical testing α = 0.05.  All 

data are reported as mean ± standard deviation; n denotes sample size. Statistical 

significance is determined by p < 0.05. 

 

4.3 Results 

4.3.1 Macrophage Migration as a Function of Substrate Rigidity and Co-culture with 

Fibroblasts 

In order to investigate the effects of substrate rigidity and co-culture with fibroblasts, 

macrophages were cultured on collagen hydrogels with Young’s moduli of roughly 0.2 kPa 

or 2.2 kPa, as determined by AFM.  Macrophages were cultured either in monocultures or 

with fibroblasts at ratios of 9M:1F, 1M:1F, or 1M:9F to mimic cell ratios found at early, mid, 

and late stages of the wound healing process.   The migratory behavior of macrophages, 

which did not make contact with neighboring cells, was first analyzed to determine the 

effect of substrate rigidity in co-culture.  Macrophage displacements over the 6 h 

observation period were found to be statistically insignificant between those cultured on 

0.2 kPa gels or 2.2 kPa gels, however, significant differences were observed with co-

culture (Figure 4.1A).  On 2.2 kPa gels, statistically higher macrophage migration 

occurred in 9M:1F and 1M:1F co-cultures as compared to macrophage monocultures.  

Total displacements were 73.7 ± 41.7 µm, 146.8 ± 80.8 µm, and 106.5 ± 56.9 µm for 

macrophages in monoculture, 9M:1F co-culture, and 1M:1F co-culture respectively (n ≥ 

50).  These trends suggest that fibroblasts are likely secreting some signaling molecule to 
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attract or enhance the migratory behavior of the macrophages.  To further support this, 

when cultured at the 1M:9F ratio, all macrophages were found to be in contact with 

fibroblasts by 8 h after seeding cells.  In contrast to macrophage migration, fibroblasts 

appeared to be more dependent on substrate rigidity as opposed to co-culture with 

fibroblasts (Figure 4.1B).  Macrophage areas were 1.2 to 1.3-fold higher on 2.2 kPa 

substrates as compared to the 0.2 kPa substrates.  This increase in macrophage area 

was likely due to both the higher stiffness of the 2.2 kPa collagen gels, as well as the 

increased ligand density from the higher concentration of collagen. 

 
 

 
 
Figure 4.1. (A) Average total displacements of macrophages which did not make contact with 
neighboring cells over the 6 h tracking period in macrophage monocultures, 9M:1F co-cultures, and 
1M:1F co-cultures.  (B)  Average area of macrophages which did not make contact with neighboring 
cells during the 6 h tracking period.  n ≥ 50 cells per condition.  An asterisk (*) indicates a statistically 
significant difference compared to macrophage monocultures.  A pound sign (#) indicates a 
statistically significant difference compared to 0.2 kPa cultures. 

 
 
4.3.2 Fibroblast Migration as a Function of Substrate Rigidity and Co-culture with 

Macrophages 

Interestingly, fibroblast migration exhibited little dependence on co-culture with 

macrophages and a higher dependence on substrate stiffness.  Fibroblast displacements 

were found to be 1.39-, 1.41-, and 1.73-fold higher on the 0.2 kPa substrates as compared 

to on the 2.2 kPa substrates when fibroblasts were cultured in monoculture, a ratio of 
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1M:9F, and a ratio of 1M:1F, respectively (Figure 4.2A).  Only when cultured at 1M:1F on 

the 0.2 kPa gels was there a statistically significant increase in fibroblast migration, as 

compared to fibroblasts in monocultures. Co-culture had no statistically significant effect 

on cell areas for fibroblasts (Figure 4.2B).  Only when cultured on the 2.2 kPa substrates 

at the 1M:1F ratio was a statistically significant decrease in cell spread area observed.  

These results suggests that while macrophage migratory behavior may be influenced by 

co-culture, the presence of macrophages appears to have little effect on fibroblast 

migration. 

  

 
 
Figure 4.2. (A) Average total displacements of fibroblasts which did not make contact with 
neighboring cells over the 6 h tracking period in fibroblast monocultures, 1M:9F co-cultures, and 
1M:1F co-cultures.  (B)  Average area of fibroblasts which did not make contact with neighboring 
cells during the 6 h tracking period.  n≥50 cells per condition.  An asterisk (*) indicates a statistically 
significant difference compared to fibroblast monocultures.  A pound sign (#) indicates a statistically 
significant difference compared to 0.2 kPa cultures. 
 

 
4.3.3 Migration of Macrophage and Fibroblast Aggregates 

While initial investigations were focused on migration of cells, which did not make contact 

with neighboring cells, many cells did make contact with one another and often migrated 

as cellular aggregates (Figure 4.3A).  By the beginning of the migration observation 

period, 8 hours after seeding cells, a large number of cellular aggregates, ranging from 

300 µm2 up to 10,000 µm2 could be observed (Table 4.1).  Because of this, migration of 
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aggregates of cells was also investigated.  When seeded on 0.2 kPa substrates, cellular 

aggregates exhibited statistically higher displacements when fibroblasts were present 

(Figure 4.3B).  Aggregate size appeared to exhibit little influence over aggregate 

migration.  These results suggests that even in cellular aggregates, fibroblasts are likely 

the driving force enhancing migration in macrophage and fibroblast cultures.  Interestingly, 

when cultured on the stiffer 2.2 kPa substrates, cellular aggregates did not show any 

dependence upon the presence or absence of fibroblasts (Figure 4.3C). 

 
 
Figure 4.3. (A) Trajectories of cellular aggregates in a 9M:1F co-culture over a 6 h time period.  
Trajectories have been color coded based on aggregate size where green = 0-500µm, blue = 500-
1000µm, and orange = >1000µm.  A white arrow indicates an aggregate containing a fibroblast.  
Red x’s indicate points of contact between neighboring aggregates.  Macrophages were labeled 
with a green cytoplasmic dye.  Average displacements of cellular aggregates over 6 h based on 
size for macrophage monocultures, 9M:1F co-cultures, and 1M:1F co-cultures on (B) 0.2 kPa and 
(C) 2.2 kPa collagen gels.  An asterisk (*) indicates a statistically significant difference compared 
to fibroblast monocultures.  n values are listed in Table 4.1.  
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Table 4.1: The number of aggregates analyzed based on size in macrophage 
monocultures, 9M:1F, and 1M:1F co-cultures. 
 

  Number of Aggregates Based on Size 

Gel YM (kPa) Culture 0-500 µm2 500-1000 µm2 > 1000 µm2 

0.2 M 11 33 15 

0.2 9M:1F 25 12 8 

0.2 1M:1F 0 11 25 

2.2 M 21 20 9 

2.2 9M:1F 3 13 13 

2.2 1M:1F 0 6 29 

 
 
4.3.4 Intercellular Adhesions between Macrophages and Fibroblasts 

A significant degree of cell-cell adhesion was observed during migration experiments 

leading us to examine what receptors could be responsible.  ICAM-1 has been shown to 

participate in leukocyte-leukocyte, leukocyte-endothelial, and leukocyte-epithelial cell 

adhesion [325].  In vivo interactions between ICAM-1 and β2 integrin mediate adhesion 

and translocation of leukocytes to sites of inflammation [326].  Furthermore, treatment of 

macrophages with TNF-α and other inflammatory molecules has been shown to increase 

ICAM-1 expression [327, 328].  When cultured alone, macrophages on 0.2 kPa substrates 

expressed ICAM-1 at their cell membranes and between cell-cell contacts (Figure 4.4A).  

However, when cultured on the 2.2 kPa hydrogels, a small fraction of  macrophages 

expressed very low levels of ICAM-1 (Figure 4.4B).  Increased substrate rigidity has 

previously be shown to shift macrophages towards an anti-inflammatory state and maybe 

responsible for the downregulation of ICAM-1 in some macrophages on the stiffer 

substrates [87].  When co-cultured with fibroblasts at a 1M:1F ratio, a further decrease in 

ICAM-1 expression was observed on both the 0.2 and 2.2 kPa gels. These trends suggest 

that fibroblasts played a role in shifting macrophages towards an M2-like state (Figure 

4.4C-D).  Fibroblasts, in contrast, appeared to express ICAM-1 across all culture 

conditions (Figure 4.4E-F). 
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Figure 4.4. Expression of ICAM-1 (red) in (A-B) macrophage monocultures, (C-D) 1M:1F co-
cultures and (E-F) fibroblast monocultures 8 hours after seeding on 0.2 kPa and 2.2 kPa collagen 
gels.  Macrophages were identified by expression of F4/80 (green) and all cell membranes were 
labeled with wheat germ agglutinin (blue).  White arrows indicate macrophages showing a lack of 
ICAM-1 expression.  Scale bar = 25 µm. 
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4.3.5 TNF-α Expression as a Function of Macrophage-Fibroblast Co-culture 

Macrophages in an M1 inflammatory state are known to secrete high concentrations of 

TNF-α [66] which can increase ICAM-1 expression in cells [327, 328].  We therefore 

sought to examine TNF-α levels in media after culture.  Measurements were conducted 

with monocultures as well as with 1M:1F co-cultures.  TNF-α concentrations were found 

to be 1.8- and 1.6-fold higher in macrophage monocultures than in the 1M:1F co-cultures 

on the 0.2 and 2.2 kPa substrates, respectively.  Additionally, macrophage monoculture 

values were 4.5-fold and 1.8-fold higher than those in fibroblast monocultures.  The 

decrease in TNF-α concentration with the addition of fibroblasts could attribute to the 

decreased ICAM-1 expression in macrophages in co-culture.  This also further suggests 

the presence of fibroblasts causes a shift in macrophages towards an M2, anti-

inflammatory phenotype. 

 

 
 

Figure 4.5. TNF-α concentration of cell culture supernatants collected 8 h after seeding cells.  An 
asterisk (*) indicates a statistically significant difference compared to macrophage monocultures.  
A pound sign (#) indicates a statistically significant difference compared to 0.2 kPa cultures.  A 
percent sign (%) indicates a statistically significant difference compared to 1M:1F co-cultures.  (n 
= 3). 
 

 
 

4.4 Discussion and Conclusions 

During the wound healing process, multiple cell types contribute cooperatively to heal the 

wound.  These cells, specifically, fibroblasts and macrophages are found in different ratios 
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depending on the stage of the wound healing process [132].  Macrophages are primarily 

responsible for the clearance of damaged tissue and invading pathogens, while fibroblasts 

secrete new extracellular matrix proteins [321].  Macrophages play a more active role 

during the wound healing process in the early inflammatory phase, whereas fibroblasts 

are more active during the proliferation and remodeling phases. Since both cell types are 

present throughout wound healing, but at differing ratios depending on the phase of the 

wound healing process, we have examined how culturing different ratios of macrophages 

and fibroblasts effects cell migration and inflammatory state.  We have further cultured 

these cells on substrates with two distinct Young’s moduli, as the mechanical properties 

of the wound environment change during the healing process. 

 

Macrophages were shown to exhibit an increase in their displacements when co-cultured 

with fibroblasts, however this increase in migratory behavior did not appear to be related 

to the number of fibroblasts present.  Total displacements of macrophages were 

statistically insignificant when co-cultured with fibroblasts at ratios of 9M:1F or 1M:1F.  The 

expression of the adhesion molecule, ICAM-1, was also found to decrease in 

macrophages upon co-culture with fibroblasts.  This decrease in ICAM-1 directly 

corresponded to a decrease in TNF-α levels in co-cultures, suggesting the presence of 

fibroblasts causes a shift in macrophages towards an M2, anti-inflammatory state.  

Interestingly, fibroblasts displayed little dependence in both migration and expression of 

cell-cell adhesion receptors upon co-culture with macrophages suggesting they may play 

a more dominant role in the wound healing process. 

 

We have shown differences in macrophage and fibroblast migration and changes to 

macrophage phenotype as a function of substrate elasticity and co-culture, however, 2D 

substrates do not accurately recapitulate the in vivo cell surroundings.  For this reason, 
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we investigated how these cells work together in a 3D environment in Chapter 5.  A further 

understanding of the complex interactions between macrophages, fibroblasts, and their 

microenvironment could lead to new insights into how each cell type affects the other.  
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Chapter 5: Fibroblasts Stimulate Macrophage Migration 

in Interconnected Extracellular Matrices through Tunnel 

Formation and Fiber Alignment  

Ford, A.J., Orbach, S.M., Rajagopalan, P., Fibroblasts Stimulate Macrophage Migration 
in Interconnected Extracellular Matrices through Tunnel Formation and Fiber Alignment. 
In Review.  

 
 
5.1 Introduction 

The extracellular matrix (ECM) is a fibrillar and interconnected network, which provides 

cells with mechanical, physical and biochemical cues [154, 160, 329, 330].  Variations in 

porosity, fiber architecture, and elasticity of the ECM change the landscape through which 

cells migrate and adhere [103, 138, 316, 331].  Differences in ECM connectivity can 

change the degree of confinement experienced by a cell and have been shown to affect 

cellular locomotion [330, 332].  In turn, when cells migrate through the ECM, they can alter 

its structure by stretching and aligning fibers, by cross-linking, or by degrading proteins 

through contractile forces and secretion of matrix metalloproteinases (MMPs) [90, 129, 

160, 316, 330, 333-335].  During migration, cell-cell contacts as well as soluble signaling 

molecules can influence speed, direction and modes of migration [90, 138, 331, 336, 337].  

 

Macrophages and fibroblasts are two migratory cell types that play critical roles in wound 

healing [338] as well as in fibrosis, inflammation and the advancement of cancer [334].  

Both cell types can alter the structure of the ECM by degradation and the secretion of 

structural proteins and MMPs [338, 339].  Since these cells are frequently found together 

in vivo, their biochemical and physical interactions have a significant impact on how they 

navigate through the ECM as well as on their phenotypes [321, 334, 336].  
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Most of our knowledge of macrophage-fibroblast interactions during migration comes from 

investigations on carcinoma-associated cells. Studies on tumor-associated macrophages 

(TAMs) and cancer-associated fibroblasts (CAFs) have examined how these cells 

mutually influence each other’s migratory behavior and phenotypes in 3D [337, 340-342].  

Fibroblasts have been demonstrated to generate tracks thereby promoting the invasion of 

squamous carcinoma cells [337].  Other studies have reported how invasion-competent 

malignant cells have enabled the collective invasion of cells or the formation of 

physiological tracks for migration [343, 344].  

 

In contrast, only a few studies have examined how normal macrophages and fibroblasts 

interact with each other during migration and ECM reorganization [321, 336, 345].  Co-

culturing with macrophages has been shown to promote fibroblast proliferation and 

invasion [336].  Other studies have reported that fibroblast-macrophage co-cultures result 

in gel contraction as well as in matrix degradation [346, 347].  

 

Therefore, there is still a significant gap in our understanding on how normal cells assist 

or impede each other’s progress in a 3D matrix [147, 151, 330, 348].  Answers to several 

fundamental questions are still outstanding.  Does the interconnectivity of the matrix affect 

the migration of normal macrophages? How do normal fibroblasts and macrophages 

assist or inhibit each other’s migration? Does any single collagen internalization process 

dominate and is there a temporal pattern in internalization processes?  

 

To address these gaps, we investigate how varying the connectivity of collagen fibers in 

a 3D matrix affects the migration of normal macrophages and fibroblasts in monocultures 

and in co-cultures and how these cells remodel the matrix in turn.  Our goal was to 
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determine how normal macrophages and fibroblasts migrate within a 3D environment as 

a function of co-culture as well as the connectivity of collagen fibers.  We demonstrate that 

fiber interconnectivity changes the physical alterations that fibroblasts make to the ECM 

in order to enable macrophage migration.  We investigate both integrin-dependent (α2β1) 

and integrin-independent (urokinase-type plasminogen activator receptor associated 

protein (uPARAP)/mannose receptor 1 (CD206)) collagen internalization and degradation 

in order to demonstrate cell-specific roles and temporal changes in this process.  

 

5.2 Materials and Methods 

5.2.1 Materials 

Glutaraldehyde (25%v/v) was purchased from Electron Microscopy Sciences, Hatfield, 

PA.  Bovine calf serum (BCS) was purchased from Hyclone, Logan, UT.  Fetal bovine 

serum (FBS), Pierce BCA Protein Assay Kits, Dulbecco’s Modified Eagle Medium (DMEM) 

and phosphate buffered saline (PBS) were purchased from Thermo Fisher Scientific, 

Waltham, MA.  Penicillin-streptomycin, PKH26 Red Fluorescent Cell Linker Kit and a 

PKH67 Green Fluorescent Cell Linker Kit were purchased from Sigma Aldrich, St. Louis, 

MO.  Primary monoclonal antibodies to Integrin α2 (sc-74466) and Integrin β1 (sc-9970) 

were purchased from Santa Cruz Biotechnology, Santa Cruz.  Primary monoclonal 

antibodies to CD206 (ab8918), uPARAP (ab70132), iNOS (ab209594), and F4/80 

(ab60343), Alexa Fluor® 405-conjugated (ab175658) and FITC-conjugated (ab6825) 

secondary antibodies were purchased from Abcam, Cambridge, MA.    

 

5.2.2 Casting Collagen Gels 

Type I collagen solutions were diluted in 1 mM HCl to obtain solutions at two different 

concentrations; 1.1 mg/mL (LCN) and 4.4 mg/mL (DCN).  Prior to assembling hydrogels, 
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collagen solutions were mixed with 10X DMEM at a ratio of 9:1 [317].  First, glass bottom 

12-well tissue culture polystyrene (TCPS) plates (19 mm diameter) were coated with a 

thin layer of a collagen solution (0.05 mL/well) and incubated at 37°C for 45 minutes 

(Figure 5.1).  The collagen concentration of the coating matched that of the gel.  The 

collagen coating (~50 µm thick) was added to prevent cell-TCPS interaction when cells 

were added to the hydrogels.  Next, either a collagen solution (0.35 mL/well) or a collagen 

solution containing a cell suspension (1.5 x 106 cells/mL) was added.  The plates were 

incubated at 37 °C for 45 minutes, followed by hydration with macrophage culture medium. 
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Figure 5.1.  (A) Schematic for assembling and imaging mono- and co-cultures of macrophages 
and fibroblasts encapsulated in a type 1 collagen gel.  Maximum intensity projections of 4 μm thick 
confocal reflectance z-stacks (0.5 μm slices) showing color-coded alignment of collagen fibers in 
cell-free networks 1 h and 12 h post-gel assembly (B-C) DCNs and (D-E) LCNs.  (F) experimental 
timeline.  Maximum intensity projections of 4 μm thick confocal reflectance z-stacks (0.5 μm slices) 
depicting organization of collagen fibers 1 h after cell encapsulation in a (G) fibroblast monoculture 
(DCN), (H) macrophage monoculture (DCN), (I) Co-culture (DCN), (J) fibroblast monoculture 
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(LCN), (K) macrophage monoculture (LCN), and (L) Co-culture (LCN).  Co-cultures denoted as 
1M:1F, Scale bar = 10 µm. 

 

 

5.2.3 Cell Culture 

RAW 264.7 macrophages and Balb/3T3 fibroblasts were obtained from ATCC (Manassas, 

VA).  Both cell types were used between passages 2-20.  Macrophages were maintained 

in DMEM supplemented with FBS (10% v/v) and penicillin-streptomycin (1% v/v).  

Balb/3T3 fibroblasts were maintained in DMEM supplemented with FCS (10% v/v) and 

penicillin-streptomycin (1% v/v).  Studies were conducted with cultures containing 

macrophage or fibroblast monocultures at 6 x E5 cells/gel or co-cultures that contained a 

1:1 ratio of macrophages and fibroblasts.  The cell-laden gels were hydrated with 

macrophage culture medium and maintained at 37 oC in a humidified 5% CO2 atmosphere.   

 

5.2.4 Atomic Force Microscopy (AFM) 

Elastic modulus measurements of collagen hydrogels in the presence or absence of 

encapsulated cells were obtained on hydrated samples using a Veeco BioScope II AFM 

(Veeco, Santa Barbara CA) at 1 and 12 h after casting gels.  At each time-point, 

measurements were taken on a minimum of 3 gels at 2 separate locations per gel.  All 

measurements were conducted in contact mode using pyramidal SiN cantilever tips (DNP-

10, Bruker AFM Probes, Camarillo, CA) with a spring constant of 0.01 Nm−1 (minimum 

value = 0.005 Nm-1, maximum value = 0.02 Nm-1) [316].  Force-distance curves were 

obtained at 1 Hz for a Z-scan distance of 3 μm using blunted tips with a half open angle 

of 18°.  The elastic modulus was obtained by fitting the raw data to a modified Hertz cone 

model (equations 1 and 2) [317].   

𝐹 = 𝑘(𝑑 − 𝑑𝑜)    (Equation 1) 
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𝐹 =
2 tan𝛼

𝜋
[

𝐸

1−𝜈2
] 𝛿2       (Equation 2) 

where F = applied force, α = 18°, E = YM, k = spring constant of the cantilever, υ = 

Poisson’s ratio (constant = 0.25) [317], d = deflection of the cantilever, do = deflection point 

during contact, and δ = indentation. 

 

5.2.5 Confocal Fluorescence and Reflectance Microscopy 

All imaging was conducted using a Zeiss LSM 880 laser scanning confocal microscope 

(Zeiss, Thornwood, NY) with an inverted Axio Observer Z1 base.  For all imaging 

experiments, only cells that were 200-300 μm above the surface of the glass bottom were 

analyzed (Figure 5.1).  Z-stacks were obtained at 0.5 μm intervals up to a 30 μm thick 

section using a 63x water immersion objective. To analyze fiber orientation, confocal 

reflectance images of collagen fibers were taken at a wavelength of 543 nm (n=10 

locations/condition).  Cells were incubated with F4/80 antibodies to identify macrophages. 

 

5.2.6 Porosity, Fiber Diameter and Alignment 

Gel porosity was calculated from confocal reflectance z-stacks of both cell-free and cell-

laden gels (4 µm in height, images obtained at 0.5 µm intervals), compressed into a single 

composite image.  A median filter (3x3 pixels) was applied followed by a thresholding 

mask set to the average pixel intensity of each image [316].  From these images, the area 

composed of non-fibrous regions was defined as the porosity (n = 3 gels, 10 locations/gel).  

For cell-laden gel measurements, porosity was calculated for 30 x 30 µm2 regions within 

10 µm of a cell’s periphery.  Fiber diameter was measured by drawing line segments 

across the widths of individual collagen fibers (n ≥ 500 fibers/condition) and orientation 

was determined using ImageJ (National Institute of Health) software with the OrientationJ 

plugin.  
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5.2.7 Time-lapse Microscopy of 3D Migration 

Cells were incubated with a non-toxic cytoplasmic dye prior to suspending them in 

collagen.  PKH26 Red Fluorescent Cell Linker (macrophages) and PKH67 Green 

Fluorescent Cell Linker Kits (fibroblasts) were used.  The cell-laden gels were incubated 

at 37 oC for 8 h before initiating migration experiments.  Time-lapse imaging was 

conducted on a Zeiss LSM 880 laser scanning confocal microscope with an inverted Axio 

Observer Z1 base.  During imaging, cultures were maintained in a humidified chamber at 

37oC and 5% CO2.  Confocal z-stacks (100 μm thick) were obtained on cells located 

approximately 250 μm above the bottom of well-plates (Figure 5.1).  Images were 

obtained every 30 min for 6 h.  Cells that underwent death, mitosis or exited the frame 

during the duration of the experiment were not taken into consideration for further analysis.  

Cells that collided were analyzed separately from non-colliding cells [313].  The “x”, “y” 

and “z” coordinates of cell centroids were tracked using ImageJ software.  The mean-

squared displacement (〈d2〉) was calculated for a cell tracked for a total time tmax= N Δt 

with a series of real time coordinates (x (n∆t), y (n∆t), z (n∆t)) (equation 3) [313].  Here, 

𝑁 is the total number of time-points at which coordinates were obtained, while 𝑛 and 𝑖 are 

intermediate time-points.   

⟨𝑑2, 𝑡 = 𝑛∆𝑡⟩ =
1

(𝑁−𝑛+1)
∑ [(𝑥((𝑛 + 𝑖)∆𝑡) − 𝑥(𝑖∆𝑡)]2 + [(𝑦((𝑛 + 𝑖)∆𝑡) − 𝑦(𝑖∆𝑡)]2

𝑖=𝑁−𝑛

𝑖=0
+

[(𝑧((𝑛 + 𝑖)∆𝑡) − 𝑧(𝑖∆𝑡)]2 (Equation 3) 

The directionality ratio (d2/D) of cells was calculated to measure persistence where D is 

the actual length between the start- and end- point of a cell [349].   
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5.2.8 Matrix Metalloproteinase (MMP) Activity 

MMP activities for MMPs 1, 2, 3, 7, 8, 9, 12, 13, and 14 were measured using the 

SensoLyte 520 Generic MMP assay kit (AnaSpec, San Jose, CA) according to 

manufacturer specifications.  Briefly, cell lysates were collected and homogenized 1 and 

12 h post-encapsulation using a TissueRuptor (Qiagen) homogenizer and centrifuging at 

10,000 g for 15 min at 4 oC.  The supernatant was collected and stored at -80 oC.  The 

samples were incubated with the FAM/QXL™ 520 fluorescence resonance energy 

transfer (FRET) substrate at 37 °C for 1 h in a 96-well plate, and the fluorescence emission 

was measured at 520 nm (excitation at 490 nm).  The protein content for cell lysates was 

measured by the Pierce™ BCA protein assay kit (Thermo Fisher Scientific) per 

manufacturer’s protocol.  MMP activity was normalized to protein concentrations. 

 

5.2.9 Enzyme Linked Immunosorbent Assay (ELISA) to Measure TGF-β 

Concentration 

Media samples were collected from mono- and co-culture samples 12 h after casting gels 

and assayed for TGF-β levels using a commercial mouse TGF-β ELISA Reagent Kit 

(Fisher Scientific) as per the manufacturer’s protocol.  The absorbance was measured at 

450 nm on a SpectraMax M2 microplate reader (Molecular Devices, Sunnyvale, CA).  

Standard curves were generated in culture medium.  The protein content for cell lysates 

was measured by the Pierce™ BCA protein assay kit (Thermo Fisher) per manufacturer’s 

protocol.  TGF-β concentration was normalized to protein concentrations.  

 

5.2.10 Imaging the Degradation of Collagen 

In order to visualize cellular collagen degradation and catabolism, fluorogenic DQ™ type 

I collagen (Thermo Fisher Scientific) was mixed with non-fluorescent type I collagen at a 

ratio of 1:40 prior to encapsulating cells [350].  Upon enzymatic or mechanical 
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degradation, the fluorescence intensity of DQ™ collagen increases [351].  Prior to 

encapsulation, fibroblasts were incubated with CellTrackerTM Blue CMAC dye.  

Macrophages and fibroblasts were encapsulated within the DQ™ collagen-non-

fluorescent collagen mixtures (1.5 x 106 cell/mL).  Degradation and localization of the 

collagen was observed 1 and 12 h post-seeding using confocal microscopy (3 cultures per 

condition, with  3 cells per gel). 

 

5.2.11 Immunofluorescence Staining 

Cells were stained to visualize the actin cytoskeleton, α2, and β1 integrins, CD206, 

uPARAP, F4/80 and iNOS.  Briefly, mono- and co-cultures were fixed in a glutaraldehyde 

(4% v/v) solution in cytoskeletal buffer (10 mM MES, 138 mM KCl, 2 mM EGTA, 3 mM 

MgCl2, 5% sucrose) at 37oC for 15 min.  The cultures were incubated with a 0.5% v/v 

Triton X-100 solution for 5 min at 37oC to permeabilize cell membranes.  Samples were 

rinsed with PHEM buffer (60 mM PIPES, 2mM HEPES, 10mM EGTA, 2mM MgCl2, 100mM 

glycine).  Non-specific binding sites were blocked with 20% chicken serum in PHEM buffer 

plus Mouse on Mouse (MOM™) blocking reagent (Vector Labs, Burlingame, CA) for 1 h 

at room temperature (RT).  To visualize the actin cytoskeleton, samples were incubated 

with 2.5% v/v rhodamine phalloidin (Thermo Fisher Scientific) in cytoskeletal buffer for 1.5 

h at RT.  For other proteins, the cultures were incubated with the respective primary 

antibodies for 1 h (α2 1:50 dilution, β1 1:50 dilution, CD206 1:50 dilution, uPARAP 1:100 

dilution, iNOS 1:500 dilution, F4/80 1:200 dilution), followed by incubation with secondary 

antibodies (1:200 dilution) for 30 min at RT.  For iNOS immunostaining, fibroblasts were 

incubated with Wheat Germ Agglutinin, Alexa Fluor™ 350 Conjugate (Thermo Fisher 

Scientific) prior to encapsulation.  Cells were imaged on a Zeiss LSM 880 laser scanning 

confocal microscope 1 h and 12 h post-encapsulation (n = 3 gels per condition, with  3 
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cells per gel). 

 

5.2.12 Statistical Analysis 

Statistical significance and p-values were calculated by a two-sample t-test, assuming 

unequal variance.  Statistical significance between different data sets was determined 

using ANOVA and compared post hoc using two tailed t-tests while applying the 

Bonferroni (multiple hypothesis testing) correction.  For all statistical testing α = 0.05.  All 

data are reported as mean ± standard deviation; n denotes sample size. Statistical 

significance is determined by p < 0.05. 

 

5.3 Results 

5.3.1 Investigating the Effect of Fibroblasts and ECM Connectivity on Macrophage 

Migration 

Collagen (type 1) hydrogels were assembled with two different concentrations (1.1 mg/mL 

and 4.4 mg/mL) (Figure 5.1A).  The elastic moduli, measured by atomic force microscopy 

(AFM) 1 h post-gelation, were found to be 0.22 ± 0.05 kPa (1.1 mg/mL, n =  6) and 2.18 ± 

0.25 kPa (4.4 mg/mL, n= 6) and were statistically insignificant from 12 h values (Table 

5.1).  These elastic moduli values closely match the properties of neural, lung and breast 

tissues [352, 353].  Distinct fiber networks were observed as a function of collagen 

concentration.  Gels assembled with 4.4 mg/mL collagen generated densely connected 

networks (denoted as DCNs) (Figures 5.1B-C), whereas at 1.1 mg/mL loosely connected 

networks (denoted as LCNs) were observed (Figures 5.1D-E).  Color maps indicated 

random fiber orientation in both DCNs and LCNs (Figures 5.1B-E).  The diameters of 

individual collagen fibers were 294 ± 104 nm (LCNs) and 284 ± 124 nm (DCNs) (n > 500) 

(Table 5.2); these differences were statistically insignificant.  Increasing the collagen 
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concentration resulted in an approximate 21% decrease in porosity (p < 0.05) (Table 5.3).  

Confocal reflectance measurements were obtained 1 h post-encapsulation of cells 

(Figures 5.1G-L).  Macrophages were immunostained with F4/80 and in the images each 

cell type was artificially colored (macrophages = green, fibroblasts = red) [324].  In the 

mono- and co-cultures in LCNs and DCNs, no statistically significant changes in elastic 

moduli, porosity or fiber architecture were observed after 1h after encapsulating cells 

(Tables 5.1-3). 

 
Table 5.1.  Young’s moduli of cell-free and cell-containing DCNs and LCNs obtained 1 and 12 h 
after casting gels, measured by AFM.  CF = cell free, M = macrophage monoculture, F = fibroblast 
monoculture, Co-culture = macrophages : fibroblasts = 1:1.  n = 3 gels per condition (2 locations 
per gel). Statistically significant differences between different cultures are indicated by: 
(*) DCN co-cultures: 1 h and 12 h.  
(#) LCN fibroblast monocultures: 1 h and 12 h.  
(ł)  LCNs (12 h):  Fibroblast monocultures and macrophage monocultures.   
(∩) LCNs (12 h): Fibroblast monocultures and co-cultures.  
  

 

Network Culture 
Young’s Modulus 

(kPa) 
T = 1h 

Young’s Modulus 
(kPa) 

T = 12h 

DCN CF 2.18 ± 0.25 2.13 ± 0.48 

DCN M 2.19 ± 0.49 1.90 ± 0.47 

DCN F 2.25 ± 0.44 1.91 ± 0.56 

DCN Co-culture 2.08 ± 0.39 * 1.53 ± 0.46 * 

LCN CF 0.22 ± 0.05 0.23 ± 0.03 

LCN M 0.24 ± 0.07 0.19 ± 0.04 ł 

LCN F 0.23 ± 0.07 # 0.46 ± 0.10 #,ł,∩ 

LCN Co-culture 0.21 ± 0.07 0.16 ± 0.05 ∩ 

 
 
 
 
 
 
Table 5.2. Fiber diameter values in cell-free and cell-containing DCNs and LCNs. CF = cell free, 
M = macrophage monoculture, F = fibroblast monoculture, Co-culture = macrophage : fibroblast 
= 1:1.  n ≥ 500 fibers.  Statistically significant differences between different cultures are indicated 
by: 
(#) LCN fibroblast monocultures: 1 h and 12 h.   
(Ø) LCN co-cultures: 1 h and 12 h.  
(ł) LCNs (12 h):  Fibroblast monocultures and macrophage monocultures. 
(&) LCNs (12 h): Macrophage monocultures and co-cultures.   
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Network Culture 
Fiber Diameter (nm) 

T = 1h 
Fiber Diameter (nm) 

T = 12 h 

DCN CF 284 ± 124 290 ± 84 

DCN M 292 ± 57 293 ± 55 

DCN F 295 ± 72 290 ± 63 

DCN Co-culture 294 ± 71 294 ± 69 

LCN CF 294 ± 104 292 ± 78 

LCN M 294 ± 54 291 ± 51 ł,& 

LCN F 296 ± 53 # 341 ± 90 #,ł 

LCN Co-culture 292 ± 53 Ø 326 ± 83 Ø,& 

  
 
 
Table 5.3. Porosity of collagen gels in cell-free and cell-containing DCNs and LCNs. CF = cell free, 
M = macrophage monoculture, F = fibroblast monoculture, Co-culture = macrophages : fibroblasts 
= 1:1.  n = 30 locations (10 locations per gel).  Statistically significant differences between different 
cultures are indicated by: 
(<) Cell-free: DCNs and  LCNs. 
(#) LCN fibroblast monocultures: 1 h  and 12 h.   
(Ø) LCN co-cultures: 1 h and 12  h. 

 

Networ
k 

Culture 
Porosity (%) 

T = 1h 
Porosity (%) 

T = 12h 

DCN CF 53.2 ± 2.0 < 52.9 ± 1.5 < 

DCN M 53.2 ± 3.4 52.4 ± 2.1 

DCN F 52.1 ± 3.5 52.6 ± 2.3 

DCN Co-culture 52.8 ± 3.1 53.2 ± 1.9 

LCN CF 74.1 ± 1.8 < 73.3 ± 2.1 < 

LCN M 75.6 ± 4.6 74.6 ± 2.4 

LCN F 76.4 ± 4.8 # 56.1 ± 5.5 # 

LCN Co-culture 74.9 ± 5.1 Ø 65.4 ± 7.0 Ø 

 

Since cells can collide or contact other cells during migration, we first focused on changes 

in migratory characteristics of non-colliding cells as a function of network structure.  In 

DCN macrophage monocultures, non-colliding macrophages were virtually stationary 

(Figures 5.2A-B) with an average distance traveled of 29.7 ± 6.1 µm over 6 h (Table 5.4).  

In DCNs, when macrophages were co-cultured at a 1:1 ratio with fibroblasts, they became 

highly motile (Figures 5.2C-D).  The average distance traveled was approximately 3-fold 

higher than in monocultures (p < 0.05) with some cells moving  150 µm.  In LCNs, 

macrophages in monocultures were migratory with an average displacement of 73.0 ± 



98 
 

29.0 µm (Figures 5.2E-F).  Co-culturing in a 1:1 ratio with fibroblasts in LCNs resulted in 

a statistically higher (1.47-fold, p < 0.05) displacement (Figures 5.2G-H).  

 

Fibroblast migration was also affected by fiber interconnectivity.  The total distance 

traveled by fibroblasts in DCNs was approximately 1.6-fold lower than in LCNs (Table 5.4, 

Figures 5.3A-D).  In monocultures, fibroblasts traveled significantly higher distances and 

exhibited higher directionality ratios than macrophages (p < 0.05, Table 5.4).  In contrast 

to macrophages, there were no statistically significant changes in distances traveled 

between mono- and co-cultures (Table 5.4, Figures 5.3E-H).  These trends clearly point 

to fibroblasts as the driving force in enabling macrophages to move, especially within a 

densely interconnected ECM environment. 

 

Table 5.4. Total distance traveled (〈d2〉) and directionality ratios (d2/D) exhibited by non-colliding 
macrophages (M) and fibroblasts (F). Statistically significant differences between different cultures 
are indicated by:  
(δ) DCNs: Macrophage monocultures and fibroblast monocultures.  
(^) DCNs: Macrophages in monocultures and co-cultures.  
(∞) DCNs: Fibroblasts in monocultures and co-cultures. 
 (#) Macrophage monocultures: LCNs and DCNs.  
(ł) LCNs: Macrophage monocultures and fibroblast monocultures.  
(&) LCNs: Macrophages in monocultures and co-cultures.  
(*) Fibroblast monocultures: LCNs and DCNs 
 

  MONOCULTURE CO-CULTURE 
Network Cell  (〈d2〉)  (µm) (d2/D)  n (〈d2〉)   (µm) (d2/D)  n 

DCN M 29.7±6.1#,δ,^ 0.14 ± 0.04#,δ 30 88.4 ± 50.8^ 0.15 ± 0.07 32 
LCN M 73.0±29.0#,ł,& 0.19±0.09#,ł 31 108.4±50.9& 0.21±0.10 30 
DCN F 74.6±31.1*,δ 0.25±0.12*,δ,∞ 35 67.8±35.7 0.33±0.14∞ 30 
LCN F 119.4±45.8ł,* 0.36±0.13ł,* 30 90.3±43.2 0.37±0.14 30 
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Figure 5.2.  X-Y and X-Z trajectories of non-colliding macrophages in mono- and co-cultures over 
6 h. (A-B) DCN monocultures, (C-D) DCN co-cultures, (E-F) LCN monocultures, and (G-H) LCN 

co-cultures, n =  30 cells.  X-Y and X-Z trajectories are normalized to the initial coordinates of 
each cell.  XY and XZ tracks have been color-coded to total (XYZ) distance traveled by a cell, green 
= 0-50 μm, red = 50-100 μm, blue = 100-150 μm, and purple ≥ 150 μm.   
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Figure 5.3.  X-Y and X-Z trajectories of cells measured over a 6 h period.  Non-colliding fibroblasts 
in mono- and co-cultures, (A-D) DCNs, (E-H) LCNs.  Macrophages in co-cultures that made 
contacts with other cells, (I-J) DCNs and (K-L) LCNs.  Fibroblasts in co-cultures that made contacts 
with other cells, (M-N) DCNs and (O-P) LCNs.  X-Y and X-Z trajectories are normalized to the initial 
coordinates of each cell.  XY and XZ tracks have been color-coded to total (XYZ) distance traveled, 
green = 0-50 μm, red = 50-100 μm, blue = 100-150 μm, and purple ≥ 150 μm.   

 

5.3.2 3D Tunnels Generated by Fibroblasts in DCNs Provide Conduits for 

Macrophage Migration  

Since the presence of fibroblasts increased the motility of macrophages, we next 

investigated how fibroblasts changed their 3D environment in order for macrophages to 

migrate.  In DCNs, well-defined 3D tunnel-like structures were observed at 12 h but only 
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in fibroblast-containing cultures (Figures 5.4A-G).  Although tunnels were observed in 

both the LCNs and DCNs, accurate measurements of tunnel dimensions were difficult to 

obtain in LCNs due to the lower density of collagen fibers.  In the DCNs, the tunnel 

diameters were found to be 15.9 ± 2.0 µm (n = 29, 5 measurements/tunnel) in fibroblast 

monocultures and 15.0 ± 1.5 µm (n = 33) in co-cultures.  Average tunnel length was 51.1 

± 20.2 µm and 55.9 ± 30.0 µm for the fibroblast mono- and co-cultures, respectively.   

 

We next examined which cell types occupied the tunnels and the relative positions of the 

cells within each tunnel.  Notably, we did not observe any cell-free tunnels.  Every tunnel 

studied (n ≥ 29 tunnels per fibroblast-containing culture) contained a fibroblast at one end 

(Figures 5.4D-G).  In fibroblast monocultures, out of 29 tunnels, only 24% had more than 

one fibroblast.  In co-cultures, approximately 58% of 33 tunnels had more than one cell 

either inside the tunnel or at either end.  Among tunnels where multiple cells were present, 

approximately 68% contained at least one macrophage (in addition to a fibroblast) and 

32% had more than one fibroblast (no macrophages) (Figures 5.4C, F, G).  Since 

fibroblasts were always observed at one end of tunnels, they were identified as the cell 

type instrumental in generating tunnels.  The tunnels generated by fibroblasts may have 

served as conduits for migration and may have been the driving force behind 

macrophages turning motile in co-cultures.   
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Figure 5.4.  Maximum intensity projections of 4 μm thick confocal reflectance z-stacks (0.5 μm 
slices) depicting reorganization of collagen fibers in a (A) DCN fibroblast monoculture, (B) DCN 
macrophage monoculture, and (C) DCN co-culture.  (D) Individual confocal reflectance z-stack 
images of a fibroblast monoculture in a DCN.  Images show the progression of tunnel-like structures 
indicated by yellow arrows within the z-stack.  (E) Corresponding tunnel outlines in each z-stack 
slice show the 3D tunnel structure around the fibroblast.  (F) Individual confocal reflectance z-stack 
images of a co-culture in a DCN and (G) corresponding tunnel outlines.  Macrophages were 
identified by incubating cells with F4/80 antibodies and cell bodies have been artificially colored 
(macrophages = green, fibroblasts = red), Co-cultures denoted as 1M:1F,   Scale bar = 20 μm. 
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5.3.3 Alignment of Fibers by Fibroblasts in LCNs Leads to Increased Macrophage 

Displacement 

Confocal reflectance measurements obtained 12 h post-encapsulation of cells in LCNs 

indicated that fibroblasts were aligning fibers along their lamellipodia (Figures 5.5A-B).  

In order to determine the relative angles between lamellipodia and collagen fibers, the 

lamellipodia were aligned along the x-axis.  Thereafter, the orientations of collagen fibers 

close to lamellipodia were measured and their angular distribution was plotted.  

Approximately 60% of fibers in fibroblast monocultures were aligned primarily within a 

±30o angle relative to lamellipodia (Figure 5.5C) suggesting fibroblasts were stretching 

the fibers.  This alignment was accompanied by bundling of collagen fibers identified by a 

statistically significant increase in fiber diameter compared to 1 h.  At 12 h, fiber diameters 

in LCN fibroblast monocultures (341 ± 90 nm, n = 500) were statistically significantly higher 

than at 1h (296 ± 53 nm, n = 500) (Table 5.2).  Macrophages in monocultures did not alter 

fiber diameter or orientation (Figures 5.5D-F).  In co-cultures (Figures 5.5G-L), aligned 

fibers spanned the distance between a fibroblast and a macrophage indicating these fibers 

may have served as tracks for macrophage migration.   Approximately, 53% of 

macrophages analyzed (n = 49) were adhered to the aligned fibers.  In some cases, fiber 

alignment between a fibroblast and a macrophage spanned up to 100 µm (Figures 5.5J-

K).  Macrophages were also located between fibroblast lamellipodia (Figure 5.5L).  At 12 

h, fiber diameters in co-cultures (326 ± 83 nm, n = 500) were statistically significantly 

higher than at 1h (292 ± 53 nm, n = 500).  

 

5.3.4 Measuring the Effect of Macrophage-Fibroblast Contact during Migration 

Approximately 50% of migrating cells in DCN and LCN co-cultures “collided” or made 

contact with other cells during the observation period (Figures 5.5M-N).  Of the observed 
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collisions, 65%–71% of the contacts were between a fibroblast and a macrophage, 17%–

29% of the contacts were between two macrophages and only 6%–11% were between 

two fibroblasts. In DCNs, macrophage-fibroblast contacts resulted in statistically higher 

macrophage directionality (p < 0.05) (Figure 5.5N, Table 5.5).  
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Figure 5.5.  (A) Maximum intensity projection of a 4 µm thick confocal reflectance z-stack (0.5 µm 
slices) depicting reorganization of collagen fibers in a LCN fibroblast monoculture.  (B) Color-coded 
alignment of collagen fibers and (C) corresponding fiber orientation distribution near a fibroblast 
protrusion (red dotted line) in a LCN.  Regions depicting color-coded fiber orientation and fiber 
orientation distribution are outlined with a yellow dotted line in (A).  Maximum intensity projections 
of collagen fibers in a (D) macrophage monoculture in a LCN, (E) color-coded alignment of collagen 
fibers, and (F) fiber orientation distribution near a macrophage protrusion (green dotted line).  
Maximum intensity projections of collagen fibers in a (G) co-culture in a LCN, (H) corresponding 
color-coded alignment of collagen fibers and (I) fiber orientation distribution.  (J) Fiber alignment 
up to 100 µm in a LCN co-culture indicated by yellow arrows, (K) a macrophage on aligned fibers, 
and (L) a macrophage orienting itself between fibroblast lamellipodia.  Macrophages were identified 
by incubating cells with F4/80 antibodies and cell bodies have been artificially colored 
(macrophages = green, fibroblasts = red).  (M) Percentage of collisions between two macrophages 
(M-M), two fibroblasts (F-F), and a macrophage and fibroblast (M-F).  (N) Comparison of 
directionality ratios between colliding and non-colliding cells in co-cultures.  A dot (•) indicates a 
statistically significant difference compared to non-colliding macrophages in DCNs.  For non-
colliding cells, n = 30 cells (LCN, macrophages), n = 32 cells (DCN, macrophages), n = 30 cells 
(LCN, fibroblasts), n = 30 cells (DCN, fibroblasts).  For colliding cells, n = 23 cells (LCN, 
macrophages), n = 28 cells (DCN, macrophages), n = 31 cells (LCN, fibroblasts), n = 24 cells (DCN, 
fibroblasts).  Co-cultures denoted in figures as 1M:1F, Scale bar = 20 µm.   
 
 
Table 5.5. Total distance traveled (〈d2〉) and directionality ratios (d2/D) exhibited by macrophages 
and fibroblasts that made cell-cell contacts.  

 

  CO-CULTURE 

Network Cell (〈d2〉)  (µm) (d2/D) n 

DCN M 93.8 ± 48.7 0.20 ± 0.08 28 

LCN M 90.7 ± 29.9 0.26 ± 0.10 23 

DCN F 99.3 ± 31.9 0.39 ± 0.13 34 

LCN F 99.8 ± 53.8 0.36 ± 0.16 31 

 

5.3.5 Investigating Changes in the Physical Properties of Collagen Gels Due to 

Cellular Remodeling 

AFM measurements conducted 12 h after encapsulating cells indicated that the Young’s 

moduli of the gels were altered.  Comparing the Young’s moduli values at the 1 h and 12 

h time-points (Table 5.1) revealed the following trends: (a) macrophage monocultures did 

not show statistically significant changes, (b) fibroblasts in LCNs exhibited a 2-fold 

increase (n = 6, p < 0.05), and (c) co-cultures in DCNs showed a statistically significant 

decrease (n = 6, p < 0.05).  Interestingly, the only significant changes in porosity were 

observed in LCNs (fibroblast mono and co-cultures) where alignment of collagen fibers 

decreased porosity (Table 5.3).  
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The decrease in Young’s moduli between the 1h and 12 h times-points in DCN co-cultures 

and the increase in fibroblast monocultures in LCNs during the same period (Table 5.1) 

indicated that matrix remodeling had occurred.  The observed differences in Young’s 

moduli could have occurred through a combination of factors such as the secretion of 

MMPs, transforming growth factor-β (TGF-), lysyl oxidase, contraction of fibers, and 

deposition of new ECM proteins [120, 160, 168, 354].   Of these factors, MMP activity and 

TGF- concentration were further investigated since they are responsible for degrading 

and repairing tissues (Tables 5.6-7).  

 

Table 5.6. MMP activity measured in cell lysates and normalized to total protein content.  CF = cell 
free, M = macrophage monoculture, F = fibroblast monoculture, Co-culture = macrophages : 
fibroblasts = 1:1.  n = 3 cultures per condition.  Statistically significant differences between different 
cultures are indicated by: 
($)  DCN macrophage monocultures:  1 h and 12 h. 
(ʘ) DCN fibroblast monocultures: 1 h and 12 h.   
(^) DCN (12 h): Macrophage monocultures and co-cultures.   
(δ) DCN (12 h): Macrophage monocultures and fibroblast monocultures.  
(%) DCN (12 h): Fibroblast monocultures and co-cultures.  
(#) LCN fibroblast monocultures: 1 h and 12 h.   
(∞) LCN macrophage monocultures: 1 h and 12 h. 
(Ø) LCN co-cultures: 1 h and 12 h.   
(ł) LCN (12 h):  Fibroblast monocultures and  macrophage monocultures.   
(∩) LCN (12 h): Fibroblast monocultures and co-cultures.   
(&) LCN (12 h): Macrophage monocultures and co-cultures.  

 

Network Culture 
MMP Activity 

(RFUs/μg protein) 
T = 1h 

MMP Activity 
(RFUs/μg protein) 

T = 12h 

DCN M 0.62 ± 0.05 $ 0.41 ± 0.01 $,^,δ 

DCN F 1.72 ± 0.08 ʘ 4.25 ± 0.07 %,δ,ʘ 

DCN Co-culture 0.98 ± 0.08 1.75 ± 0.20 ^,% 

LCN M 0.74 ± 0.05 ∞ 0.48 ± 0.03 &,∞,ł 

LCN F 1.54 ± 0.13 # 4.82 ± 0.03 ∩,ł,# 

LCN Co-culture 1.13 ± 0.04 Ø 2.09 ± 0.09 Ø,∩,& 

 
 
 
Table 5.7. TGF-β concentration of spent culture medium collected 12 h after encapsulating cells.  
Data reported are after subtraction of TGF-β concentration in fresh culture medium.  Values are 
normalized to total protein content. CF = cell free, M = macrophage monoculture, F = fibroblast 
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monoculture, Co-culture = macrophages : fibroblasts = 1:1.  n = 3 gels per condition. Statistically 
significant differences between different cultures are indicated by: 
(ł) LCNs: Macrophage monocultures and fibroblast monocultures.  
(∩) LCNs: Fibroblast monocultures and co-cultures.   
(•) Undetectable TGF-β.   

 

Network Culture 
[TGF-β] 

(pg/μg protein) 

DCN M 0.00 • 

DCN F 0.20 ± 0.11 

DCN Co-culture 0.10 ± 0.02 

LCN M 0.15 ± 0.05 ł 

LCN F 0.32 ± 0.06 ł,∩ 

LCN Co-culture 0.13 ± 0.02 ∩ 

 

Fibroblast monocultures in DCNs and LCNs exhibited an approximately 2.5-fold and 3-

fold increase in MMP activity from 1 to 12 h, respectively (Table 5.6).  MMP activity in 

macrophage monocultures decreased approximately 33-35% from 1 to 12 h.  In co-

cultures, both DCNs and LCNs exhibited an approximately 1.8-fold increase in MMP 

activity over the same time period.  Notably, MMP activity in co-cultures (LCNs and DCNs) 

was significantly higher compared to macrophage monocultures, while also being 

significantly lower than in fibroblast monocultures (p < 0.05).  While increased MMP 

activity at 12 h in co–cultures can be correlated to decreased Young’s moduli a similar 

connection was not observed in fibroblast LCN monocultures (Table 5.1).  For this reason, 

the concentration of TGF-β was measured. 

 

TGF-β promotes the synthesis of ECM proteins [355].  At 12 h (DCNs and LCNs), TGF-β 

concentration was significantly higher in fibroblast monocultures than in macrophage 

monocultures (Table 5.7).  The higher TGF-β concentrations in fibroblast monocultures 

may have led to increased Young’s modulus in LCNs.  In contrast, in LCN co-cultures, 

there was a significant decrease in TGF-β levels compared to fibroblast monocultures (p 

< 0.05) that can be correlated to the decrease in Young’s modulus (Table 5.1).  In co-
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cultures (DCNs and LCNs), there was a decrease in TGF-β concentration that could be 

attributed to the pro-inflammatory cytokines secreted by macrophages at earlier time-

points (Please refer to Discussion) [355].  These trends indicate that while higher TGF-

β levels in fibroblast monocultures promoted ECM deposition, the inclusion of 

macrophages down-regulated this cytokine thereby modulating ECM repair [355].  

 

5.3.6 Imaging the Internalization of Degraded Collagen as a Function of Co-culture   

The formation of tunnels and the secretion of MMPs indicated that collagen was being 

degraded.  It is well known that the degradation of ECM proteins occurs in tandem with 

their internalization and turnover [145, 147, 151, 339].  Therefore, fluorescent DQ™ type 

I collagen was incorporated into the gels.  This protein exhibits higher fluorescence when 

it is cleaved or degraded [351].   

 

After 1 h of encapsulation, low fluorescence intensity was observed in both cell types in 

monocultures and co-cultures (DCNs and LCNs) (Figure 5.6) indicating low levels of 

collagen internalization.  Additionally at 1 h, collagen fibers adjacent to cells did not exhibit 

fluorescence indicating the absence of cell-based matrix degradation.  In contrast, at 12 

h, significant collagen endocytosis was observed in both macrophage (Figures 5.7A-B) 

and fibroblast monocultures (Figures 5.7C-D) with higher endocytosis exhibited by 

macrophages.  At 12 h, in co-cultures, macrophages continued to internalize collagen, 

however, there was less accumulation inside cells compared to monocultures (Figures 

5.7E-F).  In all fibroblast-containing cultures, fluorescence was more pronounced in 

regions close to cells (Figures 5.7C, D, G, H) indicating higher amounts of degraded 

collagen near these cells.  The presence of degraded extra-cellular proteins could be due 

to the mechanical disruption of fibers or due to protein fragments that exited cells after 

undergoing intra-cellular lysosomal degradation [147, 151]. Additionally, internalized 
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collagen was observed within macrophages located near highly aligned fibers or tunnels 

(Figures 5.7I-L), which is consistent with the debris-clearing role of macrophages.  These 

trends suggest that cell-specific mechanical disruption, internalization and exocytosis of 

collagen occurred.  Since collagen turnover can occur due to a complex combination of 

integrin-dependent (α2β1) as well as integrin-independent (uPARAP/CD206) processes, 

we investigated both mechanisms [147, 151].  

 

Figure 5.6.  Endocytosis of fluorescent DQ™ collagen. Fibroblasts were stained with CellTracker 
Blue CMAC dye prior to seeding.  Macrophages 1 h after encapsulation in a (A) DCN monoculture, 
(B) DCN co-culture, (C) LCN monoculture and (D) LCN co-culture.  Endocytosis of fluorescent 
DQ™ collagen by fibroblasts in a (E) DCN monoculture, (F) DCN co-culture, (G) LCN monoculture 
and (H) LCN co-culture.  Green = Internalized DQ™ collagen, Blue = Fibroblasts, Co-cultures 
denoted as 1M:1F, Scale bar = 20 µm. 
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Figure 5.7.  Endocytosis of fluorescent DQ™ collagen 12 h after encapsulation.  Fibroblasts were 

stained with CellTracker Blue CMAC dye prior to seeding.  Macrophages in monocultures (A) 
DCNs, (B) LCNs, fibroblasts in monocultures (C) DCNs and (D) LCNs.  Endocytosis of fluorescent 
DQ™ collagen 12 h after encapsulation by macrophages in co-cultures (E) DCNs and (F) LCNs, 
fibroblasts in co-cultures (G) DCNs and (H) LCNs.  (I) Maximum intensity projections depicting a 
fibroblast (red) and macrophages near a tunnel in a DCN co-culture and (J) corresponding 
endocytosis of degraded collagen.  (K) Maximum intensity projections depicting a macrophage 
(green) on highly aligned collagen fibers in a LCN co-culture and (L) corresponding endocytosis of 
degraded collagen.  Green = Internalized DQ™ collagen, Blue = Fibroblasts, Co-cultures denoted 
as 1M:1F, Scale bar = 20 µm.   

 

5.3.7 Evaluating α2β1 Integrin-Dependent Collagen Internalization  

To identify the mechanisms involved in the internalization of degraded collagen, the 

expression of trans-membrane integrins and their co-localization with actin was 

investigated.  Both actin and α2β1 integrins are known to be involved in the contraction and 

alignment of collagen fibers and their internalization [22, 147, 151, 356].  At 12 h in DCNs 
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(Figures 5.8A-B) and LCNs (Figures 5.9A-B), macrophages in monocultures exhibited a 

diffuse actin cytoskeleton, low expression of α2 (blue) and β1 (green) integrins (DCNs: 

Video S3).  When co-cultured with fibroblasts, macrophages in DCNs (Figures 5.8C-D) 

and LCNs (Figures 5.9C-D) developed sharp, actin-rich protrusions co-localized with 

integrin expression.  At 12 h, the expression of β1 (green) was significantly higher in co-

cultured macrophages than in monocultures (DCNs: Figure 5.8D, LCNs; Figure 5.9D).  

Since β1 can also internalize collagen, the increased expression of this integrin in 

macrophages may have contributed to collagen turnover [147, 151]. 

 

At 12 h in DCNs, fibroblasts in mono- and co-cultures exhibited similar actin cytoskeletal 

structure (Figures 5.8E and 5.8G) and expression of α2β1 integrins (Figures 5.8F and 

5.8H).  A similar trend was observed in fibroblasts cultured in LCNs at 12 h (Figures 5.9M-

P).  At 1 h, co-culturing did not alter actin and α2β1 expression in DCNs or LCNs (Figures 

5.9Q-X).  

 

Figure 5.8.  Actin (red), and co-localization of α2 (blue), and β1 (green) integrins in DCNs at 12 h.  
(A-B) Macrophage in monoculture, (C-D) Macrophage in co-cultures, (E-F) Fibroblast in 
monocultures and (G-H) Fibroblast in co-cultures.  Co-cultures denoted as 1M:1F, Scale bar = 20 
µm. 
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Figure 5.9. Actin (red) and co-localization of α2 (blue), and β1 (green) integrins in macrophages 
and fibroblasts.  Macrophages 12 h after encapsulation in a (A-B) LCN monoculture, (C-D) LCN 
co-culture.  Macrophages 1 h after encapsulation in a (E-F) DCN monoculture, (G-H) DCN co-
culture, (I-J) LCN monoculture, (K-L) LCN co-culture.  Fibroblasts 12 h after encapsulation in a (M-
N) LCN monoculture, (O-P) LCN co-culture.  Fibroblasts 1 h after encapsulation in a (Q-R) DCN 
monoculture, (S-T) DCN co-culture, (U-V) LCN monoculture, and (W-X) LCN co-culture.  Co-
cultures denoted as 1M:1F, Scale bar = 20 µm. 

 

5.3.8 Investigating Integrin-Independent (uPARAP/CD206) Collagen Endocytosis  

uPARAP can bind to collagen and internalize it through clathrin-mediated endocytosis 

[135, 151].  Together, uPARAP and CD206 can transport collagen fragments for intra-

cellular lysosomal degradation and have been implicated in collagen endocytosis in 

macrophages and fibroblasts [147, 151].  CD206 is also a traditional marker for the M2 

(anti-inflammatory) phenotype in macrophages [357].  Expression of these two receptors 

was identified by co-localization of CD206 and uPARAP in punctate regions on the cell 

membrane and within the cytoplasm in both cell types at 1 h and 12 h (Figures 5.10 and 

5.11).  Interestingly, macrophage monocultures exhibited a temporal change with higher 

expression of uPARAP/CD206 at 1 h compared to 12 h (Figures 5.10A, C, 5.11A, C,).  At 

12 h (DCNs and LCNs), macrophages in co-cultures expressed much higher 

uPARAP/CD206 than those in monocultures (Figures 5.10A-D). In contrast, there were 

no major observable differences in the expression of these receptors in fibroblast mono- 

and co-cultures (DCNs and LCNs) (Figures 5.10E-H and Figures 5.11E-H). 
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Figure 5.10. Co-expression of CD206 (red) and uPARAP (green) 12 h after cell encapsulation.  (A-
D = macrophages), (A) Monoculture (DCN) (B) Co-culture (DCN), (C) Monoculture (LCN), and 
(D) Co-culture (LCN).  (E-F = Fibroblasts) (E) Monoculture (DCN), (F) Co-culture (DCN), (G) 
Monoculture (LCN), and (H) Co-culture (LCN).  Co-expression of iNOS and F4/80 (I-L) in 
macrophages in a (I) DCN monoculture (J) DCN co-culture 1 h after encapsulation and (K) DCN 
monoculture and (L) DCN co-culture 12 h after encapsulation.  Co-cultures denoted as 1M:1F, 
Scale bar = 20 µm. 
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Figure 5.11.  Co-expression of CD206 (red) and uPARAP (green) 1 h after cell encapsulation. 
Macrophages in a (A) DCN monoculture, (B) DCN co-culture, (C) LCN monoculture, and (D) LCN 
co-culture.  Fibroblasts in a (E) DCN monoculture, (F) DCN co-culture, (G) LCN monoculture, and 
(H) LCN co-culture.  Co-expression of iNOS and F4/80 in macrophages in a (I) LCN monoculture 
and (J) LCN co-culture 1 h after encapsulation and in a (K) LCN monoculture and, (L) LCN co-
culture 12 h after encapsulation.  Co-expression of iNOS and WGA in fibroblasts at 1 h in a (M) 
DCN monoculture, (N) DCN co-culture, (O) LCN monoculture, and (P) LCN co-culture.  Co-
expression of iNOS and WGA in fibroblasts at 12 h in a (Q) DCN monoculture, (R) DCN co-culture, 
(S) LCN monoculture, and (T) LCN co-culture.  Co-cultures denoted as 1M:1F, Scale bar = 20 µm. 

 

5.3.9 Investigating Macrophage Activation  

Since macrophages in monocultures expressed much higher CD206/uPARAP at 1 h, the 

expression of inducible nitric oxide synthase (iNOS), a marker for the pro-inflammatory 

M1 phenotype was investigated [339, 357, 358].  iNOS expression in macrophages was 

characterized by punctate regions within the cytoplasm (Figures 5.10I-L).  In DCNs 

(Figures 5.10I, K) and LCNs (Figures 5.11I, K) macrophages in monocultures expressed 

iNOS at 1 and 12 h.  Expression of iNOS decreased significantly even within 1 h of co-

culturing cells (Figures 5.10J, L, F5.11J, L) and by 12 h, iNOS expression decreased 

further.  These results demonstrate that while macrophages in monocultures at 1h were a 

mixed M1-M2 activation state [358], by 12 h, macrophages in monocultures and co-

cultures exhibited shifts to M1 and M2 phenotypes, respectively [321, 339].  In contrast to 

macrophages, iNOS expression was virtually undetectable in fibroblasts and did not 

appear to change with time, co-culture or fiber interconnectivity (Figures 5.11M-T).   

 

5.4 Discussion and Conclusions 

Our results demonstrate how fibroblasts stimulate macrophage migration through densely 

and through loosely interconnected collagen fibers.  The Young’s moduli of the gels 

investigated in this study closely correspond to the elasticity of breast and lung tissues 

[353], making these systems suitable for understanding physiological processes in these 

tissues.  In DCNs, fibroblasts stimulated macrophage motion by forming tunnels that 
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served as conduits (Figure 5.12A).  Although the formation of tunnel-like structures by 

cancerous cells [275, 337, 343] has been reported, to the best of our knowledge, this is 

the first study demonstrating how normal fibroblasts create 3D tunnels that are 

subsequently occupied by macrophages.  

Figure 5.12.  (A) Fibroblasts degrade the ECM through MMPs as they navigate through the DCNs 
forming tunnels in their wake.  Degraded collagen fragments, as well as TGF-β secreted by 
fibroblasts, act as chemoattractants resulting in increased macrophage migration.  Macrophages, 
which find tunnels generated by fibroblasts, experience decreased steric hindrance by the matrix 
leading to migration.  Secreted TGF-β stimulates cells to produce new ECM.  (B) Alignment of 
collagen fibers in LCNs enhances macrophage migration by providing tracks for macrophages to 
move.  (C)  At 1 h, macrophages express both iNOS (M1) and CD206 (M2) in mono- and co-
cultures (DCNs and LCNs).  At 12 h, macrophages in monocultures exhibit high levels of iNOS, 
while those in co-cultures display high CD206. 
 

In LCNs, the alignment of fibers (Figure 5.12B) up to a length of 100 m provided tracks 

for macrophage migration.  This distance was two-fold higher than previously reported 

[333].  Fiber alignment has been shown to increase force transmission between cells [120, 

333], migration velocity and persistence through contact guidance [125, 129].  Hall et al. 

previously reported that while fibroblasts were able to align collagen fibers in porous and 

soft environments [333], they were unable to do so in dense, stiffer collagen matrices (3.5 
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mg/mL).  We demonstrate that in stiffer and dense matrices, fibroblasts transform their 

microenvironment by forming tunnels.  

 

While tunnels promoted macrophage migration in the DCNs, it is unlikely that every 

macrophage encountered a tunnel.  Therefore, additional signaling mechanisms such as 

degraded collagen fragments generated by fibroblasts or TGF- secreted by fibroblasts 

may have also promoted the directed migration of macrophages toward fibroblasts [359].   

 

Co-culturing significantly increased the expression of uPARAP/CD206 in macrophages.  

Collagen internalization and degradation in both cell types occurred via a combination of 

integrin-dependent and integrin-independent processes. We hypothesize that 

uPARAP/CD206 may have had a bigger contribution, especially at early time-points.  We 

base this hypothesis on the significant internalization and accumulation of fluorescent 

DQ collagen (at 1 h) inside macrophages in monocultures.  At this time-point, 

macrophages exhibited low levels of α2β1 integrins but expressed uPARAP/CD206.  By 

12 h, macrophages in monocultures expressed higher β1 integrin but low uPARAP/CD206.  

This trend suggests that collagen endocytosis occurred partly due to the β1 integrin as 

well.  In contrast, in co-cultures, the higher expression of uPARAP/CD206 at 12 h 

(compared to monocultures) can be correlated to lower accumulation of collagen within 

macrophages (Figure 5.7), since uPARAP/CD206 are known to transport collagen for 

intra-cellular lysosomal degradation.  When there was low expression of these receptors 

(monocultures), collagen accumulated inside cells [147, 151].  In co-cultures, higher 

expression of uPARAP/CD206 and subsequent lysosomal degradation may have resulted 

in green fluorescence (degraded collagen) in the immediate vicinity of cells.  Future 

studies on the rate of lysosomal degradation, the exocytosis of degraded collagen, the 
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role of cathepsin K and the kinetics of turnover will provide more comprehensive 

information on collagen turnover mechanisms [151]. 

 

Another interesting finding was the mixed M1-M2 activation states of macrophages at 1h 

in monocultures.  At this time-point, macrophages expressed both M1 (iNOS) and M2 

(CD206) markers (Figure 5.10C) [339, 358].  By 12 h, CD206 expression had decreased 

significantly in monocultures but was higher in co-cultures.  These results indicate that 

while macrophages in monocultures may have been in a mixed M1-M2 phenotype at 1 h, 

by 12 h macrophages in monocultures and co-cultures exhibited shifts to inflammatory 

(M1) and tissue-repair (M2) activation states, respectively.  We hypothesize that the M2 

(tissue repair) phenotype in co-cultures is due to the degradation of collagen and secretion 

of TGF- by fibroblasts.  In macrophage monocultures, since the gels did not degrade, the 

cells transitioned to a M1 activation state.  Further investigations into different populations 

of macrophage phenotypes, phenotypic markers, and secretions of specific chemokines 

[339] at will provide more comprehensive information on when this transition occurred.   

 

iNOS expression is usually accompanied with the secretion of pro-inflammatory cytokines 

such as TNF-, which is known to down-regulate TGF- [360].  In co-cultures, the 

expression of iNOS by macrophages at 1 h, albeit low, could have played a role in down-

regulating TGF-.  It is possible that pro-inflammatory cytokines resulted in lower TGF- 

concentrations in LCN and DCN co-cultures in comparison to fibroblast monocultures.  

This trend suggests that the inclusion of macrophages expressing iNOS could have down-

regulated TGF- thereby, balancing pro- and anti-fibrotic effects of this cytokine [355].  

MMP activity was lower in co-cultures than in fibroblast monocultures, which we attributed 

to the transition of macrophages from a mixed M1-M2 state to primarily M2 in co-cultures.  
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The changes in the ECM occurred through a combination of integrin-dependent and 

integrin-independent collagen internalization, proteolytic degradation and the secretion of 

TGF- [275, 337, 343] (Figures 5.10A-B).  In this study, we have demonstrated that 

fibroblasts create conduits and tracks to enable macrophage locomotion through a fibrous 

ECM matrix. Although, our studies focused on normal fibroblasts and macrophages, the 

Young’s moduli of the collagen gels make them suitable for studies on tumor progression, 

specifically in lung and breast tissues [353].  Investigations into the critical contributions of 

fibroblasts in initiating and enhancing macrophage migration promise to have a significant 

impact in improving our understanding of wound healing,  the foreign body response and 

in tumor progression. 
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Chapter 6: Conclusions and Future Work 

6.1 Conclusions 

The research presented herein focuses on the effects of inflammation and changes to the 

mechanical properties of the cellular microenvironment on cell function and phenotype.  In 

this work, we (1) examined the effect of an inflamed and fibrotic microenvironment on 

hLSEC phenotype, (2) investigated anisotropies in cytoplasmic stiffness of fibroblasts and 

its relationship to migration, (3) studied the migratory behavior of co-cultured 

macrophages and fibroblasts on 2D substrates, and (4) examined the cooperative 

remodeling of a 3D ECM by co-cultured macrophages and fibroblasts and how remodeling 

affected 3D migration. 

 

In Chapter 2, hLSEC phenotype was examined as a function of substrate rigidity and co-

culture with KCs.  It was found that when cultured alone on a 6 kPa substrate, mimicking 

the stiffness of a healthy liver, hLSECs maintained fenestrae expression, with fenestrae 

dimensions and organization similar to that found in vivo.  Increasing substrate rigidity to 

36 kPa, representative of a fibrotic liver, resulted in a complete loss of fenestrae and 

increased actin stress fiber expression.  Co-culture of hLSECs with KCs at a ratio of 2:1 

on the 6 kPa substrates resulted in decreased fenestrae and increasing the number of 

KCs to a 1:1 ratio resulted in the absence of fenestrae.  This loss of fenestrae in the 

presence of KCs was accompanied by increased TNF-α levels in culture media and is 

likely responsible for the capillarization of the hLSECs.  These results illustrate that an 

inflammatory microenvironment can cause changes in hLSEC phenotype towards a 

dedifferentiated state, even when cultured on substrates with rigidities similar to a healthy 

liver. 
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In Chapter 3, we examined the cytoplasmic stiffness of fibroblasts cultured on substrates 

with different stiffness’s or with a gradient in rigidity.  It was found that higher substrate 

rigidities resulted in larger anisotropies in cytoplasmic stiffness between the cells leading 

and trailing edges.  The degree of anisotropy corresponded to migratory behavior where 

fibroblasts cultured on 120 kPa PAAM hydrogels exhibited 1.6-fold higher displacements 

than fibroblasts cultured on 45 kPa PAAM hydrogels.  When seeded on a collagen 

substrate exhibiting a gradient in rigidity ranging from 0.2 to 2.2 kPa, roughly 73% of cells 

migrated towards the stiffer region of the gel.  On average, a 2.4-fold higher cytoplasmic 

stiffness was observed on the portion of the cell oriented towards the stiffer region of the 

gel.  These results suggest that anisotropies in cytoplasmic stiffness may be able to predict 

migratory behavior in fibroblasts. 

 

In Chapter 4, macrophages were co-cultured with fibroblasts at differing ratios to mimic 

early, mid, and late stages of the wound healing process.  Substrate rigidity was also 

varied between 0.2 and 2.2 kPa.  Macrophage migration appeared to exhibit a larger 

dependence on the presence of fibroblasts rather than substrate rigidity.  Macrophages 

displacements were 1.3 to 1.5-fold higher in 1M:1F co-cultures as compared to 

macrophage monocultures.  In contrast, fibroblast migration was more affected by 

substrate rigidity rather than co-cultures where displacements were 1.4 to 1.8-fold higher 

on the 2.2 kPa gels, as compared to on the 0.2 kPa gels.  A large degree of cell-cell 

adhesion was observed, occurring through the expression of ICAM-1 in both macrophages 

and fibroblasts.  Co-culture resulted in decreased ICAM-1 expression in macrophage and 

roughly a 40% decrease in TNF-α levels, suggesting the presence of fibroblasts causes a 

shift in macrophage phenotype towards an M2, anti-inflammatory state. 
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Chapter 5 continued to examine interactions between macrophages and fibroblasts in 3D 

co-cultures where the matrix architecture was modulated between loose (LCNs) and 

densely interconnected networks (DCNs).  The ECM remodeling capabilities of both cell 

types was examined, as well as how this remodeling affected cell migration.  Macrophage 

migration was found to be highly dependent on matrix porosity whereupon macrophages 

exhibited 2.5-fold higher displacements in LCNs as compared to those in DCNs.  The 

incorporation of fibroblasts resulted in a 3-fold increase in macrophage displacements in 

DCNs and a 1.5-fold increase in LCNs.  Confocal reflectance revealed these increases in 

macrophage migration in the presence of fibroblasts were likely due to tunnel formation in 

DCNs and collagen fiber alignment in LCNs, providing tracks for macrophages to migrate 

along.  Degraded collagen was found to be internalized in both macrophages and 

fibroblasts.  Macrophages exhibited a shift in phenotype towards an M2-like state in the 

presence of fibroblasts as illustrated by the expression of CD206 and lack of iNOS 

expression. 

 

6.2 Future Work 

We have investigated the contributing roles of inflammation and matrix rigidity in affecting 

cell phenotype, migration, cytoplasmic stiffness, and matrix remodeling in both 2D and 3D 

systems. 

Future areas of study include (1) examining changes in cytoplasmic stiffness of hLSECs 

in an inflamed and fibrotic environment, (2) investigating the cytoplasmic stiffness of cells 

at the interface of a dual chemical-mechanical gradient, and (3) incorporating cancerous 

cell types into co-cultures with macrophages and fibroblasts. 

 



125 
 

6.2.1 Cytoplasmic Stiffness of hLSECs in an Inflamed and Fibrotic 

Microenvironment 

In Chapter 2, we have shown how hLSECs are affected by changes in the stiffness of the 

underlying substrate.  Additionally, the presence of KCs resulted in an inflamed 

environment.   Although, there is much information on changes in the ECM during liver 

fibrosis there is no information on how cellular stiffness is affected.  Based upon the 

significant changes that we observed in in hLSECs, specifically regarding the 

reorganization of the actin cytoskeleton and loss of fenestrae, we seek to investigate 

concurrent shifts in cytoplasmic stiffness.  Changes in the organization of the actin 

cytoskeleton have been previously linked to decreases in fenestrae diameter and in some 

cases, the absence of such pores [257].  The loss of fenestrae in vivo has dire 

consequences including inadequate transport of nutrients to hepatocytes, which can lead 

to liver damage and ultimately failure.  To the best of our knowledge, no study has 

examined the change in elastic moduli associated with reorganization of the actin 

cytoskeleton of LSECs in the context of substrate stiffness or inflammation. 

 

6.2.2 Cytoplasmic Stiffness of Migrating Cells at the Interface of a Dual Chemical-

Mechanical Gradient 

In Chapter 3, anisotropies in cytoplasmic stiffness were correlated to the migratory 

behavior of fibroblasts on collagen gels exhibiting gradients in mechanical stiffness.  

However, within a single tissue can exist variations in protein concentration and 

composition, rigidity, and porosity and often times, these properties can vary in opposite 

directions [301].  Therefore, a greater understanding of how cytoplasmic stiffness changes 

in response to these multiple cues could provide insight as to how cells make decisions 

regarding directed migration.  The Rajagopalan research group has previously established 

a method for generating PAAM hydrogels exhibiting controlled dual mechanical and 
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chemical gradients [313].  The directionality of the mechanical and chemical gradients can 

be controlled independently, allowing for the study of opposing signals on cell migration 

and cytoplasmic stiffness.   

 
6.2.3 Co-culture of Macrophages and Fibroblasts with Cancerous Cell Types 

Chapters 4 and 5 focused on interactions between macrophages and fibroblasts in both 

2D and 3D systems.  In Chapter 5, fibroblasts were found to form tunnels within densely 

connected matrices and align collagen fibers in loosely connected matrices, promoting the 

migration of co-cultured macrophages.  Macrophages were found to be the cell type 

primarily responsible for the uptake and clearance of degraded collagen.  Both 

macrophages and fibroblasts have been shown to play roles in cancer progression and 

are often closely associated with the tumor microenvironment [334, 337, 342].  Despite 

this knowledge, few studies have incorporated cancerous cells with both macrophages 

and fibroblasts in a 3D environment to investigate cell function and migration.  By 

incorporating cancerous cell types into our 3D co-culture models, we could examine if 

cancerous cells utilize the same mechanisms to enhance migration that are provided by 

fibroblasts.  We could also simultaneously study the influence of an inflammatory 

environment generated by macrophages.  These studies will provide a deeper 

understanding of the complex interplay between inflammation, ECM remodeling, and 

cancer progression. 
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