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on developing pickerel frogs (Rana palustris)

Sarah Ashcom Budischak
ABSTRACT

To examine the interactions of disease and pollution on amphibian populations
around the world, I investigated the effect of infection on contaminant susceptibility in
pickerel frog, Rana palustris, larvae. 1 conducted standard 48-hr toxicity tests to examine
effect of trematode parasite, Echinostoma trivolvis, infection (0, 10, or 30 cercaria) on the
susceptibility of pickerel frog tadpoles to the widely used organophosphate insecticide
malathion. LCsg values ranged from 16.5 — 17.4 mg/L, within the range reported for
other amphibian species. I found no differences in susceptibility to malathion among
parasite treatments. Nevertheless, this crucial question remains to be tested in other
amphibian host-parasite systems. Second, I studied the reverse interaction, the effect of
pesticide exposure on susceptibility to parasite infection. I exposed pickerel frog
embryos to low doses of malathion, then subjected morphologically normal tadpoles to E.
trivolvis later in development. Malathion significantly decreased hatching success and
viability rates at concentrations lower than previously documented for anuran embryos.
After 7 wk of development in water with no malathion, tadpoles previously exposed to
malathion as embryos suffered increased parasite encystment rates compared to controls.
My research identifies embryonic development as a sensitive window and the potential
for increased susceptibility to infection long after pesticide exposure has ceased. With
potential for increased parasite prevalence from eutrophication and climate change, my
data underscore the importance of understanding the reciprocal influences of parasites

and pesticides in amphibians.
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LITERATURE REVIEW

INTRODUCTION

The recent decline of some amphibian populations is a globally recognized
problem (Baringa 1990, Blaustein and Wake 1990, Wake 1991, Blaustein et al. 1994,
Alford and Richards 1999, Houlahan et al. 2000, Stuart et al. 2004), but the causes and
their relative magnitudes are still debated (Collins and Storfer 2003). Although some of
the declines have been explained by chytridiomycosis and ranaviral diseases, many
remain enigmatic (Daszak et al. 2003). A combination of multiple stressors including
overexploitation, habitat loss and fragmentation, invasive species, climate change,
increased UV-B exposure, environmental contaminants, and disease have often been
cited as the causes of declines (Blaustein and Wake 1990, Carey and Bryant 1995,
Daszak et al. 1999, Blaustein et al. 2001, Davidson et al. 2001, Kiesecker et al. 2001,
Sparling et al. 2001, Belden and Blaustein 2002, Davidson et al. 2002, Carey and
Alexander 2003, Kats and Ferrer 2003, Muths et al. 2003, Davidson 2004, Kiesecker et
al. 2004). My research examined the interaction between two of these factors,
contaminants and infection. I investigated the reciprocal influences of a pesticide and a
trematode parasite on larval amphibians. Specifically, I determined whether parasite load
influenced pesticide susceptibility, and whether exposure to pesticides during early

development influenced susceptibility to parasite infection later in development.

Sublethal Effects of Contaminants



Although the role of chemical contamination in amphibian declines is not well
understood, regional amphibian declines, lower population densities, and decreased
species diversity have been correlated to agricultural land use (Berger 1989, Bishop et al.
1999, Davidson et al. 2001, Davidson 2004, Johansson et al. 2005). Additionally, land
use by humans has been linked with cases of amphibian malformation (Taylor et al. 2005,
Hopkins et al. 2006), lower hatching success (Bishop et al. 1999, Hopkins et al. 2006),
and decreased genetic diversity (Johansson et al. 2005).

Because environmental concentrations of pesticides are often below lethal levels,
it is necessary to study the sublethal effects of pesticides to understand how they are
affecting amphibian populations, to supplement the standard 96-hour teratogenity and
lethal concentration tests used for U.S. regulations. Agricultural pesticides can affect
amphibian life history characteristics, to include: altering behavior, causing smaller size
at metamorphosis, and lengthening the time needed to reach metamorphosis (Bridges
1997, Cowman and Mazanti 2000, Linzey et al. 2003). Smaller size at metamorphosis
has been linked to lower survival (Smith 1987, Semlitsch et al. 1988), increased disease
susceptibility (Wilbur 1980), and decreased reproductive output (Berven 1982).

In addition to direct sublethal effects on amphibians, contaminants can affect
survival and size at metamorphosis by altering community-level interactions such as
predation and competition (Relyea et al. 2005, Rohr and Crumrine 2005). Contaminants
may work synergistically with other stressors such as pond drying (Carey and Bryant
1995, Kiesecker and Skelly 2001, Boone and Semlitsch 2002, Rohr et al. 2004),
predation (Cooke 1971, Knapp and Matthews 2000, Relyea and Mills 2001, Relyea 2003,

2004, Relyea et al. 2005), and disease (Carey 1999, Taylor et al. 1999, Kiesecker 2002,



Gilbertson et al. 2003, Linzey et al. 2003) by increasing larval period, affecting activity,
or altering susceptibility. These sublethal and indirect factors cannot be measured in
short-term laboratory studies, but are important to long-term survival and population

persistence.

Contaminants and Disease Susceptibility

Concern for infectious diseases in wildlife conservation has been growing in
recent years due to outbreaks of widespread, virulent diseases, including West Nile virus
and chytridiomycosis (Daszak et al. 2001). Environmental contaminants have been
correlated with increases in parasite infection prevalence in some wildlife populations
(Whipple 1982, Kiesecker 2002, Christin et al. 2003, Lewis et al. 2003). Anthropogenic
activities and environmental change are largely responsible for many of the underlying
causes of wildlife disease outbreaks, to include: increased host density (due to habitat
reduction), introduction of non-native wild and domestic animals, and increased contact
with vectors (Daszak et al. 2001, Lafferty and Gerber 2002). In addition to facilitating
the spread of disease, human actions may be responsible for increasing susceptibility by
intensifying environmental stress to wildlife (Daszak et al. 2001, Lafferty and Gerber
2002, Lafferty and Holt 2003, Rachowicz et al. 2005).

The link between environmental stressors and infection risk has been studied in
many animals (Esch et al. 1975, Daszak et al. 2001, Lafferty and Gerber 2002, Grove et
al. 2003, Lafferty and Holt 2003), including amphibians (Kiesecker 2002, Daszak et al.
2003). Immune systems are costly to maintain and may not function at full efficiency

during periods of stress (Rigby and Moret 2000). Chronic elevation of



glucocorticosteroid hormones, the vertebrate response to long-term stress, has been
shown to reduce immune system function (Ottaviani and Franceschi 1996, Mastorakos et
al. 1999). Amphibian larvae treated with glucocorticosteroids displayed decreased
lymphocyte counts (Tournefier 1982, Rollins-Smith and Blair 1993), including
circulating eosinophilic granulocytes, the type of white blood cell that fight
macroparasites (Belden and Kiesecker 2005). Some environmental contaminants are
known to induce the release of glucocorticosteroid hormones (Hopkins et al. 1997) and
reduce immunocompetency in amphibians (Luebke et al. 1997, Christin et al. 2003,
Gilbertson et al. 2003, Grove et al. 2003, Linzey et al. 2003). Sublethal injections of
DDT, malathion, cyclophosphamide, and dieldrin lowered several types of antibody
responses in adult northern leopard frogs, R. pipiens, for at least 8 wk after exposure.
Immune responses were generally back to normal levels after 20 wk (Gilbertson et al.
2003). When exposed to a combination of six pesticides (atrazine, metribuzin, aldicarb,
endosulfan, lindane, and dieldrin) for 21 days, larval northern leopard frogs showed
significantly decreased lymphocyte proliferation and increased infection rates when
exposed to the nematode parasite Rhabdias rana, although the difference was not
significant (Christin et al. 2003). Some pesticides also have been linked to lower levels
of circulating eosinophilic granulocytes (Kiesecker 2002).

In addition, pesticides may work indirectly to increase susceptibility to parasitic
infection. Tadpoles can avoid free-swimming parasites by swimming away or in erratic
patterns to resist skin penetration and fight internal cysts using immune defenses (Taylor
et al. 2004). By remaining still to avoid predator detection, tadpoles can suffer increased

trematode infection rates (Thiemann and Wassersug 2000, Taylor et al. 2004,



Koprivnikar et al. 2006). The decreased activity patterns caused by some pesticides
(Bridges and Semlitsch 2000) could likewise make tadpoles more susceptible to
trematode infection (Taylor et al. 2004).

Despite the large body of research on the effects of contaminants on immune
systems of adults, their effects on the immune systems of animals exposed during very
early development is not well studied. The developing immune system may be more
susceptible to contaminants (Carey and Bryant 1995) and lead to long-term changes in
immunocompetency (Luebke 2002, Milston et al. 2003). A study that exposed chinook
salmon eggs to 0,p’-DDE, a metabolite of DDT, found that although there was no effect
on mortality, time to hatch, or gonadal development, the humoral response was
significantly reduced even 1 yr after exposure (Milston et al. 2003), suggesting that

immunosuppression due to early embryonic exposure may persist.

Dose Timing and Latent Effects

The long-term and latent effects of contaminant exposure are less well known
than the direct lethal and sublethal effects (Carey and Bryant 1995). In one of the few
studies of latent effects on amphibians, larval salamanders (4dmbystoma barbouri) failed
to show adaptive behavior and had decreased survival to 14 mo after exposure to the
triazine herbicide atrazine (Rohr and Crumrine 2005, Rohr and Palmer 2005). Long-term
behavioral changes such as this would not be detected by the typical short-term toxicity
tests. Chemicals that affect the immune system also may lead to effects undetectable

until after exposure (Luebke 2002).



A few studies have investigated latent effects of pesticides while examining the
relative susceptibility of various amphibian life stages. This information is important
because many of the modern, commonly used pesticides rapidly break down in the
environment. Thus, a short, pulsed dose may be more representative of environmental
exposure than constant renewal methods. However, there is conflicting evidence as to
which developmental stages are most susceptible. Carbamate, pyrethroid, and
organochlorine insecticides are most lethal to tadpoles, compared to eggs and hatchlings
(Berrill et al. 1998, Bridges 2000, Greulich and Pflugmacher 2003). Although the ‘egg’
doses of these pesticides did not cause high mortality, in both the carbamate and
pyrethroid cases, only individuals dosed as eggs were smaller at metamorphosis than
their respective controls (Bridges 2000, Greulich and Pflugmacher 2003). In contrast to
these studies, the toxicity of organophosphates follows the opposite trend in susceptibility
among developmental stages, with egg-doses causing the highest mortality (Mohanty-
Hejmadi and Dutta 1981). Interestingly, these developmental stage susceptibility trends
for organophosphate and carbamate insecticides in amphibians are reversed in developing
fish (Kaur and Dhawan 1993).

Although the different modes of action of the pesticides used in these life-stage
studies may explain some of the life-stage susceptibility discrepancies, this variation also
suggests the need for further research. Additionally, the only experiment that looked at
the effects of organophosphates on amphibian larval stages had many major flaws. The
high concentrations used, 5 to 350 mg/L, killed all egg-exposed and most feeding-stage-
exposed tadpoles before they could reach metamorphosis (Mohanty-Hejmadi and Dutta

1981). Due to the high concentrations and high mortality rates, the sublethal effects of



these pesticides at environmentally realistic concentrations cannot be estimated from this
study. Additionally, all the embryos came from one mating pair, making this an
unreplicated study (Mohanty-Hejmadi and Dutta 1981), since sensitivity can vary by

clutch (Bridges and Semlitsch 2001).

Parasites and Contaminant Susceptibility

Parasites have long been recognized to play a role in the regulation of some wild
populations (Anderson and May 1979, May and Anderson 1979). Although the effects of
environmental change on parasite dynamics have received attention, research has focused
on vector-borne diseases of humans (Marcogliese 2001). It is difficult to predict the
effects of environmental change on parasites with multiple hosts since each intermediate
host may be differently affected by changes in temperature, precipitation, UV, and other
abiotic factors (Marcogliese 2001). Additionally, cultural eutrophication has been linked
to increased snail density, the primary host of many trematode species (Johnson and
Chase 2004). Changes in host immune parameters because of environmental stressors or
contaminants may compound the future impact of parasites on wildlife populations
(Lafferty and Kuris 1999, Patz et al. 2000, Daszak et al. 2001, Lafferty and Holt 2003).
Amphibian parasites have received more attention since the realization that the trematode
Ribeiroia ondatrae can cause severe malformations (Johnson et al. 1999, Johnson et al.
2003, Schotthoefer et al. 2003b). However, even parasites that do not cause such obvious
effects can be detrimental to amphibian populations (Beasley et al. 2003).

Not only can contaminants increase host susceptibility to parasites (Kiesecker

2002, Taylor et al. 2004, Taylor et al. 2005), in some cases parasite load can alter the



susceptibility of hosts to contaminants. Invertebrates are first intermediate hosts to many
parasites including echinostomes. Although some studies have found that parasites can
increase invertebrate host susceptibility to heavy metals (Guth et al. 1977), many other
studies found no effect of parasite load on toxicity (McCahon et al. 1988, Brown and
Pascoe 1989, Heinonen et al. 1999) or a decrease in toxicity (Heinonen et al. 2001). In
contrast to the invertebrates, fish species serving as the second intermediate hosts to
parasites were more susceptible to the heavy metals cadmium (Pascoe and Cram 1977),
copper (Ewing and Ewing 1982), and zinc (Boyce and Yamada 1977). Coho salmon fry,
Oncorhynchus kisutch, were more susceptible to oil, naphthalene, and toluene when
infected with the parasitic juveniles, glochidia, of the freshwater mussel Anodonta
oregonensis (Moles 1980). Tadpoles generally play the role of second intermediate
hosts, similar to many fish species, yet the effects of parasites on their susceptibility to

contaminants has, to the best of my knowledge, never been studied.

Malathion

Malathion (diethyl (dimethoxy thiophosphorylthio) succinate) belongs to the
organophosphate (OP) family of insecticides. Like carbamate insecticides, OP’s work by
inhibiting the acetylcholinesterase enzyme, leading to nervous system over-stimulation
(NPIC 2001). OP’s, however, cause irreversible acetylcholine inhibition, whereas
carbamate inhibition is reversible (Ecobichon 1996, Kallander et al. 1997). Malathion’s
toxicity is classified as very low or low for mammals, moderate for birds, and moderate

to very high for fish and aquatic invertebrates. It is slightly water soluble, 145 mg/L at



20°C. Malathion is rapidly degraded by microbes, and thus has a very short half-life in
the soil, 1-25 d, and in natural, neutral pH water, 1-14 d (NPIC 2001).

Malathion is the single most heavily used agricultural insecticide and the 6™ most
used agricultural pesticide (including herbicides, insecticides, and fungicides) in the U.S.
In 2001, 9.1-11.3 million kg of malathion were used for agriculture (Kiely et al. 2004).
Malathion is primarily used on cotton crops for boll weevil eradication (41.6% - 60% of
total use). It is also commonly used on alfalfa, sorghum, rice, and fruit crops (Larson et
al. 1999). Malathion is also heavily utilized in the private and government sectors (Kiely
et al. 2004). It is commercially available as an emulsifiable concentrate, dust, wettable
powder, or 95% active ingredient (a.i.) ultra-low volume spray, under many alternate
names including carbophos, mercaptothion, and Fyfanon. For cotton crops, ultra-low
volume sprays (95% a.i.) are typically used at a rate of 33.6 kg of the active ingredient
per km’, but maximum spray rates of 280 kg/km” are permitted (EPA).

In addition to agricultural and home garden uses, malathion is used to combat
mosquitoes. It is legal for direct application to mosquito-prone areas, including wetlands
and other areas where amphibians breed, in many states including Virginia (VDH 2005).
The EPA limits the malathion application rate for mosquito control at 70.7 kg/km® and
estimates that 33,306 km” are treated with malathion annually as part of mosquito control
programs (USEPA 2006a). Although this rate is lower than crop application rates,
because it is applied directly to the water in which many amphibian species breed,
mosquito control programs can cause much higher water concentrations. Therefore, the
use of malathion and other pesticides for protecting humans and wildlife from mosquito-

borne diseases may have unintended consequences for fish and wildlife.



Total insecticide use in the U.S. has decreased by nearly 45% since 1980, but the
use of organophosphates has increased from 58% to 70% of total insecticide use over the
past 20 years (Kiely et al. 2004). Although the EPA is pushing for the development of
organophosphate alternatives (USEPA 2004), OP’s are still legal and widely used (Kiely
et al. 2004). Additionally, integrated pest management (IPM) strategies recommend
rotating between pesticides with different modes of action to avoid evolution of
resistance. Malathion continues to be the primary OP used in IPM plans to combat
mosquitoes.

Malathion is commonly found in rivers, streams, and drinking water, but at very
low concentrations (NPIC 2001). By quantity, more malathion is used on agricultural
land than for urban use (59-61%) (USEPA 2006a), because of its short half-life in soil,
the concentrations of malathion in urban runoff often exceed those in agricultural runoff.
For example, the average malathion concentration in creeks downstream from urban
areas was 177 ng/L and creeks downstream from agricultural fields had an average
malathion concentration of only 15.5 pg/L (CDFG 1982). Thus, both the agricultural
ULV and commercial 50% formulations have the potential to enter aquatic environments.

In a survey of eight streams from across the U.S., Hoffman et al. (2000) detected
malathion in over 20% of urban surface water samples, but concentrations exceeded the
aquatic life criterion, 0.43 ng/L (CADFG 1998), in very few samples. Other U.S. water
quality surveys have found similar results; malathion is one of the top 5 insecticides
detected but concentrations are generally below 0.1 pg/L, and in few instances were
concentrations above 40 pg/L (Larson et al. 1999). Because of its extremely short half-

life in water, surveys are likely to underestimate the maximum concentrations of
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malathion in surface water. Under normal ULV spraying conditions, 21% of the spray
concentration was found 100 m away, and 12 % of the original dose drifted 200 m from
the spray site. Thus, spray drift could contribute significant quantities of malathion to
nearby waters and lead to toxic concentrations depending upon depth of the water body
and original spray concentration (Penn State 1993). Malathion sprayed for mosquito
control may be applied directly to bodies of water, adding 100% of the spray
concentration to the water.

Malathion is widely used because of its low mammalian and avian toxicity (NPIC
2001), but its toxicity to amphibians is higher. The teratogenic effects of malathion on
anuran embryos have been studied using the model species African clawed frog, Xenopus
laevis (Snawder and Chambers 1989, 1993, Bonfanti et al. 2004). At the high
concentrations (1 mg/L to over 10 mg/L ) used in these 96 h acute toxicity studies, there
was lower hatching success, smaller size, increased incidence of malformations, aorta and
notochord abnormalities, and decreased tadpole survival (Snawder and Chambers 1989).
Published Xenopus TC50’s for malathion are 5 mg/L. (Snawder and Chambers 1989) and
2.394 mg/L (Bonfanti et al. 2004). Concentrations below 1 mg/L caused increased
acetylcholinesterase inhibition in Hensel toad (Bufo arenarum) embryos compared to
controls (40-90%), but survival remained high (de Llamas et al. 1985). At a much higher
dose, 44 mg/L, surviving B. arenarum embryos had significantly decreased
acetylcholinesterase, butyrylcholinesterase, and aliesterase activities than control
embryos after 4 days (Rosenbaum et al. 1988).

Several studies have examined the chronic effects of malathion on free-swimming

anuran larvae (stage 25, (Gosner 1960) and found slight decreases in survival at 1 mg/L
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in some species (Rana catesbeiana, Bufo americanus) but not in others (R. sylvatica, R.
pipiens, R. clamitans, H. versicolor) (Relyea 2004). Lower concentrations, 0.315 mg/L ,
caused few direct effects on the developing tadpoles (Relyea et al. 2005). R. catesbeiana
tadpoles exposed to malathion in a 28 d static renewal test showed decreased survival at
concentrations above 2.5 mg/L , slowed growth and development above 1 mg/L , and
affected equilibrium posture maintenance at even the lowest concentration tested, 0.5
mg/L (Fordham et al. 2001).

Malathion has been shown to affect the immunocompetency of many amphibian
species. In adult R. pipiens, an injection of 3 g/g malathion severely decreased antibody
responses and suppressed neutrophil activation for at least 8 wk (Gilbertson et al. 2003).
After dermal exposure to 1.1 and 11 pg/g malathion, adult Woodhouse’s toads, Bufo
woodhousi, suffered higher mortality when injected with the bacterium Aeromonas
hydrophilia than controls or those exposed to malathion after bacterial injection (Taylor
et al. 1999). Sublethal doses of malathion (2 and 0.2 mg/L ) for 4 wk caused increased
trematode (Ribeiroia sp. and Telorchis sp.) infection in wood frog, R. sylvatica, larvae
(Gosner stage 25) (Kiesecker 2002). This study demonstrated the immunosuppressive
effects of long-term exposure to malathion to tadpoles and raises interesting questions for
future research on the effects of exposure at different life stages and under different

exposure durations.

Pond Mesocosms

Amphibian toxicology research, excluding federal regulatory testing, has

expanded in recent years and has begun to switch from traditional 96-hour lethality tests
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to incorporate longer-term laboratory studies and mesocosm experiments (Sparling et al.
2000, Boone and James 2005). Large (1000 L) pond mesocosms permit the study of
sublethal and community-level effects (Wilbur 1989). Mesocosms may not completely
mimic environmental conditions (Jaeger and Walls 1989), but can be truly replicated,
incorporate greater realism than traditional laboratory experiments, and permit more
sophisticated experimental designs than traditional field studies (Hairston 1989, Morin
1989, Wilbur 1989). Mesocosms are especially germane for toxicology research because
contaminant tolerances vary by species and have the potential to impact community

dynamics (Fleeger et al. 2003, Hopkins et al. 2004, Boone and James 2005).

Study Species

Pickerel frogs, Rana palustris, are found throughout all but the southernmost parts
of the eastern United States. They commonly breed in permanent ponds with submerged
aquatic vegetation in early spring. Females lay clutches of approximately 2,500 eggs
(Conant and Collins 1998) which hatch in 7 -14 d, depending upon water temperature
(Martof et al. 1980). The tadpoles metamorphose in one season, typically within 70-80 d.
(Wright 1914, Moore 1939). Planorbella trivolvis snails are widely distributed
throughout North America (Friesen 1981) and are commonly infected with the trematode
Echinostoma trivolvis. E. trivolvis is a 37-collared-spined digenean trematode parasite in
the family Echinostomatidae. It uses P.frivolvis snails as a first intermediate host and
primarily uses ranid tadpoles as second intermediate hosts. Definitive hosts include

semi-aquatic birds and mammals (Huffman and Fried 1990).
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Summary and Predictions

There is a gap in our knowledge of the practical effects of organophosphate
insecticides on amphibians because unnaturally high doses have been used in all previous
studies of their effects on early embryonic stages. These short-lived pesticides may have
sublethal, persistent effects on early stage embryos (eggs) exposed only during that
sensitive developmental stage. Malathion is known to cause decreased immune system
function in tadpoles and adults, but little is known of its immune system effects after
embryonic exposure. I tested the hypothesis that an early embryonic exposure to
malathion will, in a dose-dependent manner, cause decreased hatching success, increased
susceptibility to parasite infection, and delayed and smaller size at metamorphosis
compared to controls.

The reciprocal question, whether animals infected with parasites will be more
susceptible to pesticides, also has not been adequately addressed in amphibians. Evidence
from other taxa suggests parasitized individuals may be more susceptible to contaminants
than non-infected conspecifics. I tested the hypothesis that the malathion LCsg of
infected tadpoles would be lower, in an infection-dependent manner, compared to

uninfected tadpoles.
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CHAPTER 1
The relative toxicity of malathion to trematode-infected and non-infected Rana palustris

tadpoles.
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ABSTRACT

Amphibian populations around the world are facing threats including disease and
pollution. Although the effect of environmental contaminants on susceptibility to
infection has been demonstrated for several amphibian species, to our knowledge, the
opposite interaction, infection status affecting contaminant susceptibility, has never been
studied. I conducted standard 48-hr toxicity tests to compare the susceptibility of
uninfected pickerel frog (Rana palustris) tadpoles to tadpoles infected with two levels
(10, or 30 cercaria) of the trematode Echinostoma trivolvis to malathion, a widely used
organophosphate insecticide. Encystment rates were high (> 90%) in both trematode
treatment groups. LCs values ranged from 16.5 — 17.4 mg/L, within the range reported
for other amphibian species. However, I found no differences in susceptibility to
malathion among parasite treatments. Although I detected no effect of parasites on
susceptibility in this system, it is important to investigate this question using other
pesticides, parasites, and amphibian hosts before dismissing this potentially threatening

interaction.

INTRODUCTION
Amphibian populations are declining around the world (Wake 1991, Stuart et al.
2004), and both disease (Berger et al. 1998, Daszak et al. 1999, Daszak et al. 2003,
Kiesecker et al. 2004) and environmental contaminants (Berger 1989, Bishop et al. 1999,
Davidson 2004) have been implicated in some of the declines. Not only are contaminants
and disease individually important, but they may act in combination to have a larger

impact on amphibian populations (Kiesecker 2002, Beasley et al. 2003). Environmental
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contaminants have been correlated with decreases in immune function (Kiesecker 2002,
Christin et al. 2003, Gilbertson et al. 2003, Christin et al. 2004) and increases in
prevalence of parasite infection (Christin et al. 2003, Lewis et al. 2003). Furthermore,
pesticides may indirectly increase susceptibility to parasite infection by decreasing
activity patterns (Bridges and Semlitsch 2000) since tadpoles can avoid free-swimming
parasites by moving away or swimming in erratic patterns (Thiemann and Wassersug
2000).

Although the influence of pollution on disease susceptibility has been studied in
amphibians, the reverse scenario has never been tested. However, the influence of
parasite load on susceptibility to contaminants has been studied in other taxa. Although
some studies reported that parasites can increase invertebrate host susceptibility to heavy
metals (Guth et al. 1977), more studies found no effect of parasite load on toxicity
(McCahon et al. 1988, Brown and Pascoe 1989, Heinonen et al. 1999). In contrast to
invertebrates, fish species acting as second intermediate hosts to parasites were more
susceptible to heavy metals than non-infected conspecifics (Boyce and Yamada 1977,
Pascoe and Cram 1977, Ewing and Ewing 1982). Coho salmon fry were more
susceptible to oil, naphthalene, and toluene when infected with parasitic glochidia of
freshwater mussels (Moles 1980). Tadpoles generally play the role of second
intermediate hosts to many parasite species, similar to many fish, yet the effects of
parasites on their susceptibility to contaminants has never been studied.

Using a common parasite and pesticide, my study addressed the effects of parasite
infection on the susceptibility of amphibians to contaminants. Malathion (Diethyl

[(dimethoxyphosphinothioyl)-thio] butanedioate) is the primary organophosphate (OP)
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used to combat mosquitoes, the most utilized agricultural insecticide, and the 6™ most
heavily used of all pesticides in the U.S. (Kiely et al. 2004). It is commonly found at low
concentrations in rivers, streams, and drinking water (Larson et al. 1999, Hoffman et al.
2000, NPIC 2001). Planorbella trivolvis snails are widely distributed throughout North
America (Friesen 1981), and are commonly infected with the trematode Echinostoma
trivolvis which is known to infect a wide variety of Ranid frogs in North America
(Huffman and Fried 1990). I used standard LCsy methods (ASTM 2005) to compare the
toxicity of malathion among E. trivolvis infected and non-infected pickerel frog, Rana

palustris, tadpoles.

MATERIALS AND METHODS

Species Information

Pickerel frogs are found throughout the eastern United States. In early spring,
females lay clutches of approximately 2,500 eggs which hatch in 7 -14 d, depending upon
temperature (Conant and Collins 1998). Metamorphosis typically occurs within 70-80 d
of hatching (Wright 1914, Moore 1939). Echinostoma trivolvis is a 37-collared-spined
digenean trematode parasite that encysts in the kidneys of Ranid tadpoles (McAlpine and
Burt 1998). Definitive hosts include semi-aquatic birds and mammals (Huffman and

Fried 1990).

Animal Husbandry
Pickerel frogs used in this experiment were collected from a pond in rural

Botetourt County, VA adjacent to Jefferson National Forest lands. The pond did not
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contain H. trivolvis snails. On March 25, 2007, I collected nine clutches of recently laid
eggs and transported them in a cooler to a laboratory in Blacksburg, VA. Eggs were
immediately separated by hand, keeping jelly coats intact. Eleven eggs from each clutch
were combined to form 16 lots of 99 eggs and each lot was allowed to hatch in 1.5 L of
water in the laboratory. The water used was a 75/25 mix of dechlorinated town water and
well water, respectively. Previous research demonstrated the available well water was
extremely hard (364 mg/L. CaCOs) and caused spinal malformations in developing wood
frogs, Rana sylvatica (unpub. data). Town water (62 mg/L CaCOs) was dechloraminated
with a commercially available powder, ChlorAm-X (AquaScience). This mix was
necessary to bring the hardness to acceptable levels (172 mg/L). Fifty percent water
changes were carried out every 2 d prior to hatching.

Hatching success was assessed on April 4, 2007. Sixty-five well-formed
hatchlings from each of the 16 lots were transferred to 16 corresponding mesocosms.
The replicate aquatic communities were set up in 1,500 L polyethylene stock tanks in
Blacksburg, VA. In early March, stock tanks were filled with approximately 475 L of
well water and 475 L of dechlorinated city water. Because the mesocosms received
natural precipitation as well as biological material (see below), this 50/50 mix was used,
rather than the 75/25 mix used in the laboratory,. Each tank received 1 kg of air-dried
deciduous leaf litter,17 g of finely ground Purina Rabbit Chow”, and two 1.5 L spikes of
pond water on March 14 and April 2, 2007. The pond water, taken from a small
permanent pond on the Virginia Tech property, was filtered through a 200 um sieve to
remove odonate eggs before addition to the tanks. To decrease the variability in initial

phytoplankton and zooplankton communities, water was repeatedly exchanged among

19



mesocosms. The water hardness after addition of biological material was190 mg/L. To
provide shade and exclude predators and competitors, mesocosms were covered with
black mesh lids. In three randomly selected replicates, I measured conductivity, pH,
temperature, and DO weekly at 7:30 am and 7:30 pm (approximate coolest and warmest

daily water temperatures, respectively).

Parasite Exposure

The experiment was conducted in three separate 4-d runs over the course of 7 d,
later combined to form three complete replicates as stipulated by ASTM (2005). The
runs were overlapped to minimize tadpole size differences among runs. For each of the
three runs, fourteen tadpoles were haphazardly selected from each of the 16 mesocosms.
The tadpoles were 33, 36, and 38 d post hatch and at approximately Gosner stage 26
(Gosner 1960). The tadpoles were acclimated for 24 hr in bulk containers while their
water was slowly changed to reconstituted water (ASTM 2005). Tadpoles were then
placed individually in plastic cups with 90 ml of reconstituted water and randomly
assigned to control, low (10 cercariae), or high (30 cercariae) parasite treatments. Four
infected P. trivolvis snails were collected from a golf course pond in Riner, Virginia. The
same four snails were induced to shed cercariae under a heat lamp for each run.
Cercariae were immediately counted under a dissecting microscope, and then added to
the tadpole cups with a glass pipette. Cercariae were given 24 hr to encyst in the
tadpoles. After 24 hr, the tadpoles were removed from their parasite exposures and

randomly assigned to pesticide concentrations.
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Pesticide Exposure

I used a 48-hr static test rather than a 96-hr test because trial runs showed
increased mortality across all treatments including controls towards the end of 96 hr tests.
A stock solution was prepared by diluting pure malathion (Chem Service, West Chester,
PA) with methanol. The pesticide treatments included five test concentrations ranging
between 5.2 and 40 mg/L, each 60% of the next higher concentration, a water control,
and a solvent control equal to the highest test concentration of methanol (0.4%).
Concentrations were verified in duplicate by the Virginia Tech Pesticide Residue
Laboratory (Table 1). The test containers consisted of glass 2L beakers, and were
randomly assigned to a location within a temperature-controlled chamber. The tests were
conducted at 17°C so that ASTM temperature specific mass/volume limits were met. The
tadpoles received 16 hr light and 8 hr dark.

Mortality was assessed every 8 hr for the duration of the 48-hr tests by gently
stirring the jars and checking for movement. Unresponsive tadpoles were examined
further for signs of life. Dead tadpoles were frozen in individual microcentrifuge tubes
for later verification of parasite encystment levels. For all three parasite treatments (0, 10
and 30 cercaria), temperature, dissolved oxygen, and pH were measured at 0, 24, and 48
hr in the control, low, medium and high concentrations as stipulated by ASTM (2005).
The ten tadpoles in the malathion control treatment (0 ppb) were weighed at the end of
each run for each of the three parasite treatments. All surviving tadpoles were frozen for

subsequent dissection to verify parasite encystment levels.

Parasite Dissections

21



Under a dissecting scope, the kidneys (pronephros and mesonephros) were
removed from each tadpole with forceps and placed on a slide. A coverslip was gently
pressed onto the tissue to produce a thin layer. Metacercarial cysts were counted at 100x
using a compound microscope. Fifteen control (no parasite) tadpoles from each of the
three runs were dissected to verify that they were infection-free. For each run, six
parasite-infected tadpoles from each pesticide treatment were randomly subsampled to
confirm infection levels. All parasite-infected tadpoles at the concentration (14.4 mg/L)
with partial mortality were dissected. In total, 66% of the 420 low and high parasite

tadpoles and 20% of the 210 non-infected tadpoles were dissected.

Statistical Analysis

Weight data were not normally distributed (Shapiro-Wilk p’s < 0.05), so Kruskal-
Wallis tests were used to compare tadpole weights among treatments and runs. To
compare the mean number of cysts among runs, I conducted separate ANOV As for each
infection level, followed by Tukey’s pairwise comparison tests. To compare encystment
among pesticide concentrations within each run, I ran an ANOVA for each infection
level. I compared the overall proportion of parasites encysting between the 10 and 30
cercariae exposure treatments using Wilcoxon’s two-sample test because the proportions
were not normally distributed. Because I only had one concentration with partial
mortality, I used Spearman Karber methods to estimate an LCs, for each run followed by
ANOVA to compare LCsp’s among runs. At the concentration with partial mortality,
ANOVA was used to compare parasite encystment levels of surviving tadpoles to those

that died for both parasite infection treatments. The experiment-wide o was set at 0.05.
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RESULTS

All three runs met ASTM water quality standards. Mean dissolved oxygen (DO)
was 96.8%, 89.4%, and 86.3% after 0, 24, and 48 hr, surpassing the ASTM guideline of
minimum 60% DO. The minimum measured DO over all three runs was 79.3%. The
average temperature (16.57 = 0.04 °C) approximated the selected test temperature (17°C).
Temperatures met ASTM standards for allowable variation among replicates and runs.
The average pH was 7.29, falling within ASTM guidelines and the range in which
malathion is stable.

There were no differences in tadpole weight among parasite treatments within
each run (p’s = 0.25, 0.77, 0.71) although weight did differ significantly across the three
runs (F =6.03, df =2, 87, p = 0.004). Mean tadpole weights (+ 1 se) for the runs were
0.172 (0.009), 0.200 (0.009), and 0.215 (0.009) g. The consistency of toxicity results
suggested this increase of 0.043 g between runs 1 and 3, although statistically significant,
did not influence sensitivity to malathion. The overall proportion of cercariae encysting
was high (over 91%) and did not vary between the 10 and 30 cercariae treatments (p =
0.83). Mean number of cysts varied significantly for the 10 cercariae treatment (Figure 1;
F=3.67,df=2, 135, p = 0.03) but did not differ among runs for the 30 cercariae tadpoles
(p =0.24). The difference in cysts for the 10 cercaria treatment was due to an
approximately 10% decrease in the number of cercariae encysting in the second run,
which differed statistically from the third run. Mean number of cysts did not differ
among malathion concentrations for either the 10 (p = 0.78) or 30 cercariae (p = 0.73)

treatments.
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The toxicity tests also met ASTM requirements for mortality. There were no
mortalities in the control, solvent, and lowest malathion concentration during all three
runs, and complete mortality occurred in the highest two concentrations (Figure 2). LCs
estimates were similar among runs and treatments (Table 2) and did not differ
significantly by parasite treatment (p = 0.59). In the one concentration with partial
mortality, 14.4 mg/L, parasite loads did not differ significantly between those that
survived and died for both the 10 and 30 cercariae treatments (Figure 3, p’s = 0.91 and

0.16, respectively).

DISCUSSION

I found no difference in the toxicity of malathion among parasite treatments but
more amphibian studies are needed to assess this potential interaction. My results
suggest that the results of toxicity tests on uninfected amphibians may be representative
of similar sized amphibians carrying a low to moderate parasite burden. This lack of
effect of parasite load on malathion toxicity was further supported by the similar parasite
loads of tadpoles that survived and died at the 14.4 mg/L concentration. This latter
comparison has not been reported in related fish literature (Boyce and Yamada 1977,
Pascoe and Cram 1977, Moles 1980, Ewing and Ewing 1982), but could be a useful post-
hoc test for understanding subtle differences in host susceptibility to contaminants
attributable to parasite infection.

My LCs results differ from previous studies with fish hosts that found large
effects of parasite load on toxicity (Boyce and Yamada 1977, Pascoe and Cram 1977,

Moles 1980, Ewing and Ewing 1982), although neither malathion nor any other OP was
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previously tested with fish in this manner. Coho salmon, Oncorhynchus kisutch, fry
artificially infected with Anodonta oregonensis glochidia were 4.2, 3.0, and 4.6 times
more susceptible to naphthalene, toluene, and crude oil, respectively, than uninfected fry.
LCs¢’s for all three compounds decreased linearly with increasing parasite infection
(Moles 1980). Sockeye salmon, Oncorhynchus nerka, smolts naturally infected with the
cestode Eubothrium salvelini had a significantly shorter time to death (39.4 hr) when
exposed to 1 mg/L zinc than uninfected conspecifics (52.8 hr)(Boyce and Yamada 1977).
Similarly, three-spined stickleback, Gasterosteus aculeatus, infected with the cestode
Schistocephalus solidus had decreased survival times (up to 555 hr) than uninfected fish
when exposed to cadmium (Pascoe and Cram 1977). The mechanisms by which both
internal (cestode) and external (glochidia) parasites affected the tolerances of these fish
species to toxicants as diverse as heavy metals, aromatic hydrocarbons, and crude oil are
unknown (Boyce and Yamada 1977, Pascoe and Cram 1977, Moles 1980).

Without further knowledge of the mechanisms explaining these susceptibility
differences in infected fish, it is difficult to say why I failed to see a similar response in
my study, but several possibilities exist. My infection period of only 36 hr may have
been too short to affect contaminant susceptibility. Laboratory studies show chronic
Echinostoma trivolvis infection can decrease growth and cause mortality of amphibian
larvae (Fried et al. 1997, Schotthoefer et al. 2003a). Additionally, both high E. trivolvis
infection (Fried et al. 1997, Schotthoefer et al. 2003a), and chronic malathion exposure
are known to impair kidney function (Chakraborty et al. 1978, Bosco et al. 1997). Other
OPs caused kidney pathology in fish (Gill et al. 1988, Srivastava et al. 1990), but not

until 48 hr post exposure (Srivastava et al. 1990). This evidence suggests that my
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exposures may have been too short to cause kidney damage. It is also possible that my
infection level may have been below the level necessary to impair kidney function, e.g.
Belden (2006), or compound damage due to malathion exposure. Finally, it is plausible
that differences between my study and previous studies on fish may relate to species
specific differences in the host-parasite systems studied. For example, glochidia cause
significant damage to their hosts and mortality of fish infected with high loads (Moles
1983). The high cost of infection may explain why glochidia increased salmonid
susceptibility to naphthalene, toluene, and crude oil (Moles 1980). This is unlikely the
case for cestode parasites which, although known to increase the toxicity of zinc and
cadmium to fish (Boyce and Yamada 1977, Brown and Pascoe 1989), cause little damage
to their hosts (Hanzelova et al. 2005).

My LCsq values (16-17 mg/L) fell within the wide range of known values of
malathion toxicity for other aquatic wildlife. The U.S. EPA lacks sufficient data to
classify the toxicity of malathion for aquatic amphibians (USEPA 2006b), although
preliminary data suggest aquatic invertebrates and fish are more susceptible than many,
but not all, amphibian species. Rana tigrina has a LCsy of 40 ppm for tadpoles
(Mohanty-Hejmadi and Dutta 1981), above my estimate for pickerel frogs. Other Ranids
have LCs¢’s as low as 2.2 mg/L for Rana limnocharis tadpoles (Pan and Liang 1993) and
0.6 ug/L for Rana hexadactyla hatchlings (Khangarot et al. 1985). Other anuran genera
may be more susceptible to malathion; Fowler’s toad, Bufo woodhousei fowleri, and
western chorus frog, Pseudacris triseriata triseria, tadpoles have 96-hr LCs, values of
420 png/L and 200 pg/L, respectively (Sanders 1970). Studies suggest that

acetylcholinesterase inhibiting pesticides, a class that includes malathion, can decrease
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the condition and survival of aquatic salamander larvae by decreasing food resources
(Metts et al. 2005, Relyea 2005a), but more data on the toxicity of malathion to larval
salamanders are needed. Malathion is classified as very highly toxic to fish, with a LCs
value of 30 ug/L for bluegill sunfish, Lepomis macrochirus. 1t is also highly toxic to
aquatic invertebrates, with an ECs of 1.0 ug/L (USEPA 2006b).

Although I found no effect of parasite load on toxicity to hosts, my results do not
diminish the known individual and interactive effects of both disease and toxicants on
amphibian populations. Additionally, E. trivolvis infection intensity in natural tadpole
populations can exceed those used in this study by 10-fold (Fried and Bradford 1997), up
to 1650 cysts in one individual (Skelly et al. 2006), and those higher parasite burdens
may affect contaminant susceptibility. As tadpoles grow, susceptibility to E. trivolvis
decreases and tolerance increases (Schotthoefer et al. 2003a). Thus, younger tadpoles
may be more vulnerable to the interactive effects of parasites and pesticides. Also, the
tadpoles used in this study were infected only 1 day prior to pesticide exposure. A longer
infection period before exposure could weaken the tadpoles and potentially decrease their
susceptibility to contaminants.

In ecological systems modified by human disturbances, the incidence and
intensity of parasite infections in amphibians and other hosts may increase in the future.
Increased snail density, the primary hosts of many parasite species, has been linked to
eutrophication (Johnson and Chase 2004). As eutrophication expands, intensity and
prevalence of parasite infection may rise, increasing the need for toxicity testing using
infected organisms. Furthermore, global climate change may increase the range and

infectivity of many parasite species (Marcogliese 2001). In the current era of climate
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change, cultural eutrophication and pesticide use, it is important to investigate the effects
of parasite load on toxicity using other pesticides, parasites, and amphibian hosts before

dismissing this potentially threatening interaction.
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Table 1. Nominal and actual malathion
concentrations used in LCs tests. Concentrations
were verified in duplicate by the Virginia Tech
Pesticide Residue Laboratory.

Nominal Sample Sample

Concentration 1 2 Mean
5.2 mg/L 54 4.6 5.0
14.4 mg/L 14 15 14.5
40.0 mg/L 40 40 40
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Table 2. LCs, values (mg/L) for each run and
overall mean by parasite treatment (0 — 30
parasites).

Parasite

Treatment 0 10 30
Run 1 17.67 17.67 17.67
Run 2 17.67 17.67 16.79
Run 3 15.95 16.79 15.16
Mean 17.09 17.37 16.54
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Fig. 1. Mean number of E. trivolvis metacercarial cysts (1 se) in R.
palustris tadpoles exposed to 10 and 30 cercariae in three sequential
toxicity test runs (n = 10 tadpoles per concentration, n = 7 concentrations).
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Fig. 2. Mean percent mortality (1 se, vertical) across malathion concentrations
and LCs values (£1 se, horizontal) for the three parasite treatments. Points are
staggered on both axes for clarity.
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Fig. 3. Mean number of E. trivolvis metacercarial cysts (1 se) in R.

palustris tadpoles that survived or died during a 48 hr exposure to
14.4 mg/L malathion in two cercaria exposure treatments.
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CHAPTER 2
The effects of malathion on embryonic development and latent susceptibility to

trematode parasites in pickerel frog, Rana palustris, tadpoles.
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ABSTRACT

I investigated the effects of embryonic exposure to low doses of the widely used
organophosphate insecticide malathion on the early development and latent susceptibility
of pickerel frog (Rana palustris) tadpoles to the trematode parasite Echinostoma trivolvis.
Malathion decreased hatching success by 6.5% and viability rates by 17% at a
concentration lower than previously documented for anuran embryos. Incidence of
malformations increased from 0.5% in controls to 11.2% in the 600 pg/L malathion
treatment. The primary malformations documented in the two highest pesticide doses
were ventralization and axial shortening. After 7 wk of development in water with no
malathion, tadpoles previously exposed as embryos for only 96 hr to 60 and 600 png/L
malathion suffered increased parasite encystment rates, when compared to controls. My
research identifies embryonic development as a sensitive window for increased
susceptibility to infection long after pesticide exposure has ceased. With potential for
increased parasite prevalence from eutrophication and climate change, my data
underscore the importance of understanding the role of pesticides in parasite

susceptibility.

INTRODUCTION

The recent decline of some amphibian populations is a globally recognized crisis
(Blaustein and Wake 1990, Wake 1991, Houlahan et al. 2000, Stuart et al. 2004), but the
causes of declines and their relative magnitudes are still debated (Collins and Storfer

2003). Factors including overexploitation, habitat loss and fragmentation, invasive

35



species, climate change, increased UV-B exposure, environmental contaminants, and
disease have often been cited as the causes of the declines (Carey and Bryant 1995,
Kiesecker et al. 2001, Davidson et al. 2002, Blaustein et al. 2003a, Carey and Alexander
2003, Daszak et al. 2003, Kiesecker et al. 2004). These factors cannot only act alone, but
in many cases they work in combination to have larger effects on amphibians. For
example, increased UV-B exposure in dry summers increased the susceptibility of Bufo
boreas eggs to a parasitic fungus (Kiesecker et al. 2001), and malathion exposure
increased the susceptibility of adult Bufo woodhousi to a pathogenic bacteria (Taylor et
al. 1999).

Although the role of chemical contamination in amphibian population declines is
not well understood, regional amphibian declines, lower population densities, and
decreased species diversity have been correlated with agricultural land use (Berger 1989,
Bishop et al. 1999, Davidson 2004, Johansson et al. 2005). In addition, environmental
contaminants are known to reduce immunocompetency in many species (Luebke et al.
1997, Grove et al. 2003, Linzey et al. 2003). Pesticides with several different modes of
action decrease antibody responses (Gilbertson et al. 2003), lymphocyte proliferation
(Christin et al. 2003, Christin et al. 2004), and levels of circulating eosinophilic
granulocytes (Kiesecker 2002) in amphibians. Despite the growing body of research on
the effects of contaminants on adult immune systems, their effects on the immune
systems of animals exposed during very early development is not well studied. The
developing immune system may be more susceptible to contaminants (Carey and Bryant
1995), and early exposure to foreign compounds could lead to long-term changes in

immunocompetency (Luebke 2002, Milston et al. 2003).
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The latent effects of contaminant exposure in amphibians are less well known
than the direct lethal and sublethal effects (Carey and Bryant 1995). In one of the few
studies of latent effects on amphibians, larval salamanders failed to show adaptive
behavior and had decreased survival 14 mo after herbicide exposure (Rohr and Crumrine
2005, Rohr and Palmer 2005). Long-term behavioral changes such as this would not be
detected by traditional short-term (e.g., 96 hr) toxicity tests. However, understanding
latent effects of short-term exposure is important because many of the modern,
commonly used pesticides rapidly break down in the environment.

I tested whether acute exposure to the organophosphate insecticide malathion
during early embryonic development would affect embryonic survival, development, and
latent susceptibility to parasitic infection. Malathion is the single most heavily used
agricultural insecticide and the 6™ most used agricultural pesticide in the U.S. (Kiely et
al. 2004) and has been shown to affect the immunocompetency of several amphibian
species (Rodgers and Xiong 1997, Taylor et al. 1999). 1 exposed embryos of pickerel
frogs, Rana palustris, to three concentrations of malathion for 96 hr and then quantified
hatchling viability. To investigate the latent effects of early embryonic exposure to

malathion, I measured larval susceptibility to a common trematode 7 wk post-hatch.

MATERIALS AND METHODS

Species information

Pickerel frogs are found throughout all but the southernmost parts of the eastern

United States. They commonly breed in permanent ponds with submerged aquatic
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vegetation in early spring. Females lay clutches of approximately 2,500 eggs which
hatch in 7 -14 d, depending upon temperature (Conant and Collins 1998). The tadpoles
metamorphose in one season, typically within 70-80 d (Wright 1914). Echinostoma
trivolvis is a 37-collared-spined digenean trematode parasite in the family
Echinostomatidae. It uses the snail, Planorbella trivolvis, as a first intermediate host and
often uses ranid tadpoles as second intermediate hosts, encysting in the kidneys.
Definitive hosts include semi-aquatic birds and mammals (Huffman and Fried 1990).
Pickerel frogs used in this experiment were collected from one pond in rural
Botetourt County, VA adjacent to Jefferson National Forest lands. The pond did not
contain P. trivolvis. On March 25, 2007, I collected seven clutches of recently laid
pickerel frog eggs and transported them in a cooler to a laboratory in Blacksburg, VA.
Eggs were immediately separated by hand, keeping jelly coats intact. Eleven eggs from
each clutch were combined to form 24 lots of 77 eggs each with similar genetic
composition to determine hatching success. All eggs were initially raised in 1500 mL of
75/25 mix of dechloraminated city water (ChlorAm-X, AquaScience) and well water in
the laboratory. The available well water was extremely hard (364 mg/L. CaCO3), and
previous research demonstrated it caused spinal malformations in developing wood frogs
(unpub. data), so this mix was necessary to bring the hardness to acceptable levels (172

mg/L). Fifty percent water changes were carried out every 2 d.

Pesticide exposure

Three days after collection, the majority of embryos completed neurulation,

reaching Gosner stage 14 (Gosner 1960). Six lots were then randomly assigned to each
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of the control and three malathion treatments. Previous studies suggest that exposure to
acetylcholinesterase inhibiting pesticides during later embryonic development is more
detrimental than exposure during the first few days of development (Rosenbaum et al.
1988, Snawder and Chambers 1990), possibly because natural expression of
acetylcholinesterase increases exponentially between fertilization and hatching
((Rosenbaum et al. 1988). Thus, I exposed the pickerel frog embryos to malathion from
Gosner stage 14 to 18-19, starting approximately 5 d before hatching and ending within a
day of hatching.

Embryos were exposed to 0, 15, 60, or 600 pg/L malathion (Chem Service, West
Chester, PA) for 96 hr with one complete solution change after 48 hr. Concentrations
were confirmed in duplicate at the Virginia Tech Pesticide Residue Laboratory (means =
14.5, 62 and 600 ng/L). These concentrations are lower than most other amphibian
studies (Mohanty-Hejmadi and Dutta 1981, Relyea 2004, 2005a), but they are higher than
levels typically found in routine water quality surveys (Larson et al. 1999, Hoffman et al.
2000). Because malathion breaks down so rapidly, peak concentrations may be missed in
routine water quality surveys. My concentrations represent realistic malathion
concentrations in natural waters receiving urban runoff (CDFG 1982) and those exposed
to spray drift or runoff from agricultural fields (CDFG 1982, Penn State 1993).

After 96 hr of pesticide exposure, embryos were transferred to a 75/25 mix of
dechlorinated city water and well water until hatching. Hatching began the day after
exposures ended, April 2, and continued until April 4. I calculated hatching rates for
each replicate and checked all hatchlings for malformations (Bantle et al. 1998).

Hatchling viability was defined as individuals hatching and lacking malformations

39



(Hopkins et al. 2006). Malformed individuals were separated and stored in ethanol.
Forty properly-formed tadpoles from each replicate were then moved to 24 corresponding

outdoor aquatic mesocosms to test for latent effects of embryonic exposure.

Aquatic mesocosms

Replicate aquatic community mesocosms were established in 1,500 L
polyethylene stock tanks in Blacksburg, VA. Mesocosms were filled in early March with
approximately 475 L of well water and 475 L of dechlorinated city water. A 50/50 mix
was used, rather than the 75/25 laboratory mix, because the mesocosms received natural
precipitation as well as biological material (see below). The resulting water hardness was
190 mg/L. Each mesocosm also received 1 kg of air-dried deciduous leaf litter and 17 g
of finely ground Purina Rabbit Chow". The mesocosms were spiked with 1.5 L of pond
water, from a permanent pond on the Virginia Tech property, filtered through a 200 p
sieve on March 14 and again on April 2, 2007. To decrease the variability in initial
phytoplankton and zooplankton communities, portions of water were repeatedly
exchanged between mesocosms prior to the addition of tadpoles. Mesocosms were
covered with black mesh lids to provide shade and exclude predators and competitors.
Conductivity, pH, temperature, and DO were monitored weekly at 7:30 am and 7:30 pm
(approximate coolest and warmest daily water temperatures, respectively) in five

randomly selected replicates. No pesticides were added to mesocosms.

Parasite exposure
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Forty-six days post-hatch, 11 tadpoles (~ Gosner stage 26) were haphazardly
removed from each of the 24 mesocosms and moved into the laboratory. For unknown
reasons, two mesocosms (one 0 pg/L and one 600 pg/L) failed to support tadpoles and
were excluded from the remainder of the study, reducing sample size to n = 5 in these
two treatments. The subsampled tadpoles, grouped by mesocosm, were acclimated to
room temperature and reconstituted water (ASTM 2005) over 24 hr. Ten tadpoles from
each mesocosm were randomly assigned to individual 120 ml plastic cups containing 90
ml of reconstituted water. The cups were coded so that pesticide treatments were
unknown. The remaining tadpole from each mesocosm was assigned to a control
treatment to verify initial absence of parasite exposure. These parasite-control tadpoles
were placed in identical cups with 90 ml reconstituted water but did not receive any
parasites.

Snails (P. trivolvis) were collected from a golf course pond in Riner, VA. Seven
E. trivolvis infected snails were induced to shed cercaria under a heat lamp. Sixty freshly
shed cercariae were transferred to each tadpole cup with a glass pipette. Due to the
limited rate of parasite shedding by the snails, groups of approximately 30 tadpoles were
exposed each hour until all received parasites. Subsequent measurements of tadpoles
were adjusted accordingly so that all individuals were exposed to cercariae for the same
amount of time.

After 48 hr of exposure to cercariae, all tadpoles were measured, weighed, and
staged (Gosner 1960). Tadpoles were then euthanized with MS 222 and frozen in
individual microcentrifuge tubes for subsequent dissection. The microcentrifuge tubes

also were coded so that the pesticide treatment of each tadpole was unknown during
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dissection. Because E. trivolvis encysts in the kidneys, the entire kidneys, both
pronephros and mesonephros tissues, were removed using forceps under a dissecting
scope and placed on a slide. A coverslip was gently pressed onto the tissue to produce a
thin layer. Slides were scanned under a 100x magnification of a compound microscope

and cysts were counted.

Statistical analysis

Hatching success and malformation rates were not normally distributed (Shapiro
Wilk p’s < 0.05), so were compared among treatments using Kruskal-Wallis tests.
Viability was compared among pesticide concentrations using ANOV A with Tukey-
Kramer pairwise comparisons. Because these three variables were not independent of
each other, oo was adjusted using a sequential Bonferoni procedure. The fraction of cysts,
out of a potential 60, successfully encysted in each tadpole were treated as subsamples
and averaged individually for each mesocosm. Encystment rates were compared among
treatments using ANOV A with subsampling. The malathion treatment encystment rates
were compared to the control using Dunnett’s test. Tadpole size at the time of
subsampling was compared among treatments using ANOVA. The relationship between

tadpole mass and number of parasite cysts was examined using linear regression.

RESULTS

Malformation frequency increased and both hatching and viability decreased as

malathion concentration increased (Figure 1). Proportion hatching (p = 0.003),
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malformed (p = 0.001), and viable (p < 0.0001) varied significantly among treatments.
Hatching rates were high for the control and two lowest malathion treatments, ranging
from 96-98%, but were reduced to 91.7% in the highest malathion concentration (600
ug/L). Malformation frequency increased from 0.7%, 1.9%, and 2.2% in the control, 15
ug/L, 60 ng/L malathion treatments, respectively, all consistent with acceptable
background levels (ASTM 1991), to 11.2% in the 600 pg/L treatment. The three
malformed control tadpoles had edema, two tails, and craniofacial abnormalities with a
axial flexure, respectively. The most common malformation in the lowest malathion
concentration was axial flexures (Table 1). The two highest malathion concentrations
were similar in their malformation profiles, both having ventralization with axial
shortening as their most common malformation (Table 1). The proportion of viable
tadpoles in the highest malathion treatment was significantly lower than the other three
treatments. Viability was reduced by 17.3% in the 600 g/l treatment, compared to
controls.

Neither mass (p = 0.96) nor length (p = 0.96) differed significantly among
malathion treatments in the tadpoles subsampled for parasite exposure. There was no
relationship between tadpole mass (p = 0.095, /> =0.13) or length (p = 0.15, 7* = 0.10)
and the number of parasites successfully encysting. The mean number of metacercarial
cysts varied significantly among malathion treatments (Figure 2; F =2.95,df=3, 18, p =
0.034). Tadpoles in two highest malathion concentrations, 60 and 600 pg/L, had 11.7%
and 10.8% more cysts than tadpoles in the control treatment (p’s = 0.019 and 0.044,
respectively). Although encystment in the low malathion concentration (15 pg/L) was

also increased compared to controls, this difference was not significant (p = 0.105).
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DISCUSSION

My study demonstrated that short-term exposure to environmentally realistic
concentrations of malathion during a critical developmental window can have immediate,
as well as long-term, effects on developing pickerel frogs. Overall hatchling viability
was decreased by 17% in my highest concentration treatment, 600 pg/L, which resulted
from a decrease in hatching success and an increased incidence of malformations.
Pesticide exposure during early development caused long-term changes in susceptibility,
evidenced by increased parasite infection 7 wk after exposure. I demonstrated potential
for long-term effects after early exposure, even if most development occurs in
uncontaminated water. My results underscore the necessity of alternate testing
techniques to detect effects that standard toxicity testing (e.g., 96-hr) would overlook.

Exposure to malathion significantly increased the incidence of malformations,
particularly ventralization, accounting for over 50% of malformations at the two highest
malathion treatments. This type of malformation suggests that malathion is interfering in
the development of the dorso-anterior axis (Kao and Elinson 1988). Xenobiotics
including UV, lithium, and retinoic acid are known to cause ventralization (Kao and
Elinson 1988), dorsalization (Kao and Elinson 1989), and posteriorization (Durston et al.
1989) in developing embryos, respectively. Although such developmental phenotypes
are not listed in the malformation guide for embryo teratogenesis assays (Bantle et al.

1998) or noted in any previous studies for malathion (Rosenbaum et al. 1988, Snawder

44



and Chambers 1989, 1990, Bonfanti et al. 2004), they are widely utilized in
developmental biology to study embryonic signaling pathways.

Malathion reduced hatching success to 80% in the 600 pg/L treatment, far below
the 98% hatching success observed in the control treatment. Although my design
precludes calculation of an ECs, this concentration is far below the minimum
concentration shown to decrease enzyme activity (4 mg/L) and the LCs (19 mg/L) for
Bufo arenarum larvae (Venturino et al. 1992). It is also orders of magnitude below LCss
for embryos of Rana tigrina (30 mg/L)(Mohanty-Hejmadi and Dutta 1981) and
Microhyla ornata (20 mg/L)(Pawar et al. 1983). Pickerel frog embryos appear
comparatively vulnerable to malathion, with respect to other anuran larvae. This
sensitivity trend may not necessarily continue though later developmental stages (unpub.
data).

Although pickerel frog and other anuran embryos are vulnerable to malathion,
evidence suggests that LCs values for several anuran species decrease as larval
development ensues (0.59 - 420 pug/L)(Sanders 1970, Khangarot et al. 1985). Carbamate,
pyrethroid, and organochlorine insecticides are more lethal to tadpoles, compared to eggs
and hatchlings (Berrill et al. 1998, Bridges 2000, Greulich and Pflugmacher 2003).
Multiple hypotheses could explain this counter-intuitive ontogenetic pattern. AChE is
expressed in exponentially increasing quantities throughout embryonic development
(Rosenbaum et al. 1988). AChE inhibiting pesticides could have greater effects on older
larvae and tadpoles if expression continues to increase throughout development.
Alternatively, the increase in toxicity during development could be a result of increased

cytochrome P450 conversion of malathion to its more toxic metabolite, malaoxon
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(Bonfanti et al. 2004). Further research is necessary to differentiate which, if either, of
these hypotheses correctly explains why embryos are less sensitive to AChE inhibiting
pesticides than older larvae.

Although embryonic exposure to pesticides may cause less mortality than larval
exposure, survivors of embryonic exposures may suffer lasting consequences. I found
increased susceptibility to trematode infection 7 wk after embryonic exposure to
malathion. I hypothesize that the most plausible explanation for increased susceptibility
to malathion was an altered immune response. By exposing the tadpoles to parasites in a
small volume of water, I diminished their ability to behaviorally avoid cercaria, forcing
them to rely primarily on physiological defenses, such as immune responses (Koprivnikar
et al. 2007). Malathion has been shown to negatively affect the immune system of
amphibians (Taylor et al. 1999, Gilbertson et al. 2003), including lowering circulating
eosinophilic granulocytes, the type of white blood cell known to fight parasitic infection
(Kiesecker 2002). However, because I did not measure immune function, I can not
exclude a number of other possible explanations. For example, I only examined
encystment at one point in time (48 hr post-exposure), so it is possible that malathion-
exposed tadpoles had a delayed, rather than decreased, immune response. The tadpoles
that died as embryos during malathion exposure may have had stronger immune systems
than those that survived. Therefore, I potentially selected for less immunocompetent
tadpoles in my higher pesticide treatments, compared to those in the control treatment.
Clearly, additional studies that address the mechanism by which enhanced latent

susceptibility occurs are needed.
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The long-term and latent effects of contaminant exposure are less well known
than the direct lethal and sublethal effects (Carey and Bryant 1995). Chemicals that
affect the immune system particularly have the potential to cause effects that do not
manifest until after exposure (Luebke 2002). For example, a study that exposed chinook
salmon eggs to 0,p’-DDE, a metabolite of DDT, found that although there was no effect
on mortality, time to hatch, or gonadal development, the humoral response was
significantly reduced even one year after exposure (Milston et al. 2003). Similar long-
term immunological would not be detected by typical short-term toxicity tests.
Additionally, some pesticides are known to decrease cercariae survival (Griggs and
Belden /n Press) and infectivity (Koprivnikar et al. 2007). If hosts suffer pesticide-
induced susceptibility that continues after exposure has ceased, they could encounter
freshly shed parasites unhindered by pesticide exposure. Thus, latent susceptibility may
lead to greater parasite transmission than cases where parasites and hosts are concurrently
exposed to pesticides, although behavioral avoidance must also be considered.

E. trivolvis loads in individuals from naturally infected populations can exceed
those used in this study by more than 25-fold (Skelly et al. 2006), and may become an
increasing problem for many amphibian species. High nutrient conditions simulating
cultural eutrophication increased snail biomass, prevalence of infection, and the cercaria
output of infected snails. In those eutrophic conditions, amphibian larvae suffered
significantly higher trematode infection than tadpoles in lower nutrient conditions
(Johnson et al. 2007). Additionally parasite hosts may increase their ranges with global
climate change. Preliminary research also suggests that many parasites proliferate more

quickly in warmer waters and may benefit from longer reproductive seasons
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(Marcogliese 2001). With potential for increased parasite prevalence from eutrophication
and climate change, my data underscore the importance of understanding the role of

pesticides in disease susceptibility and latent effects on the immune system.
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Table 1. Comparison of the number (and relative percentages) of
specific morphological abnormalities among abnormal R. palustris
hatchlings after a 96 hr exposure to malathion. Total malformations
exceeds the number of tadpoles malformed because some tadpoles
had multiple malformations and are represented more than once.

Malathion Treatment

0 15 60 600
(no/L)

Axial flexure  1(25) 7(70) 5(36) 20(35)
Craniofacial abnormality ~ 1(25) 1(10) 2(14) 7(11)

Ventralization 0 2(20) 7(50) 34(54)
Other  2(50) 0 0 2(3)
Total malformations 4 10 14 63

Number malformed  3(0.7) 9(1.9) 10(2.2) 50(11)
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Figure 1. Comparison of hatching success, malformation

rate, and viability in R. palustris tadpoles exposed to a
range of malathion concentrations for 96 hr.
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Figure 2. Percent of E. trivolvis cercaria successfully encysting in
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malathion concentrations. Asterisks denote significant differences
from the control.
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CONCLUSIONS

Several causative factors have been implicated in the recent, global decline of
some amphibian populations (Baringa 1990, Blaustein and Wake 1990, Wake 1991,
Blaustein et al. 1994, Alford and Richards 1999, Houlahan et al. 2000, Stuart et al. 2004),
but their relative magnitudes are still debated (Collins and Storfer 2003). These factors
include: overexploitation, habitat loss and fragmentation, invasive species, climate
change, increased UV-B exposure, environmental contaminants, and disease (Blaustein
and Wake 1990, Pounds and Crump 1994, Carey and Bryant 1995, LeNoir et al. 1998,
Daszak et al. 1999, Blaustein et al. 2001, Davidson et al. 2001, Kiesecker et al. 2001,
Sparling et al. 2001, Belden and Blaustein 2002, Blaustein et al. 2003b, Carey and
Alexander 2003, Daszak et al. 2003, Kats and Ferrer 2003, Muths et al. 2003, Davidson
2004, Kiesecker et al. 2004). In many cases, individual factors cannot explain population
declines. Consequently, research into the interactions of these multiple stressors has
grown (Kiesecker and Blaustein 1995, Davidson et al. 2002, Kiesecker 2002, Blaustein et
al. 2003a), although many gaps still remain. I investigated two new angles with respect
to contaminants and disease, the effect of parasite infection on susceptibility to
contaminants and latent susceptibility to parasite because of early exposure to
contaminants.

The effects of pathogen infection on the toxicity of environmental contaminants
has been studied in several taxa, but, to my knowledge, my research is the first to
examine their reciprocal effects on amphibians. After pickerel frog larvae were infected

with moderate burdens of trematodes, I found no difference in the acute toxicity of
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malathion among individuals carrying these different parasite loads. LCsg values for
tadpoles exposed to 0, 10, and 30 cercaria did not differ. Furthermore, there was no
difference in parasite loads among those that survived and died at the only concentration
(14.4 ng/L) where I observed partial mortality. My data suggest that moderate parasite
loads will not increase the susceptibility of pickerel frog larvae to malathion. I also was
the first to calculate a malathion LCs, for pickerel frogs, 17.1 mg/L. Although I found no
effects of parasite infection on toxicity in this system, more amphibian studies are needed
to assess this potentially serious interaction. Research priorities in this area include
reexamining this system with higher E. trivolvis loads and studying sublethal parasite
loads in other amphibian species.

In my second experiment, I investigated the effects of pesticide exposure on
parasite susceptibility. I found that a 96-hr exposure to malathion during early
development decreased hatching success by 18% and increased incidence of
malformations by 11%, particularly axial flexures and ventralization, in my highest
malathion treatment, 600 1g/L, compared to the control. Furthermore, tadpoles exposed
to 60 and 600 pg/L malathion were over 11% more susceptible to parasite infection 7 wk
after exposure than the control. My research builds upon previous studies that
investigated susceptibility to parasite infection in tadpoles during or immediately
following pesticide exposure. A month exposure to each of three pesticides, atrazine (3,
30 ug/L), esfenvalerate (180, 1800 pg/L), and malathion (2000 pg/L), increased wood
frog, R. sylvatica, susceptibility to Ribeiroia sp. and Telorchis sp. trematodes (Kiesecker
2002). Atrazine (30 pg/L) also increased wood frog susceptibility to E. trivolvis,

however when the cercaria also were exposed to atrazine, the increased infection in
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tadpoles exposed to 30 ug/L disappeared (Koprivnikar et al. 2007). Similarly, after 14 hr
exposure to a mixture of metolachlor (85 pg/L) and atrazine (100 pg/L), E. trivolvis
survivorship was decreased compared to controls (Griggs and Belden In Press). My
findings are also consistent with previous studies that found pesticides may increase
susceptibility to or incidence of Ribeiroia infection (Kiesecker 2002, Blaustein and
Johnson 2003, Taylor et al. 2005). Additional research is needed to understand the
complex effects of contaminants on these host-parasite systems.

In contrast to previous research, I exposed embryos before hatching and reared
them in clean water until parasite exposure. Low, environmentally realistic
concentrations of malathion decreased hatching success and increased susceptibility to
trematode infection 7 wk after exposure. My results demonstrate that embryonic
development is a sensitive life stage, and exposure to contaminants at low levels can have
long lasting effects. This finding is important because LCs tests suggest that eggs are
less sensitive to acetylcholinesterase-inhibiting pesticides than tadpoles. My data
illustrate that seemingly normal hatchlings may suffer consequences of early exposure
later in ontogeny. Clearly, endpoints other than immediate mortality will better inform
regulators, wildlife managers, and the public of the true consequences of contaminant
exposure on non-target species.

Because my experiments were conducted without many of the potential stressors
wild animals experience, it is likely that my results underestimate the negative impacts of
pesticides, parasites, and their interactions. Although I used mesocosms to rear my
tadpoles in a more natural, competitive setting than the laboratory, they were sheltered

from several factors that could increase the interactive effects of parasites and pesticides.
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Amphibians may experience chronic exposure or multiple acute exposures to mixtures of
pesticides. Pesticides may further affect amphibians by altering community dynamics
(Boone and Semlitsch 2003, Mills and Semlitsch 2004, Metts et al. 2005). Both
competition and predation can alter the magnitude of pesticide impacts on amphibians
(Boone and Semlitsch 2001, Relyea and Mills 2001, Relyea 2003, Boone 2005, Relyea
2005b). Reduced body size and condition due to limited food availability could increase
susceptibility to both parasites and pesticides (Wobeser 2006). Furthermore, pesticides
themselves may decrease food availability (Mills and Semlitsch 2004, Metts et al. 2005).
The indirect effects of exposure may exceed direct effects for some species (Boone and
Semlitsch 2003, Fleeger et al. 2003, Relyea et al. 2005).

My results may also represent conservative scenarios because natural parasite
loads may greatly exceed those used in this study. Research has shown that the anti-
predator behavior of tadpoles, seeking shelter in the benthos, can increase their exposure
to parasites (Thiemann and Wassersug 2000). Natural infections of over 1600
Echinostome metacercariae per tadpole have been documented (Skelly et al. 2006), and
preliminary evidence suggests larger green and bullfrog tadpoles can endure over 3,000
metacercariae (Courtney Culp, unpub. data). Differences in pesticide susceptibility
because of parasite infection may be more pronounced at near-lethal levels. If higher
parasite infections are considered, a small percent increase in parasite susceptibility
because of contaminant exposure could mean the difference between a sublethal and
lethal burden.

With the potential for increased parasite prevalence from eutrophication (Johnson

and Chase 2004) and climate change (Marcogliese 2001), my data may underestimate the
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interactive effects of parasites and pesticides. Increased snail density, the primary hosts
of many Echinostome species, has been linked to eutrophication (Johnson and Chase
2004). As eutrophication expands, intensity and prevalence of parasite infection may
rise, increasing the need for toxicity testing using infected organisms. Furthermore,
global climate change may increase the range and infectivity of many parasite species
(Marcogliese 2001). If agricultural pesticides decrease resistance to parasites and other
agricultural and land use practices lead to excess nitrogen and eutrophic conditions that
support parasite hosts, amphibian populations may be doubly affected.

Pesticides play an important, possibly irreplaceable, role in modern society. They
aid in the production of food and reduce of disease vectors such as mosquitoes. To make
informed decisions about their use, we must understand not only how they directly affect
wildlife but also how they interact with other stressors. Emerging infectious diseases in
wildlife are a growing problem (Daszak et al. 1999, Daszak et al. 2000, 2001, 2003,
Kiesecker et al. 2004), and it is important to understand the role that chemical

contamination may play in susceptibility.
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