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ABSTRACT 

 

This study is the first to consider how the combination of root physical effects, 

microbial production of EPS, and root effects on the hydrodynamic boundary layer could 

influence streambank soil erodibility. Specifically, the goal of this research was to quantify 

the physical and biological effects of roots on streambank fluvial erosion. A series of 

laboratory-scale erosion tests were conducted using a mini jet erosion testing device and a 

recirculating flume channel to address this goal. Several soil and vegetation factors that 

influence fluvial entrainment, like extracellular polymeric substances (EPS), soil aggregate 

stability and root length density, were measured following erosion testing. For flume 

experiments, three streambank boundary conditions were constructed to simulate 

unvegetated streambanks, as well as streambanks with herbaceous and woody roots. Soil 

treatments were also created to represent unamended and organic matter (OM) amended 

soil either without roots (bare soil), with synthetic roots, or with living roots (Panicum 

virgatum). 

Median soil erosion rates along the simulated rooted boundaries were two to ten 

times higher compared to the unvegetated boundary due to protruding root impacts on the 

boundary layer. In flume experiments, median erosion rates were 30% to 72% lower for 

unamended soils containing compacted synthetic root fibers as compared to bare soil 

samples. Adding both OM and fibers to the soil had a greater effect; the median erosion 

rate reductions of live rooted treatments (95% to 100%) and synthetic rooted + OM 

treatments (86% to 100%) were similar and statistically lower than bare soil controls. 

Stimulated microbial production of EPS proteins were significantly correlated with 

increased erosion resistance in OM-amended treatments while OM treatments had 

significantly lower EPS carbohydrates compared to unamended treatments. In summary, 

while sparsely spaced roots exposed on streambanks may increase soil erosion rates due to 



 

 

impacts on the hydrodynamic boundary layer, overall results highlight how the synergistic 

relationship between root fibers and soil microbes can significantly reduce streambank soil 

erodibility due to fiber reinforcement and EPS production. 
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GENERAL AUDIENCE ABSTRACT 

 

Plant roots are known to protect streambank soils from erosion by water; however, exactly 

how roots provide this protection has remained unclear. Among other things, roots can influence 

streambank soil erosion by holding soil together through a thick root network, interacting with soil 

microorganisms to stimulate the release of “sticky” organic compounds called extracellular 

polymeric substances (EPS), and altering the force of the water against the streambank. This 

research aimed to quantify and compare the relative importance of these three mechanisms on 

streambank soil erosion using a mini jet erosion testing device and an indoor recirculating flume 

channel. To do this in the flume, three walls were constructed to simulate unvegetated 

streambanks, as well as streambanks with herbaceous and woody roots. In greenhouse settings, 

soil treatments were also created to represent unamended and organic matter (OM) amended soil 

either without roots (bare soil), with artificial roots, or with living roots (Panicum virgatum). While 

roots protruding out of streambanks appeared to increase median soil erosion rates due to the 

impact of roots on near-bank flow, artificial roots in the soil and OM amended soils reduced soil 

erosion rates. Specifically, OM amendments stimulated the production of EPS proteins, leading to 

improved soil stability and increased soil resistance to erosion by water. Overall results highlight 

how the synergistic relationship between root fibers (living roots and artificial roots) and soil 

microbes can significantly reduce streambank soil erodibility due to root binding and microbial 

production of EPS. While plant roots naturally provide both fibers and EPS to soils, these materials 

could be incorporated into fill soils during construction to rapidly increase soil erosion resistance 

following levee construction and stream restoration projects.
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Chapter 1. Introduction 

1.1 Background 

The morphology and migration of stream channels has been a topic of interest for decades in 

the earth science community. Prior research has shown that while the transport of coarse bed 

sediment controls the channel profile, the resistance of the streambanks to erosion significantly 

impacts channel morphology and the rate of meander migration (Bogoni et al., 2017; Fernandez et 

al., 2021). It has long been recognized that streambank erosion resistance is influenced by riparian 

vegetation via belowground biomass growth (Pollen-Bankhead & Simon, 2010; Simon & 

Collison, 2002; Wynn & Mostaghimi, 2006) and effects on stream hydrodynamics (Curran & 

Hession, 2013). However, the significance of these mechanisms, particularly the role of plant roots 

and soil microbial interactions, is not fully understood. Specifically, a need exists to understand 

the linkages between roots, soil microorganisms, and fluvial erosion rates in a streambank setting. 

Along the Etchemin River in Québec, Canada, Matte et al. (2021) found evidence to suggest that 

an invasive riparian plant, Japanese knotweed (Reynoutria japonica Houtt.), increased streambank 

erosion rates compared to streambanks dominated by native vegetation. One potential mechanism 

described as a main cause for the observed increased erosion is associated with the knotweed 

rhizome structure (Colleran et al., 2020). The rhizome has an outer layer of bark and, therefore, 

lacks root hairs that could “bond” soil aggregates to root surfaces. Additionally, Japanese 

knotweed roots are relatively large, with diameters ranging from 5 to 100 mm (Child & Wade, 

2000) and so the roots are less likely to have smaller roots (< 2 mm in diameter) that could bind 

the soil together. While quantitative data supporting these studies are limited, this work 

underscores the need to quantify the impact of different root mechanisms on streambank fluvial 

erosion. 

Plant root effects on soil resistance to fluvial erosion have received considerable attention over 

the last century (Burylo et al., 2012; De Baets et al., 2007; De Baets et al., 2020; Kramer & Weaver, 

1936; Li et al., 2017; Wang et al., 2014, 2015; Weaver & Noll, 1935), initially in response to rapid 

soil loss in agricultural lands (e.g., Kramer & Weaver, 1936; Weaver & Noll, 1935). Plant roots 

were recognized as “binders” of soil and effective at preventing excessive loss of soil particles due 

to wind or water erosion. Early written descriptions of root effects on streambank soils can be 

dated back to the late 1800s, when Shaler (1892) observed that: "No sooner do the waters recede 
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than certain plants of swift growth, which find their appropriate conditions on the verge of the 

river, extend their roots through it…and thus bind the…land firmly together" (pp. 290-291). By 

the 1930s, research on roots binding and protecting soil from erosion intensified, specifically in 

the agricultural sciences (Kramer and Weaver, 1936; Weaver and Noll, 1935). Weaver and Noll 

(1935, p. 21) observed “roots of great tensile strength entwine soil particles and anchor them 

firmly”, helping prevent soil erosion by flowing water or gravity. While Shaler and most other soil 

erosion researchers that followed focused on roots physically “binding” soil particles together to 

prevent soil loss, today it is known that roots protect soil from fluvial forces through multiple 

mechanisms. 

Roots physically binding soil is defined here as the mixing of root fibers and soil to create a 

composite soil mass that is both strong in tension and compression, increasing the soil shear 

strength and apparent cohesion (Coppin & Richards, 1990; Gray & Leiser, 1982). Through 

interactions with soil microorganisms and by providing a carbon source to the soil environment 

(e.g., root exudation, root decomposition, etc.), living roots/root hairs can stimulate the production 

of microbial organic compounds that can have a cementing effect on soil particles or bond soil 

aggregates firmly to root surfaces (Annabi et al., 2007; Gerbersdorf & Wieprecht, 2015; Redmile-

Gordon et al., 2020; Tang et al., 2011; Tengbeh, 1993). On a streambank, roots can also extend 

out of the streambank face, impacting the hydrodynamic boundary layer and altering the applied 

forces acting on the streambank surface (Thorne, 1990). In summary, plant roots are known to 

affect streambank fluvial entrainment through multiple mechanisms, including: 1) physically 

binding soil aggregates, 2) biochemically bonding soil aggregates to root surfaces and cementing 

soil aggregates together through the release of sticky organic compounds of root and/or microbial 

origin called extracellular polymeric substances (EPS), and 3) altering the hydrodynamic boundary 

layer. Recent research has started to explore the relative contributions of root binding vs. root 

exudate effects (Li et al., 2017; Wang et al., 2014, 2015), root hairs (De Baets et al., 2020), and 

stimulating microbial activity through organic matter inputs (Li et al., 2021), on soil resistance to 

fluvial erosion. However, the relative importance of each mechanism and the interaction among 

the mechanisms are still unclear. 

Specifically, research has explored the effects of EPS type, composition, and production on 

sediment stability and cohesive soil erodibility (Droppo et al., 2001; Gerbersdorf & Wieprecht, 

2015; Grabowski et al., 2011; Stal, 2003; Sutherland et al., 1998; Teasdale et al., 2018; Thom et 
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al., 2015; Underwood & Paterson, 2003; Van De Lageweg et al., 2018) over the last three decades. 

Wang et al. (2014, 2015) also explored root physical vs. root biological mechanisms on soil erosion 

by separating root binding and root exudation effects; their results suggested that the impact of 

root biological effects on soil erosion increased over time as vegetation matured. Nevertheless, 

evidence illuminating microbial EPS production effects vs. root physical effects on cohesive 

streambank soil erosion is not currently available. 

Additionally, vegetation can have a significant effect on stream near-surface velocity and 

turbulence (Hopkinson & Wynn, 2009; McBride et al., 2007; Thorne & Furbish, 1995). For 

example, low density meadows within fully submerged channels have been shown to diminish 

sediment deposition and increase sediment erosion when compared to bare soil counterparts 

(Lawson et al., 2012; van Katwijk et al., 2010; Zhang et al., 2020). Plant roots have mostly been 

excluded from these studies on hydrodynamics. Given that roots will extend out of a streambank 

face, particularly on the outside of a meander bend, research is needed to clarify the relationship 

between root density, root diameter, near-bank hydrodynamics, and soil erosion rates.  

Lastly, the effect of root diameter/thickness on fluvial erosion rates has received mixed results 

depending on the erosion testing device used (e.g., Burylo et al., 2012; De Baets et al., 2007; 

Khanal & Fox, 2017; Li et al., 1991; Wynn & Mostaghimi, 2006). Therefore, how changes in root 

size and rigidity (e.g., herbaceous vs. woody vegetation) influence soil erosion rates are still 

unclear. 

 

1.2 Goals and Objectives 

This research sought to understand how plant roots and soil microbial production of EPS 

impacted streambank hydrodynamics and soil resistance to fluvial entrainment. The overall goal 

of this research was to highlight the effectiveness of different microbial and root mechanisms in 

influencing streambank erosion rates. Specific objectives included: 

1. Measure the impact of synthetic fibers on critical shear stress and the soil erodibility 

coefficient compared to bare soil and live rooted soil samples (Ch. 3).  

2. Quantify the effects of flexible and rigid roots extending out of the streambank face on 

near-bank velocity and turbulent stress (Ch. 4). 

3. Determine the influence of microbial production of EPS on soil aggregate stability and soil 

resistance to fluvial erosion (Ch. 5). 
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4. Quantify the relative impact of soil microorganisms, plant roots, and the interaction 

between the two on soil erodibility (Ch. 6). 

 

1.3 Dissertation Organization 

In Chapter 3, a mini-JET device was used to quantify the impact of inert fibers and living 

roots on soil resistance to fluvial erosion. While the mini-JET study described in Chapter 3 found 

some interesting relationships between inert fibers, plant roots, and soil erosion rates, constraints 

imposed by the JET device limited the scalability of the results. For example, insertion of the JET 

device base ring into the soil initially disturbs the soil, possibly dislodging/loosing soil aggregates 

prior to erosion testing. The impinging jet of water also does not naturally mimic streambank 

fluvial processes. Additionally, using sterilized vs. unsterilized soil samples in a greenhouse setting 

did not influence microbial activity or production of extracellular polymeric substances, making 

conclusions about microbial impacts on fluvial erosion impossible. As a result, to further study the 

influence of plant roots and soil microorganisms on streambank fluvial erosion, all later studies 

were conducted in a flume channel reconfigured for testing erosion in a streambank setting and 

organic matter inputs were used to stimulate soil microorganisms above existing conditions. 

The experiments described in Chapters 4 – 6 simulated unvegetated and vegetated 

streambank erosion. To do this, artificial walls were built in a flume channel (described in Chapter 

4), simulating a vertical streambank. A different artificial wall was constructed to create each of 

the three boundary conditions for all the experiments (sand/no root boundary, herbaceous/flexible 

root boundary, and woody/rigid root boundary). All boundaries were used in Chapters 4 and 6, 

while only the sand wall boundary condition was used in Chapter 5. Additionally, organic matter 

was used to stimulate soil microbial activity for erosion tests described in Chapters 5 and 6. More 

details regarding the methodology/flume construction for each of the studies is presented in the 

separate chapters.  
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Chapter 2. Review of Soil and Vegetation Factors Affecting Cohesive Soil 

Resistance to Fluvial Erosion 

2.1 Streambank Erosion Processes 

Streambank erosion is dynamic process and occurs due to a combination of: 1) subaerial 

processes; 2) fluvial entrainment (fluvial erosion); and, 3) mass wasting (Lawler, 1995; Lawler, 

1992). Freeze-thaw cycling and soil desiccation are examples of subaerial processes. They reduce 

soil strength and are primarily controlled by climatic conditions (Wynn, 2006). Weakened soil 

leaves banks more susceptible to fluvial entrainment, or the direct detachment of individual soil 

particles/aggregates from streambanks by hydraulic forces (Lawler et al., 1997). Mass wasting is 

the complete physical collapse of a streambank "block" due to geotechnical instabilities (Lawler 

et al., 1997; Lawler, 1995). While subaerial processes, fluvial erosion, and mass wasting work 

together to produce bank retreat (Wynn, 2006), these processes are distinct and fluvial erosion is 

the primarily considered in this review. The following sections describe current knowledge on soil 

and plant properties that affect soil resistance/susceptibility fluvial erosion 

 

2.2 Definitions and Clarification 

To provide clarity for the following discussion, soil erosion by water is categorized into 

five distinct processes: 1) raindrop splash erosion, 2) sheet erosion, 3) rill erosion, 4) gully erosion, 

and 5) channel erosion. Splash erosion is defined as soil particles displaced from the soil surface 

due to raindrop impact, which creates a relatively uniform crust on the soil surface. Sheet erosion, 

or overland flow erosion, occurs when water flows over the surface as a thin sheet, but not in 

defined channels. During rill erosion, temporary concentrated flow paths are created, creating a 

sediment source and delivery system. Depending on the environmental conditions, water can flow 

into narrow channels that eventually create gullies depending on the flow intensity. Lastly, channel 

fluvial erosion involves the direct detachment of individual particles/aggregates from stream bed 

or banks by hydraulic forces. Each process described is a type of water erosion; however, this 

review will specifically refer to each erosion type by name for clarity. 

Adopting the terminology proposed by Lawler et al. (1997), the terms “fluvial erosion” and 

“fluvial entrainment” are used to describe the detachment, entrainment, and removal of individual 

soil particles or aggregates from the streambank face by the hydraulic forces occurring during 
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flood events. The phrases “bank failure” or "mass wasting" denote the physical collapse of all or 

part of the stream bank due to geotechnical instabilities. In addition, the “fluvial boundary layer” 

is a thin layer of water adjacent to the wetted perimeter of a streambank where the effects of friction 

between the water and streambank surface dominate. 

 

2.3 Erosion of Cohesive Soils 

Soil entrainment by fluvial erosion occurs when the hydraulic shear stress (τ, the applied 

force) is greater than the resisting forces of the streambank (Thorne et al., 1997). While the applied 

forced is related to environmental factors (e.g., rainfall intensity), the resisting forces of 

streambanks depend on the soil physical, chemical, and biological properties. Soil resisting forces 

are generally a function of: 1) grain size distribution, shape, and density (Heinzen, 1976; 

Partheniades, 2009; Wynn et al., 2004); 2) the amount of sand, silt, and clay present in the soil and 

the type of clay (Akinola et al., 2019; Wynn et al., 2004); 3) the chemical composition of the pore 

fluid (e.g., water temperature and pH) (Hoomehr et al., 2018); 4) the presence of organic matter or 

other biological cementing agents (H. Li et al., 2021); 5) the thixotropy and stress history of the 

soil matrix or streambank (Akinola et al., 2018; Zreik et al., 1998); and, 6) the soil temperature 

and moisture content (Akinola et al., 2019; Grabowski et al., 2011). The complex interactions 

between all the factors listed above make fluvial entrainment of streambank soils difficult to 

model, particularly when the soil behavior is dominated by clay particles (defined here as cohesive 

soils). The presence of plant roots further complicates these interactions due to roots 

binding/bonding soil particles, addition of organic cementing agents into the soil matrix, and the 

effect of roots on soil moisture content and wetting/drying cycles.  

 

2.4 Review of Streambank Fluvial Erosion Models and the Jet Erosion Test Device 

2.4.1 Modeling Streambank Fluvial Erosion 

A general model of cohesive soil erosion predicts the erosion rate as a function of the soil 

erodibility coefficient and a measure of flow energy (Moody et al., 2005): 

εr = kdX      (2-1) 

where εr is the erosion rate (m s-1); kd is the soil erodibility coefficient (m3 N-1 s-1); and X is a 

measure of flow energy. Kd is considered a constant soil property and reflects the overall resistance 

of the soil to fluvial forces. The flow energy parameter has been quantified using a variety of 
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different methods for both cohesive and noncohesive soils, including kinetic energy per unit area 

(Poesen & Savat, 1981); the difference between near-bank velocity and average stream velocity 

(Ikeda et al., 1981; Pizzuto & Meckelnburg, 1989); near-bank velocity (Pizzuto, 2009); near bank 

water depth (Odgaard, 1989); unit stream power (Rose et al., 1983); boundary shear stress 

(Flanagan & Nearing, 1995); and the “excess shear stress”, which is the difference between the 

applied shear stress (τa) and a critical boundary shear stress at which erosion starts (τc) (Hanson & 

Cook, 1997; Osman & Thorne, 1988; Partheniades, 1965). The excess shear stress equation 

representation of flow energy is the most common form of the general erosion model.  

 Partheniades (1965) proposed the excess shear stress model when studying the erodibility 

of cohesive soils. A rectangular flume was used to test beds that contained approximately 60% 

clay, 40% silt, and small amounts of fine sand. Partheniades conducted 32 runs within the flume, 

separating them into three series to investigate the influence of shear stress, suspended cohesive 

sediment concentration, and bed shear strength on erosion rates. To his surprise, erodibility of the 

cohesive sediments only depended strongly on the applied shear stress, increasing rapidly after 

surpassing a critical shear stress value. The excess shear stress equation incorporates this concept: 

particle movement or entrainment will not occur unless the applied shear stress is greater than the 

critical shear stress. Following EQ. 1, soil erosion rates depend on τc and increase by a factor of 

kd.  

 

2.4.2 Mini-JET Device 

Since Partheniades, different erosion testing devices have been developed to measure and 

predict τc and kd. Some commonly used devices include an open flume channel (e.g., Akinrotimi 

et al., 2018; Hanson, 1990a); a jet erosion testing (JET) device (Hanson, 1990b; Wynn & 

Mostaghimi, 2006); and a cohesive strength meter (CSM; Rinaldi & Darby, 2007). 

In 1990, Dr. Greg Hanson designed the first iteration of submerged, vertical jet erosion test 

(JET) device to indirectly determine the soil erodibility coefficient and critical shear stress in situ. 

This JET design could only be used on horizontal beds. At the request of the National 

Sedimentation Laboratory, Greg Hanson designed a “multiangle” JET device that could be used 

on vertical surfaces (i.e., streambanks) (Hanson & Cook, 1997). The jet test device is comprised 

of multiple components – most notably a jet tube, nozzle, point gage, adjustable head tank, and jet 

submergence tank (Hanson & Cook, 2004). Water initially fills the submergence tank through the 
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connector line from the adjustable head tank prior to impinging on the soil. After filling the tank, 

the deflector plate is moved out of the way and a jet of water impacts the soil surface, initiating 

the test. The point gage is used to measure the depth change due to scour after each time segment. 

Dunn (1959), Hollick (1976) and Moore & Masch (1962) used similar variations of the JET device 

for erodibility measurements in the lab. Increasingly, JETs have become a popular method for 

determining soil erodibility in situ (Hanson, 1990b, 1991; Khanal & Fox, 2017; Mahalder et al., 

2018; McNichol et al., 2017; Wynn & Mostaghimi, 2006). 

Concepts derived from the excess shear stress equation have been used extensively to 

model erosion processes under various conditions (Hanson et al., 2002; Stein et al., 1993). For 

example, Stein et al. (1993) developed an excess stress relationship for a free overfall jet based on 

jet diffusion principles and the predicted mean peak stress in the impingement zone. Using six soil 

types, Stein & Nett (1997) later validated this model. Using a similar approach, Hanson et al. 

(2002) developed an excess shear relationship for the submerged circular jet device.  

The scour surface within the impinging jet zone erodes away from the jet nozzle as the 

erosion test progresses (Hanson & Cook, 2004). Eventually, an equilibrium depth is reached. 

Based on the equilibrium depth, the critical shear stress, τc, can be determined using the model 

developed by Hanson et al. (2002). However, the length of time required to reach equilibrium can 

be large and difficult to determine (Blaisdell et al., 1981). For example, Blaisdell et al. (1981) 

observed that scour in cohesionless sands continued to progress after 14 months at pipe outlets. 

Therefore, the analysis of the JET device test results predicts the equilibrium depth using a 

logarithmic-hyperbolic function developed by Blaisdell et al. (1981) which assumes the time to 

reach equilibrium is infinite. Hanson & Cook (1997, 2004) and Hanson et al. (2002) describe this 

approach, called Blaisdell’s solution (BL), in detail. Over time, other JET analysis methods have 

been developed to calculate τc and kd, including the iterative solution method (Hanson & Cook, 

1997) and the scour depth solution method (Daly et al., 2013) 

In 2008, at another request of the National Sedimentation Laboratory, Greg Hanson 

developed a miniature version of the submerged jet erosion test device (Simon et al., 2010). 

Termed the “mini-JET”, the instrument was designed for easier use in lab and field settings. Simon 

et al. (2010) compared the “multi-angle” and mini-JETs by conducting side-by-side, in situ tests 

at 35 sites in the Tualatin River Basin, OR. This comparison indicated the two devices produced 

nearly identical τc distributions. However, the measurements of kd show parallel but distinctly 
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different distributions. The measured kd values using the multi-angle jet device are higher 

compared to the mini-jet. Simon et al. (2010) hypothesized that the different kd distributions arise 

from how the two jet devices diffuse and interact within their respective tanks.  

To account for possible in-situ heterogeneity in field measurements, Al-Madhhachi et al. 

(2013) compared the multi-angle and mini JETs in a controlled lab using silty sand (72% sand and 

15% clay) and clayey sand (57% sand and 25% clay). Thirty-six tests were conducted for each 

device and soil type at various water contents. Measurements of kd were nearly identical for both 

devices and soil types. Conversely, Al-Madhhachi et al. (2013) found significant differences in τc 

between the multi-angle and mini JET devices. The mini-JET measured lower τc values for each 

soil type. Al-Madhhachi et al. (2013) speculated these variations occurred because of 1) the method 

of sample preparation and the methodology used to determine critical shear stress or 2) scaling 

differences of the nozzles and submergence tanks for the two devices. Because of this, Al-

Madhhachi et al. (2013) developed an adjustment coefficient based on the equilibrium depth of the 

mini-JET tests relative to the original JET results. This adjustment leads to reduced differences in 

τc between the devices. 

 

2.5 Soil Biofilms and Extracellular Polymeric Substances 

2.5.1 Definition and Properties 

Depending on current environmental conditions, biotic factors can have significant effects 

on sediment erosion (Black et al., 2002; Underwood & Paterson, 2003). Today, geomorphologist 

and hydraulic engineers recognize that an understanding in sediment biology and extracellular 

polymeric substances (EPS) dynamics (i.e., biological processes) are necessary to determine and 

predict cohesive sediment transport (Black et al., 2002; Gerbersdorf & Wieprecht, 2015; Graham 

J C Underwood & Paterson, 2003). Thus, researchers have taken the opportunity to explore EPS 

and its sediment stabilizing properties.  

For decades researchers have recognized that microorganisms, in both constructed and 

natural environments, live and grow in aggregated forms, called biofilms (Wingender et al., 1999). 

In most biofilms, referred to as the “city of microbes” by Watnick & Kolter (2000), 

microorganisms typically account for a small percentage of the total dry weight (~10%) compared 

to the biofilm matrix (~90%). This matrix is composed of extracellular polymeric substances (EPS) 

which is mostly produced by the microbes inhabiting the biofilm. Representing the “house of the 
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biofilm cells” (Flemming et al., 2007), EPS are considered responsible for the structural integrity 

of biofilms and are key components in determining the overall physicochemical and biological 

properties of biofilms (Wingender et al., 1999). EPS provides the adhesion properties of biofilms 

to surfaces; protection of cells against harmful environmental influences; water retention; sorption 

of organic/inorganic compounds; enzymatic activities; and more (Flemming & Wingender, 2010).  

As defined by Flemming & Wingender (2010), EPS are hydrated biopolymers secreted by 

biofilm cells to encase and immobilize microbial aggregates. EPS can be further separated into 

capsular (C-EPS), slime (S-EPS), loosely bound (LB-EPS), and tightly bound (TB-EPS) 

depending on their association with cells (More et al., 2014). They are responsible for the cohesion 

of cells and particulate materials in biofilms, and the adhesion of this substratum to surfaces 

(Characklis & Wilderer, 1989). For example, microbial attachment to substrate (i.e., soil or 

sediment) surfaces occurs in three steps: 1) bridging the gap between cells and surfaces via London 

forces; 2) using fimbriae and/or flagellas to overcome electrostatic repulsion between the cell and 

the substrate surface; and, 3) using secreted EPS and other polar forces to irreversibly bind to the 

substrate (Busscher & Weerkamp, 1987; More et al., 2014). Once attached, bacterial cells multiply, 

producing more EPS and further building the biofilm matrix (Flemming & Wingender, 2010). 

Evidence also suggests that attached microbes communicate with each other once attached, 

“recruiting” further settlement into the biofilm matrix by the same species or different taxa (More 

et al., 2014).  

While EPS composition can vary significantly, they are commonly composed of water, 

carbohydrates, proteins, nucleic acids, phospholipids, and other polymeric compounds (Flemming 

& Wingender, 2010). EPS proteins, among other things, play an important role in the formation 

and stabilization of the polysaccharide matrix. This in turn enhances some of the functions 

provided by biofilms and aids in linking cell surfaces to the extracellular EPS matrix (Flemming 

& Wingender, 2010). Various organisms can produce EPS, including bacteria, green and red 

microalgae, diatoms, fungi, and archaea (Costa et al., 2018; Flemming & Wingender, 2010; Xiao 

& Zheng, 2016). The type and composition of the secreted EPS, and functions they have, will 

change significantly depending on the environmental conditions and the organism producing it. 
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2.5.2 Stabilization of Soils and Sediments 

Holland et al. (1974) were the first to quantify the effects of EPS secretions (termed 

mucilage) on both cohesive and non-cohesive sediment stability by benthic microalgae diatoms 

under laboratory conditions. Microalgae cultures that created large amounts of mucilage were 

shown to significantly reduce sediment erosion. Holland et al. (1974) showed that EPS secreted in 

cohesive sediments (100% clays and silts or 90% sand+10% clays and silts) significantly increased 

sediment stability. In addition, the authors found that different diatom species have varied effects 

on erosional processes due to the type and amount of EPS produced. Coles (1979) later supported 

the idea of diatom stabilization presented by Holland et al. (1974). Coles (1979) showed that 

muddy sediments were stabilized by diatom biofilms through a successional process, leading to 

the development of saltmarsh systems from tidal flats. 

The effects of microorganisms on sediment stability has also been studied in the field by 

inhibiting their activity. De Boer (1981) conducted an experiment to study the effects of surficial 

stabilization of intertidal, sandy (non-cohesive) sediments by algae. During low tide, a solution of 

copper sulfate and seawater was poured along a 1m strip over a sandy megaripple to eliminate all 

biological activity. After two high tide periods, the treated parts of the megaripple had completely 

eroded (see Fig 2 in De Boer 1981). Massive and sudden sediment loss on this scale had not been 

seen before, so De Boer (1981) concluded that the elimination of biological activity, specifically 

the destruction of the organic matter layer, was the cause. While not directly measured, the 

destruction and reduced production of EPS could have had a significant impact on sediment 

stability as well. 

Dade et al. (1990) conducted flume experiments to correlate adhesive bacterial exopolymer 

concentration, measured in terms of uronic acid (carbohydrate) components, with the boundary 

shear stress required to initiate fine sand transport in marine environments. Shear velocities 

required to initiate erosion of sand, sand + media (EPS extracted from Alteromonas atlantica), and 

sand + media + incubation with Alteromonas atlantica were measured. Sand incubated with the 

bacterium had statistically significantly higher critical shear stresses compared to the other two 

treatments. Dade et al. (1990) correlated increases in uronic acids (a component of EPS) to 

increases in critical shear stress. Additionally, the concentration of uronic acids increased with the 

growth of Alteromonas atlantica in fine sands. In a separate study, Dade et al. (1996) determined 

a 60% increase in critical shear stress over control sediments for microbially bound marine clays, 
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supporting the 1990 study results. Dade et al. (1990) also suggested that long-chain sugar 

exopolymers released adjacent to the sediment-water interface may result in thickened viscous-

dominated regions in the hydrodynamic boundary layer and subsequently, drag reduction. 

Early studies on the effects of EPS composition and production on sediment stability 

centered around marine and intertidal environments (Stal, 2003; Underwood & Paterson, 2003). 

Droppo et al. (2001) was one of the first studies to consider the influence of biological processes 

on the stabilization of bed sediments in riverine systems. In an annular flume, kaolinite clay (D50 

= 5 µm) and coal tar contaminated sediment from the Hamilton Harbor, Ontario (<63 µm) were 

used as the test bed. The critical shear stress of sediment eroded without biofilm development was 

0.024 Pa. However, the critical shear stress increased more than 10-fold to 3.25 Pa when biofilms 

were allowed to develop for five days. Droppo et al. (2001) showed and argued that the 

biostabilization effects of microorganisms in riverine systems should be considered seriously in 

sediment transport models because of this finding. 

Following Droppo et al. (2001), Gerbersdorf et al. (2005, 2008, 2009) conducted a series 

of studies on biostabilization in natural riverine systems. The three studies by Gerbersdorf and 

colleagues spanned ten freshwater sites, six reservoirs and four groyne fields, throughout Germany 

and the Czech Republic in the Rivers Neckar, Rhine, and Elbe. Sediment samples were collected 

near-bank at each location to a depth of 50 – 70 cm. Colloidal carbohydrates measured in both 

reservoirs and groyne fields were comparable with previous studies in intertidal areas (Gerbersdorf 

et al., 2009). For example, the colloidal EPS in all four groyne fields ranged from 0.4 – 3.40 mg g 

–1 dry weight (DW) while colloidal carbohydrates in intertidal areas have ranged from 0.01 – 4.00 

mg g –1 DW. Bound carbohydrates and proteins are harder to compare across studies due to the 

differences in extraction methods. Nevertheless, results suggest that biostabilization is important 

in riverine systems, but the mechanisms driving stabilization may be different compared to 

marine/tidal environments. 

Sediment depth considerably impacted EPS components in riverine systems as well. The 

ratio of bound to colloidal EPS increased with depth, indicating fresh production of polymeric 

substances (colloidal) in the upper sediment layers and mainly accumulation of refractory (bound) 

material in the lower layers (Gerbersdorf et al., 2008, 2009). At sediment depths below 5 cm, 

Gerbersdorf et al. (2008, 2005) found colloidal and bound EPS fractions (both carbohydrates and 

proteins) to have a significantly positive impact on critical shear stress. The same significant trend 
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was not found in the top sediment layers. In summary. Gerbersdorf et al. (2008, 2009) state that 

networks of EPS can probably permeate void spaces and promote inter-particle linkages, thus 

enhancing sediment stability over depth. 

These results indicate that EPS in riverine sediments could have a significant impact on 

erosion resistance. However, in the Lauffen reservoir on River Neckar, Gerbersdorf et al. (2005) 

found colloidal carbohydrates in the top 4 cm of sediment to significantly increase critical shear 

stress only during spring months (March – May). The authors concluded that the physiological 

status and taxonomic composition of the EPS producer, which is impacted by outside 

environmental factors (i.e., temperature) influences the stabilizing potential of the EPS produced. 

In a 2009 study, Droppo made a similar argument when comparing the relative stability of five 

contrasting freshwater sediments and how the present biological communities impact the erosion 

process. The sediment types used included a stormwater pond, aquaculture waste, industrial grade 

kaolin, contaminated lacustrine, and fluvial (South Nation River near Ottawa, Ontario). While 

sediment critical shear stress increased as biofilms developed (2-14 days) in each sediment type, 

the degree of increase varied. Natural sediments (fluvial, stormwater, and lacustrine) significantly 

increased resistance to shear at a greater degree compared to kaolin and aquaculture sediments. 

Droppo (2009) showed that differences in sedimentological and biogeochemical properties of 

sediments (e.g., kaolin sediment had no initial organic content) has the potential to impact the EPS 

produced and, as a result, the impact of biofilm development on sediment resistance to erosion. 

 

2.5.3 Incorporating Biological Processes into Sediment Transport Equations and Models 

The role of EPS and biofilms in the transport of freshwater sediments, particularly in 

riverine environments, has received considerable attention over the last two decades. Researchers 

are becoming increasingly aware that the biological adhesion of sediment particles can have a 

significant impact on how sediment moves. As a result, some are arguing to include biological 

components in sediment transport equations/models to improve their accuracy. For example, 

Droppo et al. (2001) and Garcia-Aragon et al. (2011) argue that there is a strong need to consider 

biological influences on sediment in sediment transport models. Garcia-Aragon et al. (2011) 

studied the effects of biostabilization on cohesive sediments in the Athabasca River in Canada. 

Sediment was allowed to settle for 1, 3, or 7-day periods to consolidate/biostabilize. The critical 

shear stress measured by flume testing following the 1, 3, and 7-day settling periods was 0.21, 
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0.26, 0.32 Pa, respectively. Total erosion rates also decreased as settling time increased. Garcia-

Aragon et al. (2011) attributed these results to the biostabilization of the sediment rather than 

consolidation and concluded that sediment transport models focused on the Athabasca River 

needed to include biological components to avoid making erroneous river management decisions. 

Researchers focused on sediment transport in non-cohesive sediment beds have also called 

for increased attention to the impact of biological processes. Malarkey et al. (2015) studied the 

impact of small amounts of EPS on bedform development in fine, well-sorted sand using a flume. 

While most practical predictions of sediment transport are based almost exclusively on non-

cohesive sand with no biological components considered, Malarkey et al. (2015) found that even 

small amounts of EPS (0.016 – 1% of total sediment weight) significantly changed bedform 

development. Sediment transport rates and the size of post-test ripples decreased with increasing 

EPS. Thus, they argue that equations based on non-cohesive sand do not fully capture what is 

happening in natural settings, so future models would need to incorporate biological processes to 

get the full picture of sediment motion. 

Modified sediment transport equations and models have been developed. Fang et al. (2014) 

measured the effects of biofilm development on incipient motion in cohesive and non-cohesive 

sediment. After 8 weeks of biofilm growth, the incipient velocity in both cohesive and non-

cohesive sediments increased 40-70%, indicating an increased resistance to erosion in the 

sediment. Using the experimental results, they developed equations for incipient velocity of sliding 

and rolling that included particle cohesive and biofilm adhesion properties. Based on the developed 

equations, biofilm adhesion of sediment played a dominate role in sediment transport when particle 

diameter was less than 0.2 mm (fine sand) but greater than 0.01 mm (fine silt). To compare results 

with the modified Shields curve (based on non-cohesive sediment motion), Fang et al. (2014) 

transformed their data in terms of Shields number and particle Reynolds number (Re*). They 

concluded that the adhesion effect of biofilms is important for the region of 0.2 < Re* < 1.0. 

Hongwei Fang’s research group at Tsinghua University has done considerable work on the 

impact of biofilms on sediment physicochemical properties and transport characteristic. They have 

proposed methods for computing size gradation, density, settling velocity, and critical erosion 

velocity for biosediment (Fang et al., 2014; Shang et al., 2014) and studied the bed form dynamics 

and transport characteristics for biosediment through flume experiments (Fang et al., 2017a; Fang 

et al., 2016; Fang et al., 2015). Using this information, Fang et al. (2017b) developed and proposed 
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a three-dimensional (3-D) model of hydrodynamics and biosediment transport. Biofilms were 

allowed to develop for 0 (clean sediment), 10, and 20 days for coarse (d50 = 0.061 mm) and fine 

(d50 = 0.01 mm) sediments. Comparison of velocity profiles between the 0-, 10-, and 20-day 

biofilm-developed sediment showed significant discrepancies with respect to particle size (e.g., a 

greater flow velocity was needed to erode 20-day sediment compared to clean sediment). Model 

simulations showed considerable agreement between experimental results when accounting for 

biofilm development. While the lab conditions used were relatively simple and more research is 

needed to model complex field conditions, Fang et al.'s (2017b) model is the first attempt at 

integrating traditional sediment transport and biological properties. The paper provides further 

insight into how biostabilized sediment is eroded/transported differently compared to clean 

sediment and makes a case for why more work needs to be done in incorporating biological effects 

into sediment transport models. 

 

2.5.4 EPS Extraction Methods 

The literature contains considerable variations in EPS extraction methods (see More et al., 

2014, Table 4). Because the extraction method used can have considerable impact on the measured 

EPS composition (Jost Wingender et al., 1999), researchers have sought to define an effective 

method that can be used under any situation. However, results vary. Underwood et al. (1995) 

compared EPS extraction from intertidal mudflat sediments using a saline solution or a 

combination of EDTA + saline (Na2EDTA). Mixing sediments for 10 minutes at 20°C with 100 

mM Na2EDTA and 25% saline extracted the most carbohydrate EPS (0.295 mg/dry weight [DW] 

sediment). To the author’s knowledge, this is the only paper that compares two or more extraction 

methods on sediment samples. 

Due to the importance of EPS production in biotechnology (Vu et al., 2009) and wastewater 

treatment (Liu & Fang, 2003), EPS extraction methods have been studied almost exclusively on 

activated sludge samples or granular filter media. When comparing cation exchange resin (CER), 

sodium hydroxide, and heating (80°C) extraction methods in wastewater activated sludge samples, 

Frolund et al. (1996) found sludge mixed with CER for 17 hours at 900 rpm extracted the most 

EPS (48 and 243 mg/g-volatile solids [VS] carbohydrates and proteins, respectively). CER is partly 

chemical (removal of divalent cations such as Ca2+) and partly mechanical due to the applied shear 
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(Frolund et al., 1996). Combined with a long extraction time and a high stirring intensity, Frolund 

et al. (1996) showed that CER is a viable method for extracting EPS from activated sludge samples. 

Table 2-1 presents some of the extraction methods commonly used and/or compared. Using 

infra-red (IR) spectrometry on extracted EPS samples, Comte et al. (2006b) and D’Abzac et al. 

(2010) sought to determine if the physical and chemical extraction methods changed the chemical 

structure of EPS. In both cases, no notable differences in IR bands appeared between physical and 

control EPS extractions. However, the authors found particular bands in chemical extractions 

which did not appear in control or physical extractions used, indicating a contamination of EPS. 

The formation of EDTA-EPS complexes are known to form when using EDTA as an extraction 

method. These complexes are not completely removed from solution during centrifugation, thus 

adding to the extract contamination. Additionally, D’Abzac et al. (2010) measured EPS extraction 

yields that exceeded 100% in both EDTA and formaldehyde + NaOH extractions. This further 

indicates a bias in EPS measurements due to the contamination of EPS extract solutions. Lastly, 

Comte et al. (2006a) found that chemical extractions and heating significantly modified the 

complexation properties of EPS between two heavy metals (Pb2+ and Cd2+). As a result, Comte et 

al. (2006a) suggest using physical extraction methods over chemical extractions since 

complexation modifications may lead to other physico-chemical changes in EPS not measured in 

the study. The results of these studies have lead authors to generally accept the CER extraction 

method as the best alternative for EPS extraction. It consistently has the highest yield among all 

physical extraction methods and has a low degree of cell lysis/extract contamination (Redmile-

Gordon et al., 2014; Sheng et al., 2010). 
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Table 2-1: Different EPS extraction methods used in comparison studies (Comte et al., 2006b; 

Comte et al., 2006a; D’Abzac et al., 2010; Liu & Fang, 2002). Each method includes the typical 

extraction concentration, temperature, stirring speed, and time if applicable). Modified from 

More et al. (2014) 

Methods  Mechanism 

Physical: Centrifugation 
EPS separates from cell surface and dissolves to solution 

under the centrifugal force. 

 Heating (80°C, 1 hour) 
The molecular movement is enhanced that accelerates the 

EPS dissolution. 

 Sonication (40W, 2 minutes) 
Disintegrates flocs/aggregates that aids in the release of 

enzymes. 

 CER (4°C, 600 rpm, 1 hour) 

Divalent cations are very important for the cross-linking 

of charged compounds in the EPS matrix; CER removes 

the divalent cations, thus causing the EPS to fall apart. 

Chemical: 2% EDTA (4°C, 3 hours) 
Chelating agent. EDTA also removes divalent cations, 

causing the EPS matrix to fall apart. 

 

36.5% Formaldehyde (4°C, 1 

hour) with 1M NaOH (4°C, 3 

hours 

NaOH increases the pH, resulting in the dissociatoin of 

acidic groups in EPS and the repulsion between the 

negative-charged EPS. The addition of formaldehyde 

reduces the cell lysis that is caused by the addition of 

NaOH.  

 
10% Glutaraldehyde (4°C, 12 

hours) 

As glutaraldehyde has the ability to fix cells and denatures 

EPS, it can also be used to extract EPS. 

 

 

2.6 Organic Matter and Soil Aggregate Stability 

The erosion of cohesive soils is usually in aggregates (Utley & Wynn, 2008; Mirtskhulava, 

1966), so aggregate formation and stability are important processes to understand. Martin et al., 

(1955) defined soil aggregates as “naturally occurring clusters or groups of soil particles in which 

the forces holding the particles together are much stronger than the forces between adjacent 

aggregates” (pp. 3). Particulate organic matter can act as the “center” of newly formed micro- or 

macroaggregates (Six et al., 2004); the formation of these aggregates is influenced by five factors: 

1) soil fauna, 2) soil microorganisms, 3) roots, 4) inorganic binding agents, and 5) environmental 

variables (Six et al., 2004). According to the aggregate hierarchy theory proposed by Tisdall & 

Oades (1982), microaggregates (20-250 µm) and macroaggregates (> 250 µm) form within the 

soil, with microaggregates potentially developing within macroaggregates as well (Oades, 1984). 
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Macroaggregates are temporary structures stabilized by plant roots, hyphae, and other binding 

agents like root exudates while microaggregates are permanent structures stabilized by smaller 

inorganic and organic substances (Kay, 1990; Tisdall & Oades, 1982). 

In riparian zones, plants commonly incorporate organic matter/organic carbon into soils 

via root exudates, root turnover, aboveground biomass decomposition, microbial biomass, and 

mycorrhizae/hyphae inputs (Cotrufo & Lavallee, 2022). The dominant vegetation type plays a role 

in the type and amount of SOC incorporated into the soil environment. Prior studies have measured 

significantly higher total SOC content in woody plant-dominated riparian areas/upland 

environments compared to areas dominated by herbaceous vegetation (de Rebello et al., 2019; 

Paul et al., 2008). On the other hand, Paul et al. (2008) found that higher root densities in grass-

dominated environments may lead to greater fractions of SOC that are directly associated with 

initial aggregate formation/stabilization. 

While plant roots generally improve soil aggregation and increase soil aggregate stability 

compared to bare soil (Graf & Frei, 2013; Gyssels et al., 2005; Haynes & Beare, 1997; Reid & 

Goss, 1981), the impact of live roots is species specific. Reid & Goss (1981) found that maize and 

tomato roots can decrease soil aggregate stability by chelating iron and aluminum, thus destroying 

chemical bonds with organic matter. Another factor impacting root impact on soil aggregate 

stability may be related to the aggregate destruction hypothesis. The hypothesis states that plant 

roots can promote the destruction of soil aggregates more than their formation, thereby exposing 

the physically protected labile soil organic matter (SOM) to microbial attack that can result in 

increased SOM decomposition (Cheng & Kuzyakov, 2005). Lu et al. (2019) investigated the 

effects of three non-woody perennials (Stipa grandis, Leymus chinensis, and Medicago sativa) on 

soil aggregate stability for 476 days. By the end of the experiment, the total weight of 

macroaggregates (> 0.25 mm) was significantly lower in M. sativa treatments compared to the 

bare clay loam soil control (p < 0.05). S. grandis and L. chinensis also had lower macroaggregates 

compared to the control, though not significant at  = 0.05. Additionally, at most time points, Lu 

et al. (2019) measured smaller aggregate stability values in planted treatments compared to bare 

clay loam soil treatments. In particular, M. sativa significantly decreased soil aggregate stability 

compared to unplanted soil at each sampling time used. These results provided evidence for the 

aggregate destruction hypothesis, where plant roots promoted the destruction of stable soil 

macroaggregates more than their formation. 
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When broken down into its elementary mechanisms, soil aggregate breakdown can be 

caused by 1) soil slaking, the rapid disintegration of an aggregate due to the compression of trapped 

air during aggregate wetting; 2) differential swelling that cause microcracking in clayey soils; and 

3) mechanical breakdown due to impact forces (e.g., raindrop impacts) (Le Bissonnais, 1996). 

Organic matter can influence soil aggregate stability by 1) increasing interparticle cohesion and 2) 

increasing soil hydrophobicity (Abiven et al., 2009). Interparticle cohesion can increase soil 

resistance to breakdown to all mechanisms described above, while increasing aggregate 

hydrophobicity influences aggregate wetting rates, thus increasing soil resistance to slaking and 

differential swelling.  

In a laboratory incubation experiment, Annabi et al. (2007) studied the influence of three 

urban compost at two maturity levels on soil aggregate stability. Samples were incubated in 

triplicate for 0, 3, 7, 14, 28, 56, 112, 164, and 336 days at 28°C in complete darkness. Following 

incubation period, samples were analyzed for hot water extractable polysaccharides, microbial and 

fungal biomass, water drop penetration time (measure of hydrophobicity), and aggregate stability. 

Aggregate stability was measured using the fast wetting, slow wetting, and mechanical breakdown 

procedures outlined by Le Bissonnais (1996). An increase in soil resistance to slaking was 

correlated with labile organic matter inputs and subsequent increases in microbial/fungal biomass 

and soil hydrophobicity. On the other hand, only mature compost (lower labile organic carbon 

content) consistently improved soil resistance to mechanical breakdown. Neither microbial 

biomass, fungal biomass, nor hydrophobicity were positively correlated with mechanical 

breakdown (Annabi et al., 2007); thus, the authors suggested that increased interparticle cohesion 

probably occurred due to the diffusion of organic substances into the aggregates from mature 

composts.  

In a 9-year field study, Annabi et al. (2011) found similar results. Soils amended with 

municipal solid waste compost (MSW), farmyard manure (FYW), biowaste compost (BW) and 

green waste and sewage sludge compost (GWS) were compared to an unamended control. The 

MSW amendment provided the most labile organic carbon to the soil environment and was found 

to have the greatest improvement on soil resistance to slaking. Biowaste compost had the lowest 

carbon mineralization rate but the highest improvement on soil resistance to mechanical 

breakdown compared to the control. The biodegradability of the organic matter (OM) amendment 

also influenced total organic carbon (TOC) contents over the course of the experiment; TOC 
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increased by 3.5, 2.7, 2.6, and 0.5% yr−1 in the GWS, FYM, BW and MSW treatments, 

respectively, compared to the control.  

Recent work has also described significant relationships between bound EPS, labile OM 

inputs, and soil aggregate stability. In the 2020 field study conducted by Redmile-Gordon et al. at 

Rothamsted Research, UK, the authors investigated the effect of land use and agricultural 

management changes on soil EPS and soil aggregate stability. Treatment plots included established 

grassland, fertilized arable, and fallow sites (> 50 years) and recently converted sites (e.g., a 

grassland converted to a arable field, 2.5 years). The authors found that recent land use changes 

had a greater impact on soil EPS and aggregate stability (fast wetting method) compared to larger 

accumulations of “old” soil organic matter, with high C input from perennial grassland 

contributing the greatest EPS and stability. Redmile-Gordon et al. (2020) also found both EPS 

proteins and carbohydrates were significantly correlated with soil MWD, but EPS proteins had the 

higher R2 (0.30 vs 0.15). 

Some studies suggest the increase in macroaggregate stability with increasing organic 

matter is driven by soil fungi populations (Lucas et al., 2014; Tang et al., 2011). Every five days 

for 40 days in total, Tang et al. (2011) measured water stable soil aggregates, EPS carbohydrates, 

fungal and bacterial biomass, and fungal hypha length in soil amended with 1% maize leaves and 

compared the results to unamended soil samples. The authors found that stable large 

macroaggregates in amended treatments increased significantly compared to the control at every 

measurement time. However, when fungicide was applied to the soil samples, maize leaves had 

no effect on macroaggregate formation. While the application of bactericide also impacted final 

macroaggregate stability, the effect was not as dramatic as fungicide, indicating that fungi played 

a more dominant role in macroaggregate formation compared to bacteria. Lucas et al. (2014) found 

similar results to Tang and colleagues when considering how different soil amendments (vetch 

clippings, vegetable compost, and dairy manure) impact large macroaggregate weight. Over the 

82-day incubation period, Lucas et al. found vetch clippings and manure amendments significantly 

increased soil macroaggregate mass compared to the unamended control. This significant increase 

was attributed to the higher fungal:bacterial ratios measured in the vetch and manure treatments 

due to their relatively high levels of bioavailable organic carbon, as compared to the compost 

amendment and the control. 
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Barto et al. (2010) used structural equation models to explore how biotic and abiotic factors 

impacted soil aggregate stability. Experiments were in the German Biodiversity Exploratories, 

with sites in Schorfheide Chorin, Hainich Dün, and the Schwäbische Alb. From the 27 50 m x 50 

m grassland sites selected, five 200 g soil samples (0 – 10 cm depth) were randomly collected. 

Biotic factors measured included arbuscular mycorrhizal fungi (AMF), root length (0-0.2 mm and 

0.2-1 mm), and intraradical AMF structures (e.g., hyphae and vesicles that grow inside plant roots). 

Abiotic factors measured included soil hydrophobicity, aggregate stability, total N and C, and plant 

available P. When considering biotic factors alone, extraradical AMF length was the only 

parameter to have a significant positive effect on aggregate stability. However, when considering 

abiotic and biotic factors together, extraradical AMF (e.g., AMF structures that grow outside plant 

roots) length was no longer a significant predictor of aggregate stability. In contrast, only abiotic 

factors (sand and carbonate-C concentrations) developed significant and negative correlations with 

aggregate stability. While testing biotic and abiotic factors together explained the most variation 

within the structural model, unexplained variation ranged between 57-85%, strongly suggesting 

that there are additional factors they did not measure that also influenced soil aggregate stability. 

Nevertheless, Barto et al. (2010) attributed their aggregate stability results to the high total 

abundance of water stable aggregates initially found at their sites (92 +/- 7.2%). In such highly 

aggregated systems, they explained that the effects of biotic factors that increase aggregation may 

be less apparent than effects of abiotic factors that decrease aggregation. 

Soil aggregates and labile OM inputs are directly linked to the resistance of soil to erosional 

processes, specifically water erosion (Barthès & Roose, 2002; Le Bissonnais, 1996). Li et al. 

(2021) conducted simulated rainfall experiments on loess soil samples with increasing soil organic 

carbon (SOC) content (7.54 to 21.69 g kg-1). The authors found that SOC and light fraction organic 

carbon, which represents the labile portion of organic matter contents, played key roles in 

increasing soil aggregate stability and reducing aggregate disintegration during splash erosion 

events. Barthès & Roose (2002) studied the susceptibility of soil to water erosion in the field and 

related it to topsoil aggregate stability. In study areas were intense rainfall is frequent, Barthès & 

Roose (2002) found that runoff rates and soil loss were negatively correlated with topsoil aggregate 

stability, especially stable macroaggregate contents. The stability of soil aggregates has been 

shown to increase with plant roots (Reid & Goss, 1980, 1981) due to the release of organic 

exudates within the rhizosphere, further reducing soil erodibility. Increases in stable aggregates 
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have been measured in newly cleared fields as well (Turkelboom et al., 1997). A reduction in soil 

loss was correlated with this increase in stable aggregates, but soil loss increased overtime as the 

roots decayed and aggregates broke down.  

 

2.7 Plant Root Mechanisms 

Vegetation and the associated roots significantly influence the erodibility and migration of 

streambanks (Ielpi et al., 2022; Miller et al., 2014; Purvis & Fox, 2016; Smith, 1976; Wynn & 

Mostaghimi, 2006). In 1976, Derald Smith conducted an experiment on well-vegetated vs. 

unvegetated anastomosed channels in Banff Park, Alberta. Using bank pins and an instream 

erosion box, Smith concluded that areas with 16%-18% root reinforcement were 600 times more 

resistant to erosion compared to unvegetated sections. When root riprap was also added to the 

vegetated banks, these sediments were 20,000 times more resistant to erosion than bare sediments. 

The potential root mechanisms that drive this increased resistance are explored in the following 

sections. 

 

2.7.1 Mechanical Effects of Root Reinforcement 

In 1966, Henri Vidal (Vidal, 1966, 1969) introduced the theory of earth reinforcement. 

Initially, the theory referred to creating a composite material containing earth (soil or rocks) and 

linear reinforcement (strip, bars, fibers, etc.) with high shear and tensile strength (Shukla et al., 

2009). This concept quickly expanded to plant roots (strong in tension, weak in compression) and 

soil (weak in tension, strong in compression). Like Weaver & Noll's (1935) description, root 

reinforcement is analogous to the use of fibers in the reinforced earth theory: tensile resistance in 

the roots is mobilized by soil shear stresses, increasing the soil shear strength and apparent 

cohesion (Coppin & Richards, 1990; Gray & Leiser, 1982). Because of this increase in soil shear 

strength, root reinforcement using vegetation has been shown to stabilize slopes, preventing soil 

loss due to landslides and erosion (Gray, 1973; Rice et al., 1969). 

Root reinforcement of streambanks increases the mechanical shear resistance of soil 

(Docker & Hubble, 2008; Thorne, 1990). Quantification of this increased soil strength was 

measured in-situ on four common Australian riparian trees by Docker & Hubble (2008) using field 

shear-boxes. The magnitude of shear strength increased linearly with increasing root area ratio 

(RAR), defined at the shear plane, as well as root tensile strength and orientation in the soil. 
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Abernethy & Rutherfurd (2001) noted that root distribution also plays an important role in 

streambank stability. In their field and lab studies on two Australian riparian trees (Eucalyptus 

camaldulensis-river red gum and Melaleuca ericifolia-swamp paperbark), Abernethy & 

Rutherfurd (2001) found that bank root reinforcement decreased exponentially with depth and 

distance away from the trees. 

 

2.7.2 Hydrological Effects  

Interception of rainfall by plant canopies and the extraction, or evapotranspiration (ET), of 

water by roots for aboveground plant use (Dingman, 2001) constitute the hydrologic effects of 

vegetation (Pollen et al., 2004; Simon & Collison, 2002) on streambank soils. Drier soil leads to 

reduced positive pore-water pressure and enhances the development of matric suction, leading to 

increased shear strength and, consequently, increased bank stability (Simon & Collison, 2002). 

For example, Pollen et al. (2004) measured a 1-3 kPa increase in the apparent cohesion due to 

increases in matric suction by ET by young trees. Due to negligible ET in winter and spring 

months, root reinforcement due to hydrologic effects is generally greatest in the summer (Pollen-

Bankhead & Simon, 2010; Simon & Collison, 2002). 

Simon & Collison (2002) measured how the hydrologic effects of four riparian tree species 

and two erosion-control grasses impacted bank stability. They conducted in-situ shear tests and 

characterization of root parameters (i.e., tensile strength) along with measurements of bank pore-

water pressures at varying depths. Using the ARS bank stability model, Simon & Collison (2002) 

found that the mechanical and hydrologic effects of vegetation on bank stability vary with species 

and time. Mechanical effects increased bank stability in summer and spring months for both 

species while hydrologic effects decreased bank stability in the spring. Pollen-Bankhead & Simon 

(2010) reported similar results; the hydrological reinforcement of riparian tree and switchgrass 

species, measured through increases in apparent cohesion, was estimated as 1.0-3.1 kPa in spring 

and as high as 5.0 kPa in summer. 

 

2.7.3 Root Biochemical Effects 

While washing root cores, Tengbeh (1993) noticed adhesion of soil particles onto root 

surfaces. The process to remove clay soil particles from the roots was more difficult than removing 

sandy clay loam particles. Because the grasses used were known to exude organic exudates, 
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Tengbeh (1993) suggested that this process bound soil particles to root surfaces, increasing soil 

strength. Some recent research has focused on the role these biochemical root processes play in 

protecting soil from concentrated flow erosion.  

Wang et al. (2014) investigated the effects of near surface soil characteristics on overland 

flow in a 7-yr old natural succession grassland located in the Loess Plateau, northeast China. The 

experiment consisted of five treatments controlling for root physical and chemical effects (dead 

vs. live roots), plant litter, and biological soil crusts (BSCs). Flume study results indicated a 98.9% 

reduction in soil detachment capacity due to near surface soil characteristics, with 30.3%, 14.9%, 

and 53.7% contributed by plant litter, BSCs, and total roots (combined chemical and physical), 

respectively. Further breakdown explained that 39% and 14.7% of the total root effects were due 

to the physical (root-binding) and biochemical (root-bonding) effects of plant roots, respectively. 

Wang et al. (2015) and Li et al. (2017) found similar results. Wang et al. (2015) looked at 

the resistance to overland flow in 1-yr and 24-yr old natural succession grasslands. Experimental 

treatments controlled for the same variables described by Wang et al. (2014). Over 60% and 62% 

of the variance in the soil erosion resistance was explained by total root effects for the 1-yr and 

24-yr grasslands, respectively. Root chemical bonding explained 7% of the total root effects in the 

1-yr grassland and 14% in the 24-yr old grassland. Combined with results presented by Wang et 

al. (2014), this suggests that root chemical bonding effects increase in significance over time as 

vegetation matures, up until a threshold value. In Li et al. (2017), biochemistry effects of plant 

roots were determined using four treatment types: 1) purple alfalfa root-penetrated soil, 2) loess 

soil sampled below rooting depth, 3) soil sampled < 25 cm and sieved (biochemical effects), and 

4) root-texture cotton thread penetrated soil (physical effects). Soil detachment rates due to 

concentrated flow showed biochemistry effects contributed 20% of the overall root-reinforcement. 

Additionally, as root density increased, the physical binding effect of roots increased while the 

biochemistry effects decreased. 

 

2.7.4 Effect of Root Density and Root Volume 

In response to the severe agricultural damage caused by dust storms that occurred in the 

drought-stricken Southern Plains region of the United States in the 1930s (i.e., the Dust Bowl), 

research around the 1930s saw increased investigations into understanding how vegetation reduced 

soil erosion and runoff (e.g., Kramer & Weaver, 1936). Kramer & Weaver (1936) were the first to 
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examine the role plant tops (foliage) and bottoms (roots) played in protecting soil from 

concentrated flow erosion. Rectangular (1 m long, 0.5 m wide and 10 cm deep) samples of multiple 

field crops, pasture crops, weeds, and native plants were collected and placed on a slope in a 

greenhouse. Water was applied to the sloped samples and the time required for an entire soil 

sample to be washed away was monitored; treatments included bare soil, plant roots alone, and the 

combination of plant roots and foliage. While the combination of aboveground foliage and roots 

had the greatest impact on reducing the erosion time, roots alone significantly influenced the 

erosion time as well. For example, bare soil took 16-18 minutes to erode, with roots of sunflowers, 

millet, or Sudan grass, erosion time increased to 2-4 hours, and with foliage added on, about 35%+ 

of soil remained after 9-12 hours.  

While much of the early work on vegetation and soil erosion focused on aboveground 

biomass, research within the last two decades has expanded on how plant roots protect soil from 

erosion by water. Gyssels & Poesen's (2003) field experiment measured the erosion rates of 

previously formed rills and gullies flowing within fallow soil or soil planted with winter cereal 

crops (barley, wheat, triticale) or grasses. The grasses and cereal crops were members of the family 

Gramineae or Poaceae. Their results showed rill/gully cross-sectional areas decreasing 

exponentially as root and shoot density increased. Because both below- and aboveground 

biomasses explained the exponential decrease in soil detachment rates (SDR), Gyssels & Poesen 

(2003) emphasized the importance of vegetation density measurements for all plant components.  

Additional studies have reported exponential decreases in SDRs as root density (RD), 

defined as the dry root mass per unit volume of soil, increases (De Baets et al., 2006; De Baets et 

al., 2007; Zhang et al., 2013). However, results from a flume study conducted by Gyssels et al. 

(2006) on single- and double-drilled field crops (barley, winter wheat, spring wheat) were 

inconclusive. For this project, samples were grown in the field and taken at various stages of 

growth for flume experiments. Using the Hill curve (Hill, 1910) empirical equation (EQ. 2.2), 

Gyssels et al. (2006) predicted a 50%-60% decrease in soil detachment. However, RD had no 

significant impact on SDR during flume experiments. Aging effects, or changes in root effects and 

soil properties over time, were described as potential causes of this deviation. Gyssels et al. (2006) 

found that their roots only affected soil erosion significantly when cracks or irregularities were 

present in the soil surface. De Baets et al. (2006), De Baets et al. (2007), and Zhang et al. (2013) 

conducted experiments using a similar procedure; however, in each case all samples were collected 
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at the same time. Because of variations in vegetation, soil type, growth environments, and flume 

characteristics, comparisons between articles are challenging. 

𝐷𝑟𝑟 =
𝑅𝐷−0.85

5.32+𝑅𝐷−0.85
      (2-2) 

where  Drr = the soil detachment rate; and RD = root density (kg m-3). 

Root length density (RLD), defined as the root length per unit volume of soil, is another 

common measurement found when studying the impacts of root properties on erosion by 

concentrated flow. Mamo & Bubenzer (2001a) conducted a flume study using pipes packed with 

bare or ryegrass-rooted soil to study the effects of roots on rill erosion. Erosion tests were 

conducted at three different time periods at various flow rates: 1) 8, 12, and 16 weeks after initial 

planting (experiment I) and 2) 6, 8, 10, 12, 14, and 16 weeks after initial planting (experiment II). 

Mean soil detachment rates for rooted samples decreased by 64% and 27% in experiments I and 

II, respectively, compared to fallow soil. SDR and rill erodibility decreased exponentially as RLD 

increased as well. A companion field study (Mamo & Bubenzer, 2001b) and a flume experiment 

setup by De Baets et al. (2006) found similar exponential decreases in SDR as RLD increased.  

Burylo et al. (2012) expanded on the idea presented by Gyssels & Poesen (2003) and 

measured ten different plant traits to assess their impact on concentrated flow erosion, including 

RD, RLD, root diameter, percent fine roots (%FR), specific root length (SRL) [the ratio of root 

length to dry mass of fine roots], and external root surface (RSA). Flume experiments used two 

tree species (Pinus nigra austriaca and Robinia pseudo acacia) and one grass species 

(Achnatherum calamagrostis) after four weeks of growth. Robinia pseudo acacia roots reduced 

SDR the most, followed closely by Achnatherum calamagrostis. The two tree species had tap roots 

whereas the grass had a fibrous root system; however, Robinia pseudo acacia was characterized 

by small diameter roots and high values of %FR, SRL, RLD and RSA (opposite for Pinus nigra 

austriaca's roots). Burylo et al. (2012) results suggest that RLD, SRL, and RSA, in combination 

with root diameter and %FR are better indicators of soil detachment rates than RD (found no direct 

relationship between RD and SDR). Tap rooted plants have been shown to be less efficient at 

protecting soil from concentrated flow events (De Baets et al., 2007; Li et al., 1991). However, 

Burylo et al. (2012) found significant correlations between SDRs and other plant functional traits, 

implying that root diameter alone may not explain the differences in detachment rates between 

fibrous and tap rooted plants. 
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2.7.4.1 Large Diameter vs. Small Diameter Roots 

The impact of plant type on fluvial erosion is an ongoing debate. Some studies have found 

vegetation with a greater percentage of fine roots has lower soil detachment rates compared to tap 

(large) rooted systems (Burylo et al., 2012; De Baets et al., 2007). Narrower stream channels have 

been associated with grassland riparian areas, suggesting that grasses better resist bank erosion 

compared to forested riparian areas (Davies-Colley, 1997). In contrast, field measurements of 

fluvial erosion on streambank soils showed an inverse relationship between root diameter and soil 

erosion (Wynn & Mostaghimi, 2006). Observations and measurements of channel migration after 

major flood events illustrated that stream reaches with forested riparian areas eroded less than their 

grassy counterparts (Rood et al., 2015). Anderson et al. (2004) sought to provide some clarity on 

these contradictory results by examining datasets for factors affecting widths of streams and rivers. 

The authors found that the effect of riparian vegetation on channel size was scale-dependent. 

Channels with thick woody vegetation were narrower than grass lined or unforested banks when 

catchments were greater than 10–100 km2; the opposite relationship was found for smaller 

catchments. 

The erosion testing method used appears to contribute to this uncertainty. Wynn & 

Mostaghimi (2006) conducted submerged jet tests on streambank soils near Blacksburg, VA USA 

to study the effects of root density, subaerial processes, and soil type and chemistry on the 

erodibility and critical shear stress of streambanks. Both the upper (within 45 cm of top of bank) 

and lower (within 1 m of base flow water level) banks were tested at 25 sites along six different 

streams. When conducting in-situ submerged jet tests on streambank soils near Blacksburg, VA 

USA, Wynn & Mostaghimi (2006) found that increases in the root volume ratio of 2 to 20 mm 

diameter roots had a significant inverse effect on soil erodibility. Similarly, Khanal & Fox (2017) 

measured a negative, nonlinear relationship between soil erodibility and root diameter (as root 

diameter increased, kd decreased exponentially) on greenhouse grown root samples. These findings 

contradict previous concentrated flow/flume studies that have found finer roots (<2 mm) decrease 

soil erodibility compared to larger diameter roots (Burylo et al., 2012; De Baets et al., 2007; Li et 

al., 1991).  
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2.8 Impact of Vegetation on Stream Hydrodynamics and Erosion Potential 

2.8.1 Channel Beds 

Over the last three decades, the impact of vegetation on stream hydrodynamics has received 

increased attention. In channel beds, fully submerged seagrass meadows have been shown to 

enhance or diminish sediment deposition depending on the meadow density (a function of shoot 

diameter and average spacing between shoots) (Lawson et al., 2012; Nepf, 2012a; van Katwijk et 

al., 2010; J. Zhang et al., 2020). At various intertidal field sites within the Netherlands, van Katwijk 

et al. (2010) found that meadows with high vegetation cover (≥ 160 shoots m-2) at relatively sandy 

sites showed clear increases in fine sediment/organic matter (OM) deposits as opposed to adjacent 

unvegetated sediment sites. In contrast, at relatively muddy sites with low vegetation cover (< 120 

shoots m-2), the authors measured a significant decrease (increased erosion) of fine sediments/OM 

compared to nearby unvegetated sites. Similarly, using seagrass microcosms, Lawson et al. (2012) 

measured increasing sediment suspension into the water column at shoot densities between 76 to 

239 shoots m-2 compared to the bare soil control. However, at the highest shoot density used in the 

study (558 shoots m-2) suspended sediment in the water column was zero (sediment erosion was 

eliminated).  

The reduction of particle retention in sparse meadows has been linked to sediment 

resuspension through stem-scale turbulence (Zhang et al., 2020). At low shoot densities, individual 

shoots may generate additional turbulence because channel velocity was not significantly 

diminished relative to bare soil (see Figure 2 in Nepf, 2012a). Zhang et al. (2020) demonstrated 

this link between sediment resuspension and stem-scale turbulence in their flume study. Using 

rigid circular rods representing seagrass canopies, Zhang et al. (2020) found that particle retention 

in meadows is enhanced or diminished compared to adjacent bare soil depending on the meadow 

density and channel velocity. When using a relatively sparse meadow (260 shoots m-2) and a flume 

velocity of 0.16 m s-1, the authors measured identical net depositions and near-bed turbulences 

within the meadow ([3.8±0.8]×10-4 m2 s-2) and over bare soil in an open channel ([3.6±0.7]×10-4 

m2 s-2). However, when the flow rate was increased to 0.22 m s-1 using the same meadow density, 

net sediment deposition decreased and near-bed turbulence increased within the meadow 

compared to the bare soil ([7.4±1.4]×10-4 vs. [5.1±1.0]×10-4 m2 s-2 for meadow and bare soil, 

respectively). 
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2.8.2 Riparian Floodplains 

One of the early written descriptions of the impact of floodplain vegetation on stream flow 

dates back to 1892. Shaler (1892) observed that: "No sooner do the waters recede than certain 

plants of swift growth, which find their appropriate conditions on the verge of the river, extend 

their roots through it and cover it with their thick-set stems, and thus bind the new-made land 

firmly together" (pp. 290-291). With the newly grown vegetation, Shaler (1892) described a 

slackening of water discharge as the water flowed over the streambanks. This slackening, Shaler 

explains, led to an increase in the rate of vertical sediment accretion on floodplains.  

Since Shaler’s observation, more in depth experiments have been conducted investigating 

near-bank velocity and turbulence under the presence of vegetated floodplains. Using a Froude-

scaled hydraulic model of a northeastern Vermont stream, McBride et al. (2007) conducted a flume 

experiment to compare the near-bank turbulence between forested and non-forested floodplain 

vegetation. Synthetic grass and wooden dowels were used to represent non-forested and forested 

floodplains, respectively. An acoustic doppler velocimeter (ADV) measured three-dimensional 

velocities to characterize velocity distribution and turbulence within the floodplain vegetation, 

near the streambank, and within the main channel. The mean near-bank streamwise velocity for 

the non-forested floodplain (39.8 cm s-1) was significantly higher (p < 0.0001) than the near-bank 

velocity of the forested floodplain (36.9 cm s-1). However, near-bank turbulent kinetic energy for 

the forested floodplain was roughly double the non-forested condition, indicating that forested 

floodplains have a potential for higher streambank erosion. 

Hopkinson & Wynn (2009) explored the influence of unvegetated and vegetated (grass, 

shrub, and tree) sloping streambanks on near-bank and main channel velocity and turbulence. A 

second order prototype stream, simulating Tom’s Creek in Blacksburg, VA, USA, was created in 

a flume channel. Trees and shrubs were simulated using 1.5 to 6.4 cm and 0.3 cm wooden dowels, 

respectively. Woven grass mats with widths of 0.6 cm and lengths of 20.5 cm were used to 

represent grass banks; shrub and grass stem densities were 1296 stems m-2 and 4150 stems m-2, 

respectively. Hopkinson & Wynn found near-bank streamwise velocities to decrease for all 

vegetation types when compared to the unvegetated condition. TKE increased near the 

streambank, particularly at the streambank toe, for the shrub treatment compared to all other bank 

conditions. On the other hand, turbulence was lower near the bank for the grass treatment, 

potentially due to the folding of the vegetation during flume testing.  
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Similar to Hopkinson & Wynn’s study, Liu et al. (2017) and Valyrakis et al. (2021) 

conducted a series of flow and turbulence flume experiments using a simulated sloping 

streambank. Vegetation elements, represented by 0.6 cm diameter acrylic dowels, were placed at 

varying densities along the sloping bank during each flume run. The total number of streambank 

rods for each flume run and the vegetation density ranged from 30 stems m-1 to 540 stems m-1 and 

0.06 stems m-1 to 1.88 stems m-1, respectively. Using an ADV to measure velocity and turbulence 

distributions, Liu et al. (2017) found turbulence intensities to initially increase at the streambank 

toe for sparsely spaced vegetation densities (0.06 stems m-1 to 0.23 stems m-1) compared to the 

unvegetated streambank model. However, as vegetation density increased (0.47 stems m-1 to 1.88 

stems m-1), turbulence intensities were lowered by a maximum of ~20% compared to the 

unvegetated streambank. On the other hand, for the same flume configurations, Valyrakis et al. 

(2021) showed that boundary shear stress (i.e., erosion potential) nearly doubled in the main 

channel for dense vegetation configurations (0.94 stems m-1 to 1.88 stems m-1) compared to 

unvegetated configurations.  

 

2.9 Summary 

Broadly, climate change and land use changes may impact streambank erosion and channel 

migration in part due to changes in water and soil temperature (Hoomehr et al., 2018; Nelson & 

Palmer, 2007) storm frequency/intensity (Ross et al., 2019), and invasive species encroachment 

like Japanese knotweed. Bank erodibility can have significant impacts on channel morphology, 

including meander morphology (Bogoni et al., 2017) and channel form (Fernandez et al., 2021). 

Therefore, effectively mitigating and adapting to changing environmental conditions and the 

consequential impacts on channel migration is not possible without first understanding the 

components (e.g., organic matter and vegetation) and/or processes (e.g., exudate production) that 

are important to soil stability.  

Prior experiments have shown that erosion rates and sediment transport are influenced by 

soil microorganisms and the production of extracellular substances (Gerbersdorf & Wieprecht, 

2015; Parsons et al., 2016), labile organic matter inputs (Li et al., 2021), plant roots and root length 

density (Burylo et al., 2012; De Baets et al., 2007; De Baets et al., 2020), and vegetation impacts 

on stream hydrodynamics (Lawson et al., 2012; van Katwijk et al., 2010; J. Zhang et al., 2020). 

However, these mechanisms have typically been considered individually in streambed or upland 
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soil environments. As a result, many questions remain regarding the relative influence of these 

mechanisms on the soil erosion rates of a vertical streambank, where the forces of gravity are 

working against soil resistance. For example, while (Wang et al., 2014, 2015) found results to 

suggest that root biological effects on soil erosion increased over time as vegetation matured, 

evidence illuminating microbial vs. root effects on streambank soil erosion is not currently 

available. Additionally, vegetation in sparsely spaced meadows within fully submerged channels 

have also been shown to increase sediment erosion when compared to bare soil counterparts 

(Zhang et al., 2020). Given that roots input organic matter into the soil environment and will extend 

out of a streambank face as erosion occurs, more research is needed to clarify the relationship 

between roots along a streambank, stream hydrodynamics, soil microorganisms, and soil erosion 

rates. Therefore, this research sought to answer the following questions:  

1. How does soil microbial production of EPS, stimulated through labile organic matter 

inputs, impact soil properties such as aggregate stability and soil resistance to fluvial 

erosion? 

2. How do fibers that extend out of a vertical streambank face impact near-bank velocities, 

turbulence, and soil erosion rates within the fully develop region? 

3. Does the density and type (flexible vs. rigid) of synthetic fibers, representing root binding 

effects, influence soil resistance to fluvial erosion? 

4. How does the combination of synthetic fibers, microbial production of EPS, and changes 

in the boundary layer influence overall soil erodibility? 
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Chapter 3. Do Roots Bind Soil? A Mini-JET Study 

Plant roots are known to affect streambank fluvial entrainment through 1) physically 

binding soil aggregates, 2) biochemically bonding soil aggregates to root surfaces, 3) cementing 

soil aggregates together through the release of organic root/microbial exudates, and 4) altering 

near-bank flow and turbulence. Limited work had been done to access the relative impact of each 

of these root mechanisms on soil resistance to streambank erosion. Therefore, the first study 

described here sought to study root and soil microbial impacts on streambank soil erosion using a 

mini-Jet Erosion Testing (JET) device. The following hypotheses were addressed: (1) the fiber 

matrix created by artificial roots increases soil resistance to fluvial erosion; (2) the soil microbial 

community enhances streambank erosion resistance through the production of extracellular 

polymeric substances (EPS); and (3) the fiber matrix of live roots provides the most resistance to 

fluvial erosion. 

 

3.1 Methods 

To compare the physical and biological effects of plant roots on five treatments (12 

replicates per treatment) were created (Table 3-1): (1) no roots, sterile soil (NR-S); (2) synthetic 

roots, sterile soil (SR-S); (3) no roots, inoculated soil (NR-I); (4) synthetic roots, inoculated soil 

(SR-I); and (5) live roots, inoculated soil (LR). Following mini-JET testing, soil erosion was 

quantified by measuring the final volume of soil loss and calculating critical shear stress (τc) and 

soil erodibility (kd). Potential explanatory soil and root properties, including percent water stable 

aggregates (%WSA), root length density (RLD), and extracellular polymeric substances (EPS), 

were also measured. 

 

 

Table 3-1: Experimental treatments and the hypotheses addressed 

 
No Roots 

(NR) 

Synthetic Roots 

(SR) 

Live Roots 

(LR) 

Sterile Soil (S) Control Fibers important? - 

Inoculated Soil (I) 
Soil microbes 

important? 

Fibers + soil 

microbes important? 

Living roots + soil 

microbes important? 
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3.1.1 Vegetation, Soil, and Container Preparation 

Herbaceous (switchgrass, Panicum virgatum, ‘Alamo’) plants were harvested from the 

Virginia Tech Price’s Fork Research Center in Blacksburg, VA and stored at 4°C in moist soil 

until planting. For synthetic roots, four different sizes of 100% polyester sewing thread and filler 

cords were selected in three different diameter classes: (1) 0.2 mm and 0.3 mm very fine thread 

(Coats and Clark Dual Duty XP®, Charlotte, NC); (2) 1.0 mm fine cords (PandaHall, ShenZhen, 

China); and (3) 2.0 mm small cords (Bohemian Findings, Prince Edward Island, Canada). The root 

length density used for the very fine (0.78 cm cm-3), fine (0.10 cm cm-3), and small diameter (0.012 

cm cm-3) classes were determined in a preliminary study where switchgrass plants were grown and 

RLD was measured after growth.  

Silt loam (16% clay, 4% sand, and 80% silt) soil was collected from the New River 

floodplain near Whitethorne, VA (37.192616°, -80.573133°). After passing the soil through a 1 

mm sieve, ~500 kg of soil was placed in multiple 19-L buckets and steam sterilized for two hours 

at 100°C. After cooling for two hours, the sterilized soil was stored in three 210-L covered bins 

until use. 

Plastic containers (20 x 20 x 20 cm, U.S. Plastic Corp., Lima, OH) with lids were modified 

to allow air interaction with one side of each container to simulate a streambank. Prior to any soil 

placement, each container was prepared by removing one side and replacing it with nursery fabric 

to provide stability once the soil was placed in the container. In addition, it enabled any root 

systems to grow in a semi natural state simulating a streambank, as the mesh allowed both air and 

water to pass through. Four drainage holes were drilled in the bottom of each container. Before 

planting and/or soil placement, the inside of each container was sprayed with SpinOut® (SePRO 

Corp., Carmel, IN), a root-growth regulator that prevented roots from growing along and pushing 

on the bucket sides. SpinOut® was not sprayed on the container bottom or over the nursery fabric, 

allowing the roots to grow down and out through the mesh. Finally, for the NR-S and NR-I 

treatments, soil was placed in each container and compacted to achieve a dry bulk density of 1.0 g 

cm-3 in a 4900 cm3 volume.  
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Figure 3-1: “Planting” of synthetic roots in soil container. Roots were randomly distributed in 

container before soil was compacted inside. The dimensions of the container were 20 x 20 x 20 

cm. 

 

  

Synthetic roots used in SR-S and SR-I treatments were created by tying the desired amount of 

polyester thread at each diameter using tape. To arrange the synthetic roots, four cable ties were 

place over the soil containers, creating nine different rectangular sections (Figure 3-1). For SR-S, 

the tied synthetic roots were rinsed with bleach for two minutes to clean the surfaces, then rinsed 

thoroughly for 10 min with tap water. After drying, the synthetic roots were separated and placed 

randomly into each rectangle. Lastly, soil was placed inside and compacted around the roots to the 

desired bulk density of 1.0 g cm-3. Excluding the bleach and rinsing step, the same method was 

utilized to “plant” synthetic roots for SR-I. Before planting, switchgrass plants were removed from 

the cooler and rinsed thoroughly with water to remove excess field soil. Sterile soil was compacted 

into containers and the rhizomes were planted by removing the topsoil layer, placing the plug, and 

then replacing the soil. All brown shoots were removed, and each sample was left with one green 

shoot (any extra green shoots were removed as well). For all inoculated treatments, a broth was 

created by mixing 1 kg of dry nonsterile soil, collected from the New River floodplain at Kentland 
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Farm (Blacksburg, VA), with 19 L of dechlorinated water. After settling, 1 L of the supernatant 

was used to inoculate the non-sterile treatments (NR-I, SR-I, LR). Sterile treatments (NR-S, SR-

S) were watered with 1 L of dechlorinated water. 

After all treatments were set up, the soil containers were placed in 8.5-cm deep aluminum 

trays and allowed to mature in a greenhouse. The containers were arranged in blocks, with one 

container for each treatment randomly placed within each block. Watering by capillary action was 

done to reduce the effect of soil wetting/drying cycles on measured soil erosion, particularly in the 

live rooted samples. Therefore, sample trays were filled frequently, about every 1-2 d, to keep the 

soil consistently moist. Although some sample trays did dry out during the first- and second weeks 

following sample placement, when both the soil and vegetation were taking large amounts of water 

overnight, sample trays were rarely empty of water for the remainder of the experiment.  

 

3.1.2 Erosion Resistance Measurements 

A commonly used fluvial erosion model is the excess shear stress equation:  

εr = kd(τ – τc)
a       (3-1) 

In this equation, εr = the erosion rate in a volume of soil per unit time and unit area (cm3 h-1 cm-2), 

kd = the erodibility coefficient (cm h-1 Pa-1), τ = the applied shear stress (Pa), τc = the critical shear 

stress (Pa), and a = an exponent typically assumed to equal one. Based on the excess shear stress 

equation, soil erosion rates depend on τc, the shear stress at which the soil will start eroding, and 

kd, the volume of soil eroded per unit time and per unit of applied force (Hanson et al., 2002; 

Hanson and Simon, 2001).  

Hanson (1990) designed the submerged, vertical jet device to measure the soil erodibility 

coefficient and critical shear stress in situ. Hanson and Cook (1999; 2004) modified the initial JET 

apparatus for increased flexibility in field testing and provided a detailed description of the “multi-

angle” jet along with the data analysis methods. In 2008, a miniature version of the JET device 

was developed for easier lab and field use (Simon et al., 2010). A version of the mini-JET device 

was used for this study. JET calibration was done following the instructions provided in the JET 

Spreadsheet Tool version 2.1 (Daly et al., 2013). 

Erosion testing was conducted for an entire block when the roots of the vegetated sample 

within that block were visible through the drainage holes or nursery fabric at the bottom of the 

container. This happened within 5 – 8 weeks of planting for all blocks. The day before jet testing, 
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samples were allowed to wet via capillary rise; the volumetric moisture content (VWC) of each 

sample was measured immediately prior to testing using a HydroSenseTM Soil Water Measurement 

System (Campbell Scientific, Australia). However, VWC of the first eight samples tested with the 

mini-JET was not measured. Aboveground biomass was cut at the soil surface for vegetated 

samples and the container was placed in a horizontal position prior to removing the nursery fabric. 

Care was taken not to disturb roots growing at the “bank” face. 

JET testing was conducted similarly to the methods described in Khanal et al. (2016). First, 

the mini-JET metal foundation ring was inserted into the exposed soil face until flush with the soil 

surface. Next, the mini-JET tank was attached and filled with water until the nozzle was completely 

submerged; a constant water head was maintained using a head tank. After the JET nozzle was 

submerged for two minutes, a jet of water was applied perpendicularly to the soil surface. Each 

run was conducted at the same head setting of 43 cm. Scour depth measurements were taken every 

15 s until the depth reading remained constant for three consecutive point gage readings. The time 

between scour depth readings was increased to 30, 45, 60, and 300 s sequentially following three 

constant depth readings at each setting. Using this testing procedure, the erosion testing run time 

(RT) varied for each sample. To account for this variation, RT was considered a dependent variable 

in all regression analyses.  

Mini-JET erosion test data can be analyzed using three possible solution techniques: (1) 

Blaisdell’s solution, (2) the Scour Depth solution, and (3) the Iterative solution (Daly et al., 2013). 

Although Blaisdell’s solution (Blaisdell et al., 1981) has been commonly used for calculating τc 

and kd, recent work has shown that the scour depth method provided more stable solutions to the 

excess shear stress equation compared to Blaisdell’s solution (Daly et al., 2013). Thus, the scour 

depth solution method was used in this study along with the excel spreadsheet analysis tool 

developed by Daly et al. (2013) to calculate τc and kd. Plots of observed and predicted scour depth 

vs time provided were inspected to determine model fit. For all samples, the scour depth solution 

method fit the observed scour data better than both the Blaisdell and Iterative solution methods.  

Preliminary erosion testing using the mini-JET on rooted and bare soil samples revealed 

that the scour holes formed by the jet were not always uniform between treatments (Figure 3-2). 

Wider and shallower scour holes generally formed in no rooted (Figure 3-2a-b) and synthetic 

rooted (Figure 3-2c-d) samples compared to live rooted samples (Figure 3-2e). This variation in 

scour hole shape can influence jet diffusion and impact the resulting τc and kd. Additionally, τc and 
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kd are sensitive to the solution method used for data analysis (Khanal et al., 2016). Because no 

standard solution method exists and different values are obtained depending on the solution 

technique, data interpretation is difficult. As a result, immediately following mini-JET testing, the 

volume of the developed scour hole was also measured to determine the actual volume of soil loss. 

Any roots that withstood the jet of water were removed from the scour hole before measurement 

and preserved in a small mason jar filled with 50% ethanol. The scour hole volume (SHV) was 

measured by placing a thin sheet of plastic over the scour hole and measuring the volume of water 

required to fill the hole. 

 

 

 

Figure 3-2: Typical scour hole shapes for (a) no roots, sterilized; (b) no roots, inoculated; (c) 

synthetic roots, sterilized; (d) synthetic roots, inoculated; and (e) live roots, inoculated treatments 

in this experiment. Note narrower scour hole in live rooted sample compared to the other 

treatments. The inner diameter of the black ring surrounding each soil sample was 10 cm. 
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3.1.3 Plant, Soil, and Microbial Parameters 

Following mini-JET testing, two 12-g samples of soil were collected from each soil box (2 

g of soil from six locations inside the scour hole) and stored in Nalgene® bottles. These soil samples 

were frozen at -18°C for later use in EPS analysis. Next, loose soil particles caused by running the 

mini-JET were removed and then 200-g of soil was collected from around the scour hole. 

Following air drying, the 200-g samples were transferred to brown paper bags and stored at room 

temperature for later percent water stable aggregate (%WSA) analysis. %WSA was initially 

measured following the wet sieve procedure outlined in Kemper and Rosenau (1986). Air dry soil 

samples were rapidly wet for one minute prior to stability testing. Follow-up testing was done 

using the same Kemper and Rosenau (1986) procedure, but the samples were prewet slowly 

through capillary rise for 10 min prior to stability testing. Samples that were rapidly prewet were 

not significantly correlated with any regression result, so only slow prewet data (herein referred to 

as %WSA) were considered.  

To quantify the amount of vegetation in each container, both aboveground and 

belowground biomass was measured. Aboveground biomass trimmed from soil containers before 

JET testing was stored at 4°C and dried at 60°C until constant weight. Plant roots were washed 

from the remaining soil and then placed in 1000-ml glass jars filled with 50% ethanol. Root 

diameter and RLD were measured using the 2015 WinRhizo™ Tron and 2003 WinRhizo™ Pro 

systems (Regent Instruments Inc., Québec, Canada). Root diameter classes included: very fine (< 

0.5 mm), fine (0.5-2.0 mm), small (2-5 mm), and medium (5-10 mm). 

EPS, composed mainly of polysaccharides and proteins, have been measured to quantify 

the impacts of soil microorganisms on soil stability (Gerbersdorf and Wieprecht, 2015). Frozen 

soil samples were thawed overnight at 4°C and bottle contents were mixed thoroughly before 

extraction. For this study, potassium sulfate (K2SO4) was used as the extractant (modified from 

Chang et al., 2007). Seven grams (wet weight) of composite soil were weighed and placed into 50-

mL tubes. An additional 7 g of soil was weighed into a metal pan for dry weight analysis. A total 

of 7 mL of 0.05 M K2SO4 was added to each tube. The mixture was vortexed at 300 rpm for 10 

min and then centrifuged at 5000 rpm at 4°C with the supernatant saved. Another 7 ml of 0.05 M 

potassium sulfate solution was added to the soil sample, mixed and vortexed vigorously for 1 min, 

and incubated at 100°C for 20 min. During incubation, samples were vortexed once every five 

minutes. Samples were then centrifuged as above, and the pooled supernatant was filtered through 
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a 0.45-µm syringe filter. To the collected supernatant, 30 ml of ethanol was added, and the sample 

was precipitated overnight at 4°C before centrifuging the following day. Lastly, the precipitate 

was dissolved in 6 mL of Milli-Q water. This extraction produced clear to slightly yellow 

supernatants, with yellow colors corresponding to higher polysaccharide content. Following EPS 

extraction, EPS was measured as polysaccharides using the phenol–sulfuric acid method (Dubois 

et al., 1956). The polysaccharide concentration measured (µg) was normalized by the soil dry 

weight (g). 

 

3.1.4 Data Analysis 

EPS results suggested that sterile conditions were not fully achieved as no significant 

difference in EPS was observed between sterilized and inoculated treatments. Therefore, 

inoculated and sterilized results were combined for no root (NR, n = 24) and synthetic root (SR, n 

= 24) treatments. 

Following the procedure outlined in Wynn (2004), histograms were developed for each 

parameter to determine distribution symmetry. Next, the data were tested visually and statistically 

for normality and equal variance. All variables met the assumption of homoscedasticity; however, 

%WSA, SHV, and τc, did not follow a normal distribution. As a result, the nonparametric pairwise 

Wilcoxon rank-sum test was used to identify significant differences between treatments. 

Because multiple erosion response variables (τc, kd, and SHV) were measured/calculated, 

Kendall’s correlation coefficient was calculated for each pairwise combination to determine if the 

erosion parameters were correlated. Next, the data were separated into two groups: all data and 

live root data. Theil-Sen nonparametric linear regression (Sen, 1968; Siegel, 1982; Theil, 1992) 

was then performed for all erosion response variables to evaluate the individual relationship 

between each independent variable and the dependent variables within the live root data group. 

Independent variables included %WSA, EPS, RLD, VWC, and RT. Theil-Sen regression is not as 

sensitive to outliers as standard least squares regression and can be a more robust procedure for 

environmental data.  

Multiple linear regression was conducted to evaluate which soil, microbial, and vegetation 

parameters had the greatest influence on the erosion response variables across all treatments. To 

do this, the parameters were first standardized to the control (NR) so the magnitudes of the 

regression coefficients could be compared directly to determine the relative influence of each 
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explanatory variable. With NR acting as the baseline, the presence of live (LR) and synthetic (SR) 

fibers were treated as categorial variables. Categorical variables allow the regression mean (the 

intercept) to shift by taking on a value of zero or one. An alpha of 0.05 was used for statistical 

significance. For multiple linear regression, the residuals of each significant regression relationship 

were visually assessed for independence, normality, and constant variance. To improve all data 

regression diagnostics, τc/kd and SHV were transformed using natural-log and squared 

transformations, respectively. 

 

3.2 Results 

3.2.1 JET Run Time and Soil Water Content 

Erosion testing run times and soil volumetric water contents varied between treatments 

depending on root type (Table 3-2); however, the mean values of RT and VWC were not 

significantly different between treatments. RT and VWC were not significant predictors of any 

erosion parameter for the live root treatment, as determined using the Theil-Sen regression method. 

Additionally, VWC was not significantly correlated with any erosion parameters, as determined 

using multiple linear regression. Because VWC was statistically equal for all samples, and VWC 

was not correlated with any of the erosion parameters, VWC was not included in further analyses. 

 

 

Table 3-2: Mini-JET average erosion testing run times (RT) and average soil volumetric water 

content (VWC) for experimental treatment groupings. Median values are shown in prentices.  

 
No Roots 

(n = 24) 

Synthetic Roots  

(n = 24) 

Live Roots 

(n = 12) 

RT (minutes) 54 ± 9.4 (51)  51 ± 5.8 (49) 50 ± 5.1 (48) 

VWC (%) 69 ± 6.6 (68)  73 ± 12 (72) 68 ± 6.1 (67) 

 

 

3.2.2 Root Length Density and Aboveground Biomass 

Panicum virgatum aboveground biomass dry weight and total RLD ranges were 635 – 4960 

kg ha-1 and 0.67 – 4.11 cm cm-3 in this study, respectively (Table 3-3). Except for the fine root 

diameter class, all synthetic rooted RLDs (very fine and small) fell within the range of the live 

rooted samples.  
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Table 3-3: Root length density quantities for Panicum virgatum (live root) and synthetic root 

treatments in each diameter class.  

Vegetation Type and 

Measurement 

Diameter Class (mm) 

Total Very Fine 

(0-0.5) 

Fine 

(0.5-2.0) 

Small 

(2.0-5.0) 

Live Roots 

(cm cm-3) 

Average 1.62 0.24 0.06 1.92 

Median 1.28 0.23 0.065 1.57 

Range 0.51 – 3.67 0.13 – 0.40 0.0021 – 0.11 0.67 – 4.11 

Synthetic Roots 

(cm cm-3) 
Total 0.78 0.1 0.012 0.89 

 

 

3.2.3 Extracellular Polymeric Substances and Aggregate Stability 

As defined by Flemming and Wingender (2010), EPS are hydrated biopolymers secreted 

by biofilm cells to encase and immobilize microbial aggregates; they are commonly composed of 

water, polysaccharides, proteins, nucleic acids, (phosphor)lipids, DNA, and other polymeric 

compounds. This study measured EPS as polysaccharides and found median EPS values of 31.5 

µg g-1, 32.6 µg g-1, and 38.3 µg g-1 for NR, SR, and LR treatments, respectively. LR had 

significantly higher EPS compared to all other treatments (Figure 3-3a). Median %WSA measured 

were 91%, 90%, and 83% for NR, SR, and LR treatments, respectively. %WSA was significantly 

lower in LR compared to NR and SR (Figure 3-3b). Neither EPS or %WSA were correlated with 

RLD, aboveground biomass, or with each other.  

  



 

42 

 

 

Figure 3-3: a) Extracellular polymeric substances and b) percent water stable aggregates 

measured following mini-JET testing for each treatment. Letters denote statistically significant 

differences between each treatment pair, and the p-value on the top right denotes the Kruskal-

Wallis p-value. NR = No Roots; SR = Synthetic Roots; and LR = Live Roots (Panicum 

virgatum). 

 

 

3.2.4 Critical Shear Stress, Soil Erodibility, and Scour Hole Volume 

Critical shear stress ranges were 0.90 – 2.91 Pa, 1.24 – 3.02 Pa, and 1.32 – 4.41 Pa for NR, 

SR, and LR treatments, respectively. The median τc and kd of LR were 1.94 Pa and 69.3 cm3 N-1 

s-1, respectively. For NR and SR, the median τc were 1.62 Pa and 1.60 Pa, while the median kd 

were 48.0 cm3 N-1 s-1 and 100.3 cm3 N-1 s-1, respectively. The τc of LR was significantly higher 

compared to both the NR and SR treatments (Figure 3-4a). Additionally, in this study, there was 

no observed relationship between RLD and τc. On the other hand, %WSA was positively correlated 

with τc within the LR treatment (Figure 3-4b: p = 0.007, n = 11). This general relationship between 

τc and %WSA was not present for NR or SR in this study. In fact, Figure 3-4b shows that even 

though the median %WSA in NR and SR were 3 – 15% higher compared to each LR sample, the 

median τc of these two treatments was generally lower.  
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Figure 3-4: (a, c, e) Critical shear stress, soil erodibility, and scour hole volume boxplots and (b, 

d, f) significant Kendall Theil-Sen nonparametric linear regressions between erosion and 

predictor variables for live root data group. Bold letters above boxplots denote statistically 

significant differences between each treatment pair, and the p-value in all plots denote the 

Kruskal-Wallis p-value. The median no root and synthetic root values are plotted on scatter plots 

for comparison. NR = No Roots; SR = Synthetic Roots; and LR = Live Roots (Panicum 

virgatum). 
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Soil erodibility ranged from 16.2 to 118.1 cm3 N-1 s-1, 25.4 to 171.8 cm3 N-1 s-1, and 28.0 

to 155.4 cm3 N-1 s-1 for NR, SR, and LR treatments, respectively. Soils with synthetic fibers had 

significantly higher kd compared to NR treatments (Figure 3-4c). Soil erodibility was also slightly 

higher in LR compared to NR, but this was not statistically significant. Another interesting note is 

that SR had the largest range of kd values, initially suggesting that the presence of fibers produces 

more variation in results. However, excluding the outlier, LR had the lowest variation in kd 

compared to both SR and NR.  
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Figure 3-5: (a) Ln(kd) and (b) SHV2 multiple linear regressions. Significant correlations (p < 

0.05) are highlighted in black. Error bars represent the sample confidence interval. SHV = scour 

hole volume, kd = soil erodibility, RLD = root length density, % WSA = percent water stable 

aggregates, EPS = extracellular polymeric substances, RT = jet runtime, LR = live roots, and SR 

= synthetic roots. LR and SR represent categorical variables within the multiple linear 

regression. 
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Although increasing RLD was associated with lower kd in this study, the presence of root 

fibers (both alive and synthetic) at a low RLD were correlated with a higher initial kd (Figure 3-4d: 

p = 0.003, n = 12). This finding was further supported by the multiple linear regression conducted 

on kd, which revealed that RLD and RT were negatively correlated with ln(𝑘𝑑) whereas the 

categorical variables, LR and SR, were positively correlated (Figure 3-5a: R2 = 0.525, p <0.001). 

At “planted” RLDs of 0.89 cm cm-3, the median kd measured in SR was significantly higher 

compared to NR (Figure 3-4c). At RLDs < 2 cm cm-3, the soil erodibility measured in LR samples 

was higher than the median NR kd as well. However, visual inspection of Figure 3-4d shows the 

kd of LR samples with RLDs > 2 cm cm-3 were lower than the median NR kd. Consequently, the 

higher kd measured in SR treatments appears to be a result of the low RLD used. 

Following mini-JET testing, the total volume of soil loss was 32 – 82 cm3, 10 – 72 cm3, 

and 15 – 69 cm3 for NR, SR, and LR, respectively. The median scour hole volume for LR was 44 

cm3, which was significantly lower when compared to NR (59 cm3), and SR (58 cm3) (Figure 

3-4e). SHV was not significantly correlated with τc or kd in this study, indicating it is an 

independent measure of soil erosion resistance. Theil-Sen linear regression revealed RLD 

(Figure 3-4f: p = 0.003) to be negatively correlated with SHV for live root data. Multiple linear 

regression showed a similar result; RLD was negatively correlated with SHV2 (Figure 3-5b: R2 = 

0.367, p < 0.001). 

 

3.3 Discussion 

As stated in Section 2.4, no significant difference in EPS was observed between sterilized 

and inoculated treatments, despite soil steam sterilization. Multiple explanations exist for this 

finding, including: (1) rapid recolonization of sterilized soils by microbes, which has been 

documented previously (Marschner and Rumberger, 2004; Wertz et al., 2007); and (2) this study 

did not account for the unknown amount of EPS that was likely already present in the soil prior to 

greenhouse growth. Thus, no conclusions can be drawn regarding the impact of microbially 

derived EPS on soil resistance to fluvial erosion. In other words, the influence of microbes alone 

(NR-S vs NR-I) or with fibers (SR-S vs SR-I) cannot be determined. The presence of synthetic 

fibers had little impact on EPS production as well (NR vs SR), which is unsurprising considering 

the fiber material was inert and provided relatively little additional surface area, as compared to 

the NR treatment. Study results showed that EPS was significantly higher in the LR treatments, as 
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compared to the NR and SR treatments. However, because plant roots can release 5% to 21% of 

their photosynthetically fixed carbon as soluble sugars, amino acids, or secondary metabolites 

(Badri and Vivanco, 2009; Badri et al., 2013; Chaparro et al., 2013) and because the EPS extraction 

method did not differentiate between microbial and plant-derived polysaccharides, the higher 

measured EPS in LR may not be exclusively from microbial components.  

In addition, EPS was not correlated with %WSA, RLD, or any measure of soil erosion 

resistance. Prior research has shown EPS, macroaggregate formation, and microbial biomass 

increase in soil with plant residues (Tang et al., 2011). Thus, to assess the impact of EPS on fluvial 

erosion, future research could consider comparisons between a soil control and soil with increased 

organic matter content (e.g., plant residues) to encourage microbial growth.  

This study also found no evidence that the presence of artificial fibers increased soil 

resistance to erosion, as the τc and SHV of SR and NR were equivalent, and both treatments had 

statistically lower τc compared to LR. Streambank field experiments have shown aggregate 

stability to be positively correlated with τc and negatively correlated with kd (Wynn and 

Mostaghimi 2006). Additionally, under simulated rainfall experiments, Barthès and Roose (2002) 

found overall soil loss was negatively correlated with aggregate stability. Although there was a 

positive relationship between τc and %WSA for the live roots in this study (Figure 3-4b), a similar 

relationship was not determined for the NR and SR treatments, despite the statistically higher 

%WSA for both of these treatments. 

However, the data suggests that synthetic roots affect the applied hydrodynamic forces. 

Although kd was significantly higher in SR compared to both NR and LR (Figure 3-4c), this finding 

is likely attributable to the relatively low RLD of the synthetic roots. In fact, unless RLD was 

greater than 2 cm cm-3, treatments with fibers (either live or synthetic) had higher kd compared to 

NR (Figure 3-4d). Given that the SR and LR fibers/roots used in this study were relatively flexible, 

the fibers may have waved around in the jet, increasing turbulence, and disturbing the soil 

structure, leading to a greater volume of soil loss once erosion started. This process may have been 

exacerbated in samples with low RLDs. For submerged vegetation within open channels, Nepf 

(2012) describes increased near-bed turbulence in regions of small diameter or sparsely spaced 

vegetation, which causes increased erosion of fine bed particles. At higher densities, the spacing 

between vegetal elements and the velocity near the sediment bed/soil surface is reduced. At low 

RLDs, fibers are generally spaced farther apart compared to high RLD samples. As a result, low 
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RLDs may have initially caused greater soil loss, regardless of treatment type (i.e., SR vs. LR), as 

indicated by the inverse relationship between fiber density and SHV (Figure 3-4f) and fiber density 

and kd (Figure 3-4d).  

To further explore the role of fibers on the applied hydrodynamic force, future experiments 

should vary the RLD of planted synthetic roots to capture the full range of possible comparisons 

between live and synthetic roots. Additionally, the Panicum virgatum and corresponding synthetic 

roots used in this study had relatively small diameters (mostly very fine to fine) and were flexible. 

Thicker, more rigid roots may have greater effects on the applied hydraulic forces; Wynn and 

Mostaghimi (2006) found that roots with diameters of 2 to 20 mm were correlated with reduced 

kd. Thus, future work should also consider herbaceous and woody (both live and synthetic) fibers 

to get a complete picture of how the physical and biological properties of roots impact fluvial 

streambank erosion processes. 

This study did provide evidence to support the final hypothesis that live roots provide soil 

the most protection against fluvial erosion; however, the relative importance of the possible 

reinforcement mechanisms (e.g., soil binding by roots, increased EPS concentrations, bonding of 

soil aggregates to root surfaces, and/or hydrodynamic effects) is still unclear. Both kd and SHV 

significantly decreased with increasing RLD and the SR data fit the inverse relationships between 

live RLD and both soil erodibility and scour hole volume well (Figure 3-4d and Figure 3-4f), 

suggesting roots affect the hydrodynamic boundary layer differently as root density increases. 

For live rooted samples, %WSA was positively correlated with τc (Figure 3-4b), but no 

correlation was found between RLD and %WSA. In addition, %WSA was significantly lower in 

LR compared to NR and SR (Fig. 3b). Mamo and Bubenzer (2001a) had a similar result when 

comparing aggregate stability of ryegrass pot grown soil to that of bare soil treatments. The %WSA 

of the bare soil after 8, 12, and 16 weeks of growth was always 24%, whereas %WSA for the 

ryegrass planted soil was 19%, 23%, and 32%, respectively. As a result, although the significantly 

lower aggregate stability measured in LR compared to NR and SR was surprising, it may have 

been a product of the experiment conditions. Piotrowski et al. (2004) noted that test duration and 

high root biomass growth in confined spaces (e.g., pot studies) can have negative effects on %WSA 

formation. In this study, vegetation was grown in relatively small containers (20 x 20 x 20 cm). 

After only 5 – 8 weeks of growth, median RLDs were 1.57 cm cm-3, indicating rapid plant growth 

over a short time. Given these results, one would expect the τc of NR and SR treatments to be 
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higher than LR because both treatment types had higher %WSA compared to LR. However, τc was 

significantly higher in LR and no relationship between τc and %WSA was found for NR or SR. 

Multiple interpretations exist for this result, including that τc is impacted by the bonding of soil 

aggregates to live root surfaces by plant exudates (Tengbeh, 1993), regardless of the overall soil 

aggregate stability. Alternatively, a parameter not measured in this study (e.g., soil organic matter 

content) could affect τc and be strongly correlated with %WSA. Through their experiment, 

Piotrowski et al. (2004) noted that mechanisms other than root biomass/density and hyphae length 

were potentially correlated with soil aggregate stabilization. 

c, kd, and SHV results in this study were consistent with previous JET experiments. First, 

Khanal and Fox (2017) and McNichol et al. (2017) measured statistically higher τc values in root-

permeated soils compared to bare soil samples while statistically equal kd values were measured 

between the two treatment types. However, kd tended to be lower in root-permeated treatments in 

those studies. For example, the median kd of root-permeated and bare soil were 62.2 cm3 N-1 s-1 

and 70.4 cm3 N-1 s-1, respectively (p = 0.44), in Khanal and Fox's 2017 study. Secondly, Khanal 

and Fox (2017), Wynn and Mostaghimi (2006), and Mamo and Bubenzer (2001) also found no 

significant correlation between root density characteristics and τc. On the other hand, when 

conducting submerged JET testing on vegetated streambanks, Wynn and Mostaghimi (2006) did 

find a positive correlation between %WSA in nonplastic soils and τc, similar to the results found 

in this study. Lastly, several field and greenhouse studies have shown inverse power relationships 

between soil erodibility and root length density (De Baets et al., 2006; De Baets et al., 2007; Mamo 

and Bubenzer, 2001a), the erodibility coefficient and root diameter (Khanal and Fox, 2017), and 

between scour hole volume and root length density (Pollen-Bankhead & Simon, 2010). Khanal 

and Fox’s 2017 study is of particular interest. After plant maturity, the authors measured RLDs 

that ranged from 0.1 to 1.89 cm cm-3. Although RLD was not correlated with kd in Khanal and 

Fox’s study, kd was correlated with root diameter. At small root diameters (~ 0.4 to 0.8 mm), the 

measured kd in root-permeated soil was generally higher compared to the median bare soil kd value. 

This result is comparable to what is shown in Figure 3-4c and Figure 3-4d, where kd was higher in 

rooted soil with RLDs less than 2 cm cm-3 when compared to the median kd value for NR. As 

described above, the higher kd in samples with low RLDs (widely spaced fibers) or relatively small 

root diameters may be attributed to increased stem-scale turbulence (Heidi M. Nepf, 2012a). 
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3.4 Conclusions 

Since the mid-1900s, a large body of research has shown plant roots contribute 

significantly to reducing soil loss by fluvial processes. This relationship is particularly evident on 

a streambank, where plant roots are known to affect fluvial entrainment through multiple 

processes, including: (1) physically binding soil aggregates, (2) biochemically bonding soil 

aggregates to root surfaces, (3) cementing soil aggregates together through the release of organic 

exudates, and (4) altering the applied hydrodynamic forces. This research sought to determine the 

relative importance of these mechanisms by quantifying the effect of no rooted, synthetic rooted, 

and live rooted soil on streambank fluvial erosion. It was hypothesized that: (1) the fibers of 

artificial roots would increase soil resistance to fluvial erosion; (2) the soil microbial community 

would enhance streambank erosion resistance through the production of EPS; and (3) the fiber 

matrix of live roots and the associated microbial community would provide the most resistance to 

fluvial erosion. 

Based on this study, two overall conclusions can be drawn. First, the impact of fibers (both 

live and synthetic) on kd indicate that fibers affect the applied hydraulic forces. Samples with 

relatively low RLDs (below 2 cm cm-3) had a higher kd compared to the median kd for no rooted 

samples, whereas live rooted samples with RLDs above 2 cm cm-3 had a lower kd. This result is 

attributed to how densely packed the fibers are, with low RLD samples leading to increased stem-

scale turbulence and greater soil loss. Second, the impact of live roots on the soil environment 

provided additional protection by increasing soil resistance to fluvial erosion (higher τc); this 

increased erosion resistance happens even though %WSA is significantly lower in live rooted 

treatments compared to synthetic and no rooted treatments. Additionally, the presence of roots at 

densities below 2 cm cm-3 did not adversely impact τc like they did kd. These results indicate that 

root fibers reduce soil loss caused by fluvial erosion through a combined effect on soil aggregate 

stability and by holding (binding) the soil together through a dense fiber network. 
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Chapter 4. Impact of Artificial Roots on Near-Bank Flow and Turbulence 

In Chapter 4, the experimental goal was to compare the effects of root type (simulated 

herbaceous roots vs. simulated woody roots) on near-bank velocity and near-bank turbulent stress. 

The impact of stream bed and floodplain vegetation on stream hydrodynamics is an important topic 

that has received considerable attention over the last three decades (Hopkinson & Wynn, 2009; 

Liu et al., 2017; McBride et al., 2007; Valyrakis et al., 2021; Yang et al., 2007). However, natural 

streambanks can be steep where roots extending out of the streambank face are the only vegetation 

elements that interact directly with flowing water. Therefore, studying how roots alter near-bank 

turbulent stress, which has not been explored before, is important to understanding how plant roots 

may impact geomorphologic processes like streambank erosion. To study this, the velocity and 

turbulence profiles developed over three distinct streambank boundary conditions [sand wall 

(SW), flexible rooted wall (FRW), and rigid rooted wall (RRW)] were examined. Based on prior 

research, it was hypothesized that: 1) lower streamwise velocities would be produced near the bank 

along the FRW and RRW compared to the SW and 2) turbulent stresses would initially increase 

more rapidly with distance from the bank surface along the RRW and FRW, compared to the SW. 

 

4.1 Methods 

4.1.1 Flume Description 

All experiments were performed in an 8 m by 1 m by 1 m recirculating flume (Figure 4-1a; 

Engineering Laboratory Design Inc., Lake City, MN). A Vectrino II acoustic Doppler profiling 

velocimeter (ADP; Nortek AS, Vangkroken, Norway) was used to take streamwise, crosswise, and 

vertical velocity measurements. The flume has a maximum capacity of 5000 L and is equipped 

with a 2282 Mg m min-1 pump which can drive flows of up to 70 L s-1 in the flume channel. 

Because the goal of this experiment was to simulate unvegetated and vegetated streambanks, 

artificial walls were built in the flume representing a vertical streambank. A different artificial wall 

was constructed to create each of the three boundary conditions of this experiment (sand only, 

flexible roots, and rigid roots). 
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Figure 4-1: a) Plan view of flume setup with axis labels (the z-axis, not shown, represents the 

vertical direction); b) test section of the PVC insert for the sand wall; c) the test section of the 

PVC insert for the flexible rooted wall; and d) the test section of the PVC insert for the rigid 

rooted wall. 
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The initial sand wall (SW) was used by Parks (2012); a curved wall was created at the 

upstream end of the channel to gradually transition the width of the flume from 1.0 m to 0.4 m. 

The artificial wall was constructed of 1.25-cm thick PVC sheets supported with a wooden frame 

running the entire length of the flume channel (Figure 4-1b). The face of the wall was roughened 

over the entire length by coating the surface with sand (Premium Play Sand No. 1113, Quickrete, 

Atlanta, GA; D50 = 0.15 mm, D84 = 0.3 mm) and a thin film of glue. The upstream end of the 

channel was equipped with a flow straightener to dissipate turbulence and develop one dimensional 

flow. 

Simon & Collison (2002) provide root area ratios (RARs) for a variety of herbaceous and 

woody vegetation, including switchgrass, at multiple depths and root diameter classes on selected 

streambanks in the Goodwin Creek Experimental Watershed (Mississippi, USA). The RARs 

provided in Simon and Collison’s study were used as guides for constructing the two rooted 

boundary conditions and to highlight differences in root areas occupied by herbaceous and woody 

roots. Using the total area of the artificial wall sheets (7400 cm2), the RARs provided by Simon 

and Collison were used to determine the total area of roots needed to cover the PVC sheet based 

on fiber diameters. Simon & Collison’s switchgrass data were used for the flexible rooted wall 

(FRW), while an average of all woody plant RARs in their study (Black Willow, Sweetgum, River 

Birch, and Sycamore) were used for the rigid rooted wall (RRW) (Table 4-1). 

Flexible fibers were selected to represent roots of herbaceous vegetation while more rigid 

fibers represent the roots of woody vegetation (Pallardy & Kozlowski, 2007). Constructing the 

flexible fiber and rigid fiber wall configurations required thin PVC sheets (0.625 cm thick) that 

spanned the entire length of the flume. For both the FRW and RRW, the face of the PVC sheet 

was roughened over the entire length by gluing sand, like the sand wall. Next, 1-cm diameter holes 

were drilled into the PVC sheeting at predetermined locations along the flume length. Polyester 

fibers with different diameters (0.3 mm, 1.0 mm, and 2.0 mm) were used to simulate flexible fibers. 

These fibers were cut into 8 cm lengths, allowing the tips of these fibers (1 cm) to be glued into 

each hole; the hole was covered with sand again to keep the wall surface consistent. The remaining 

7 cm fiber length was allowed to hang below the glued tip to interact directly with the flowing 

water in the flume (Figure 4-1c). For the RRW, the synthetic fiber material changed. Rigid fibers 

were simulated by braided fishing line (0.38 mm, Prue Fishing, Inc., Spirit Lake, Iowa) and plastic 

plant stems with diameters of 1 mm, 2 mm, 3 mm, and 5 mm (Bloom Room, San Francisco, CA). 
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Like the FRW, 7 cm of fiber length was allowed to hang below the glued tip to interact directly 

with the flowing water in the flume (Figure 4-1d). Due to the different fiber diameters, the fiber 

density for the FRW was an order of magnitude greater than for the RRW, but the RAR of the 

FRW was only two times higher compared to the RAR of the RRW, reflecting typical differences 

between herbaceous and woody plant root characteristics (Simon & Collison, 2002). 

 

 

Table 4-1: Root area ratios (RAR) and corresponding stem density used for the flexible rooted 

wall (FRW) and rigid rooted wall (RRW) boundary conditions. 

Flexible rooted wall (FRW) 

Root diameter 

(mm) 
0.3 1 2 3 – 5 5 – 10 Total 

Fiber density  

(cm-2) 
0.38 0.15 0.02 0 0 0.55 

RAR (%) 0.00027 0.0012 0.00074 0 0 0.0022 

Rigid rooted wall (RRW) 

Root diameter 

(mm) 
0.37 1 2 3 5 Total 

Fiber density  

(cm-2) 
0.026 0.027 0.006 0.004 0.003 0.066 

RAR (%) 0.00003 0.0002 0.0002 0.0003 0.0006 0.0013 

 

 

Using a Vectrino II acoustic Doppler profiling velocimeter (ADP; Nortek AS, Vangkroken, 

Norway; Figure 4-2) at a frequency of 100 Hz and a bin size of 1 mm, 3D velocity profiles were 

measured down the center of the flume channel and along the wall to confirm flow development 

prior to experimentation. The ADP is a multi-static acoustic Doppler velocity profiler that allows 

for simultaneous measurements of three-dimensional velocity profiles and distance to a solid 

boundary. Velocity measurements can be taken over a 35-mm profiling range, starting 40 mm 

away from the transmitter, and the bin size (vertical resolution) can be adjusted between 1 to 4 mm 

(Craig et al., 2011). 
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Figure 4-2: Picture taken of Vectrino II acoustic Doppler (ADP) used in the following flume 

experiments along with illustrations of the measurement zones (redrawn after Brand et al. 

(2016)). This ADP has four receivers (R1 – R4) used to measure three-dimensional velocity 

profiles. The x, y, and z-axis represent the horizontal (into the page, not shown), lateral, and 

vertical directions, respectively. Dark grey areas indicate zones where there is an overlap of 

coverage (correlation) between two beams. Light grey areas indicate zones where there is no 

overlap of coverage (no correlation) between two beams. Decorrelation of beam signals 

increases above and below the ADP “sweet spot”, the area where signal overlap is the highest. 

 

 

4.1.2 Experimental Procedure and Statistical Analysis 

To determine the effect of each boundary type on velocity and turbulent stress, ADP 

measurements were taken at 12 locations immediately upstream of the circular sample hole. 

(Figure 4-3). The 12 measurement locations were determined based on the root locations of the 

RRW to ensure the effects of different root diameters could be captured. In comparison, the roots 

along the FRW were so densely packed that each measurement location was near all root 

diameters, while there were no fibers on the SW. As a result, 12 velocity profiles were taken over 

each wall at the locations shown in Figure 4-3. 
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Figure 4-3: Vectrino II acoustic Doppler profiler (ADP) measurement locations along the rigid 

rooted wall (grey dots). X refers to the horizontal ADP measurement location in relation to the 

upstream edge of the circular sample hole. Z refers to the vertical ADP measurement location in 

relation to the flume bed. For example, L2 was 13 cm away from the testing location upstream 

edge and 9 cm above the flume bed. 

 

 

The flume slope was kept constant at 0.1% and three flow rates (19, 29, and 38 L s-1) were 

used at each measurement location. The flume tailgate height and corresponding flow depth varied 

depending on the flow rate used to keep the ADP completely submerged during testing (15 cm 

flow depth for 19 L s-1, and 12 – 13 cm flow depth for 29 and 38 L s-1 flow rates). Velocity was 

sampled for five minutes at 100 Hz with a 1 mm bin size at each location and flow rate. While the 

ADP has a profiling range of 35 mm, the most accurate velocity measurements close to the 

boundary have been reported at or near the ADP “sweet spot”, a measurement location where 

signal decorrelation is at a minimum (Figure 4-2; Koca et al., 2017). As a result, velocity 

measurements were made at 10-mm increments over the range of 10-50 mm from the boundary 

and 20-mm increments over the range of 50-110 mm. A measurement was also taken at 6-mm 
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away from the bank, the closest measurement possible. Therefore, velocity and turbulent stress 

profiles were developed using ADP measurements reported at nine distances from the bank 

surface: 6, 10, 20, 30, 40, 50, 70, 90, and 110 mm. Throughout the remainder of this chapter, 

“location” refers to the ADP measurement areas of L1 to L8 shown in Figure 4-3, while “distance” 

refers to the lateral space between the ADP probe and the streambank surface (6 mm away from 

the bank up to 110 mm away from the bank). 

The velocity time series data from the ADP were processed in R (R Core Team, 2021). 

ADP data were filtered out if the signal-to noise (SNR) ratio was ≤ 10 dB and the signal correlation 

(COR) was ≤ 50% (Martin et al., 2002; Strom & Papanicolaou, 2007). If a bin had 30% of its 

velocity data removed after filtering, that entire bin was removed from further analysis. Following 

data filtering, all velocity time series were despiked using the phase-space threshold method 

developed by Goring & Nikora (2002) and modified by Wahl (2002) using Matlab code created 

by Scott Ikard (2016). Velocity was measured and turbulent stress was calculated at all 12 

locations. A median value was calculated using the data collected at each location; the median 

values were used to construct the velocity and turbulent stress profiles for each streambank 

boundary condition. However, some locations had datapoints that were filtered out due to low 

SNR or COR values; datasets with missing datapoints due to filtering are shown in Table 4-2. 

. 
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Table 4-2: ADP measurements for each boundary, flow rate, and distance from the surface that 

had at least one measurement location filtered out during data processing. SW = sand wall; FRW 

= flexible rooted wall; RRW = rigid rooted wall; and n = sample size. 

Boundary Flow rate (L s-1) 
Distance from wall 

surface (mm) 
n 

SW 
19 110 11 

38 110 11 

FRW 

29 6 11 

29 10 11 

38 6 9 

38 10 11 

RRW 

19 90 11 

29 6 11 

38 6 9 

38 10 10 

 

 

Following data processing, turbulent stress was estimated by calculating the turbulent 

kinetic energy (TKE) and Reynolds stresses (Hopkinson & Wynn, 2009) at each sample location 

and distance. TKE is defined as the mean kinetic energy associated with eddies in turbulent flow. 

The TKE pertaining to each data point was calculated from velocity data using the following 

relationship: 

𝐓𝐊𝐄 =  𝟎. 𝟓 × [(𝐮′)𝟐̅̅ ̅̅ ̅̅ ̅ + (𝐯′)𝟐̅̅ ̅̅ ̅̅ ̅ + (𝐰′)𝟐̅̅ ̅̅ ̅̅ ̅̅ ]   (4.1) 

where the overbar denotes a mean and the prime terms are the velocity fluctuations associated with 

the streamwise (𝑢 = 𝑢̅ + 𝑢′), lateral (𝑣 = 𝑣̅ + 𝑣′), and vertical (𝑤 = 𝑤̅ + 𝑤′) velocity 

components. Reynolds stresses, stresses due to turbulent fluctuations that represent momentum 

exchange (Hopkinson & Wynn, 2009), were calculated using the following equations: 

𝛕𝐲𝐱 =  −(v′𝐮′)̅̅ ̅̅ ̅̅ ̅̅      (4.2) 

𝛕𝐳𝐱 =  −(w′𝐮′)̅̅ ̅̅ ̅̅ ̅̅ ̅     (4.3) 

𝛕𝐲𝐳 =  −(v′𝐰′)̅̅ ̅̅ ̅̅ ̅̅ ̅     (4.4) 

While the fluctuating velocity components in Reynolds stress and TKE are typically 

multiplied by water density and reported in units of pascals (N/m2), water density in this study 
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remained constant between 997 to 999 kg/m3. Therefore, for easier comparison with similar 

experiments, density was not used in equations 4.1 – 4.4; TKE and the Reynolds stresses units are 

expressed as m2 s-2. The goal of this experiment was to evaluate the effects of exposed roots on 

the hydrodynamic boundary layer. To do this, velocity, and turbulent stress profiles of the three 

distinct streambank boundary types were measured, calculated, and compared. First, the 

interquartile ranges (IQR) of the streamwise velocity, TKE, and Reynolds stress data were 

calculated and divided by the respective median value. These nondimensional IQR values were 

then statistically analyzed using nonparametric Conover’s test (Pereira et al., 2015) to determine 

if root type/density influenced spatial variability within each boundary type at each flow rate. For 

Conover’s test, distance from the bank was treated as a block to account for changes in IQR over 

the profiling range. 

Once the effect of root type/density on spatial variability was determined, the median 

velocity, TKE, and Reynolds stresses were calculated for each boundary type and distance using 

all measurement locations. These median values are henceforth called spatial medians for clarity. 

Spatial medians were compared to evaluate the overall effect of exposed roots on near-bank 

velocity and turbulent stress, which are important when considering the fluvial entrainment of 

streambank soil. Additionally, between-boundary comparisons were made using the 

nonparametric Wilcoxon rank-sum test, which compares medians rather than means. Parametric 

tests were not used due to violations of the normality assumption within the datasets. Spatial 

medians were compared between each boundary at each distance from the streambank. Parameters 

that represent spatial median values were denoted with brackets (e.g., <τyx>). 

 

4.2 Results and Discussion 

4.2.1 Spatial Variability 

The interquartile ranges divided by the median values for streamwise velocity, turbulent 

kinetic energy, and the Reynolds stresses (τyx, τyz, and τzx) are shown for each boundary in Table 

4-3. Table 4-3 shows the FRW has a value of 0.05 for streamwise velocity at 6 mm away from the 

bank when using a 38 L s-1 flow rate. The 0.05 value means the IQR of the FRW was only 5% of 

the respective median value, indicating a relatively low variability.  
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Table 4-3: Nondimensional interquartile range (IQR divided by the respective median value). The nondimensional IQR for the 

streamwise velocity, turbulent kinetic energy, and Reynolds stresses are shown at each distance and flow rate.  

Distance (mm): 6 10 20 30 40 50 70 90 110 

Sand wall: 19 L s-1 

Streamwise Velocity 0.10 0.11 0.12 0.08 0.06 0.04 0.04 0.07 0.06 

Turbulent Kinetic Energy 0.08 0.11 0.34 0.67 1.02 1.06 0.68 0.72 0.55 

Reynolds stress, τyx 0.33 0.19 0.23 0.70 19.74 1.20 0.85 1.29 1.38 

Reynolds stress, τyz 5.68 2.51 13.57 4.01 7.74 84.03 1.44 0.44 1.27 

Reynolds stress, τzx 0.26 1.06 0.85 1.24 2.94 2.88 4.10 5.62 16.30 

Flexible root wall: 19 L s-1 

Streamwise Velocity 1.02 0.23 0.27 0.24 0.17 0.14 0.11 0.09 0.09 

Turbulent Kinetic Energy 0.43 0.18 0.24 0.55 0.64 0.89 1.36 1.47 1.53 

Reynolds stress, τyx 1.28 0.31 0.58 0.86 0.87 1.58 253.09 1.09 1.57 

Reynolds stress, τyz 2.34 2.00 0.58 1.01 1.25 2.63 4.34 2.69 0.88 

Reynolds stress, τzx 485.49 3.41 0.70 0.70 0.83 1.29 2.64 2.23 2.14 

Rigid root wall: 19 L s-1 

Streamwise Velocity 0.24 0.15 0.04 0.09 0.07 0.11 0.11 0.09 0.10 

Turbulent Kinetic Energy 0.61 0.43 0.50 0.49 0.41 0.32 0.29 0.50 0.62 

Reynolds stress, τyx 1.89 0.33 0.38 0.41 0.29 0.16 0.84 8.81 9.75 

Reynolds stress, τyz 2.15 1.91 1.97 1.40 65.15 0.74 1.03 2.64 292.43 

Reynolds stress, τzx 2.01 15.17 2.76 5.41 31.67 6.55 1.03 3.85 2.75 

Sand wall: 29 L s-1 

Streamwise Velocity 0.02 0.03 0.03 0.02 0.01 0.01 0.01 0.02 0.02 

Turbulent Kinetic Energy 0.16 0.17 0.16 0.20 0.22 0.28 0.24 0.29 0.28 

Reynolds stress, τyx 0.14 0.09 0.12 0.27 0.90 3.73 4.15 50.24 1.78 

Reynolds stress, τyz 2.28 1.42 4.93 15.80 10.61 4.67 6.46 2.22 0.41 

Reynolds stress, τzx 1.54 0.60 1.17 1.39 0.79 0.97 0.61 0.37 0.97 

Flexible root wall: 29 L s-1 

Streamwise Velocity 0.19 0.06 0.09 0.07 0.07 0.07 0.06 0.07 0.09 

Turbulent Kinetic Energy 0.53 0.15 0.14 0.06 0.17 0.32 0.60 0.63 0.78 

Reynolds stress, τyx 0.49 0.29 0.21 0.19 0.30 0.60 2.16 6.43 57.58 

Reynolds stress, τyz 2.37 0.56 0.25 0.29 0.85 1.07 1.02 3.26 34.58 

Reynolds stress, τzx 14.91 2.25 7.49 0.52 0.48 0.95 1.17 1.01 1.22 
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Table 4-3 continued: Nondimensional interquartile range (IQR divided by the respective median value). The nondimensional IQR for 

the streamwise velocity, turbulent kinetic energy, and Reynolds stresses are shown at each distance and flow rate. 

Distance (mm): 6 10 20 30 40 50 70 90 110 

Rigid root wall: 29 L s-1 

Streamwise Velocity 0.15 0.16 0.05 0.03 0.01 0.02 0.02 0.04 0.04 

Turbulent Kinetic Energy 0.40 0.17 0.16 0.08 0.04 0.05 0.21 0.32 0.74 

Reynolds stress, τyx 2.82 0.20 0.23 0.25 0.12 0.18 0.15 0.96 0.85 

Reynolds stress, τyz 8.11 30.87 11.76 3.72 3.88 3.50 2.22 1.46 2.46 

Reynolds stress, τzx 4.35 5.04 4.28 0.96 0.68 1.11 7.88 14.26 9.32 

Sand wall: 38 L s-1 

Streamwise Velocity 0.04 0.03 0.03 0.02 0.03 0.02 0.01 0.01 0.03 

Turbulent Kinetic Energy 0.03 0.02 0.10 0.23 0.39 0.20 0.19 0.33 0.51 

Reynolds stress, τyx 0.04 0.11 0.16 0.34 1.17 30.82 1.32 1.68 5.56 

Reynolds stress, τyz 0.86 2.01 4.78 8.39 51.38 12.62 5.34 0.94 1.71 

Reynolds stress, τzx 0.92 0.97 2.38 3.72 7.82 6.60 5.47 4.68 2.65 

Flexible root wall: 38 L s-1 

Streamwise Velocity 0.05 0.06 0.05 0.07 0.07 0.08 0.08 0.09 0.11 

Turbulent Kinetic Energy 0.19 0.10 0.17 0.16 0.19 0.54 1.06 1.17 1.12 

Reynolds stress, τyx 0.17 0.23 0.29 0.32 0.40 0.66 21.64 11.37 5.46 

Reynolds stress, τyz 0.67 1.09 0.42 0.86 2.26 9.43 2.31 1.36 1.32 

Reynolds stress, τzx 4.34 0.56 11.22 0.78 1.78 2.66 2.60 1.55 1.17 

Rigid root wall: 38 L s-1 

Streamwise Velocity 0.06 0.13 0.06 0.04 0.02 0.04 0.04 0.04 0.04 

Turbulent Kinetic Energy 0.23 0.10 0.13 0.04 0.06 0.05 0.39 0.80 1.05 

Reynolds stress, τyx 0.67 0.17 0.21 0.12 0.11 0.16 0.20 1.81 1.81 

Reynolds stress, τyz 2.60 8.97 6.45 3.66 3.99 7.32 3.54 139.35 5.20 

Reynolds stress, τzx 1.41 30.22 2.61 1.30 0.23 2.25 14.15 4.51 2.69 
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For streamwise velocity, the IQR was always smaller than the median value 

(nondimensional IQR = 0.05 to 1.02) for all boundary conditions and flow rates. Relatively low 

nondimensional IQRs indicate adequate precision in the velocity data collected with the ADP, 

regardless of the changes in root density. Nevertheless, both the FRW and RRW had significantly 

higher IQRs in streamwise velocity compared to the SW at all three flow rates (Table 4-4). This is 

likely a result of differences in how roots interact with the flow at the different measurement 

locations, thus making the velocity measurements more variable between the boundaries, even 

though the actual nondimensional IQRs were relatively low. 
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Table 4-4: Conover’s test p-value results comparing the nondimensional interquartile ranges of 

the streamwise velocities, turbulent kinetic energies, and Reynolds stresses between each 

boundary type at each flow rate. Distance from the streambank was treated as a block factor in 

this analysis. Significant p-values < 0.1 are shown while ns = not significant. SW = sand wall; 

FRW = flexible rooted wall; and RRW = rigid rooted wall. 

Parameter Flow Rate (L s-1) SW ≠ FRW SW ≠ RRW FRW ≠ RRW 

Streamwise 

velocity 

19 0.002 0.078 0.078 

29 0.001 0.031 ns 

38 0.005 0.032 ns 

Turbulent kinetic 

energy 

19 ns ns ns 

29 ns ns ns 

38 0.050 ns ns 

Reynolds stress, τyx 

19 ns ns ns 

29 ns ns ns 

38 ns ns 0.078 

Reynolds stress, τyz 

19 ns ns ns 

29 ns ns ns 

38 0.031 ns 0.02 

Reynolds stress, τzx 

19 ns ns 0.050 

29 ns 0.050 ns 

38 ns ns ns 

 

 

Like the streamwise velocity, nondimensional IQRs for the calculated turbulent kinetic 

energy were also relatively low, between 0.1 to 1.53. Only the FRW had significantly higher 

variability compared to the SW at 38 L s-1, though this was not found for the RRW or for the other 

flow rates used. It is possible that higher flow rates would continue to increase the variability of 

the calculated TKE over the rooted boundaries compared to the bare streambank. 

On the other hand, the Reynolds stress components τyx, τyz, and τzx, show inconsistent, and 

sometimes highly variable, results. For example, some interquartile ranges for the Reynolds stress 

components were five to 400 times larger than the respective median value (Table 4-3). High 

variability was found for all three flow rates and boundary types, indicating that this was not driven 
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by specific boundary conditions. Near-surface turbulence statistics calculated using ADPs have 

been shown to be highly variable when compared to the measured velocity data, though this effect 

appears to diminish when measurements are made near the ADP “sweet spot” (Koca et al., 2017). 

Therefore, it is unclear why high variability was measured for the Reynolds stresses and not TKE, 

even though all measurements in this study were made at the ADP “sweet spot”. Nevertheless, 

these results indicate that when measuring velocity using an ADP, calculating TKE to represent 

flow turbulence may provide more consistent results if calculated at or near the aforementioned 

“sweet spot”. Given the inconsistent results and highly variable Reynolds stresses, it is difficult to 

assess the impact of root type/density on the variability of calculated turbulence data in the present 

study. 

 

4.2.2 Streamwise Velocity 

All streamwise velocities appear to follow a turbulent boundary layer profile (Figure 4-4a-

c). Similar to the grass and shrub vegetation models used in the Hopkinson & Wynn (2009) study, 

the roughness added by the flexible roots and rigid roots in the present study led to an overall 

reduction in streamwise velocity near the bank, as compared to grain roughness only. Regardless 

of flow rate, streamwise velocity was always significantly lower between 6 mm and 20 mm for 

the FRW, and between 6 mm and 50 mm for the RRW when compared to the SW (Table 4-5; 

Figure 4-4a-c). Comparing the FRW and RRW, rigid roots caused the greatest reduction in 

streamwise velocity closer to the bank, despite the lower stem density. Streamwise velocity (<Vx>) 

over the RRW was generally 10% to 54% and 7% to 37% lower compared to the SW and FRW, 

respectively, between 6 mm to 50 mm (Figure 4-4a-c). At and beyond 90 mm from the wall, the 

RRW velocities were significantly higher than along the SW at all flow rates and higher than the 

FRW at 38 L s-1 (Table 4-5). Prior studies using rigid vegetation elements along streambanks also 

documented higher velocities near the center of the flume/channel (Hopkinson & Wynn, 2009; 

Thorne & Furbish, 1995; Valyrakis et al., 2021). 
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Figure 4-4: Streamwise velocity (<Vx>) measured for each boundary type divided by the 

maximum SW velocity (<VSW>) at each flow rate. Error bars represent the interquartile range of 

spatial medians for all locations that were not filtered out following Acoustic Doppler Profiler 

data processing. SW = sand wall (black squares); FRW = flexible rooted wall (blue circles); and 

RRW = rigid rooted wall (red triangles). 
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Table 4-5: Wilcox rank-sum test p-value results comparing streamwise velocity (<Vx>), turbulent kinetic energy (<TKE>), and 1 

Reynolds stresses (<τyx>, <τzx>, and <τyz>) between each boundary type comparison. All flow rates (19 L s-1, 29 L s-1, and 38 L s-1) 2 

are presented. The near-bank distance (6 mm), the distance of maximum <τyx> for the rooted boundaries (20 mm), and the furthest 3 

distance measured away from the streambank (110 mm) are represented here. Significant p-values (p < 0.1) are shown while ns = not 4 

significant. SW = sand wall; FRW = flexible rooted wall; and RRW = rigid rooted wall. 5 

  Distance from Streambank (mm) and Boundary Type 

  6 20 110 

Parameter 

Flow 

Rate 

(L s-1) 

SW ≠ 

FRW 

SW ≠ 

RRW 

FRW ≠ 

RRW 

SW ≠ 

FRW 

SW ≠ 

RRW 

FRW ≠ 

RRW 

SW ≠ 

FRW 

SW ≠ 

RRW 

FRW ≠ 

RRW 

<Vx> 

19 <0.001 <0.001 ns 0.01 <0.001 <0.001 ns 0.037 ns 

29 <0.001 <0.001 0.007 <0.001 <0.001 <0.001 ns 0.014 ns 

38 <0.001 <0.001 0.002 <0.001 <0.001 <0.001 ns 0.03 0.01 

<TKE> 

19 <0.001 <0.001 ns <0.001 <0.001 ns 0.002 <0.001 ns 

29 <0.001 <0.001 ns <0.001 <0.001 <0.001 <0.001 <0.001 ns 

38 <0.001 <0.001 ns <0.001 <0.001 <0.001 <0.001 <0.001 ns 

<τyx> 

19 ns ns ns <0.001 <0.001 ns ns 0.009 0.008 

29 ns ns ns <0.001 <0.001 0.001 ns 0.005 ns 

38 <0.001 0.034 ns <0.001 <0.001 <0.001 ns <0.001 0.024 

<τzx> 

19 0.024 ns ns ns <0.001 <0.001 0.004 0.027 ns 

29 ns ns ns 0.024 ns ns <0.001 ns 0.017 

38 ns ns ns ns ns ns <0.001 ns ns 

<τyz> 

19 0.003 0.028 ns <0.001 ns 0.008 ns ns 0.039 

29 ns ns ns <0.001 ns <0.001 0.007 <0.001 ns 

38 <0.001 ns 0.022 <0.001 ns 0.001 ns ns 0.039 

6 
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4.2.3 Turbulent Kinetic Energy and Reynolds Stress 

The high turbulent stress and reduced velocity near the bank along the rooted boundaries 

(Figure 4-4a-c) is indicative of sparsely spaced vegetation elements (Nepf, 2012; Hopkinson & 

Wynn, 2009). This region can be seen in Figure 4-5a-f. <TKE> due to sand roughness was 

significantly lower at every bank distance compared to the FRW and the RRW (Table 4-5; Figure 

4-5a,c,e). At all flow rates, the maximum <TKE> was measured at 6 mm from the bank for the 

SW and FRW. On the other hand, the maximum <TKE> for the RRW occurred at 6 mm or 20 

mm, depending on the flow rate. <τyx>, which represents momentum exchange parallel to the 

streambank, followed a similar pattern to <TKE> (Figure 4-5b,d,f) with a few minor differences. 

At 6 mm away from the bank surface, <τyx> for the RRW was 35% and 25% lower compared to 

the SW at 19 L s-1 and 29 L s-1 flow rates, respectively (Figure 4-5b and Figure 4-5d), though this 

difference was not statistically significant. In addition, the maximum <τyx> distance was identical 

for both the FRW and RRW (20 mm) while the maximum <τyx> distance was 10 mm for the SW 

(Figure 4-5b,d,f). <TKE> and <τyx> along the RRW between 10 mm to 70 mm were significantly 

higher compared to the FRW at 29 L s-1 and 38 L s-1 (Table 4-5; Figure 4-5c-f). As shown in prior 

research, the waving motion of the flexible fibers during flume testing likely contributed to lower 

momentum transfer in the streamwise direction when compared to the rigid fibers (Hopkinson & 

Wynn, 2009; Nepf & Ghisalberti, 2008).  

Similar to the results presented in this study, sparsely spaced vegetation has been shown to 

increase near-bank/near-bed turbulent stress compared to unvegetated areas (Liu et al., 2017; 

McBride et al., 2007; Nepf, 1999; van Katwijk et al., 2010; Zhang et al., 2020). Densely packed 

fibers decrease velocity and turbulence at the interface between the fibers and the main flow (Liu 

et al., 2021; Nepf, 2012b), so the higher near-bank <TKE> and <τyx> over the FRW compared to 

the SW was surprising given the relatively high fiber density used (Table 4-1; 0.55 cm-2 or 5500 

m-2). The orientation of the flexible fibers during flume testing likely explains this result. In 

simulated and natural stream environments, vegetation density is defined by the vegetation frontal 

area and the average vegetation height (Nepf, 2012b). While all fibers in the present study were 

cut to 7-cm lengths, the flexible fibers generally oriented parallel to the bank surface during testing 

and only extended a few millimeters (~2 mm on average) into the main channel. As a result, the 

FRW, based on the frontal area (a) and how far the roots extend into the flow (h), can also be 

considered sparsely spaced due to a low ah value (ah << 0.1; Nepf, 2012a). Here the frontal area 
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is defined as a = nd (Nepf, 1999; Nepf, 2012a), where n is the number of roots per unit area 

(roots/cm2) and d is the root diameter (cm). As such, the flexible fibers acted as additional grain 

roughness, reducing near-bank velocities but increasing near-bank turbulent stress due to element-

scale turbulence generated in the wake of the root fibers (Nepf, 2012b). The rigid fibers also 

remained aligned to the bank surface during testing, though they extended slightly further into the 

main channel (~4 mm on average) due to the higher root thickness and rigidity. 

 

 

 

Figure 4-5: Spatial median turbulent kinetic energy (<TKE>) and Reynolds stress <τyx> 

measured at each flow rate and boundary type. Error bars represent the interquartile range of 

spatial medians for all locations that were not filtered out following ADP data processing. SW = 

sand wall (black squares); FRW = flexible rooted wall (blue circles); and RRW = rigid rooted 

wall (red triangles). 
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The Reynolds stresses <τzx> and <τyz> represent momentum exchange parallel to the flume 

bed and perpendicular to the streambank, respectively. <τyx> was ten times higher on average 

compared to <τzx> and <τyz> (Figure 4-6a-f); nevertheless, interesting profile patterns existed for 

<τzx> and <τyz> along the rooted boundaries. Over the SW, <τzx> and <τyz> remained near zero at 

all distances and flow rates, excluding <τzx> at 6 mm and 10 mm from the bank for 29 L s-1 and 

38 L s-1 (Figure 4-6c,e), likely due to the presence of secondary currents. On the other hand, for 

the RRW, <τzx> increased with distance from the bank up to 40 mm for the 29 L s-1 and 38 L s-1 

flow rates. At that point, <τzx> decreased with distance from the bank at both flow rates. <τzx> for 

the FRW followed a similar pattern to the RRW; however, <τzx> changed from positive to negative 

closer to the bank (at 20 mm instead of 70 mm), likely due to the roots folding against the banks 

during testing. While the magnitude of <τzx> between the FRW and RRW is similar near the 

boundary (6 mm to 50 mm; Figure 4-6c,e), the FRW produces sometimes significantly higher τzx 

towards the center of the channel (Figure 4-6c,e; Table 4-5). 

With respect to <τyz>, the RRW generally mimicked the SW at all distances and flow rates 

(Figure 4-6b,d,f). On the other hand, vertical momentum exchange along the streambank due to 

the flexible fibers is evident. The magnitude of <τyz> over the FRW was significantly greater than 

the SW and RRW between 6 to 50 mm (29 L s-1) and 6 to 40 mm (38 L s-1) (Table 4-5). A maximum 

<τyz> (highest magnitude) was reached at between 6 to 20 mm away from the bank over the FRW. 

The vertical waving motion of the fibers likely caused this increased momentum transfer along the 

y-z plane; a phenomenon not observed for the sand grains or rigid fibers. 
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Figure 4-6: Spatial median Reynolds stresses (<τzx> and <τyz>) measured at each flow rate and 

boundary type. Error bars represent the interquartile range of spatial medians for all locations 

that were not filtered out following Acoustic Doppler Profiler data processing. SW = sand wall 

(black squares); FRW = flexible rooted wall (blue circles); and RRW = rigid rooted wall (red 

triangles). 

 

 

4.3 Conclusions 

This study compared the velocity and turbulence profiles along a vertical bank roughened with 

sand grains (no roots), sand + flexible fibers, and sand + rigid fibers in a rectangular flume channel. 

Simulated rooted streambanks were modeled after root area ratios measured in the field at the 

Goodwin Creek Experimental Watershed in Mississippi, USA (Simon & Collison, 2002). Key 

findings include the following: 
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1. Calculated Reynolds stresses were more variable than TKE even though all ADP 

measurements were taken at the “sweet spot”. These results indicate that when 

measuring velocity using an ADP, calculating TKE to represent flow turbulence may 

provide more consistent results if calculated at or near the ADP “sweet spot”. 

2. Rooted boundaries significantly reduced streamwise velocity compared to the no root 

streambank. Overall, the rigid fiber boundary produced the lowest near-bank velocity, 

followed by the flexible fiber boundary. 

3. <TKE> and <τyx> were significantly higher in the rooted boundaries at distances of 6 

mm to 50 mm from the bank surface compared to the sand wall boundary. While higher 

near-bank turbulent stress suggests higher near-bank turbulence, lower near-bank 

velocities indicate lower wall shear stresses compared to the bare (unvegetated) 

boundary. Given that both shear stress (e.g., Flanagan & Nearing, 1995; Larsen et al., 

2009) and turbulence (e.g., Yang & Nepf, 2018; Zhang et al., 2020) can drive fluvial 

entrainment, the cumulative impact of exposed roots on streambank erosion rates, using 

velocity/turbulent stress results alone, is unclear. 

4. <τyx> was the dominant stress for all boundary types (10x higher than both <τzx> and 

<τyz>). Nevertheless, rooted boundaries also increased stress parallel to the bed surface 

(<τzx>) while only the flexible fibers influenced vertical momentum transfer (<τyz>) due 

to the waving motion of the fibers. 

Overall, this research highlights the important role exposed plant roots play in the streambank 

boundary layer, which has implications for the erosion rate of stream channels with vegetated 

floodplains.  
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Chapter 5. Labile Organic Matter and Soil Resistance to Fluvial Erosion  

Aggregate stability, EPS, and arbuscular mycorrhizal fungi have all been shown to 

significantly influence soil resistance to fluvial erosion (Barthès & Roose, 2002; Li et al., 2021; 

Mardhiah et al., 2016; Wynn & Mostaghimi, 2006); however, to the authors’ knowledge, no work 

has been done directly linking the effect of increasing labile OM inputs with increasing soil 

resistance to fluvial streambank erosion. As a result, the goal of this experiment was to determine 

if soils amended with OM, in the form of dry and crushed grass clippings, would be more stable 

and resistant to fluvial erosion via an increase in EPS. The following hypotheses were addressed: 

1) EPS concentration (both carbohydrates and proteins) and aggregate stability increase with 

increasing OM inputs; and 2) OM-amended soils are more resistant to fluvial erosion, due in part 

to higher EPS production and aggregate stability, as compared to unamended control soils. 

Detailed descriptions of the flume used (Figure 4-1a), the sand wall boundary used (Figure 4-1b), 

and how fully developed flow was confirmed can be found in Chapter 4, section 4.1.1. 

 

5.1 Methods 

5.1.1 Experimental Treatments and Setup 

Silt loam soil (16% clay, 27% sand, and 57% silt) was collected from the New River 

floodplain near Whitethorne, VA (37.192616°, -80.573133°). The soil was passed through a 2-mm 

sieve, steam sterilized for two hours at 100°C, and then stored in covered 210-L bins. The day 

before experiment setup, steam sterilization was repeated to ensure limited microbial community 

colonization of the soil. For this experiment, 24.8 cm long and 10.2 cm diameter PVC pipes were 

used as growth containers. On the “top” side of the pipe, a slot was cut using a 3.8-cm diameter 

hole saw. Both ends of the pipe were covered in nursery fabric mesh. To quantify the impact of 

OM inputs on soil aggregate stability, EPS, and streambank fluvial erosion rates, increasing 

amounts of dried and crushed (< 1 mm) cool season grass clippings were mixed at rates of 0, 1, 

and 4 g of clippings per 100 g of sieved soil. Treatments were named T0, T1, and T4, respectively. 

Based on the carbon content of the grass clippings (40.6%) and surface area of the growth 

containers, T0, T1, and T4 corresponded to 0, 96 g C/m2, and 384 g C/m2, respectively. For 

comparison, a review conducted by Cotrufo & Lavallee (2022) collated prior research and reported 

that carbon inputs from plant roots (root exudates and root turnover) have been measured as 3 to 
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400 g/m2/year for grasslands and 120 to 960 g C/m2/year for forests. A total of eight samples were 

created per treatment (24 samples in total). Following mixing of soil and OM inputs, soil samples 

were compacted in the growth containers to a bulk density of 0.95 g/cm3 and allowed to mature in 

a closed greenhouse for 50 days prior to erosion testing and soil sampling. To maintain consistent 

soil moisture content via capillary action, the growth containers were placed in shallow aluminum 

trays filled with tap water. To prevent wetting/drying cycles, water levels were maintained in the 

trays to keep the soil samples at field capacity. 

A randomized complete block design was used for this experiment, with one treatment 

randomly placed within each block (Figure 5-1). The blocking was done to control for spatial 

variation in the greenhouse conditions, such as sunlight and temperature. Placement of each block 

in the greenhouse was done separately over a three-week timeframe starting in March 2021; 

therefore, the block design was also used to account for temporal effects. One to two days was 

required per block for erosion testing, so block separating each block placement by two – three 

days was done to ensure each sample matured in the greenhouse for 50 days total. Over the course 

of the experiment, temperatures in the greenhouse ranged from 31 to 46°C during the day and 17 

to 23°C throughout the night. Following the 50-day maturation period, samples were moved to a 

temperature-controlled lab and allowed to sit in trays full of water overnight. This ensured that all 

soil samples were at field capacity prior to being tested in the flume. 

 

 

 

Figure 5-1: Greenhouse setup and growth containers. A randomized complete block design was 

used for this study with one treatment per block. 
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5.1.2 Erosion Testing Procedure 

A general model of cohesive soil erosion predicts the erosion rate as a function of the soil 

erodibility coefficient and a measure of flow energy (Moody et al., 2005): 

εr = kdX       (5-1) 

where εr is the erosion rate (m s-1); kd is the soil erodibility coefficient (m3 N-1 s-1); and X is 

a measure of flow energy. Kd is considered a soil property and reflects the overall resistance of the 

soil to fluvial forces. A variety of methods have been used to quantify flow energy in the model 

(Moody et al., 2005); however, X is commonly quantified using “excess shear stress”, which is 

the difference between the applied shear stress (τa) and a critical boundary shear stress at which 

erosion starts (τc), which is also considered a soil property. To calculate kd and τc, immediately 

prior to erosion testing, each sample was cut into three subsamples. Each subsample was tested 

using a different flow rate: 17.5, 28.5, and 48.8 L s-1. These flow rates corresponded to average 

applied shear stresses of 0.06 ± 0.01 Pa, 0.31 ± 0.03 Pa, and 0.95 ± 0.08 Pa, respectively. Finally, 

linear regression was conducted on the measured erosion rates vs. the respective applied shear 

stress to calculate kd and τc for each sample, where kd was the slope of the regression line and τc 

was the intercept. However, for treatments T0 and T1, the intercept was frequently negative due 

to relatively high soil loss at the lower applied shear stresses. It is common procedure to assume 

τc equals zero and to calculate only kd (Al-Madhhachi et al., 2013; Hanson, 1990). Ultimately, 

assuming a zero intercept provided the best linear fit for the measured erosion data. 

The flume tank was filled with tap water from the Blacksburg-Christiansburg VPI Water 

Authority; this water was kept at a constant temperature of 25°C using three 1000-W aquarium 

heaters (True Temp T-1000, Transworld Aquatic Ent., Inglewood, CA, USA). Digital heaters (50-

W, Nova pet supplies, Guangdong China) were used to keep soil temperature (ST) constant at 

25°C as well (Akinola et al., 2019); however, soil temperatures actually varied between 18.7°C to 

20.7°C. Volumetric water content (VWC), water temperature (WT), and ST were measured for 

each subsample; the average value was reported for each sample. A total of 21 VWC and ST 

measurements were taken; these data were unfortunately not recorded for the first block of samples 

(three data points are missing). WT was measured directly by the ADP. 

To simulate the geometry of soil-water interactions along an eroding streambank, the soil 

sample was introduced into the flume channel through a circular hole in the vertical PVC wall 

(Figure 4-1a). The sample distance from the channel inlet, approximately 6 m, was selected to be 
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where the boundary layer was fully developed, and secondary flows/tailgate effects were 

minimized. The flume bed slope was held constant at 0.1%. The sample was covered before 

running the flume to prevent the application of hydraulic shear on the soil surface as the flow 

developed in the channel. Testing started once the flow became fully developed (about 90 

seconds). The ADP was set to a recording frequency of 100 Hz. Erosion testing lasted for 10 

minutes, or until all the soil had been eroded away, whichever came first. The ADP probe was 60 

mm away from the soil surface for each sample. The distance of the ADP probe head to the soil 

surface was monitored via the Vectrino software, and the soil core was advanced back to the initial 

position, flush with the wall, after every millimeter of erosion (Akinola et al., 2019). This process 

was repeated for all three soil subsamples using a different flowrate for each subsample. The 

erosion testing time was reduced to 5 minutes for the T0 and T1 subsamples at 48.8 L s-1 due to 

the high amount of erosion that occurred. This was done so some soil would be left over for 

additional analyses following erosion testing. 

The velocity time series data from the ADP was processed in R. ADP data were filtered out 

if the signal-to noise (SNR) ratio was ≤ 10 dB and the signal correlation (COR) was ≤ 50% (V. 

Martin et al., 2002; Strom & Papanicolaou, 2007). If a bin had 30% of its velocity data removed 

after filtering, that entire bin was removed from further analysis. Following data filtering, all 

velocity time series were despiked using the phase-space threshold method developed by Goring 

& Nikora (2002) and modified by Wahl (2002) using Matlab code created by Ikard Scott (2016).  

Following data processing for each flume run, turbulent stress was determined from the 

three-dimensional velocity data 13 mm away from the sample surface using the Reynolds stress 

calculation (τyx):  

𝛕𝐲𝐱 =  −𝛒𝐰 ∗ (𝐯𝟏
′ 𝐮′)̅̅ ̅̅ ̅̅ ̅̅      (5-2) 

where ρw is the density of water, and the prime terms are the velocity fluctuations 

associated with the longitudinal (u) and transversal (v) velocity components. The water density, 

which changes with temperature, was estimated from the following equation (Jones & Harris, 

1992): 

𝝆𝒘 =  𝟗𝟗𝟗. 𝟖𝟓 + [𝟎. 𝟎𝟔𝟑(𝑻) + 𝟎. 𝟎𝟎𝟖𝟓(𝑻𝟐) + 𝟔. 𝟗𝟒 × 𝟏𝟎−𝟓(𝑻𝟑) + 𝟑. 𝟖𝟐 × 𝟏𝟎−𝟕(𝑻𝟒)] (5-3) 

where T (°C) is the mean water temperature. 
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5.1.3 Measurement of EPS and Aggregate Stability 

After testing each subsample in the flume, the soil remaining was collected for soil organic 

matter, EPS, and aggregate stability analysis. The collected subsamples were broken apart by hand 

and allowed to partially dry overnight at 20°C. The following day, a portion of the moist soil was 

forced through a 2-mm sieve and frozen at -15°C until EPS analysis. The remaining moist soil was 

air dried and 50 g of 3 – 5 mm aggregates was collected for aggregate stability analysis. The 

remaining air-dry soil was sieved through a 2-mm sieve and stored at room temperature for organic 

matter content analysis. 

Aggregate stability was measured following the method outlined by Le Bissonnais (1996). 

The test was performed on 3-5 mm aggregates, dried at 40°C for 24 h. The following fast wetting 

procedure was carried out: 5 g of aggregates were quickly immersed in deionized water and the 

excess water removed with a pipette after 10 min. The wetted aggregates were transferred to a 

sieve (63-μm aperture) immersed in 100% (v/v) ethanol and shaken 20 times (range of 2 cm) by 

hand. The ethanol was then evaporated in an oven at 40°C prior to aggregate weighing. Dry sieving 

was performed by hand with a nest of five sieves (2, 1, 0.5, 0.2, 0.1 and 0.063 mm) and all weights 

retained on each sieve were recorded. 

Aggregates were defined as large macroaggregates (>2 mm), macroaggregates (0.2–2 mm), 

and microaggregates (0.063–0.2 mm), respectively, while the soil component less than 0.063 mm 

was defined as the silt and clay fraction not associated with aggregates. The water-stable aggregate 

stability was evaluated according to the following equation (Castro Filho et al., 2002): 

𝐌𝐖𝐃 =  
∑ 𝐱𝐢̅

𝐧
𝐢=𝟏 𝐰𝐢

∑ 𝐰𝐢
𝐧
𝐢=𝟏

       (5-4) 

where MWD is the mean weight diameter (mm), xi is the mean diameter of each aggregate 

size, wi is the weight of each aggregate size, and n is the number of size fractions. The total weight 

of individual size fractions was also compared. 

The EPS extraction procedure used in this study follows methods described by Redmile-

Gordon et al. (2014). A 70 g CER/g-SOM ratio (cation exchange resin; Millipore Sigma, 

Amberlite® HPR1100, Burlington, MA; soil organic matter) was used (Frolund et al., 1996); SOM 

was estimated using the loss on ignition method (360°C, 2 hours). The moist soil described above 

was homogenized and added to centrifuge tubes (2.5 g dry weight equivalent). To remove soluble 

EPS, 25 mL of CaCl2 (4°C, pH 7) was added to the tube and shaken (Eberbach E6010 Benchtop 
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Reciprocal Shaker, 115V) at 4°C and 280 rpm for 1 h. The mixture was then centrifuged for 10 

min at 4500 rpm and 4°C. The produced supernatant was discarded, leaving only the soil pellet.  

To analyze bound EPS in the pellet, pre-weighed and pre-washed CER was added to the 

centrifuge tube together with 25 mL of a phosphate buffered saline (PBS) solution (4°C, pH 7). 

The CER-pellet mixture was shaken hard by hand, and then placed on the Eberbach shaker at 4°C 

for 2 hours. Samples were centrifuged as above, and the supernatant was collected and measured 

spectrophotometrically for carbohydrates and proteins. Proteins were estimated using the modified 

Lowry assay, corrected for removal of humic substances (Frolund et al., 1996; Redmile-Gordon et 

al., 2013). Total carbohydrates was measured using the phenolesulphuric acid method (DuBois et 

al., 1956). 

 

5.1.4 Statistical Analysis 

Standard diagnostic tests were conducted to check data for outliers and homoscedasticity; 

data were transformed as necessary to meet statistical test assumptions. Additionally, Spearman 

rho correlation coefficients for all measured parameters were examined to measure the strength of 

relationships between different variables. The Kruskal-Wallis test was used to analyze differences 

in median soil parameters and erosion rates as a function of OM treatment, while pairwise 

Wilcoxon rank-sum tests were used to determine significant differences between each treatment 

type. 

Relationships between the soil erodibility coefficient (dependent variable) and measured 

independent variables were examined using multiple linear regression. For regression analysis, the 

parameters were first standardized by subtracting the mean and standard deviation so the 

magnitudes of the regression coefficients could be compared directly to determine the relative 

influence of each explanatory variable. The best model was chosen based on Akaike’s Information 

Criteria (AIC), Bayesian Information Criteria (BIC), and graphical inspection that the model met 

required assumptions (independence, normality, and constant variance). Data transformations 

were used to improve regression diagnostics as needed. The alpha value was set to 0.05 to 

determine statistical significance. 
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5.2 Results 

5.2.1 Soil Organic Matter, Aggregate Stability, and Extracellular Polymeric Substances 

After maturing in a greenhouse for 50 days, OM inputs had a significant impact on soil 

aggregate stability (Figure 5-2). Treatments with higher OM content had a greater mass of stable 

macroaggregates. This change in stable macro- vs microaggregates is represented in MWD, which 

significantly increased with OM content. On average, compared to the control, T0, stable 

macroaggregate mass increased 5-fold for T1 and nearly 60-fold for T4. MWD and large 

macroaggregate mass were positively correlated with SOM while microaggregate stability was 

negatively correlated with SOM (Table 5-1). For extracellular substances, measured EPS 

carbohydrates were significantly lower in T1 compared to T0 and T4 at day 50 (Figure 5-3). On 

the other hand, EPS proteins were significantly higher in both T1 and T4 compared to T0 (Figure 

5-3). 

 

 

 

Figure 5-2: Average weight of soil aggregates following fast wetting procedure for each 

treatment at day 50, separated into three aggregate size classes (macroaggregates, small 

macroaggregates, and microaggregates). The average mean weight diameters are shown for each 

treatment as well (circles). The black error bars represent the standard deviation. Letters denote 

statistically significant differences between each treatment and aggregate size pair (Wilcoxon 

rank sum test; p < 0.05), and the p-value above each measurement denotes the Kruskal-Wallis p-

value between all treatments. 
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Table 5-1: Spearman rho correlation coefficients. Bold numbers indicate a significant correlation (**, p < 0.05). Kd = soil erodibility 1 

coefficient (cm hr-1 Pa-1); SOM = soil organic matter (%); EPS-P = extracellular polymeric substances (EPS) proteins (µg g-soil-1); 2 

MWD = mean weight diameter (mm); LargeMacro = stable large macroaggregate mass (g); SmallMacro = stable small 3 

macroaggregate mass (g); Micro = stable microaggregate mass (g); VWC = volumetric water content (%); ST = ST = soil temperature 4 

(°C); and WT = water temperature (°C). 5 

 kd SOM MWD LargeMacro SmallMacro Micro EPS-P EPS-C VWC 

SOM -0.73**         

MWD -0.71** 0.90**        

LargeMacro -0.74** 0.88** 0.93**       

SmallMacro -0.56** 0.53** 0.47** 0.42**      

Micro 0.78** -0.90** -0.95** -0.95** -0.48**     

EPS-P -0.61** 0.67** 0.78** 0.82** 0.29 -0.77**    

EPS-C -0.20 0.05 -0.07 -0.02 -0.19 -0.06 -0.17   

VWC -0.49** 0.72** 0.66** 0.64** 0.34 -0.63** 0.57** 0.00  

WT-ST -0.32 0.29 0.31 0.31 0.31 -0.3 0.19 -0.41 0.29 

 6 

 7 
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Figure 5-3: Extracellular polymeric substances measured as carbohydrates and proteins for each 

treatment at day 50. Letters denote statistically significant differences between each treatment 

pair (Wilcoxon rank sum test; p < 0.05), and the p-value on the top left denotes the Kruskal-

Wallis p-value. The blue/grey area of the plot spans the interquartile range while “x” and the 

inner solid black line represents the data mean and median, respectively. Outer dots represent 

outliers. 

 

 

5.2.2 Soil Erodibility Coefficient and Structural Equation Modeling 

The average soil erodibility coefficient decreased by 25% and 61% for treatments T1 and 

T4, respectively, compared to T0 (Figure 5-4). However, only T4 was significantly different 

compared to both T0 and T1. Multiple linear regression analysis was used to identify relationships 

between soil properties and erosion resistance. Given the high correlation between SOM, EPS-P, 

and VWC (Table 5-1), only EPS-P, along with EPS-C and WT-ST, were used in the regression 

analysis and reported in Figure 5-5. Results indicate that kd is negatively correlated with both EPS-

P and EPS-C; WT-ST was not a significant predictor, so that parameter was left out of the result. 
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Figure 5-4: Soil erodibility coefficients for each treatment. Letters denote statistically significant 

differences between each treatment pair (Wilcoxon rank sum test; p < 0.05), and the p-value on 

the top left denotes the Kruskal-Wallis p-value. The grey area of the plot spans the interquartile 

range while “x” and the inner solid black line represents the data mean and median, respectively. 

Outer dots represent outliers. 
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Figure 5-5: Graphical results of multiple linear regression analysis using uncorrelated predictor 

variables. Numbers within arrows represent the regression coefficient for each predictor variable. 

Bold numbers indicate that predictor was significant at p < 0.05. The corresponding regression p-

value, adjusted r-squared, and sample size (N) are shown on the bottom of the graph. The 

variables were first standardized prior to regression analysis, so the parameter coefficients 

indicate the relative magnitude of the correlation with kd. kd = soil erodibility coefficient (cm hr-1 

Pa-1), kd
T = ln[kd]; EPS-C = extracellular polymeric substances (EPS) carbohydrates (µg g-soil-1); 

and EPS-P = extracellular polymeric substances (EPS) proteins (µg g-soil-1). 

 

 

5.2.3 Soil and Water Conditions During Erosion Testing 

Akinola et al. (2019) showed erosion rates increased with increasing water temperature, 

relative to the soil temperature, while erosion rate was not affected by ST or WT if the two 

temperatures were equal. Therefore, steps were taken to ensure both ST and WT remained constant 

at 25°C; however, soil temperatures varied between 18.7°C to 20.7°C. While the difference 

between WT and ST did not differ significantly between treatments, the variation increased with 

increasing organic matter additions (Figure 5-6a). VWC in T4 was significantly higher compared 

to both T0 and T1 (Figure 5-6b). 
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Figure 5-6: The difference between water and soil temperature (a), and volumetric water content 

(b) for each treatment at day 50. Letters denote statistically significant differences between each 

treatment pair (Wilcoxon rank sum test; p < 0.05), and the p-value on the top left denotes the 

Kruskal-Wallis p-value. The grey area of the plot spans the interquartile range while “x” and the 

inner solid black line represents the data mean and median, respectively. Outer dots represent 

outliers. 

 

 

5.3 Discussion 

5.3.1 Relationship Between OM Inputs, EPS, Soil Aggregate Stability, and the Soil 

Erodibility Coefficient 

When broken down into its elementary mechanisms, soil aggregate breakdown can be caused 

by 1) soil slaking, the rapid disintegration of an aggregate due to the compression of trapped air 

during aggregate wetting; 2) differential swelling that causes microcracking in clayey soils; and 3) 

mechanical breakdown due to impact forces (e.g., raindrop impacts) (Le Bissonnais, 1996). In the 

present study, the fast-wetting procedure used to measure MWD was a representation of aggregate 

resistance to soil slaking. Stimulating microbial production of EPS through the addition of labile 

carbon significantly increased macroaggregate stability and resistance to slaking (Figure 5-2). The 

production of EPS proteins have largely been overlooked in their role in increasing soil aggregate 

stability; however, prior work has suggested that the negatively charged amino acids in proteins 

may make them more important for aggregate structure compared to carbohydrates due to the 

electrostatic bonds the charged sites create with multivalent cations (Laspidou & Rittmann, 2002). 
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The significant correlation between EPS-P and MWD in the present study (Table 5-1) supports 

this claim. Additionally, Redmile-Gordon et al. (2020) found that recent land use changes had a 

greater impact on soil EPS and aggregate stability compared to prior land uses, with recent inputs 

of C from perennial grassland contributing the greatest to EPS production and soil stability. The 

authors found both EPS proteins and carbohydrates were significantly correlated with soil MWD, 

but EPS proteins had the higher correlation coefficient (R2 = 0.30 for EPS proteins vs 0.15 for EPS 

carbohydrates). While microbial biomass was not measured directly in the present study, other 

researchers have clearly demonstrated the role of microorganisms, particularly fungi, on aggregate 

stability as well (Lucas et al., 2014; Tang et al., 2011). Tang et al. (2011) found significant 

increases in stable large macroaggregates in soils amended with maize leaves (1 g per 100 g soil) 

compared to the control at every measurement time over a 40 day period. Lucas et al. (2014) found 

similar results to Tang and colleagues: vetch clippings and manure soil amendments significantly 

increased soil macroaggregate stability compared to the unamended control. The authors attributed 

this increase to the higher fungal:bacterial ratios measured in the vetch and manure treatments due 

to their relatively high levels of bioavailable organic carbon, as compared to the compost 

amendment and the control. 

The soil used in this experiment was taken from a forested river floodplain, so the soil 

organic matter content, measured using the loss-on-ignition method, was already relatively high 

for T0 after the 50-day greenhouse maturation period (5.2% on average) even though no new OM 

was added. Nevertheless, adding labile OM to the soil significantly increased the measured SOM 

for T1 (5.5%) and T4 (6.6%) compared to the control following greenhouse maturation. This 

increase in SOM led to a reduction in the average soil erodibility coefficient of 25% and 61% for 

T1 and T4, respectively, (Figure 5-4), indicating the importance of labile OM for protecting soil 

from fluvial forces. The benefit of organic matter on sediment erodibility has been shown for 

benthic lake and lagoon sediments (Forsberg et al., 2018; Righetti & Lucarelli, 2007). Righetti and 

Lucarelli (2007) modified Shield’s incipient motion curve by adding terms for sediment cohesive 

and adhesive forces; the authors found that the adhesion coefficient used in their model was 

strongly correlated with the organic matter content of the benthic sediment. Unlike prior research, 

the present study demonstrated that the increased soil resistance to fluvial erosion was linked to 

OM impacts on microbial activity, specifically EPS production. For the fluvial erosion tests, 

slaking was limited due to prior soil wetting; thus, this procedure can be considered a 
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representation of internal aggregate cohesion and particle resistance to detachment by flowing 

water. While EPS proteins appear to provide the backbone of soil stabilization and soil cohesion 

due to labile OM inputs (Table 5-1), it is shown that EPS carbohydrates are also correlated with 

increased soil resistance to fluvial erosion (Figure 5-5). Unlike the correlation coefficients, 

multiple linear regression tests for the significance of each independent variable while holding all 

other variables constant. As a result, the significant relationship found between EPS-C and kd in 

the regression model points to within treatment changes in EPS-C having an impact on soil 

resistance to fluvial erosion. 

The significantly lower EPS carbohydrate concentrations measured in T1 compared to T0 

and T4 was surprising (Figure 5-3), but past studies where organic material was added to the soil 

environment have found similar results. For soil with 10% clay, temporary increases in EPS-C and 

microbial biomass were found in response to cellulose addition, a major component of grass 

clippings, by Olagoke et al. (2022). However, after a prolonged incubation (20°C for 80 days), the 

EPS-C content of the cellulose amended soil was lower than the control soil treatment while EPS-

P remained high. In a study conducted by Tang et al. (2011), EPS carbohydrates in amended soil 

samples steadily decreased after day 20; however, carbohydrates were always significantly higher 

compared to the control samples. It is important to note that Tang et al. (2011) used a different 

extraction method compared to this experiment. Redmile-Gordon et al. (2014) found that the 

extraction method used by Tang and colleagues also co-extracted large amounts of intracellular 

biomass and extracellular SOC, which may have affected their measurement of EPS 

carbohydrates. Nevertheless, questions remain on why 1% grass clippings reduced the amount of 

EPS carbohydrates measured in T1. One possible explanation is related to two concepts: 1) EPS 

carbohydrates are vulnerable to degradative enzymes (Davies, 1999; Laspidou & Rittmann, 2002) 

and are regarded as labile carbon sources for bacteria (Goto et al., 2001; Van Duyl et al., 1999); 

and, 2) the carbon:nitrogen (C:N) of the grass additions. In a 2015 study conducted by Redmile-

Gordon et al., soil samples mixed with relatively low C:N ratios (< 20 C:N) resulted in lower EPS-

production efficiencies compared to relatively high C:N ratio substrates (100 C:N). In other words, 

while carbon additions promoted EPS production, the authors theorized that microorganisms 

shifted carbon investment towards the growth of microbial biomass when inorganic N was in 

surplus. The C:N ratio of the grass used in the present study, measured using an elemental analyzer-

isotope ratio mass spectrometer (IsoPrime Ltd, Cheadle, UK), was 18. As a result, it is speculated 
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that once the readily available carbon provided by the grass clippings was consumed, the microbial 

community used EPS carbohydrates for cell maintenance/growth. The lower concentration of EPS-

C in T1 could be explained by observations that fresh OM additions to soil tend to increase soil 

microbial biomass and short-term biomass fluctuations as compared to unamended treatments 

(Zelenev et al., 2005). This possible change in microbial biomass could have led to increased 

degradation of the EPS carbohydrate pool in T1 after the initial carbon amendment was depleted. 

 

5.3.2 Volumetric Water Content 

The soil samples in this study were placed in a shallow tray of water prior to erosion testing 

to maintain soil moisture and temperature. Therefore, a higher moisture content of T4 compared 

to both T1 and T0 (Figure 5-6b) was expected due to the greater mass of grass added at the 

beginning of the experiment. Avnimelech et al. (2001) note that the water content of flooded soils 

is positively correlated with organic carbon content. It is also interesting to note that the significant 

relationship between VWC and kd was counter to what is typically found in the literature 

(Grabowski et al., 2011). Specifically, when soil type and other factors are equal, erosion rate 

generally increases as soil moisture content increases (Grabowski et al., 2011); however, VWC 

and kd in Table 5-1 are inversely related. This relationship suggests that OM effects on soil 

aggregate stability and EPS in this study had a stronger impact on soil erodibility compared to the 

moisture content. This idea is supported by the significant positive correlation between VWC and 

SOM (Table 5-1). Similar biostabilization effects for high water content sediments have been 

described previously (Amos et al., 2004). Had VWC been held constant, the erosion rates of T1 

and T4 may have been even lower than measured in this experiment. 

 

5.4 Conclusions 

By providing a source of readily available carbon in the soil, microbial production of EPS 

proteins was stimulated and remained for 50 days while EPS carbohydrates were more variable 

depending on the initial OM input amount. The lower EPS carbohydrate concentrations from small 

amounts of initial OM inputs seem to have been due to the stimulation of microbial activity and 

utilization of EPS carbohydrates in the soil. The significant correlations between EPS proteins, 

MWD, and kd found in this study point to the dominant role EPS proteins play in improving soil 

stabilization and soil resistance to fluvial erosion due to labile OM inputs. Overall, treatments with 
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added organic matter, T1 and T4, reduced the average soil erodibility coefficient by 25% and 61% 

and increased the soil mean weight diameter by 16% and over 100% compared to the control 

treatment, respectively. This research supports the hypothesis that labile organic matter additions 

to riparian streambank soils, in part through stimulated production of extracellular polymeric 

substances by soil microorganisms, can significantly improve soil resistance to fluvial erosion and 

slaking. 
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Chapter 6. Artificial Roots and Soil Microorganisms Increase Streambank 

Soil Resistance to Fluvial Erosion 

Results from the Chapter 3 mini-JET study revealed some interesting and unexpected 

relationships between synthetic fibers and soil erodibility. In Chapter 4, it was found that roots 

extending out of the streambank face increase near-bank turbulent stress but reduce near-bank 

velocity, and thus wall shear stress, compared to the bare (unvegetated) boundary. Given that both 

shear stress (e.g., Flanagan & Nearing, 1995; Larsen et al., 2009) and turbulence (e.g., Yang & 

Nepf, 2018; Zhang et al., 2020) can drive fluvial entrainment, the cumulative impact of exposed 

roots on streambank erosion rates, using velocity/turbulent stress results alone, is unclear. Chapter 

5 showed that adding organic matter to soil can lead to significant reductions in soil erosion rates, 

in part due to the increased production of the protein component of extracellular polymeric 

substances. While each of these studies provide insight into the impact of roots and 

microorganisms on streambank soil erosion, questions remain regarding the relative contribution 

of different root mechanisms and soil microorganisms on streambank soil resistance to fluvial 

erosion.  

To compare the relative effects of roots binding soil, root boundary layer impacts, and 

stimulation of microbial EPS production on soil erodibility, three flume walls were constructed to 

simulate unvegetated streambanks, as well as streambanks with herbaceous and woody roots 

(Figure 4-1b-d). Additionally, soil treatments were created to represent unamended and organic 

matter amended soil either without roots (bare soil), with synthetic roots, or with living roots 

(Panicum virgatum). Synthetic fibers in the soil represent the physical binding mechanism of plant 

roots. Organic matter amendments, in the form of dried and crushed grass clippings, represent the 

stimulation of soil microorganisms and exudation of “sticky” organic substances through the input 

of a readily decomposable carbon source. The following hypotheses were addressed: 1) fibers 

extending out of the streambank face increase soil erosion rates due to fiber effects on the boundary 

layer; 2) as root length density increases for both live and synthetic fibers, fluvial erosion rates 

decrease; 3) soil microbes enhance soil resistance to fluvial erosion through production of 

extracellular polymeric substances; and 4) live roots provide the most reduction in erosion rates 

due to soil binding, EPS production, and the bonding of aggregates to roots surfaces. 
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6.1 Methods 

6.1.1 Experimental Setup 

To quantify the processes that drive soil erosion rates, a factorial combination of four root 

treatments (no roots (NR), flexible synthetic roots (FSR), rigid synthetic roots (RSR), live roots 

(LR) from switchgrass (Panicum virgatum)) and two soil amendments (unamended and organic 

matter amended (OM)) were used to represent different root mechanisms (Table 6-1). A 

randomized complete block design was used for the experimental setup with six replicates of each 

treatment: 1) NR, control; 2) NR+OM; 3) FSR; 4) FSR+OM; 5) RSR; 6) RSR+OM; 7) LR; and 8) 

LR+OM). The NR treatment was replicated three times within each block. Silver maple trees (Acer 

saccharinum) were also planted during the greenhouse phase of this experiment; however, these 

plants did not survive the transplantation and are not considered. 

Switchgrass plugs were purchased from Wicklein’s Water Gardens and Native Plants 

(Baltimore MD, USA); plugs were stored and watered in a greenhouse prior to planting. Amended 

soil samples were mixed with 1 g dried and pulverized grass clippings (<1 mm) per 100 g soil. 

Based on the carbon content of the grass clippings (40.6%) and surface area of the growth 

containers 1 g grass per 100 g soil corresponds to 96 g C/m2. For comparison, a review conducted 

by Cotrufo & Lavallee (2022) collated prior research and reported that carbon inputs from plant 

roots (root exudates and root turnover) have been measured as 3 to 400 g C/m2/year for grasslands 

and 120 to 960 g C/m2/year for forests. Flexible synthetic root samples were represented by 0.3 

mm polyester thread (Coats and Clark Dual Duty XP®, Charlotte NC, USA), 1.0 mm polyester 

cords (PandaHall, ShenZhen, China), and 2.0 mm polyester cords (Bohemian Findings, Prince 

Edward Island, Canada). Braided fishing line (0.38 mm, Pure Fishing, Inc., Spirit Lake, IA) and 

plastic plant stems (1.0 mm and 2.0 mm, Bloom Room, San Francisco CA, USA) were used for 

the rigid synthetic root samples. 
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Table 6-1: Experimental treatments and the root mechanisms they represent. 

  Synthetic Roots  

 No Roots (NR) 
Flexible 

(FSR) 
Rigid (RSR) Live Roots (LR) 

Unamended 

soil 
Control Fibers binding soil 

Fibers binding soil 

Aggregates sticking to root 

surfaces 

Stimulating EPS production 

Amended 

soil (+OM) 

Stimulating EPS 

production 

Fibers binding soil 

Stimulating EPS 

production 

Fibers binding soil 

Aggregates sticking to root 

surfaces 

Stimulating EPS production 

 

 

Silt loam soil (16% clay, 27% sand, and 57% silt) was collected from the New River 

floodplain near Whitethorne, VA (37.192616°, -80.573133°). The soil was passed through a 2-mm 

sieve, steam sterilized for two hours at 100°C, and then stored in covered 210-L bins. The day 

before experiment setup, steam sterilization was repeated to ensure limited microbial community 

colonization of soil. For this experiment, growth containers like those described in Chapter 5, 

section 5.1.1 (Figure 6-1a) were used. Thin slots of the containers were cut off the sides (Figure 

6-1b), effectively dividing the pipe into three equally spaced subsections to allow subdivision of 

each sample while minimizing soil disturbance. Prior to soil compaction and vegetation planting, 

SpinOut® (SePRO Corp., Carmel, IN), a root-growth inhibitor, was painted in the pipe interior 

and at least 2 cm away from the pipe drainage holes. This allowed the roots to grow down and out 

through the nursery fabric mesh, like natural streambank conditions. All samples were compacted 

to a bulk density of 0.95 g cm-3. 

 

 



 

91 

 

 

Figure 6-1: a) Greenhouse setup and growth containers for one of six blocks. b) Close up of soil 

compacted in growth container showing equally spaced sections. c) Schematic of inside of 

growth pipe (not drawn to scale). Synthetic roots (represented as blue lines) were compacted in 

random orientations in eight layers within each subsection of the container. Silver maple trees 

(Acer saccharinum) were also planted during the greenhouse phase of this experiment; however, 

these plants did not survive the transplantation and are not considered. 

 

 

After weighing out the desired soil mass, nine equal layers of the soil (i.e., soil lifts) were 

compacted into the pipe for each sample. For OM amended samples, grass clippings were mixed 

into the soil prior to lift placement and compaction. Following soil compaction, switchgrass plants 

were removed from the potting soil; the roots were trimmed to ~2 cm in length and rinsed 

thoroughly with water to remove excess rooting substrate. Switchgrass plugs were then planted by 

removing the topsoil layer in the center of the pipe in between the two thin slots (Figure 6-1b), 

placing the plug, and then replacing the soil. All brown shoots were removed following planting 

and samples were watered immediately. Synthetic root samples were “planted” at root length 

densities (RLD) between 0.67 to 2.8 cm/cm3 within each pipe subsection. To do this, following 

the compaction of one soil layer, 1/8th of the total root length needed to reach the desired RLD was 

placed in each subsection. Fibers were placed at random orientations horizontally along each soil 

lift within the subsections; care was taken to avoid placing fibers directly underneath the thin slots 

(Figure 6-1c). Once fibers were placed, another soil layer was compacted on top of the fibers and 

the process was repeated.  
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After all treatments were set up, the soil containers were placed in 8.5-cm deep aluminum 

trays to allow watering by capillary action and allowed to mature in a greenhouse. The containers 

were arranged in blocks, with one container for each treatment randomly placed within each block. 

Watering by capillary action was done to reduce the effect of soil wetting/drying cycles on 

measured soil erosion, particularly in the OM-amended and live rooted samples. Sample trays were 

never allowed to dry out, and approximately 2 cm of water was always in the tray; therefore, the 

soil moisture remained consistent across all treatments and blocks throughout the study.  

The randomized complete block design was used to account for the spatial and temporal 

variation of primarily sunlight and temperature in the greenhouse. Block placement in the 

greenhouse was staggered between June 7th, 2021, and August 28th, 2021. Erosion testing and root 

sieving for each block required 1-2 weeks, so block staggering was done to ensure that switchgrass 

samples did not become root-bound during greenhouse maturation. Additionally, degree days, the 

number of days where the average air temperature was above a specified temperature, were 

monitored to ensure blocks received similar heating time periods throughout the sample growth 

period. Each block was in the greenhouse for 31 to 40 degree-days above 30°C prior to erosion 

testing and subsequent soil analyses. Over the course of the experiment, temperatures in the 

greenhouse ranged from 30 to 50°C during the day and 17 to 24°C throughout the night. Following 

the growth period, samples were moved to a temperature-controlled lab and allowed to sit in trays 

of water overnight at the same depth used in the greenhouse setup. Digital heaters (50-W, Nova 

Pet Supplies, Guangdong China) were placed in the water trays and used to keep soil temperature 

constant at 22°C (Akinola et al., 2019). This ensured that all samples were at similar temperatures 

and moisture contents prior to being tested in the flume. 

 

6.1.2 Erosion Testing Procedure 

The flume tank was filled with tap water from the Blacksburg-Christiansburg VPI Water 

Authority; this water was kept at a constant temperature of 22°C using three 1000-W aquarium 

heaters (True Temp T-1000, Transworld Aquatic Ent., Inglewood, CA, USA). The actual water 

temperature, measured directly using the ADP, varied between 22.4°C and 23.7°C for all flume 

runs. The flume bed slope was held constant at 0.1%. 

Immediately prior to erosion testing, a Decagon 5TM soil probe (Decagon Devices, Inc. 

Pullman, WA, USA) was used to measure volumetric water content (VWC) and soil temperature. 
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To ensure minimum disturbance of synthetic rooted samples, all VWC and soil temperature 

measurements were taken between the thin slots on both sides of the growth containers (Figure 

6-1b). Immediately prior to erosion testing, each sample was cut into three subsamples using the 

thin slots as a guide. Each subsample was tested using a different flow rate: 19, 24, or 40 L s-1. The 

subsample face was completely covered with water during erosion testing.  

Subsamples were placed in the flume and pushed flush with the boundary surface. The 

subsample was covered before running the flume to prevent the application of hydraulic shear on 

the soil surface as the flow developed in the channel. Erosion testing started once the flow became 

fully developed (about 90 seconds) and the subsample cover was removed. Erosion testing lasted 

for 10 minutes, or until all the soil had been eroded away, whichever came first. The distance of 

the ADP probe head to the soil surface was monitored via the Vectrino software, and the soil core 

was advanced back to the initial position, flush with the wall, after every millimeter of erosion 

(Akinola et al., 2019). This process was repeated for all three soil subsamples using a different 

flow rate. Erosion rate was determined as the total depth of soil eroded during testing divided by 

the erosion time. 

For the erosion testing, soil subsamples were matched with their respective simulated 

streambank boundary (Table 6-2). Boundary and subsample type were matched to ensure 

consistent boundary conditions throughout the length of the flume. To quantify the impact of 

boundary conditions on soil erosion rates, erosion testing was conducted on one of the three no-

root samples using each boundary type (Table 6-2). Statistically comparing the ER for the three 

no-root samples allowed for the influence of boundary type to be measured directly.  
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Table 6-2: Erosion testing was done using the following simulated wall and subsample 

combinations. Different walls were used for each subsample depending on the root type to 

ensure consistent boundary conditions throughout the length of the flume. A no-root sample was 

run on all three boundaries to determine if the constructed wall influenced measured erosion 

rates. SW = sand wall, FRW = flexible rooted wall, RRW = rigid rooted wall, NR = no roots 

(bare soil), OM = organic matter added, FSR = flexible synthetic roots, RSR = rigid synthetic 

roots, and LR = live roots [switchgrass (Panicum virgatum)]. 

Boundary Samples Tested 

Sand wall SW-NR  NR + OM    

Flexible root wall FRW-NR FSR FSR + OM LR LR + OM 

Rigid root wall RRW-NR RSR RSR + OM   

 

 

The velocity time series data from the ADP were processed in R following the procedure 

outlined in Chapter 5, section 5.1.2. Following data processing for each flume run, the turbulent 

stress was calculated using turbulent kinetic energy (equation 4.1) and one component of Reynolds 

stress, τyx (equation 5.2). Direct measurements of boundary shear stress were not possible in this 

experiment using the available equipment given the constant erosion of the soil sample and 

accumulation of sediment in the water column. Turbulent kinetic energy (TKE) and Reynolds 

stresses are commonly used to predict fluvial entrainment of soil/sediment (Biron et al., 2004; 

Hopkinson & Wynn-Thompson, 2012; Yang & Nepf, 2018). However, as shown in Chapter 4, the 

roots protruding out of the streambank result in lower near-bank velocity but higher near-bank 

turbulence. How these competing effects influence overall soil erosion rates was explored in this 

chapter.  

 

6.1.3 Extracellular Polymeric Substances and Soil Organic Matter Measurements 

After testing each subsample in the flume, if soil remained, about 100 g of soil was broken 

apart by hand and placed in a clean metal pan. This process was repeated for the remaining two 

subsamples per sample; all collected soil was placed in the same metal pan. For switchgrass-

planted samples, roots were removed by hand from each collected pan sample for 20 minutes; 

collected roots were preserved in a labeled mason jar filled with 50% ethanol. About 50 g of 
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collected soil was moved to 50-ml Nalgene® bottles and stored at -18°C for later EPS analysis. 

The remaining soil was air-dried and sieved through a 2-mm sieve and used for soil organic carbon 

analysis (SOC; Walkley-Black method; procedure outlined by FAO, 2020).  

The EPS extraction procedure used in this study follows methods and procedures described 

in Chapter 5. Soil organic matter (SOM) for each sample in this experiment was estimated by 

assuming 58% of SOM is soil organic carbon. After 7 – 8 weeks in the freezer, the frozen soil was 

thawed at 4°C, homogenized, and added to centrifuge tubes in triplicate at 0.5 g dry weight 

equivalent. To remove soluble EPS and extract bound EPS, 5 mL of CaCl2 (4°C, pH 7) and 

phosphate-buffered saline solution (4°C, pH 7) were used, respectively. Bound EPS extractants 

were collected and measured spectrophotometrically for carbohydrates and proteins. Proteins were 

estimated using the modified Lowry assay, corrected for removal of humic substances (Frolund et 

al., 1996; Redmile-Gordon et al., 2013). Total carbohydrates was measured using the 

phenolesulphuric acid method (DuBois et al., 1956). 

Soil not collected for organic carbon or EPS analyses was either discarded or washed to 

collect any living roots for switchgrass-planted samples. Root diameter, root length density (RLD), 

and root volume ratio (RVR) were measured using the 2015 WinRhizo™ Tron and 2003 

WinRhizo™ Pro systems (Regent Instruments Inc., Québec, Canada). Root diameter classes 

included: very fine (< 0.5 mm), fine (0.5-2.0 mm) and small (2-5 mm). Given the relatively small 

pipe volume and the high root growth, RLD and RVR were assumed to be equal for all subsections 

within one growth pipe.  

 

6.1.4 Statistical Analysis 

Initially, following erosion testing, the excess shear stress equation (Moody et al., 2005) was 

going to be used to calculate the critical shear stress (τc) and soil erodibility coefficient (kd) for 

each sample. To calculate τc and kd, where τc is the stress required to initiate soil motion and kd is 

the slope of the regression line, linear regression is conducted on the measured erosion rates vs. 

the respective turbulent stress. However, this linear model did not provide an adequate fit for 19 

out of the 60 samples tested (32%). Given the poor fit for 1/3rd of the data, neither τc nor kd were 

calculated. Instead, the measured erosion rate at each flume flow rate (19, 24, and 40 L s-1) was 

used individually in all analyses. 
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As described in section 5.1.2, a no-root sample was tested using all three boundary 

conditions (SW, FRW, and RRW) to determine if the wall type influenced measured erosion rates. 

Thus, the nonparametric Friedman’s test and Conover’s test (Pereira et al., 2015) were used to 

analyze the effect of boundary type on the ER of SW-NR, FRW-NR, and RRW-NR treatments 

(hypothesis 1). Next, Spearman rho correlation coefficients were used to explore relationships 

between RLD (hypothesis 2) or EPS (hypothesis 3) and soil erosion rates. To investigate the 

relative impact of root type (flexible synthetic vs. rigid synthetic vs. live), RLD, and EPS on soil 

resistance to fluvial erosion, boundary effects were factored out. Specifically, the percent change 

between the ER for a specific sample and the median ER for the NR treatment was calculated 

within each boundary (EQ 6-2) as 

𝑷𝒆𝒓𝒄𝒆𝒏𝒕 𝑪𝒉𝒂𝒏𝒈𝒆 =
𝑬𝑹𝒊−𝒎𝒆𝒅𝒊𝒂𝒏(𝑬𝑹𝑵𝑹𝒋

)

𝒎𝒆𝒅𝒊𝒂𝒏(𝑬𝑹𝑵𝑹𝒋
)

    (6-1) 

where ER is the erosion rate; j = SW, FRW, or RRW; i = NR+OM if j = SW; i = FSR, FSR+OM, 

LR, or LR+OM if j = FRW; and i = RSR or RSR+OM if j = RRW. Subtracting the median NR 

within each wall allows for the relative influence of fibers and EPS on soil erosion rates to be 

analyzed by removing changes in erosion rates caused by the different boundary types.  

Finally, the question of changes in erosion rates under different treatment and boundary 

combinations needed to be considered. To investigate interactions between boundary type (SW vs. 

FRW vs. RRW; hypothesis 1), root type (FSR vs. RSR vs. LR; hypotheses 2 & 4), soil type 

(unamended vs. amended; hypothesis 3), and soil erosion rates, all ER data were plotted vs. 

treatment. The nonparametric Friedman’s test and Conover’s test (Pereira et al., 2015) were used 

to statistically analyze these differences.  

 

6.2 Results and Discussion 

6.2.1 Influence of Protruding Roots on Soil Erosion Rates (Hypothesis 1) 

While the ER of NR samples did not vary significantly at any of the measured flow rates 

(Figure 6-2a-c), the median erosion rate tended to increase from SW-NR, FRW-NR, and RRW-

NR. Specifically, the median erosion rate for RRW-NR was five to ten times higher than SW-NR 

depending on the flow rate used; the median ER for FRW-NR was two to eight times higher than 

SW-NR. The generally higher erosion rates for RRW-NR and FRW-NR were expected given the 

significantly higher near-bank turbulent stress calculated for the RRW and FRW compared to the 
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SW in Chapter 4 (Figure 4-5). Higher sediment erosion is generally associated with higher 

turbulent stress produced by sparsely spaced vegetation elements (Nepf, 2012a; Zhang et al., 

2020). For example, when using rigid circular rods representing seagrass canopies, Zhang et al. 

(2020) found that near-bed turbulence increased and net sediment deposition decreased within a 

sparsely-spaced simulated meadow (260 rods m-2) compared to bare soil. At various intertidal field 

sites within the Netherlands, van Katwijk et al. (2010) found that meadows with low vegetation 

cover (< 120 shoots m-2) at relatively muddy sites increased the erosion of fine sediments/OM 

compared to nearby unvegetated sites.
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Figure 6-2: Measured erosion rates using flume flow rates of a) 19 L s-1, b) 24 L s-1, and c) 40 L s-1 for each no-root (NR) treatment (n 

= 6). The white area of the plot spans the interquartile range while the inner solid black line represents the median. Numbers above 

each treatment are the median ER values. Outliers are indicated by filled circles. SW = sand wall; FRW = flexible root wall; RRW = 

rigid root wall.
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Chapter 4 showed that both the FRW and RRW produced significantly higher near-bank 

turbulent stress compared to the SW (Figure 4-5), suggesting higher near-bank turbulence. On the 

other hand, both rooted boundaries also had significantly lower near-bank velocities compared to 

the SW (Figure 4-4), indicating lower wall shear stress. However, the results shown in Figure 6-2 

support prior work that has shown that higher near-surface turbulence, rather than lower near-

surface velocity, plays an important role in predicting soil erosion/sediment transport potential 

(Yang & Nepf, 2018). Given the small sample size of the present study and lack of statistically 

significant treatment effects, further work should be done to confirm these relationships. 

 

6.2.2 Root Length Density Impacts on Fluvial Erosion Rates (Hypothesis 2) 

After accounting for the influence of boundary type on sample erosion rates by calculating the 

percent change, the relative influence of fiber type (live vs. rigid synthetic vs. flexible synthetic), 

soil microorganisms (EPS production), and their interactions could be compared directly. The 

percent change was used to explore the impact of RLD on the erosion rates of rooted samples in 

Figure 6-3a-c. Depending on the flow rate, soil samples with FSR, RSR, and LR reduced median 

erosion rates by 30-72%, 36-64%, and 95-100%, respectively, compared to the corresponding bare 

soil treatment. On the other hand, NR+OM, FSR+OM, RSR+OM, and LR+OM treatments reduced 

median ER by 41-100%, 86-100%, 96-100%, and 95-100%, respectively. The RLD used for the 

synthetic rooted samples ranged from 0.67 to 1.30 cm cm-3 and 1.13 to 2.80 cm cm-3 for RSR and 

FSR, respectively. Living roots exceeded the “planted” RLD for the synthetic root samples, 

ranging from 2.11 to 8.27 cm cm-3 in unamended soils and 3.75 to 13.5 cm cm-3 in OM amended 

soils. 
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Figure 6-3: Percent change in erosion rate from median no-root soil treatments plotted against 

root length density (RLD) for the a) 19 L s-1 flow rate, b) 24 L s-1 flow rate, and c) 40 L s-1 flow 

rate. The Spearman rho correlation coefficients and corresponding p-values are shown for both 

unamended and amended soil treatments with roots (synthetic and live). The black dashed line at 

zero represents the median value for no-root soil controls. The blue dashed line and the shaded 

blue area represent the median and interquartile range for the no roots, organic matter amended 

treatment (NR+OM; n = 6). 
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Root length density was significantly correlated with the ER of unamended soil treatments 

with roots, regardless of flow rate (FSR, RSR, and LR; Figure 6-3a-c). A similar relationship 

between ER and RLD was not found when OM was added to the soil (Figure 6-3a-c). Therefore, 

while fiber density alone can aid in stabilizing soil and reducing erosion compared to bare soil, the 

fibers become less important once soil microorganisms are stimulated through organic matter 

inputs. This finding is counter to previous findings that show roots, particularly fine roots, (Burylo 

et al., 2012; De Baets et al., 2007) play the dominant role in increasing soil resistance to fluvial 

erosion. By stimulating microbial production of EPS, the present study shows that even low RLD 

samples (0.67 cm cm-3 to 2.8 cm cm-3) can have a significant effect on soil erodibility. 

Figure 6-3 shows that live roots and organic matter amended treatments appear to require a 

higher turbulent stress to initiate soil erosion. The median erosion rate was zero for FSR+OM, 

RSR+OM, or LR+OM until the 40 L s-1 flume flow rate was used. Similarly, median erosion was 

zero for NR+OM and LR until a flow rate above 24 L s-1 was used. While critical shear stress could 

not be calculated directly (see section 6.1.4), preventing erosion until higher applied forces are 

used is indicative of soil samples with higher critical shear stresses. Therefore, it can be inferred 

that live roots and organic matter amendments increased soil resistance to fluvial erosion by, in 

part, increasing the stress required to initiate soil erosion. Chapter 3 and prior studies have also 

measured higher critical shear stresses in root-permeated soils compared to bare soils (Khanal & 

Fox, 2017; McNichol et al., 2017).  

The reduction in ER compared to bare soil for NR+OM appears to diminish at higher flow 

rates and higher corresponding turbulent stresses. Specifically, NR+OM had 100%, 79%, and 41% 

lower median erosion rates at 19 L s-1, 24 L s-1, and 40 L s-1, respectively, compared to bare soil. 

On the other hand, the presence of FSR and RSR corresponded to reductions in median ER by 

36% to 38%, 52% to 72%, and 31% to 64% at 19 L s-1, 24 L s-1, and 40 L s-1, respectively, 

compared to bare soil. In other words, the benefit provided by fibers alone in the soil did not 

diminish at higher flow rates. This result highlights potential differences in the mechanisms by 

which fibers and OM-amended soil increase soil resistance to erosion. While OM amendments 

and the corresponding EPS production (see Figure 6-4a-c) may lead to a higher critical shear stress, 

fibers in the soil appear to reduce the total amount of soil eroded over a given time, regardless of 

the flow rate. In summary, the addition of fibers to soil appear to decrease the soil erodibility 
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coefficient, or the volume of soil eroded over time. Whether this trend would continue at higher 

flow rates/turbulent stresses is unclear and is worthy of further study. 

 

6.2.3 EPS Protein Production Drives Reduction in Fluvial Erosion Rates (Hypothesis 3) 

Inputs of 1g grass clippings per 100 g soil had significant (p < 0.001) but opposite effects on 

EPS proteins and EPS carbohydrates. Specifically, OM-amended soil contained more EPS proteins 

(average of all amended samples = 147.2±39.9 µg g-soil-1) compared to unamended soil 

(70.8±28.5 µg g-soil-1). However, EPS carbohydrates were significantly lower in OM-amended 

samples (357.5±70.9 µg g-soil-1) compared to unamended samples (409.3±56.8 µg g-soil-1). This 

increase in EPS proteins was positively correlated with reduced soil erosion rates for OM-amended 

soils (Figure 6-4a-c) at all flume flow rates. Depending on the flow rate, amended soil treatments 

reduced the ER by 41% to 100% compared to the bare soil controls. Similar relationships between 

EPS proteins and soil erosion rates were found in Chapter 5 (Figure 5-5), further emphasizing the 

quick stabilizing potential of proteinaceous extracellular substances (Moon et al., 2016).   
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Figure 6-4: Percent change in erosion rate from median no-root soil treatments plotted against 

the protein component of extracellular polymeric substances (EPS proteins) for the a) 19 L s-1 

flow rate, b) 24 L s-1 flow rate, and c) 40 L s-1 flow rate. The Spearman rho correlation 

coefficients and corresponding p-values are shown for root-permeated treatments (synthetic and 

live). The black dashed line at zero represents the median value for no-root soil controls. The 

blue dashed line and the shaded blue area represent the median and interquartile ranges for the no 

roots, organic matter amended treatment (NR+OM; n = 6). 
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While EPS proteins were higher in LR compared to the other unamended soil treatments, 

this difference was not statistically significant. Studies that have looked at the influence of longer 

term (e.g., >2 years) grassland conversions on extracellular substances found significant increases 

compared to bare soil (Redmile-Gordon et al., 2020). Wang et al. (2015, 2014) determined that 

root-biochemical effects explained 7%, 15%, and 14% of the variance in soil detachment for 1-yr, 

7-yr, and 24-yr restored natural grasslands, respectively. These results suggest that root biological 

effects (i.e., EPS production) increase in significance over time as vegetation matures and roots 

turn over, a process that is not seen in a short-term greenhouse study where root growth is limited 

and little to no seasonal plant changes like fine root turn over or litter decomposition occurred. In 

addition, carbon input rates vary with plant species, so this study is limited by considering Panicum 

virgatum alone. 

 

6.2.4 Combined Root and Microbial Effects (Hypotheses 1-4) 

Figure 6-5a-c represents how the interactions between boundary type (SW vs. FRW vs. 

RRW; hypothesis 1), root type (FSR vs. RSR vs. LR; hypotheses 2 & 4), and soil type (unamended 

vs. amended; hypothesis 3) influence soil erosion rates at each flume flow rate. Synthetic fibers 

alone never had a significant effect on soil erodibility when compared to the bare soil controls. 

Even though RSR and FSR tended to reduce erosion rates compared to RRW-NR and FRW-NR, 

respectively (Figure 6-3a-c), the ER for RSR and FSR tended to be higher than SW-NR at all flow 

rates used in this study (Figure 6-5a-c). This result highlights two contrasting impacts of roots on 

soil erosion found in this study. Sparsely spaced roots extending out of the streambank face 

increased soil erodibility (Figure 6-2); however, roots in the soil provided additional protection 

against erosive forces when compared to bare soil tested under the same boundary condition.
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Figure 6-5: Measured erosion rates for each treatment tested at the flume flow rate of a) 19 L s-1, b) 24 L s-1, and c) 40 L s-1. 

Uppercase letters denote statistically significant differences within each boundary layer type while lowercase letters denote 

statistically significant differences between all treatments tested at the same flow rate (α <0.1; Conover’s test). The white area of the 

plot spans the interquartile range while the inner solid black line represents the data median. SW = sand wall; FRW = flexible rooted 

wall; RRW = rigid rooted wall; NR = no-roots; OM = organic matter amended; LR = live roots (Panicum virgatum); FSR = flexible 

synthetic roots; and RSR = rigid synthetic roots.
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While 1% OM additions (NR+OM) had a greater impact on soil erosion rates compared to 

fibers alone, the erosion rate for this treatment was not significantly lower than for SW-NR at a 

flume flow rate of 40 L s-1. Only LR, LR+OM, FSR+OM, and RSR+OM significantly reduced 

erosion rates compared FRW-NR and RRW-NR at all flow rates (Figure 6-5a-c). Additionally, 

excluding the 19 L s-1 flow rate, these treatments also had significantly lower ER compared to SW-

NR even though the rooted boundaries tended to increase overall erosion rates compared to the 

unvegetated streambank (Figure 6-2a-c). Therefore, it is through a combination of fibers binding 

soil and stimulating microbial production of EPS through OM inputs that produce similar 

reductions in erosion rates compared to living roots. This similar reduction in erosion occurred 

even though the synthetic rooted treatments had lower RLDs (0.67 to 2.80 cm cm-3) compared to 

the living roots (2.11 to 13.5 cm cm-3). The lower RLD and differing boundary effects point to a 

possible synergistic relationship between root fibers and EPS, where EPS production increases the 

benefit of fiber reinforcement, that has been shown to increase soil stability in past studies (Chen 

et al., 2022). It is possible that if higher RLDs had been used for the synthetic rooted treatments, 

even lower erosion rates would have occurred. However, RLD for the synthetic rooted samples 

were comparable to Wynn et al. (2004) who measured root properties along 25 streambanks in 

Southwest Virginia, USA. The authors found the total RLD to vary approximately between 0.5 to 

3 cm cm-3 and 0.5 to 8.5 cm cm-3 for forested and herbaceous buffers, respectively, depending on 

depth. 

LR and LR+OM produced identical erosion rates; this similar reduction in ER between LR 

and LR+OM was likely caused by the high root growth experienced by those treatments. The high 

root growth likely contributed greatly to reducing erosion rates to zero or near zero for both 

treatments at all flow rates, possibly overshadowing any additional protection provided by OM 

inputs. Nevertheless, LR+OM appeared to start eroding at a higher applied turbulent stress 

compared to LR (Figure 6-3, Figure 6-4, and Figure 6-5), indicating that OM inputs still had an 

influence on erosion rates even in a high root growth environment. 

 

6.3 Conclusions 

This study sought to quantify the root and microbial mechanisms responsible for influencing 

soil resistance to streambank fluvial erosion. This is the first study to consider how the combination 

of root binding effects, microbial production of EPS, and root effects on the boundary layer could 
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influence soil erodibility in a streambank setting. Additionally, while the role of labile organic 

matter and EPS production in increasing soil cohesion and soil resistance to fluvial erosion has 

been shown before, the combined effects of artificial fibers plus labile OM have not been explored 

in this context.  

Exposed fibers on constructed streambanks tended to increase the erosion rates of bare soil 

samples. This result supports that higher near-bank turbulence, rather than lower near-bank 

velocity, plays an important role in predicting soil erosion/sediment transport potential. Regardless 

of flow rate, both flexible and rigid synthetic roots tended to increase soil resistance to erosion 

compared to bare soil. While stimulating microbial production of EPS proteins through labile 

organic carbon inputs had a greater effect compared to root binding alone, this effect appears to 

diminish as flow rate (and the corresponding turbulent stress) increases. When stimulated through 

the incorporation of grass clippings, microbial production of EPS, in combination with synthetic 

fibers, reduced soil erosion rates comparable to treatments with living roots. This result suggests 

that an abundance of roots, particularly very fine roots, were not necessary to increase soil 

resistance to fluvial erosion when soil microbes were also stimulated through organic matter 

inputs. EPS production was not significantly increased in vegetated samples without additional 

OM inputs, as compared to unamended soil, indicating vegetated samples did not have sufficient 

time to increase soil cohesion through the stimulation of microbial activity and/or release of root 

exudates prior to erosion testing. Over time, as plants grow, turn over, and add labile organic matter 

to the soil environment, we hypothesize that the role of soil microorganisms and root exudates 

would increase and reduce erosion rates further.  

In conclusion, this study provided evidence that, while sparsely spaced exposed roots may 

increase soil erosion rates due to impacts on the boundary layer, the net effect of fibers with root 

length densities as low as 0.7 cm cm-3 and organic matter inputs protect soil from fluvial erosion 

through root binding and microbially stimulated EPS production. EPS production appeared to 

increase the critical shear stress required to initiate soil erosion, while synthetic fibers alone 

provided a base reduction in soil erodibility, regardless of the flow rate used. This work highlights 

how the synergistic relationship between root fibers and soil microbes can have a profound effect 

on streambank soil erodibility due to fiber reinforcement and EPS production. 
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Chapter 7. Overall Summary and Conclusions 

7.1 Summary and Conclusions 

The morphology and migration of stream channels has been a topic of interest for multiple 

stakeholders. Nevertheless, reducing streambank erosion or predicting channel migration remains 

an elusive and difficult process due to the complex relationships between streambank soil, 

vegetation, stream hydrodynamics, and other environmental factors. 

Broadly, changes in streambank environments, like the encroachment of invasive species 

like Japanese knotweed, may alter streambank erosion processes and channel migration. Bank 

erodibility can have significant impacts on channel morphology, including meander morphology 

(Bogoni et al., 2017) and channel form (Fernandez et al., 2021). Therefore, effectively mitigating 

and adapting to global environmental changes is not possible without first understanding the 

components (e.g., vegetation and organic matter) and/or processes (e.g., EPS production) that are 

important to cohesive streambank stability. Therefore, the goal of this research was to study how 

plant root mechanisms and soil microbial processes impact streambank hydrodynamics and soil 

resistance to fluvial entrainment. Specific objectives included: 

1. Measure the impact of synthetic fibers on critical shear stress and the soil erodibility 

coefficient compared to bare soil and live rooted soil samples (Ch. 3).  

2. Quantify the effects of flexible and rigid roots extending out of the streambank face on 

near-bank velocity and turbulent stress (Ch. 4). 

3. Determine the influence of soil microorganisms on soil aggregate stability and soil 

resistance to fluvial erosion (Ch. 5). 

4. Quantify the relative impact of soil microorganisms, plant roots, and the interaction 

between the two on soil erodibility (Ch. 6). 

 

7.1.1 Chapter 3 

In this experiment the critical shear stress, soil erodibility coefficient, and scour hole 

development were compared on root-permeated soil samples (live and synthetic roots) and on bare 

soil samples. Samples were allowed to mature in a greenhouse prior to erosion testing using a 

mini-Jet Erosion Testing (JET) device. Following mini-JET testing, soil erosion was quantified by 

measuring the final volume of soil loss and calculating critical shear stress (τc) and the soil 
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erodibility coefficient (kd). Potential explanatory soil and root properties, including percent water 

stable aggregates (%WSA), root length density (RLD), and extracellular polymeric substances 

(EPS), were also measured. This study also attempted to highlight the impact of soil 

microorganisms on erosion resistance; however, EPS results suggested that sterile conditions were 

not fully achieved as no significant difference in EPS was observed between sterilized and 

inoculated treatments. Therefore, inoculated soil and sterilized soil results were combined for no-

root and synthetic root treatments. 

Based on the study results, two overall conclusions were drawn. First, the impact of fibers 

(both live and synthetic) on kd indicated that fibers affected the applied hydraulic forces. Samples 

with relatively low RLDs (below 2 cm cm-3) had a higher kd compared to the median kd for no-

rooted samples, whereas live rooted samples with RLDs above 2 cm cm-3 had a lower kd. This 

result is attributed to how densely packed the fibers were, with low RLD samples leading to 

increased stem-scale turbulence and greater soil loss. Second, the impact of live roots on the soil 

environment provided additional protection by increasing soil resistance to fluvial erosion (higher 

τc). This increased erosion resistance happened even though %WSA was significantly lower in 

live rooted treatments compared to the synthetic and no-rooted treatments. Additionally, the 

presence of roots at densities below 2 cm cm-3 did not adversely impact τc like they did kd. These 

results indicate that root fibers reduce soil loss caused by fluvial erosion through a combined effect 

on soil aggregate stability and by holding (binding) the soil together through a dense fiber network.  

 

7.1.2 Chapter 4 

The goal of this experiment was to compare the effects of root type (herbaceous vs. woody 

roots) on near-bank velocity and turbulent stress. To achieve this, the velocity, Reynold’s stress 

(τyx, τzx, and τyz), and turbulent kinetic energy (TKE) profiles were developed over three distinct 

streambank boundary conditions [sand wall (SW – grain roughness), flexible rooted wall (FRW – 

5500 roots/m2), and rigid rooted wall (RRW – 660 roots/m2)] and examined. Rooted streambanks 

were modeled after root area ratios measured at the Goodwin Creek Experimental Watershed in 

Mississippi, USA (Simon & Collison, 2002). Vectrino II acoustic Doppler profiler (ADP) 

measurements were taken at 12 locations immediately upstream of the circular sample hole, where 

the flow was still fully developed. Velocity, TKE, and Reynold’s stress profiles were developed 
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using ADP measurements at 6, 10, 20, 30, 40, 50, 70, 90, and 110 mm away from the streambank 

surface for each boundary condition. 

Rooted boundaries significantly reduced near-bank streamwise velocity compared to the 

sand wall. The RRW produced the lowest near-bank velocity and steepest velocity gradient, but 

rigid fibers also had the highest measured velocity towards the center of the channel. TKE and τyx 

were significantly higher in the rooted boundaries between 6 mm and 50 mm away from the bank 

surface compared to the sand wall boundary. While higher near-bank turbulent stress suggests 

higher near-bank turbulence, lower near-bank velocities indicate lower wall shear stresses 

compared to the bare (unvegetated) boundary. Given that both shear stress (e.g., Flanagan & 

Nearing, 1995; Larsen et al., 2009) and turbulence (e.g., Yang & Nepf, 2018; Zhang et al., 2020) 

can drive fluvial entrainment, the cumulative impact of exposed roots on streambank erosion rates, 

using velocity/turbulent stress results alone, is unclear. The relatively sparse spacing of fibers and 

the fact that the fibers did not extend far out of the streambank face likely contributed to this result, 

so different streambank configurations may lead to different results. Lastly, τyx was the dominant 

Reynolds stress for all boundary types (one order of magnitude higher than both τzx and τyz), 

indicating that Reynold’s stress was generated predominately at the bank surface. Nevertheless, 

rooted boundaries also increased stress parallel to the bed surface (τzx) while only the flexible fibers 

influenced vertical momentum transfer (τyz) due to the waving motion of the fibers. 

 

7.1.3 Chapter 5 

Aggregate stability, EPS, and arbuscular mycorrhizal fungi have all been shown to 

significantly influence soil resistance to fluvial erosion (Barthès & Roose, 2002; Li et al., 2021; 

Mardhiah et al., 2016; Wynn & Mostaghimi, 2006); however, to the authors’ knowledge, no work 

had been done directly linking the effect of increasing microbial production of EPS, stimulated by 

amending the soil with labile OM, with increasing soil resistance to fluvial streambank erosion. 

Therefore, the goal of this experiment was to determine if soils amended with OM would be more 

stable and resistant to fluvial erosion via an increase in EPS. To quantify the impact of OM inputs 

on soil aggregate stability, EPS, and streambank fluvial erosion rates, increasing amounts of dried 

and crushed (< 1 mm) cool season grass clippings were mixed at rates of 0, 1, and 4 g of clippings 

per 100 g of sieved soil (treatments T0, T1, and T4, respectively). Based on the carbon content of 

the grass clippings (40.6%) and surface area of the growth containers, T0, T1, and T4 corresponded 
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to 0, 96 g C/m2, and 384 g C/m2, respectively. For comparison, a review conducted by Cotrufo & 

Lavallee (2022) collated prior research and reported that carbon inputs from plant roots (root 

exudates and root turnover) have been measured as 3 to 400 g/m2/year for grasslands and 120 to 

960 g C/m2/year for forests. A total of eight samples were created per treatment (24 samples in 

total). Following mixing of soil and OM inputs, soil samples were compacted in the growth 

containers to a bulk density of 0.95 g/cm3 and allowed to mature in a closed greenhouse for 50 

days prior to erosion testing and soil sampling. Following erosion testing, the soil remaining was 

collected for soil organic matter, EPS carbohydrate, EPS protein, and aggregate stability analysis. 

By providing a source of readily available carbon in the soil, microbial production of EPS 

proteins was stimulated and remained for 50 days while EPS carbohydrates were more variable 

depending on the initial OM input amount. The lower EPS carbohydrate concentrations from small 

amounts of initial OM inputs seem to have been due to the stimulation of microbial activity and 

utilization of EPS carbohydrates in the soil. The significant correlations between EPS proteins, 

MWD, and kd found in this study point to the dominant role EPS proteins play in improving soil 

stabilization and soil resistance to fluvial erosion due to labile OM inputs. Overall, treatments with 

added organic matter, T1 and T4, reduced the average soil erodibility coefficient by 25% and 61% 

and increased the soil mean weight diameter by 16% and over 100% compared to the control 

treatment, respectively. This research supports the hypothesis that labile organic matter additions 

to riparian streambank soils, in part through stimulated production of extracellular polymeric 

substances by soil microorganisms, can significantly improve soil resistance to fluvial erosion and 

slaking. 

 

7.1.4 Chapter 6 

Given the complex relationships between roots, microbes, and fluvial entrainment of soils, the 

goal of this experiment was to quantify the root and microbial mechanisms that influence soil 

erodibility. To do this, three flume walls were constructed to simulate unvegetated streambanks, 

as well as streambanks with herbaceous and woody roots. Additionally, three root treatments (bare 

soil, synthetic fibers, and living roots), and two soil types (soil amended with organic matter and 

unamended soil), were considered. Synthetic fibers represented the physical binding mechanism 

of plant roots without the biological interactions. Organic matter amendments, in the form of dried 
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and crushed grass clippings, represented the stimulation of soil microorganisms and exudation of 

“sticky” organic substances through the input of a readily degradable carbon source.  

Exposed fibers on constructed streambanks tended to increase the erosion rates of bare soil 

samples. This result supports that higher near-bank turbulence, rather than lower near-bank 

velocity, plays an important role in predicting soil erosion/sediment transport potential. Regardless 

of flow rate, both flexible and rigid synthetic roots tended to increase soil resistance to erosion 

compared to bare soil. While stimulating microbial production of EPS proteins through labile 

organic carbon inputs had a greater effect compared to root binding alone, this effect appears to 

diminish as flow rate (and the corresponding turbulent stress) increases. When stimulated through 

the incorporation of grass clippings, microbial production of EPS, in combination with synthetic 

fibers, reduced soil erosion rates comparable to treatments with living roots. This result suggests 

that an abundance of roots, particularly very fine roots, were not necessary to increase soil 

resistance to fluvial erosion when soil microbes were also stimulated through organic matter 

inputs. EPS production was not significantly increased in vegetated samples without additional 

OM inputs, indicating vegetated samples did not have sufficient time to stimulate microbial 

activity prior to erosion testing. Over time, as plants grow, turn over, and add labile organic matter 

into the soil environment, it is hypothesized that the role of soil microorganisms would increase 

and reduce erosion rates further. In conclusion, this study provided evidence that, while sparsely 

spaced exposed roots may increase soil erosion rates due to impacts on the boundary layer, the net 

effect of fibers with root length densities as low as 0.7 cm cm-3 and organic matter inputs protect 

soil from fluvial erosion through root binding and microbially stimulated EPS production. EPS 

production appeared to increase the critical shear stress required to initiate soil erosion, while 

synthetic fibers alone provided a base reduction in soil erodibility, regardless of the flow rate used. 

 

7.2 Research Contributions 

This study is the first to consider how the combination of root physical effects, root/microbial 

biological effects, and root effects on the hydrodynamic boundary layer could influence 

streambank soil erodibility. Chapters 3 through 5 studied these mechanisms individually, while 

Chapter 6 explored how the interaction between each mechanism influenced net soil erosion rates. 

While sparsely spaced exposed roots may increase soil erosion rates due to impacts on the 

boundary layer, overall results highlight how the synergistic relationship between root fibers and 
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soil microbes can have a profound effect on streambank soil erodibility due to fiber reinforcement 

and EPS production.  

 

7.3 Study Limitations 

This research made use of a mini-JET device and a model streambank in a flume for erosion 

testing. Additionally, samples matured in a greenhouse setting under a completely randomized 

block design prior to experimentation. These study conditions had limitations which are presented 

here: 

1. The foundation ring used for the mini-JET device initially disturbed the soil prior to erosion 

testing. This was particularly true for the synthetic fiber soil samples; the fibers near the 

foundation ring had to be cut prior to JET placement to minimize initial disturbance at the 

testing location. Nevertheless, this disturbance possibly influenced the study results and 

was one of the primary reasons a flume study was considered for all future experiments. 

2. The model streambanks used in Chapters 4-6 were based off of one study conducted by 

Simon & Collison (2002). Different boundary configurations for exposed roots may have 

influenced the calculated turbulent stress and/or soil erosion rate results. Future research 

should consider how different root densities, root lengths, and root diameters could change 

the results presented here. 

3. The maximum turbulent stress developed during the flume erosion testing was limited. The 

limited range in applied force makes it difficult to assess if the experimental results would 

be the same for higher applied stresses in the field. Future work should cover a wider range 

of potential stresses. 

4. The short growth time for greenhouse soil samples limits the applicability of these results. 

How early after labile organic matter inputs do microbes start to influence erosion rates? 

How long after OM input do the benefits start to decrease? These are questions that cannot 

be answered by the present dissertation and should be explored further in future research. 

 

7.4 Future Research Opportunities 

While experimental measurements are limited, the story of Japanese knotweed potentially 

exacerbating streambank erosion rates compared to native vegetation or unvegetated streambanks 

(Colleran et al., 2020; Matte et al., 2021) highlights the importance of understanding how 
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vegetation and their roots influence streambank erodibility. What about Japanese knotweed or 

other invasive species like U.S. privet (Ligustrum vulgare) and Amur honeysuckle (Lonicera 

maackii) make them influential, or not influential, on streambank erosion compared to native 

vegetation? Do the plant root systems vary significantly enough to amplify or reduce erosion rates? 

How do they contribute to microbial production of extracellular polymeric substances, and in turn 

how does that influence soil erodibility? Japanese knotweed presents an interesting case study to 

consider further. The roots of knotweed have been described as “underground stems” lacking root 

hairs (Colleran et al., 2020). The roots are also typically large (5 – 100 mm), have shallow rooting 

depths, and practitioners have found that removing newly established knotweeds was fastest by 

hand (Child & Wade, 2000; Colleran et al., 2020). The results presented in this study highlight 

potential Japanese knotweed root properties/mechanisms that could enhance streambank soil 

erodibility. For instance, it is hypothesized the knotweed roots amplify soil erosion by 1) the lack 

of roots/root hairs physically binding soil particles together; 2) the lack of roots that to biologically 

interact with soil microorganisms; and 3) increasing near-bank turbulent stress and amplify the 

dislodgement of the surrounding soil due to roots becoming exposed on the streambank face. As a 

result, the potential of Japanese knotweed to amply erosional processes highlight the need to 

further study how plants with different root structures and functions influence streambank erosion. 

Following these experiments, the effect of certain vegetation on stream migration can be 

understood and mitigated if necessary. 

On a local scale, the recognition that organic matter inputs influence soil microbes and 

drive soil structure and soil resistance to fluvial erosion is of particular importance for riparian 

vegetation management and stream restoration practices. Fresh plant material (i.e., surface residue, 

sloughed roots, or root exudates) are known to initiate aggregate development by forming the 

center of new aggregates through the production of microbially-derived substances like EPS (Six 

et al., 2004). Prior studies have measured significantly higher total SOC content in woody plant-

dominated riparian areas/upland environments compared to areas dominated by herbaceous 

vegetation (de Rebello et al., 2019; Paul et al., 2008). However, higher root densities in grass-

dominated environments may lead to greater fractions of SOC that are directly associated with 

initial aggregate formation/stabilization (Paul et al., 2008). The differences in SOC as a function 

of vegetation type underscores the need to further study the pools of SOC (e.g., total SOC vs. SOC 

occluded within soil aggregates) that drive streambank soil resistance to fluvial erosion. What are 
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the differences between SOC fractions in forested vs herbaceous riparian areas? How do SOC 

fractions influence soil structure/stability? Are those fractions correlated with streambank erosion 

rates? Ultimately, answering questions such as these could increase our understanding of how/why 

cohesive streambank soils erode and make it possible to design nature-based solutions that increase 

channel resilience to degradation. 

In geotechnical engineering, fiber-reinforced soil has been accepted since 1969 (Vidal, 1969) 

and used for a variety of applications including road pavement construction and building 

foundation design (Gowthaman et al., 2018). Recent work in the geotechnical field has also 

considered the combination of fiber-reinforced soil and biopolymer (organic byproducts secreted 

by plants/microorganisms such as EPS) mixtures to improve soil strength for design applications 

(Chen et al., 2022). In other fields like stream restoration design, soil fill is commonly used to 

rebuild a streambank and protect it from erosion until vegetation grows. The mat acts as a 

protective barrier that limits soil raindrop impact and hydraulic forces from interacting with the 

underlying soil and causing erosion. While mats are commonly used as a protective barrier that 

limits erosion of fill material, incorporating fibers and organic matter together with the soil fill to 

increase soil resistance to erosion prior to fill placement has not been explored. While plant roots 

naturally provide both fibers and “sticky” EPS to soils, the present research as shown that these 

materials could be incorporated into fill soils during construction to rapidly increase soil erosion 

resistance following levee construction and/or stream restoration projects. Therefore, the 

feasibility and applicability of incorporating fibers/soil microbes to design projects should be 

explored further in pilot-scale and field-scale research projects.  
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Appendix A: Chapter 3 Experimental Data 

Table A-1: Chapter 3 mini-JET experimental data 

Treatment Block 

Water 

Stable 

Aggregates 

τc  

(Pa) 

kd  

(cm3 N-1 s-1) 

Runtime  

(min) 

SHV  

(cm3) 

EPS  

(μg g-1) 

Very Fine 

RLD  

(cm cm-3) 

Fine 

RLD  

(cm cm-3) 

Small 

RLD  

(cm cm-3) 

Total 

RLD 

(cm cm-3) 

LR-I A 78% 2.01 72.1 43.5 38.3 40.9 1.29 0.29 0.067 1.65 

LR-I B 76% 2.25 66.4 45.3 43.3 41.1 1.22 0.17 0.066 1.46 

LR-I C 75% 2.15 155.4 48.3 44.7 38.2 1.00 0.19 0.048 1.23 

LR-I D 76% 1.64 76.0 51.8 51.0 34.5 1.26 0.17 0.057 1.48 

LR-I E 67% 1.32 28.0 54.0 30.0 33.0 1.94 0.15 0.002 2.09 

LR-I F 70% 1.74 32.0 48.0 35.0 42.9 3.67 0.35 0.098 4.11 

LR-I G 70% 1.60 71.5 42.8 49.3 35.0 1.07 0.30 0.088 1.46 

LR-I H 74% 4.41 50.9 46.8 32.0 31.2 2.16 0.32 0.064 2.54 

LR-I I 70% 1.86 67.1 60.3 69.0 41.5 1.17 0.16 0.028 1.37 

LR-I J 70% 1.68 84.4 52.8 60.0 40.7 0.51 0.13 0.019 0.67 

LR-I K 79% 2.67 82.6 48.3 50.0 38.4 1.44 0.28 0.068 1.79 

LR-I L 71% 2.74 28.9 53.8 15.0 27.3 2.65 0.40 0.114 3.16 

SR-I A 81% 1.69 56.9 49.5 58.0 33.0 0.78 0.1 0.012 0.892 

SR-I B 83% 1.59 118.1 48.8 58.7 32.4 0.78 0.1 0.012 0.892 

SR-I C 82% 3.07 76.8 44.5 10.0 26.2 0.78 0.1 0.012 0.892 

SR-I D 80% 1.24 25.4 52.5 43.0 24.5 0.78 0.1 0.012 0.892 

SR-I E 83% 1.40 134.8 49.0 57.0 25.5 0.78 0.1 0.012 0.892 

SR-I F 84% 1.42 144.7 49.0 52.0 26.0 0.78 0.1 0.012 0.892 

SR-I G 81% 1.46 95.1 49.3 64.0 29.2 0.78 0.1 0.012 0.892 

SR-I H 82% 1.93 111.7 57.8 47.3 33.6 0.78 0.1 0.012 0.892 

SR-I I 78% 1.92 162.9 47.3 50.0 34.4 0.78 0.1 0.012 0.892 

SR-I J 56% 1.66 103.5 52.0 55.7 35.8 0.78 0.1 0.012 0.892 

SR-I K 83% 2.00 95.4 45.3 66.7 36.9 0.78 0.1 0.012 0.892 

SR-I L 85% 1.38 143.9 43.0 61.7 33.0 0.78 0.1 0.012 0.892 

SR-S A 82% 1.94 171.8 51.0 68.0 39.5 0.78 0.1 0.012 0.892 

SR-S B 82% 1.48 87.9 49.3 58.0 39.1 0.78 0.1 0.012 0.892 

SR-S C 82% 1.59 155.5 45.5 47.7 34.8 0.78 0.1 0.012 0.892 
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Table A1, continued: Chapter 3 mini-JET experimental data 

Treatment Block 

Water 

Stable 

Aggregates 

τc  

(Pa) 

kd  

(cm3 N-1 s-1) 

Runtime  

(min) 

SHV  

(cm3) 

EPS  

(μg g-1) 

Very Fine 

RLD  

(cm cm-3) 

Fine 

RLD  

(cm cm-3) 

Small 

RLD  

(cm cm-3) 

Total 

RLD 

(cm cm-3) 

SR-S D 82% 1.72 99.7 55.0 72.0 25.4 0.78 0.1 0.012 0.892 

SR-S E 83% 1.45 77.2 48.5 50.0 29.3 0.78 0.1 0.012 0.892 

SR-S F 81% 2.16 50.5 60.5 68.0 28.7 0.78 0.1 0.012 0.892 

SR-S G 78% 1.46 100.9 49.8 61.0 32.3 0.78 0.1 0.012 0.892 

SR-S H 82% 1.34 149.6 48.5 65.3 32.6 0.78 0.1 0.012 0.892 

SR-S I 76% 1.61 104.1 62.5 50.0 41.4 0.78 0.1 0.012 0.892 

SR-S J 78% 1.75 50.8 66.3 70.7 29.6 0.78 0.1 0.012 0.892 

SR-S K 83% 1.96 82.8 47.5 52.7 32.5 0.78 0.1 0.012 0.892 

SR-S L 82% 1.43 33.6 55.3 51.7 35.0 0.78 0.1 0.012 0.892 

NR-I A 81% 1.84 25.6 57.0 74.0 32.8 0 0 0 0 

NR-I B 79% 1.90 35.2 61.0 64.0 37.4 0 0 0 0 

NR-I C 82% 1.66 50.0 52.0 51.0 29.7 0 0 0 0 

NR-I D 82% 1.34 79.8 46.5 61.0 NM 0 0 0 0 

NR-I E 80% 1.50 115.4 51.3 55.0 26.2 0 0 0 0 

NR-I F 83% 0.90 16.2 50.0 46.0 30.3 0 0 0 0 

NR-I G 81% 1.42 104.1 37.8 46.7 26.2 0 0 0 0 

NR-I H 83% 1.64 30.0 60.5 63.7 33.3 0 0 0 0 

NR-I I 79% 1.85 67.7 47.0 62.0 37.9 0 0 0 0 

NR-I J 59% 1.56 70.1 43.0 59.0 26.2 0 0 0 0 

NR-I K 82% 1.41 49.5 51.3 59.7 30.3 0 0 0 0 

NR-I L 82% 1.57 40.2 45.5 40.7 33.7 0 0 0 0 

NR-S A 82% 1.62 68.4 64.3 71.0 NM 0 0 0 0 

NR-S B 84% 1.62 41.5 51.3 63.0 33.7 0 0 0 0 

NR-S C 83% 1.86 57.8 47.8 61.3 32.9 0 0 0 0 

NR-S D 84% 1.46 37.5 52.0 48.0 28.7 0 0 0 0 

NR-S E 82% 1.56 71.0 49.8 52.0 28.6 0 0 0 0 

NR-S F 83% 2.91 32.5 61.0 32.0 30.9 0 0 0 0 

NR-S G 84% 1.61 46.5 47.0 55.0 29.9 0 0 0 0 

NR-S H 82% 1.43 20.3 63.8 58.3 33.5 0 0 0 0 

NR-S I 75% 1.77 17.5 70.8 74.0 38.1 0 0 0 0 
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Table A1, continued: Chapter 3 mini-JET experimental data 

Treatment Block 

Water 

Stable 

Aggregates 

τc  

(Pa) 

kd  

(cm3 N-1 s-1) 

Runtime  

(min) 

SHV  

(cm3) 

EPS  

(μg g-1) 

Very Fine 

RLD  

(cm cm-3) 

Fine 

RLD  

(cm cm-3) 

Small 

RLD  

(cm cm-3) 

Total 

RLD 

(cm cm-3) 

NR-S J 79% 1.87 24.0 78.8 82.3 31.7 0 0 0 0 

NR-S K 82% 1.53 67.9 50.8 51.0 31.3 0 0 0 0 

NR-S L 85% 1.72 118.1 47.0 57.3 35.0 0 0 0 0 
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Appendix B: Chapter 4 Experimental Data 

All data files, R-code, and corresponding data tables for Chapter 5 can be downloaded online for 

free from Smith, D. J., & Wynn-Thompson, T. M. (2022). Flume Experiment Testing the Impact 

of Artificial Streambank Roots on Velocity, Reynold’s Shear Stress, and Turbulent Kinetic 

Energy using an Acoustic Doppler Profiler ver 1. Environmental Data Initiative.  

https://doi.org/10.6073/pasta/cf6f71949066c546177bb3136a7ec74b 

  

https://doi.org/10.6073/pasta/cf6f71949066c546177bb3136a7ec74b
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Appendix C: Chapter 5 Experimental Data 

All data files, R-code, and corresponding data tables for Chapter 4 can be downloaded online for 

free from Smith, D. J., Snead, M., & Wynn-Thompson, T. M. (2021). Flume Erosion Testing of 

Unamended and Organic Matter Amended Soil Samples Using an Acoustic Doppler Profiler, 

2021 ver 3. Environmental Data Initiative. 

https://doi.org/10.6073/pasta/6464eb390308f2fadc46e7e7b139803c  

  

https://doi.org/10.6073/pasta/6464eb390308f2fadc46e7e7b139803c
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Appendix D: Chapter 6 Experimental Data 

All data files, R-code, and corresponding data tables for Chapter 6 can be downloaded online for 

free from Smith, D. J., & Wynn-Thompson, T. M. (2022). Flume Erosion Testing Data of Root-

Permeated and Organic Matter Amended Soil Samples Using Three Streambank Boundary 

Conditions. ver 1. Environmental Data Initiative.  

https://doi.org/10.6073/pasta/ddc596a162d294a28d572a3119362c16  
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